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Abstract
Protein-stabilized liquid foams are fascinating multiscale systems: the structural prop-
erties of a protein define its interfacial activity and interactions with other molecules.
Its assembly at air-water interfaces together with drainage determine lamella stabil-
ity. Coalescence and coarsening promote bubble growth affecting macroscopic foam
stability represented by the foam height decay. This dissertation deepens the under-
standing of which structural properties of a protein promote increased foam stability.
A method for monitoring the temporal evolution of the mean bubble size and circular-
ity with common lab equipment and open-source software was developed. Comparing
foams stabilized by hydrophobin and BSA, two proteins with fundamentally different
properties, showed that large hydrophobic patches at the protein surface promote a
higher foam stability. Adding polysaccharides to BSA-stabilized foams revealed that
an increased solution viscosity enhances foam stability, but the stiffness and charge
of the polysaccharide need to be considered. Modifying the tertiary structure of BSA
by varying the solution pH revealed that uncharged proteins promote a more resilient
interfacial arrangement facilitating an increased stability of dry foams. A high pro-
tein charge increases solution viscosity, thereby retarding drainage and improving the
stability of wet foams. Investigating an oat drink showed that conformational changes
provoked by heat and enzymatic treatment of oat proteins reduce foam stability.

Kurzzusammenfassung
Flüssige, durch Proteine stabilisierte Schäume sind faszinierende Multiskalensys-
teme: die strukturellen Eigenschaften eines Proteins definieren seine Grenzflächenak-
tivität und Interaktionen mit anderen Molekülen. Seine Anordnung an Luft-Wasser-
Grenzflächen und das Abfließen von Flüssigkeit bestimmen die Lamellenstabilität. Ko-
aleszenz und Vergröberung begünstigen Bläschenwachstum, welches die makroskopi-
sche Schaumstabilität, repräsentiert durch den Schaumzerfall, beeinflusst. Diese Dis-
sertation vertieft das Verständnis davon, welche strukturellen Eigenschaften eines
Proteins eine erhöhte Schaumstabilität begünstigen. Eine Methode zum Nachver-
folgen der zeitlichen Entwicklung der mittleren Bläschengröße und Zirkularität mit
gewöhnlicher Laborausstattung und Open-Source-Software wurde entwickelt. Der
Vergleich von Schäumen, die durch Hydrophobin und BSA, zwei Proteine mit funda-
mental verschiedenen Eigenschaften, stabilisiert sind, zeigte, dass große hydrophobe
Bereiche an der Proteinoberfläche eine höhere Schaumstabilität fördern. Zugabe von
Polysacchariden zu BSA-stabilisierten Schäumen wies darauf hin, dass eine erhöhte
Lösungsviskosität die Schaumstabilität verstärkt, aber auch die Steifheit und Ladung
der Polysaccharide berücksichtigt werden müssen. Modifizieren der tertiären Struktur
von BSA durch Variation des pH-Werts der Lösung zeigte, dass ungeladene Proteine
die Schaumstabilität von Polyederschäumen (trockene Schäume) begünstigen. Eine
hohe Proteinladung erhöht die Lösungsviskosität, welche das Abfließen von Flüssigkeit
verlangsamt und die Stabilität von Kugelschäumen (nasse Schäume) verbessert. Un-
tersuchungen eines Haferdrinks zeigten, dass Konformationsänderungen der Hafer-
proteine, hervorgerufen durch Wärme- und enzymatische Behandlung, die Schaum-
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stabilität senken.
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1. Introduction

1.1. Introduction to the topic

Foams are ubiquitous systems with fascinating structures and properties. From play-
ing with soap bubbles as a child over marveling at the light froths of juice spritzers,
soda or sparkling wine to enjoying creamier and denser foam textures in whipped
cream and mousse au chocolat, these systems surround us in our daily lives. In food
specifically, many examples for protein-stabilized foams can be found, including milk
foams [1], foams from plant-based dairy alternatives [2, 3], beaten egg white [4] and
beer foams [5]. In contrast to these liquid foams, bread, cake, meringue and ice cream
are foams with solidified lamellae, which are also referred to as set foams [6].
Culinary innovation continually aims for new combinations of flavors and textures.
In this process, foam recipes with interesting flavors have been developed such as
cauliflower foam [7], horseradish foam [6], green olive meringue [6] or fish meringue
[8]. From a food technological point of view, the aim is to improve the texture and
lifetime of foams. For example, with many plant-based dairy alternatives entering
the market, questions arise about why the formed foam structures are different from
cow’s milk and how to adjust their functionality for barista use. Exploring such issues
necessitates a physical understanding of the fundamental relationships between the
properties of the contained molecules and the resulting foam properties.
Liquid foams contain gas bubbles dispersed in a liquid [9–12]. For such a foam to
come into existence, surface-active molecules are required to stabilize the air bubbles
in the liquid [13–15]. In food foams mostly proteins act as dominant foaming agents
[16, 17]. However, also lipids, phospholipids and some polysaccharides can operate
as emulsifiers in food foams and Pickering-type stabilizers such as protein aggregates,
microgel particles and nanoparticles can contribute to foam stability [13, 17, 18]. Many
food foams comprise a combination of different emulsifiers [16, 19]. For example,
in dairy-based foams, phospholipids, various proteins and (solid) fat particles are
included in the foam formation [20], in plant-based foams complex protein mixtures
contribute to the interfacial activity [17], and even in simple egg whites a large number
of different proteins [21, 22] provide foam stability. Furthermore, many food systems
additionally contain polysaccharides such as naturally contained starch or added food
thickeners, which may additionally affect foam stability.
From a physical point of view, exploring the fundamental relationships in these foams
is complicated by their complexity. Also limited knowledge about the components
hampers a molecular understanding of foam formation and foam stability. However,
to improve the stability of a foam, knowledge of the fundamental relationships is essen-
tial. For this reason, the investigation of model systems is required for understanding
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1. Introduction

fundamental structure-function relationships. A model system contains less types of
different interacting particles. Step by step other types of molecules can be added or
conditions can be varied. This thesis focuses on model liquid foams stabilized by two
different proteins, the addition of polysaccharides to one of them and an exemplary
plant-based formulation as an application case for a real food system.

Protein-stabilized liquid foams are multiscale systems, which show different structures
on various lengths scales [23–25]. The primary, secondary and tertiary structure of
proteins determine their interfacial activity and the interactions of different proteins
with one another. These properties influence the arrangement of the proteins at the
air-water interface, which in turn stabilize the air bubbles in the foam by preventing
their coarsening and coalescence [13, 25–29]. Also the properties of the liquid phase
such as its viscosity are important for foam formation and stability. Viscosity influ-
ences the drainage of liquid from the foam [30–32]. As a consequence of drainage,
the lamellae become thinner and the foam changes its texture from wet to dry over
time [24, 31]. In this process the bubble shape changes from spherical to polyhedral
[31–33]. Over time, the mean bubble size grows due to bubble coarsening (Ostwald-
ripening) and coalescence [14, 19, 24, 34]. Macroscopically, a foam height reduction
is observed together with a rising liquid height underneath the foam due to gravity
(drainage) [25, 35]. These multiscale relationships demand for an investigation on
different lengths scales to deepen the understanding of the underlying mechanisms
and to draw structure-function relationships.

For this reason, solutions of bovine serum albumin (BSA) and H*B hydrophobin
(HP) in ultrapure water were chosen as the basis for the model foam samples, as the
structure and properties of BSA are well known and HP has a unique tertiary structure
exposing large hydrophobic patches to the protein surface. Aeration by whipping and
investigations on multiple scales then allowed to draw structure-function relationships.

1.2. Current state of research

Various methods have been applied to investigate molecular properties of emulsifiers
on a microscopic scale, thin films and bubble sizes on a mesoscopic scale as well as
macroscopic foam properties such as drainage and foam stability. Characterization
of foaming capacity and foam stability include different forms of foam height and
drainage measurements [34–54]. Another characteristic for foam stability is the bubble
size evolution [14, 25, 34, 55]. Foam films are sometimes characterized by using thin
film pressure balances [56–58]. The surface activity of emulsifiers is often characterized
by measuring surface tension [59–62] and the dynamic properties of interfacial layers
by dilatational surface rheology [63–67]. To investigate interfacial arrangements of
emulsifiers, techniques such as ellipsometry [42, 60, 63] and atomic force microscopy
[68–72] have been applied.

In recent years a multiscale approach is followed increasingly, which combines findings
on different length scales to deepen the understanding of how molecular properties
influence the macroscopic appearance of foams [42, 73–77]. This thesis also follows a

4



1.2. Current state of research

multiscale approach and contributes to the study of fundamental structure-function
relationships. Most studies that investigate foams on different length scales use a
foam analyzer for macroscopic foam characterization [42, 73–75]. These instruments
are quite expensive and due to their specialization on foam formation and characteri-
zation, they are not readily available in each lab. In this thesis, simple lab equipment
was used to measure foam and liquid heights and to develop a method to investi-
gate the temporal evolution of the mean bubble size, size distribution and circularity.
The developed method can easily be transferred to other labs and be applied for the
investigation of other systems such as emulsions.
BSA is a well-characterized protein [65, 78–86], which is commercially available in high
purity. It originates from the blood plasma of bovines [87] and is also found in cow’s
milk [88]. Its foam stabilizing ability has been studied in dependence of solution pH
[40, 42, 89]. These studies focus on very low BSA concentrations and use the bubbling
(sparging) method for foam formation. Whipping is often applied for foaming food
systems [35, 90], but requires higher protein concentrations [35]. At such concentra-
tions the solution viscosities have been investigated [91], however, to my knowledge
no studies on foam formation have been performed. For this reason, foaming of BSA
solutions at higher concentration (4 wt%) by whipping was investigated in this PhD
project and showed that an interplay of different mechanisms influences foam stability.
The vast number of proteins found in nature and the improvement of extraction meth-
ods continually allow for investigation of novel proteins. A class of proteins that
have aroused attention for their special structure including large hydrophobic surface
patches and high surface activity are hydrophobins [16, 92–95]. Their fungal origin
provides great potential for the use in food systems, due to a high consumer acceptance
and reduced manufacturing costs [96, 97]. There are two classes of hydrophobins, class
I and class II, which vary in their spacing between cysteine residues, the location of
hydrophobic patches at the protein surface, solubility and the structures of their ar-
rangements at hydrophobic-hydrophilic interfaces [98–100]. Many studies investigate
different hydrophobin species directly extracted from various fungi [71, 72, 101–104].
However, meanwhile also an approach to produce hydrophins on industrial scale has
been developed [93]. Such a hydrophobin is used in this thesis. Although many studies
on the protein structure and interfacial arrangement have been performed for various
hydrophobin species [68, 71, 72, 102, 105, 106], only some studies investigated bubble
and foam stabilization by hydrophobins [26, 94, 107–109]. To my knowledge, these
studies were performed exclusively with the class II hydrophobins HFBI and HFBII
from Trichoderma reesei. Among these, only very few studies included the interaction
of HFBII with other proteins and investigated bubble or foam properties of such sys-
tems [109–111]. This is where this thesis draws on. The class I H*B hydrophobin is
compared with the larger and differently structured protein bovine serum albumin and
the influence of their interactions on interfacial properties, foam texture and stability
are explored. So far there is no other study that investigates the foaming properties
of a class I hydrophobin in combination with another protein and provides a detailed
study including not only macroscopic foam properties but also considers the interfacial
assemblies and mutual interactions.
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1. Introduction

1.3. Research questions

This thesis aims to contribute to answering the following general research questions:

• Which molecular properties of a protein promote an increased foam stability?

• How does the combination of a protein and a polysaccharide affect foam stabil-
ity?

To explore these topics this thesis focuses on:

• The development of a method to characterize the temporal evolution of bubble
size and circularity using common lab equipment and open-source software.

• The comparison of foams stabilized by the two different proteins, H*B hy-
drophobin and BSA, and their mixtures. These proteins differ in the size of
hydrophobic patches at their surface. The comparison of their molecular struc-
ture, interfacial arrangement and the stability of resulting foams contributes to
answering the first general research question.

• The addition of the polysaccharides xanthan gum, iota-carrageenan and guar
gum to BSA-based foams in order to investigate the effect on foam stability. In
addition, it is aimed to clarify whether this effect is purely driven by changes
in solution viscosity. This model system explores the second general research
question.

• Variation of the solution pH of BSA-stabilized foams. Here, it is explored how
these changes affect the molecular properties of BSA, the interfacial arrange-
ments, the solution viscosity and the macroscopic foam stability. Investigation
of this model system provides insights regarding the first general research ques-
tion.

• The effects of heat and enzymatic treatment on the stability of oat drink foams,
which affect the molecular properties of oat proteins and therefore contributes
to answering the first general research question.

1.4. Outline of this thesis

First, some background information is provided (Chapter 2) including fundamental
foam characteristics, an introduction of the investigated proteins and polysaccharides,
relevant fundamental interactions in protein-stabilized liquid foam systems and the
working principles of the applied measurement techniques.
Chapter 3 introduces the developed method for the analysis of foam stability. The
method comprises automated analysis of the temporal evolution of the mean bubble
size as a measure of foam stability. It applies foam formation by whipping, optical
microscopy and image analysis using open-source software. Intermediate steps in the
development of the method are also presented. The use of this method is exemplified
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by comparing HP- and BSA-stabilized foams as well as foams stabilized by blends of
these proteins.
Chapter 4 complements the investigations presented in Chapter 3 by exploring the
interactions of HP and BSA with one another and their interfacial arrangements. Here,
high performance liquid chromatography (HPLC), differential scanning calorimetry
(DSC), surface tension measurements and atomic force microscopy (AFM) deliver
insights.
Chapter 5 discusses the addition of the polysaccharides xanthan gum, iota-
carrageenan, and guar gum to BSA-stabilized foams. By adding polysaccharides,
the dynamic viscosity of the protein solution is increased. In addition, the struc-
tural properties of the polysaccharides and their interactions with BSA are relevant
to foam stability. The influence of these variations on the temporal evolution of the
mean bubble size is discussed.
Chapter 6 investigates the influence of changes in solution pH on the stability of BSA-
based foams. pH changes impact the protein net charge and conformation. These
in turn influence the interfacial protein assembly as well as the solution viscosity,
which both affect foam stability and drainage behavior. A literature review provides
information on pH-dependent conformational changes of BSA and layer formation at
air-water interfaces. These insights are complemented by measuring zeta potentials,
particle sizes and dynamic viscosities as well as monitoring the temporal evolution of
foam and liquid heights as well as mean bubble sizes.
Additionally to these model systems, Chapter 7 investigates the foaming properties
of a real food system. The development of an oat drink and study of its foaming
properties was chosen as example. The impact of heat and enzymatic treatments are
investigated by measurements of particle sizes, viscosities as well as foam and liquid
heights and accompanied by optical microscopy. The relationships learned from the
study of model systems comprised of pure components can be applied to learn about
the fundamental relationships in such a complex system.
Last but not least, general conclusions and an outlook are provided in Chapter 8.
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2. Theoretical background

2.1. Foam characteristics

Liquid foams are colloidal systems that contain gas bubbles (mostly air) dispersed
in a liquid (aqueous) continuous phase [11]. To create such a foam, gas has to be
incorporated into the liquid phase. The creation of an interface between a gas and a
liquid requires energy. This additional energy is given by the product of the surface
tension γ and the area of the created interface. γ has the unit of energy per unit
area of the interface (or force per unit length) and is called surface tension, because it
implies that an interface aims to reduce its area and therefore is under tension. [112]
In addition, the stabilization of bubbles in the liquid necessitates, emulsifiers, which
are surface-active molecules containing hydrophilic and hydrophobic parts [113]. This
amphiphilic structure enables their arrangement air-water interfaces and stabilization
of the foam [13, 16]. In food systems, proteins serve as emulsifiers [16, 17]. The
resulting foam can be characterized on different length scales, from the microscopic
arrangement of emulsifiers at the gas-liquid interface, over mesoscopic structures, such
as the size and shape of bubbles and the thickness of the lamellae, to macroscopic foam
height decay and increase of drainage.

2.1.1. Foam formation

Different methods are applied to incorporate air into the continuous phase: whipping,
shaking, or sparging of the sample solution. Depending on the method chosen, the
required concentration of protein in the solution varies between 3 % to 40 % of protein
for whipping, about 1 % of protein for shaking and about 0.01 % to 2 % for sparging
(bubbling) gas into the solution [35].

Whipping is a mechanical method of foam generation where whisks or blades move
through the sample solution at high-speed and thereby beat atmospheric air into the
liquid [90]. Tools used for whipping range from common food whisks [37, 50, 51] and
milk frothers [37, 43] to laboratory equipment high-speed homogenizers [44–46, 48,
49, 52]. The foaming properties are influenced by the type and speed of the whisks
as well as the shape and size of the bowl. In general, whipping produces the most
stable foams, because with increasing whipping time the bubble size is progressively
decreased and the liquid fraction of the foam increased. However, the top surface of
these stiffer foams usually is not flat, which complicates the measurement of the foam
volume. Furthermore, the protein concentration of the sample solution needs to be
much higher, because the foam volume is usually significantly larger, which means
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2. Theoretical background

that the interfacial area is highly increased in whipped systems. [90] For the formation
of food foams (e. g. meringues, mousses, or in baking), whipping is the most popular
industrial method [35, 90].

Shaking In a closed system (e. g. a sealed measuring cylinder), foam is generated by
mechanically or manually shaking the vessel containing the sample solution. Com-
pared to sparging or whipping, shaking less efficiently produces bubbles and therefore
leads to lower rates of foam production. In addition, the amplitude and frequency
of shaking, the volume and shape of the vessel and the solution properties of the
surfactant influence the foaming properties. [90]

Sparging or bubbling is a method, where gas is injected from below through a porous
disk (e. g. a sintered glass filter), a single capillary or a set of capillaries into the
sample solution. A foam is formed by gas bubbling into the solution, stabilization
of the bubbles by emulsifiers present in the solution and rising of the gas bubbles
due to buoyancy. [35, 40, 114, 115] An advantage of sparging is, that the type of gas
incorporated in the foam can be varied. The flow rate and volume of the delivered
gas can be controlled and a fixed volume of foam can be formed. [35, 90, 115] The
foam generation by sparging is slower, but due to the glass frit the initial bubble size
is constant. At a constant bubble size the pressure difference between the bubbles is
minimized and therefore the Ostwald ripening is reduced. [90]
Commercially available foam analyzing instruments offer the possibilities of sparging
and whipping (stirring) for foam formation [116, 117].

2.1.2. Foam structure

In a foam, bubbles are dispersed in a liquid and stabilized by emulsifiers [118]. The
shape of the bubbles varies from spherical in a wet foam (or bubbly liquid) to polyhe-
dral in a dry foam [16, 19, 112, 118]. A wet foam, also called Kugelschaum, contains
a high liquid volume fraction and a low gas volume fraction. The spherical bubbles
are separated by thick liquid films. In contrast, a dry foam contains a high volume
fraction of gas and a low volume fraction of liquid. Here, the bubbles are separated
by thin films and the dry foam can be regarded as space-filling packing of polyhedra.
The dry foam is also called Polyederschaum or polyhedral foam. In general, dry foams
develop from wet foams by sufficient drainage. Therefore, all intermediate states are
also available. [118] The thin liquid films at the faces of the polyhedra between the
bubbles are referred to as lamellae [13, 19]. These thin films contain a bilayer of
emulsifiers, which assemble at the air-water interfaces between the thin film and the
adjacent bubbles [13]. The liquid channels at the polyhedron edges are called Plateau
borders [119]. The network of lamellae and Plateau borders, which is stabilized by
the emulsifiers, entraps the bubbles in a foam and impedes their escape [13]. Figure
2.1 illustrates these elements of the foam structure.
The layers of emulsifiers at the interfaces of bubbles and lamellae stabilize the foam,
since they modify the properties of the interface. For the ability of a solution to form

10



2.1. Foam characteristics

Figure 2.1.: Microscope image of a foam stabilized by a protein (BSA) at 10-fold mag-
nification. The elements of the foam structure are highlighted: air bubble
in polyhedral shape, thin films (lamellae) at the faces of the polyhedron
and Plateau borders at the edges.
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a foam and its stability, the speed with which the surfactants cover the interface, the
concentration of emulsifiers at the interface and the viscoelasticity of the interface are
relevant [112]. The capacity of an emulsifier to reduce surface tension is a crucial
factor in this context, as the Laplace pressure, in conjunction with gravity, represents
a primary driving force behind the destabilization of a foam [13, 112, 120–122].

2.1.3. Foam ripening

Liquid foams are not thermodynamically stable. Several mechanisms destabilize the
foam and cause it to decay gradually. The foam decay is characterized by drainage of
liquid from the foam and an increase in the mean bubble size. [32, 34, 118]
Regarding foam stability the Young-Laplace law (or just Laplace law) is of importance,
which correlates the pressure difference at an interface to the curvature of the interface.
The pressure difference causes the interface to bend. However, the surface tension
reduces the curvature and therefore counteracts the pressure difference.

∆P = PA − PB = γ
( 1

r1
+

1

r2

)
(2.1)

where PA and PB are the pressures of the interfacing phases, γ is the surface tension
and r1 and r2 are the principal radii of curvature of the interface. [112]

Drainage describes the flow of liquid through the network of Plateau borders due
to gravity, which causes the system to separate into a foam phase at the top and an
aqueous phase at the bottom. In addition, the foam becomes drier at the top than
further down. [107, 112, 119]
In addition to gravity, the phenomenon of Plateau border suction or capillary suction
contributes to the drainage. It is caused by the capillary pressure, which is given by the
Young-Laplace law (cf. Equation 2.1). The liquid in a foam is confined between gas-
liquid interfaces. The local curvature and shape of the Plateau borders and vertices
is determined by the pressure difference of gas phase and liquid phase. In a foam, the
pressure in the dispersed phase is higher than in the continuous phase. For sufficiently
long Plateau borders (r1 << r2) the capillary pressure is given by

Pc = P − p ≃ γ

r
(2.2)

where P and p are the pressure of the gas and the liquid, respectively, γ is the surface
tension and r is the radius of curvature of the Plateau border [112]. The interface
between a lamella and its adjacent bubble has only a low curvature and therefore
the pressure difference is small. However, at the interface of Plateau border and
bubble, the pressure difference is much larger due to the stronger curvature of the
Plateau border. Therefore, inside the lamella there is a radial pressure gradient from
its center towards the Plateau borders at its outer periphery. This pressure gradient
leads to a drainage from the lamellae to the Plateau borders [112, 123–125]. Since
the radius of curvature of the Plateau borders is smaller for small bubbles (cf. Figure
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2.1), the lamellae between smaller bubbles tend to drain faster than that between
large bubbles. Emulsifiers decrease the surface tension of the bubbles and thereby
slow down the drainage of the thin films.

Coalescence expresses the merging of two or more bubbles into a single large bubble
caused by rupture of the thin liquid film (lamella) between the bubbles [19, 112, 126].
When considering the stability of a lamella, two opposing forces are relevant: the cap-
illary pressure and the disjoining pressure. The capillary pressure has been described
above in the paragraph about drainage. If the curvature of the Plateau border is
larger than the curvature of the lamella, the Plateau border is at lower pressure and
capillary suction acts, which means that it sucks much of the liquid from the lamella
into the Plateau border. This leads to a thinning of the lamella and eventually to its
rupture. [112]
The disjoining pressure is caused by the interactions between emulsifiers adsorbed at
the interface. The interaction forces between the surfactant layers tend to increase the
thickness h of the lamella and by this prevent its thinning. The most important inter-
molecular forces contributing to the disjoining pressure are van der Waals interactions
ΠvdW , electrostatic repulsion Πele and steric forces Πsteric.

Πnet(h) = Πele + ΠvdW + Πsteric + ... (2.3)

The contribution of van der Waals interactions is attractive whereas those of electrical
and steric forces are repulsive. [19, 127] The dependence of these contributions from
the film thickness is sketched in Figure 2.2.

Figure 2.2.: Contributions of the disjoining pressure Πnet in dependence of the film
thickness h: van der Waals ΠvdW , steric Πsteric and electrostatic forces
Πele. Reproduced from [19], who adopted from [127]. Permission obtained from
John Wiley and Sons © Institute of Food Technologists and IOP Publishing © IOP
Publishing. Reproduced with permission. All rights reserved.

As the lamella thins, its interfaces approach each other. This results in a local increase
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of the concentration of counterions in the lamella compared to that in the Plateau
border. Furthermore, protruding chains of adsorbed polymeric surfactants overlap and
increase the local concentration gradient. This leads to an osmotic pressure gradient,
which retards drainage from the lamella and further thinning of the film. [19]

Hydrodynamic forces can cause surface waves in the thin lamella film, when it thins
below a critical thickness [128]. These ripples become more pronounced, the lower the
interfacial tension and the larger the size of a bubble. Furthermore, interface waves
affect the local thickness of the film and can cause holes, which lead to rupture of the
film and coalescence of the bubbles. Surface-active polymers and strong intermolecular
interactions facilitate the formation of highly viscoelastic interfacial films. Due to
their connectivity and viscoelastic properties such films can mitigate the intensity
and propagation of ripples across the interface. For this reason, flexible proteins
with strong intermolecular interaction can better stabilize the thin foam films against
rupture than small low molecular weight surfactants. [19, 129]

Indeed, the choice of emulsifier is relevant regarding the kinetic stability of the foam,
since the physicochemical properties of the surface-active molecule determine the vis-
coelastic properties of the adsorbed interfacial film as well as the steric repulsion
between the adsorbed emulsifier layers located at both interfaces of the lamella. [19]

If the stabilizing mechanisms are too weak or absent, a film between adjacent bubbles
breaks. Dynamic effects contribute to film rupture as the lamellae approach their
equilibrium thickness. However, also at equilibrium and with stabilization of the thin
films by repulsive forces between its surfaces, spontaneous fluctuations in thickness
or density, or external perturbations such as dust, grease and evaporation of liquid
at the top of the foam can cause films to rupture. Dust and grease form additional
hydrophobic-hydrophilic interfaces and attract emulsifiers, which then are unavailable
at air-water interfaces. Coalescence results in a reduction of the total number of
bubbles. The rupture of lamellae at the top of the foam causes loss of gas and a
decrease in foam volume. [112]

Coarsening / Ostwald Ripening Ostwald ripening, also known as disproportionation
represents the diffusion of gas from smaller to larger bubbles, which is driven by the
pressure difference between bubbles of different sizes (Laplace pressure given by the
Young-Laplace law) [19, 130]. A more general term to describe the bubble size changes
caused by gas diffusion is coarsening [112, 130]. Any gas is soluble in any liquid to some
extent. For this reason, the liquid films between bubbles in a foam are no absolute
barriers to the gas. Therefore, gas may diffuse from one bubble to another through
the liquid phase, if there is a pressure difference between bubbles (as is the case for
differently sized bubbles). The gas diffusion leads to an increase in average bubble
size and a reduction in the number of bubbles. Coarsening is thus a sufficiently slow
process, so that the foam is still close to mechanical equilibrium. [112]

In a bubbly liquid the liquid fraction is high, bubbles are spherical and well separated
from each other. Gas diffuses between bubbles and liquid. The liquid acts as a reservoir
of gas. The pressure of a bubble is proportional to its curvature and for a spherical
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bubble it is inversely proportional to its radius as is seen from the Young-Laplace
law (Equation 2.2). For this reason, the smallest bubbles have a higher overpressure
relative to the liquid than larger bubbles. Therefore, small bubbles lose more gas to the
liquid than receiving from it. On the other hand, the largest bubbles receive more gas
from the liquid than losing to it. Consequently, small bubbles shrink and eventually
disappear, whereas large bubbles continue to grow. This leads to an increase of the
mean bubble size and to a decrease of the total number of bubbles, since no new
bubbles are created. The growth rate of bubbles is determined by Ωbl = dr3

dt and

the average bubble radius increases with t1/3 assuming a constant growth rate. This
process is called Ostwald ripening (or Lifshitz-Slyozov-Wagner ripening). [112, 131–
134] In experiments often exponents larger than 1/3 are determined [133, 134].

In a dry foam the gas diffuses directly from bubble to bubble, since the lamellae
are very thin. Here, the pressure of the bubble is still proportional to its curvature,
however since bubbles are not spherical the curvature depends on the bubble shape.
The bubble growth rate is rather determined by the number of faces than the bubble
volume and given by Ωdf = dr2

dt . The average equivalent bubble radius increases

with t1/2 and the coarsening in a dry foam is described as von Neumann-Mullins
coarsening. [112, 133–136]

These two scenarios represent the two extremes. In actual foams, the liquid fraction
can assume any value in between and the behavior of the foam can be considered
somewhere between these two extremes. [112]

Three main strategies are applied to slow down the ripening of a foam. First, the
viscosity of the continuous phase can be increased [17]. Second, a less soluble gas can
be used for foam formation. However, this option is limited in case of food foams
due to the edibility of the gas. And third, the choice of emulsifier is relevant for the
stability of a foam. Efficient foaming agents produce highly elastic interfaces that can
resist film rupture and / or gas diffusion. [26]

2.1.4. Characterization of foaming capacity and foam stability

To characterize a foam, two properties are investigated: foaming capacity and foam
stability. The foaming capacity, or foamability, is the capacity of the solution to entrap
gas, i. e. to form a foam, and is described by the initial increase in foam volume. On
the other hand, foam stability is the ability of a foam to keep the gas inside the foam,
i. e. it is the capacity of an existing foam to persist. [17, 119]

Several methods have been applied to characterize foaming capacity and foam stability.
The foamability of a solution depends not only on the intrinsic properties of the
protein and solution parameters, but also on the methods applied for foam formation
and measurement of foaming capacity and foam stability [35, 119]. The manifold
techniques used for foam formation and characterization complicate a comparison of
the results of different studies [35]. In the following an overview of common methods
for foam characterization is given.

Foaming capacity is most commonly calculated by the ratio of the foam volume directly
after foam formation or the increase of total volume to the volume of the solution
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before foaming [38, 42, 45–47, 49–54]. Alternatively, conductivity measurements are
considered to characterize foaming capacity [84]. In case of sparging, the gas volume
and gas flow rate can be considered. The foaming capacity is then given by the ratio
of foam volume directly after foam formation to the volume of sparged gas [137, 138].
To quantify foam stability, the temporal evolution of either the liquid drained from
the foam or the decrease in foam volume is considered [35]. Often the foam volume
immediately after foam formation (Vf,0) and after a certain time (Vf,t) is measured and
the ratio Vf,t/Vf,0 or (Vf,0 − Vf,t)/Vf,0 is used to describe the foam stability. Typical
time intervals are 5 min [42], 10 min [43], 30 min [44–47], 60 min [48] and 90 min [49].
Similarly, also the volume of liquid retained in the foam (foam liquid stability) is used
to describe the stability of a foam [35, 50, 51].
Alternatively, the half-life time of the foam or the liquid in the foam is used to charac-
terize its stability [38–40]. Furthermore, the rate of collapse of the foam [41] and the
rate of drainage [34, 40] are considered. Alternatively, the foam height is monitored
over time [36, 37].
Besides observing the temporal evolution of the macroscopic foam height, the growth
of the mean bubble size is also a relevant measure of foam stability [25, 34, 55].
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2.2. Proteins

Mainly the primary and tertiary structure of proteins determine their applicability
as foaming agents: Depending on the presence and sequence of hydrophobic amino
acid residues in the primary structure and the spacial folding, proteins can develop
hydrophobic regions [16]. Exposure of such hydrophobic regions to the protein surface
increases their interfacial activity and improves foaming properties [139, 140]. How-
ever, in most proteins, the tertiary structure hides hydrophobic regions from the polar
solvent water. Exposure of the shielded hydrophobic regions to the aqueous phase can
be obtained from unfolding the protein by heat supply or addition of detergents and
chemical agents. [16, 119]

Protein adsorption at interfaces is thermodynamically favorable because of the simul-
taneous dehydration of the hydrophobic parts of the protein and the hydrophobic
interface. Upon adsorption of a protein to an air-water interface, hydrophobic parts
of the protein are directed towards the gas phase. Additionally, the protein loses some
of its tertiary structure but most of its secondary structure is retained. [32, 141]

Due to the surface structure of proteins, they often have multiple adsorption sites
per molecule. Spontaneous desorption of the entire molecule is therefore statistically
very unlikely. [16] Many proteins strongly adsorb to air–water interfaces and form
layers with reasonably high surface rheological moduli due to steric and electrostatic
inter-protein interactions. [16]

In the following the molecular structures and the fundamental properties of the pro-
teins applied in this study are introduced.

2.2.1. Bovine Serum Albumin

Bovine serum albumin (BSA) is a protein found in the blood serum of cattle (Bos
taurus). With 3.3 % it is the main protein in the blood plasma [87], where its main
function is to regulate the colloidal osmotic pressure of the blood. Moreover, BSA
binds water, ions and other molecules such as fatty acids, hormones, and drugs and
is the major zinc, calcium, and magnesium transporter in the plasma. [142] Besides
being an important component of the blood serum, BSA represents a whey protein
with a concentration of 0.4 g L−1 to 0.8 g L−1 BSA present in cow’s milk [88].

The presence and assembly of hydrophobic and hydrophilic amino acids at its surface
make BSA a surface-active molecule and enable it to act as an emulsifier in a liquid
foam. Gräff et al. [56] investigated protein stabilized foam films. These authors found
that the assemblies of BSA at the air-water interface are quite immobile. However,
their stabilization ability might be lower than that of β-lactoglobulin networks [56,
60].

The primary, secondary and tertiary structure of BSA has been well investigated [65,
78–86]. It is a heart-shaped protein with a molecular weight of about 66.5 kDa [143–
145]. The primary structure contains 583 amino acids (607 amino acids including
the signal peptide) [146]. The tertiary structure of BSA is shown in Figure 2.3.
Structurally relevant properties (location of helices and cysteines) are highlighted as
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well as properties relevant for interactions with other molecules (surface charges and
hydrophobic areas).

(a) Helical content. (b) Location of cysteines.

(c) Charged amino acids at the sur-
face of BSA.

(d) Hydrophobic amino acids at the
surface of BSA.

Figure 2.3.: Tertiary structure and surface properties of BSA (UP-ID: P02769). Re-
produced from https://swissmodel.expasy.org/ [146], licensed under CC BY-SA 4.0
license. For more information, visit https://swissmodel.expasy.org/docs/terms_

of_use.

BSA can be divided into three domains with repeating structure: domain I, domain II,
and domain III. The domain structure is shown in Figure 2.4. Each domain consists
of three double loops formed by disulfide bonds. Thereby, a large double loop is
connected to a small double loop by a short connecting segment. The small double
loop is followed by a large connecting segment and another large double loop, which
is connected to the next domain. The amino acids 1-190 belong to domain I, amino
acids 191-382 form domain II, and domain III consists of amino acids 383-583. The
structure of domain I differs from the other two domains in missing one disulfide bond
(position 8 and 54) and therefore contains one single loop instead of the first large
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Figure 2.4.: Primary structure of BSA with cysteine bonds. Reprinted from [147] with
permission from Elsevier.
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double loop.[147]
In three dimensions, the native globular shape of BSA is arranged in a heart-like
shape, which is called Normal (N) form. Domains I and II form one half, whereas
domain III builds the other half of the heart-like shape. [146, 148–150]
Depending on the solution pH, BSA changes its conformation, as illustrated in Figure
2.5. The N form (Normal form) exists at the IEP, where the net charge of the protein

Figure 2.5.: pH-dependent conformational changes of BSA. Reprinted with permission from
[65]. Copyright 2003 American Chemical Society.

is neutral. The IEP of BSA is at about pH 5 (reported values are in the range of
pH 4.2 to pH 5.5) [42, 83, 151–155]. In its compact globular shape the two parts of
the heart-like shape cohere due to electrostatic attraction of oppositely charged amino
acids [147].
Changing the pH of the solution will affect the charges of the amino acids. At pH
values lower than the IEP of the protein some of the before negatively charged amino
acids become neutral or positively charged. Overall the number of positive charges in
the protein increases. As a consequence of the induced repulsion, the BSA molecule
unfolds between domain II and domain III [65, 148–150]. The obtained conformation
is called Fast (F) form and occurs at pH values below pH 4 [149]/ pH 4.5 [79]. Figure
2.6 shows the conformational change of BSA from N-form to F-form as obtained from
all-atom molecular dynamics simulations [150]. At even lower pH values the shape of
BSA extends further reaching Expanded (E) form below pH 3.5 [149]. The low pH
conformational changes are associated with a loss in helical content [65].
Under alkaline conditions the number of negatively charged amino acids increases.
Their repulsion leads to a conformational change, which is associated with a volume
increase of the BSA molecule and a loss in helical content occurs. The Basic (B) form
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Figure 2.6.: Conformational change of BSA at low pH. The N-form unfolds between
domain II and domain III. Reprinted from [150] (with slight layout change). ACS
public use license. Copyright 2014 American Chemical Society.

is typically found between pH 7 and pH 9 [65] / above pH 8 [149].

2.2.2. Hydrophobin

Hydrophobins are small, highly surface-active proteins discovered in filamentous fungi
[71, 72, 94]. Their ability to form amphipathic protein layers by spontaneous self-
assembly at hydrophobic-hydrophilic interfaces supports multiple processes in the
development of filamentous fungi [68, 71, 72, 94, 95, 104, 156–161]. Hydrophobins
inhibit the wetting of aerial spores during dispersal, allow fungi to breach air–water
interfaces by lowering the surface tension, and facilitate their attachment to surfaces
for germination and infection of hosts [104, 157, 162–166].
Various fungi such as Neurospora crassa, Schizophyllum commune, Trichoderma reesei
contain hydrophobins [162]. In bacteria (Bacillus subtilis and Streptomyces tendae),
proteins with similar function but different structure were discovered, which are some-
times referred to as bacterial hydrophobins [156, 167–169]. Meanwhile, industrial scale
production of hydrophobins has been achieved by use of recombinant production pro-
cesses [93].
The molecular weight of hydrophobins is about 10 kDa [159, 170] and their primary
structures cover about 100 amino acids [156, 162]. All hydrophobins contain eight
cysteine residues, which form four disulfide bonds [98, 99, 105, 171, 172]. These
show a distinct conserved pattern: X2−38-C-X5−9-C-C-X11−44-C-X8−23-C-X5−9-C-C-
X6−18-C-X2−14, where C denotes cysteine and X indicates any other amino acid [99,
171]. Two disulfide bridges stabilize the core of the hydrophobin, while the other
two disulfide bonds hold relatively loose parts close to the core. For this reason,
hydrophobins show a very stable and compact core structure [71, 72, 159, 162, 172,
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173] and increased resistance to denaturation [160, 174].
Hydrophobins are divided into two classes, which vary in solubility, location of hy-
drophobic patches at the protein surface, and structures formed upon assembly at
hydrophilic-hydrophobic interfaces [98, 99]. Class I and class II hydrophobins differ
in their spacing between cysteine residues [100] as shown in Figure 2.7. Class I hy-
drophobins tend to be larger than class II hydrophobins and exhibit major variations
in the total number of amino acids and the length of the inter-cysteine segments [172].

Figure 2.7.: Comparison of amino acid sequences from various class I and class II
hydrophobins. Cystein residues are highlighted in yellow. Brackets indi-
cate the conserved disulfide bonding pattern. Compared hydrophobins:
SC3 from Schizophyllum commune (UP-ID: P16933); SC4 from Schizo-
phyllum commune (UP-ID: P16934); EAS from Neurospora crassa (UP-
ID: Q04571); MPG1 from Magnaporthe oryzae (UP-ID: P52751); HCF1
from Cladosporium fulvum (UP-ID: Q00367); ABH1 from Agaricus bis-
porus (UP-ID: P49072); PRI2 from Agrocybe aegerita (UP-ID: Q9Y8F0);
RODA from Aspergillus fumigatus (UP-ID: P41746); HFBI from Tricho-
derma reesei (UP-ID: P52754); HFBII from Trichoderma reesei (UP-ID:
P79073); CU from Ophiostoma ulmi (UP-ID: Q06153); CRP from Cry-
phonectria parasitica (UP-ID: P52753); HCF6 from Cladosporium fulvum
(UP-ID: Q9C2X0); MGP from Magnaporthe grisea (UP-ID: O94196);
HYD4 from Gibberella moniliformis (UP-ID: Q6YF29) and SRH1 from
Trichoderma harzianum (UP-ID: P79072). Reprinted from [172] with permis-
sion from Elsevier.

The structure of class II hydrophobins is, in general, more ordered and compact and
consists of a β-barrel, a single tethered α-helix and two relatively ordered loops [71].
The core of class II hydrophobins is also described as “closed” β-barrel [105]. For
class I hydrophobins the loops are longer and more flexible [71]. Its structure is also
described as “open” or half-barrel structure [105]. Figure 2.8 compares the structure
and surface properties of the two most investigated hydrophobins: class I hydrophobin
SC3 from Schizophyllum commune and class II hydrophobin HFBII from Trichoderma
reesei. To illustrate the structural variations within class I hydrophobins, the tertiary
structures of four representatives are shown in Figure 2.9.
Furthermore, hydrophobins are highly surface-active proteins due to large hydropho-
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(a) SC3: cys-
teine
residues.

(b) SC3: surface charge. (c) SC3: surface hy-
drophobicity.

(d) HFBII: cysteine
residues.

(e) HFBII: surface charge. (f) HFBII: surface hy-
drophobicity.

Figure 2.8.: Comparison of class I and class II hydrophobins. First row: class I
hydrophobin SC3 (UP-ID: P16933) from Schizophyllum commune. Sec-
ond row: class II hydrophobin HFBII (UP-ID: P79073, PDB-ID: 2b97)
from Trichoderma reesei. (a, d) Location of cysteine residues (yellow)
in the tertiary structure. (b, e) Surface with positively (blue) and
negatively (red) charged amino acids. (c, f) Surface with hydropho-
bic (red) and hydrophilic (blue) amino acids. In (f) the typical large
hydrophobic patch of HFBII is shown on the top. [146] Reproduced from

https://swissmodel.expasy.org/ [146], licensed under CC BY-SA 4.0 license. For

more information, visit https://swissmodel.expasy.org/docs/terms_of_use.
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2. Theoretical background

(a) EAS. (b) SC3. (c) rodA. (d) MPG1.

Figure 2.9.: Examples of different class I hydrophobins. (a) EAS (UP-ID: Q04571,
PDB-ID: 2fmc) from Neurospora crassa (b) SC3 (UP-ID: P16933) from
Schizophyllum commune. (c) rodA (UP-ID: P41746) from Aspergillus fu-
migatus. (d) MPG1 (UP-ID: P52751, PDB-ID: 2n4o) from rice blast fun-
gus Magnaporthe oryzae. Locations of cysteine residues are highlighted in
yellow. [146] All representatives show eight cysteine residues and the com-
pact core, however, they vary in length and location of flexible loops. Re-

produced from https://swissmodel.expasy.org/ [146], licensed under CC BY-SA 4.0

license. For more information, visit https://swissmodel.expasy.org/docs/terms_

of_use.
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2.2. Proteins

bic patches on the protein surface [71, 102, 159, 160, 175] and are sometimes compared
to janus-like particles in the literature [94, 176]. The high core stability ensures the
exposition of a large hydrophobic patch to the protein surface [71, 95, 162], which pro-
vides hydrophobins with surfactant like characteristics [72, 160]. Due to their compact
structure and high surface activity, hydrophobins spontaneously self-assemble into an
amphipathic protein layer at a hydrophilic-hydrophobic interfaces and thereby can
change hydrophobic surfaces into hydrophilic ones and vice versa [162, 177]. The
patterns in which hydrophobins self-assemble at hydrophobic-hydrophilic interfaces
vary between class I and class II hydrophobins. Class I hydrophobins form highly sta-
ble rodlet structures, which can only be dissolved by trifluoroacetic acid and formic
acid [71]. Depending on the hydrophobin the rodlet diameters vary between 5 nm to
15 nm and their lengths are in the range of hundreds of nanometers [159]. Class II
hydrophobins on the contrary assemble in less stable layers, which can be dissolved
using ethanol and hot SDS [71]. Class II hydrophobin monolayers consist of highly
ordered networks with hexagonal structure [160, 178–180]. The fundamentally differ-
ent structures formed by class I and class II hydrophobins are shown in Figure 2.10.

Hydrophobins lower the surface tension significantly [92, 94, 161, 162, 174]. Their
intermolecular packing at air-water interfaces is very compact and they form strong
films at interfaces [17, 94]. These layers of self-assembled hydrophobins at air-water
interfaces show a high elasticity due to the strong hydrophobic interaction between hy-
drophobins [68, 94, 107, 160] and can resist bubble shrinkage caused by Ostwald ripen-
ing as well as coalescence [17, 94, 107]. These unique properties make hydrophobins
excellent candidates for the stabilization of individual bubbles and assembled foams.
Indeed, class II hydrophobins are claimed to form some of the most stable aqueous
foams [26, 68, 94, 107, 160] and hydrophobins are also connected to the phenomenon
of beer gushing [182].

The industrial applications of hydrophobins are manifold. Their specific properties
and ability to alter, bridge and stabilize interfaces are useful in fields such as phar-
maceuticals, food products, electronics and microfluidics [183]. In biomedicine, hy-
drophobins are particulartly advantageous for formulation and delivery of hydrophobic
drugs as they improve their solubility in aqueous environments [184–191]. Further-
more, hydrophobins have been used as antimicrobial coatings [192–194], for cell and
protein immobilization [195–197] and for surface modification of textile materials [177].

2.2.3. Oat proteins

Oat grains contain 9.70 % to 17.30 % protein [198]. Osborne fractionation classifies
grain proteins depending on their solubility. Proteins soluble in salt solution are called
globulins, the water-soluble fraction was named albumins, prolamins are soluble in
ethanol, and glutelins indicate the insoluble fraction. [199]

In oats, globulins represent 50 % to 80 % [200, 201] of the total protein content and
consequently constitute the majority of grain storage proteins. Oat globulins have
been further identified as three main fractions with 3S, 7S, and 12S sedimentation
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Figure 2.10.: (a) Rodlets at the surface of a spore from Penicillium herquei. (b)
Fine structure of (a). (c) AFM image of rodlets formed by class I
hydrophobin MPG1 from Magnaporthe oryzae on highly-oriented py-
rolytic graphite (HOPG). The inset shows a height profile of the rodlets.
(d) AFM image of a monolayer formed by class II hydrophobin NC2
from Neurospora crassa on HOPG. Height profiles of the marked cross
sections are shown on the right. (a,b) Reproduced from [181] with per-
mission from Springer Nature. (c) Reproduced from [72] licensed under Creative
Commons Attribution 4.0 International License. To view a copy of this license,
visit http://creativecommons.org/licenses/by/4.0/, no changes made. (d) Re-
produced from [71] with permission from Wiley Online Library, © 2013 Wiley Peri-
odicals, Inc.
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2.2. Proteins

coefficients [202], where (unlike other grains) the major component in oats is 12S
globulin [200]. The 12S storage protein fraction has a molecular weight of 53 kDa to
58 kDa [201] and contains two subunits, the α- and β-subunit. The α-subunit is an
acidic polypeptide with a molecular weight of 32 kDa to 37 kDa and an IEP of 5.5.
The β-subunit, on the other hand, is a basic polypeptide with a molecular weight of
22 kDa to 24 kDa and an IEP between 8.0 and 10.0 [201, 203]. These α-subunit and
β-subunits are disulfide-bound [202]. In its native form, 12S globulin exists as 320 kDa
hexamer consisting of 54 kDa subunits, which are held together by disulfide bonds [202,
204]. The shape of 12S globulin is an oblate cylinder with a height of 8.5 nm. This
cylinder is formed by two annular trimeric rings with diameters of 11.8 nm stacked on
top of each other. [205] The tertiary structure of the 12S globulin is shown in Figure
2.11. The 7S globulins have a molecular weight of 50 kDa to 70 kDa [201] and the 3S
fraction has a molecular weight of about 48 kDa to 52 kDa [201].

(a) Trimer. (b) Hexamer.

Figure 2.11.: 12S globulin (UP-ID: O49258) [146]. Each chain is highlighted with a dif-
ferent color. Reproduced from https://swissmodel.expasy.org/ [146], licensed

under CC BY-SA 4.0 license. For more information, visit https://swissmodel.

expasy.org/docs/terms_of_use.

Oats show a low prolamin content with 4 % to 15 % of the total protein ([206, 207] as
cited in [200]). These alcohol soluble proteins have a size of 17 kDa to 34 kDa and IEPs
between pH 5.0 and 9.0 [201]. Albumins represent 1 % to 12 % of the oat proteins [206].
Different albumin fractions exhibit molecular weights of 14 kDa to 17 kDa, 20 kDa to
27 kDa, and 36 kDa to 47 kDa and IEPs between pH 4 and 7.5 [201]. Glutelins are
with less than 10 % a minor fraction and include unextracted globulins and prolamins
as well as minor polypeptides [200, 201].

The divers types of oat proteins show fundamentally different structures and vary
strongly in surface activity. Figure 2.12 presents an overview of different examples of
oat proteins. Globulins are much larger and only little surface-active. Most surface-
active are albumins and some prolamins, because their tertiary structure contains a
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2. Theoretical background

hydrophobic tail, which facilitates an alignment along hydrophilic-hydrophobic inter-
faces.

(a) 12S globulin hexamer. (b) Tryptophanin. (c) Avenoindoline.

(d) Avenin-3. (e) Avenin-E.

Figure 2.12.: Examples of oat proteins: (a) 12S globulin (UP-ID: O49258), the al-
bumins (b) tryptophanin (UP-ID: A7U440) and (c) avenoindoline (UP-
ID: Q9M4E2) and the prolamins (d) avenin-3 (UP-ID: P80356) and (e)
avenin-E (UP-ID: Q09114) [146]. Shown are protein surfaces with hy-
drophobic amino acids colored in red and hydrophilic amino acids in
blue. Reproduced from https://swissmodel.expasy.org/ [146], licensed under CC

BY-SA 4.0 license. For more information, visit https://swissmodel.expasy.org/

docs/terms_of_use.
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2.3. Hydrocolloids

Besides the surface activity of the foaming agent, also other factors such as the viscos-
ity of the solution influence the stability of a foam [208–210]. In many food systems,
coarsening is slowed down by gelling or solidifying the continuous phase of the foam
[26]. Famous examples are mousses, marshmallows or meringues. Some food systems
naturally contain polysaccharides which can act as food thickeners, for example oats
contain fibers which thicken oat drink under heating cf. Chapter 7. However, often
thickening agents are added to control the texture of a food product [211–215].

Hydrocolloids are long chain hydrophilic polymers, which form viscous solutions or
gels when dispersed in water. Their affinity for binding water arises from a large
number of hydroxyl groups. In dispersions these molecules show the properties of a
colloid and the formed dispersions are intermediate between a suspension and a true
solution [216]. Hydrocolloids include polysaccharides extracted from seaweeds, plants
and microbial sources, gums derived from plant exudates and biopolymers derived
from starch or cellulose by enzymatic treatment [215].

The polysaccharides chosen in this thesis vary in their physical properties e. g. molec-
ular weight, radius of gyration, chain length, charge and flexibility.

The AFM images and representations of the chemical structures of the polysaccharides
shown in Section 2.3 originate from my master project and have been published in
manuscript [217].

2.3.1. Xanthan gum

Xanthan gum is a polysaccharide produced by bacteria from the genus Xanthomonas,
mostly Xanthomonas campestris, by fermentation of saccharated substrates. In food
systems, it is applied to stabilize emulsions, foams and particulate suspensions by
significant viscosity enhancement. [211]

Figure 2.13 shows the chemical structure of a xanthan gum repeating unit and an
AFM image indicating the stiffness of the molecule. The cellulose backbone of the
xanthan gum polymer chain consists of two D-glucose units linked by a glycosidic
bond (β-(1→4)-D-glucose). Every second glucose exhibits a trisaccharide side-chain
linked to the C-3 atom. This side chain consists of an inner mannose with an acetate
group, a glucoronic acid containing a carboxy group, and an outer mannose with a
pyruvate group. [211, 212] The pyruvate and carboxy groups provide the side chains
with negative charges and impart the xanthan gum molecule a highly negative charge.
In a previous study a zeta potential of (−75.0±5.6) mV was measured for the xanthan
gum used in this thesis [217]. The negatively charged side chains lead to electrostatic
stiffening of the polymer chain. Therefore, in a very simple model xanthan gum
molecules can be approximated by stiff negatively charged rods. The length of a
xanthan gum molecule has been estimated to be about 1.5 µm [217] and its molecular
weight is about 2 MDa [212].
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Figure 2.13.: Xanthan gum: (a) Chemical structure of the repeating unit. (b) AFM
image of an argon dried droplet of a xanthan gum solution with a con-
centration of 1 µg g−1.
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2.3.2. Guar gum

Guar gum is produced from the seeds of the guar plant Cyamopsis tetragonoloba [212].
To produce a powdered guar gum, these seeds are dried, milled and sifted multiple
times to remove the hull, followed by washing, flaking, drying and grinding of the guar
splits (endosperm halves of the seed) [212].

Figure 2.14 shows the repeating unit of guar gum and an AFM image of the guar
gum used in this thesis. The backbone repeating unit of guar gum consists of
two β-D-mannopyranose units linked by a (1-4)-glycosidic bond. Every second β-
D-mannopyranose unit is linked to a α-D-galactopyranose unit by a (1-6)-glycosidic
bond. Guar gum shows a high polydispersity (high variation in degree of polymer-
ization), which is characterized by the ratio of the weight average molecular weight
Mw and the number average molecular weight Mn [218]. Weight average molecular
weights of guar gum range from 0.4 MDa to 1.7 MDa [218–220]. Thus, its molecular
weight is similar to that of xanthan gum or up to a factor 10 smaller. Furthermore,
guar gum consists of polar chains and is thus flexible. The flexibility of guar gum is
represented in the AFM image, where a self-avoiding walk confined to two dimensions
during drying of guar gum is shown.
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Figure 2.14.: Guar gum: (a) Chemical structure of the repeating unit. (b) AFM image
of an argon dried droplet of a guar gum solution with a concentration of
1 µg g−1.

2.3.3. Iota-carrageenan

Iota-carrageenan is gained from the species Eucheuma denticulatum of red seaweed
(Rhodophyceae), where it fills voids in the cellulose structure. To produce carrageenan
gum powders, red seaweed is washed and various alkalis (e. g. sodium, potassium,
calcium hydroxide) are applied to extract the polysaccharide. Subsequently, it is
filtered, centrifuged, concentrated, precipitated with isopropyl alcohol and dried. [212]
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The chemical structure of iota-carrageenan and an AFM image are depicted in Figure
2.15. The repeating unit of carrageenans consists of a disaccharide of a galactose unit
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Figure 2.15.: Iota-carrageenan: (a) Chemical structure of the repeating unit. (b) AFM
image of an argon dried droplet of a iota-carrageenan solution with a
concentration of 1 µg g−1.

and a 3,6-anhydrogalactose, which are linked by alternating alpha-(1,3) and beta-
(1,4) glycosidic links. The galactose units can be sulfated or non-sulfated. Varying
anhydrogalactose contents, sulfate contents and sulfate distributions lead to different
types of carrageenans. For iota-carrageenan both galactose units are sulfated and
it contains an 3,6-anhydrogalactose content of 26 % and a sulfate content of 32 %.
The sulfates are negatively charged and make iota-carrageenan a negatively charged
polyelectrolyte. [212] However, the iota-carragenan used in this thesis is less negatively
charged than the employed xanthan gum [217]. Since it does not contain any side
chains the molecule is still quite flexible and in a simple model behaves like a negatively
charged polymer chain. In the AFM image, the iota-carrageenan chain appears very
flexible and performs a self-avoiding walk (during drying confined to two dimensions),
which is stretched due to the negative charge of the molecule.
The molecular weights of carrageenans are typically in the range of 200 kDa to
800 kDa [212] and thus lower than for xanthan gum and similar to low molecular
weight guar gum.
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2.4. Interactions

2.4.1. Molecular interactions

Due to their molecular properties, particles such as proteins or polysaccharides interact
with each other. Some of these interactions shall be shortly introduced here. The
following section on molecular interactions is based on the information provided in
the textbooks by Butt et al. [118], Raychaudhuri [221], Israelachvili [222], Dhont
[223], Atkins et al. [224], and Lyklema [225].

Electrostatic interaction describes the force acting between electrical charges. In
the vicinity of an electrical point charge, an electrical field is generated which exerts a
force on other electrical charges. The force between two point charges is directed along
the line that joins the two charges. The interaction between like charges is repulsive,
whereas the interaction between unlike charges is attractive. The resulting force acting
on one point charge is determined by the linear superposition of the forces caused by
other surrounding charges. Coulomb’s law provides a mathematical description of
the long range interaction of electrical point charges. For two point charges with
magnitudes e1 and e2 located at a distance R from each other in vacuum, the force
F⃗2 acting on e2 is given by:

F⃗2 =
1

4πε0

e1e2
R3

R⃗ (2.4)

where R⃗ is the vector joining the two charges and is directed from e1 to e2 and ε0 is
the permittivity of the free space. The potential energy in this case is given by

Wel =
e1e2

4πε0R
(2.5)

In the frame of this study, proteins and hydrocolloids dissolved in water are inves-
tigated. Water is a good solvent for ions due to its high relative permittivity. For
charged particles in a suspension, the surface charges cause an electric field and at-
tract counterions, which then form a layer along the charged surface. The term electric
double layer denotes the layer of surface charges together with the counterions. In a
simple model, the counterions are considered to be directly bound to the surface and
to neutralize the surface charges. Therefore, the electric field caused by the surface
charges is restricted to the thickness of a monolayer of counterions. This layer is
called Helmholtz layer. However, thermal fluctuations cause the counterions to move,
which was considered by Gouy-Chapman. Due to the thermal motion, the counterions
tend to move away from the surface and consequently form a diffusive layer, which is
thicker than a monolayer of molecules. Debye-Hückel determined the potential and
the ion distribution around spherical surfaces for this approach. In this case, the
molecular nature of the solvent is neglected and instead it is treated as a continuous
medium. For an infinitely extended planar surface with a low potential (e|ψ| ≪ kbT ),
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the solution of the linearized Poisson-Boltzmann equation is the potential given by

ψ(x) = ψ0 exp(−κx) (2.6)

with

κ =
( 2c0e

2

εε0kBT

)1/2
(2.7)

where e is the elementary charge, c0 is the ion concentration, ε and ε0 are the relative
permittivity and the permittivity of free space, kB is the Boltzmann constant and T is
the temperature. The potential decreases exponentially with the decay length, called
Debye length,

λD = κ−1 (2.8)

The Graham equation gives the relationship between the charge of the surface σ and
the potential ψ0 based on the Gouy-Chapman theory. A requirement is that the
total charge (charges of the surface plus all ions in the double layer) is zero. For low
potentials it holds

σ =
εε0ψ0

λD
(2.9)

The ideas of Helmholtz were combined with that of a diffuse layer by Stern. In this
model the electric double layer is devided into two parts. The inner part contains an
immobile layer of ions directly adsorbed to the surface, which is called Stern layer.
The outer part comprises mobile ions obeying Poisson-Boltzmann statistics and is
called Gouy or diffusive layer. Due to the finite size of the counterions, which may
include a hydration shell in water, there is a distance δ between the charged surface
and the center of the counterions in the Stern layer. The distance δ marks the outer
Helmholtz plane. Figure 2.16 illustrates the Helmholtz, Gouy-Chapman and Stern
models.

Van der Waals interactions (vdW interactions) consider dipole-dipole interactions
between molecules. Three contributions are distinguished: The Keesom, Debye and
London interactions:

Ctotal = Corient + Cind + Cdisp (2.10)

where Ctotal is the total van der Waals coefficient, Corient the coefficient of the Keesom
contribution, Cind the coefficient of the Debye interaction and Cdisp the coefficient of
the London or dispersion interaction. The potential energy of vdW interactions scales
with R−6:

WvdW = −Ctotal

R6
(2.11)

where R is the distance between the considered molecules.

Molecules with neutral net charge can develop an uneven distribution of electric charge
resulting in a more positively charged and a more negatively charged side of the
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(a) Helmholtz (b) Gouy-Chapman (c) Stern

Figure 2.16.: Electric double layer: (a) Helmholtz model, (b) Gouy-Chapman model
and (c) Stern model with δ the distance of the outer Helmholtz plane
from the surface, ψ0 the potential at the surface and ψδ the potential at
the outer Helmholtz plane.

molecule. In this case, their electric properties are described by the dipole moment µ

µ⃗ =

∫
ρe(r⃗)r⃗dV (2.12)

where ρe is the charge density and integration is over the volume of the whole molecule.
Freely rotating dipoles such as in mobile molecules orient themselves with regard to
other charges or dipole moments. However, thermal fluctuations impede a perfect
orientation. Still, a net preferential orientation remains on average.

The Keesom interaction describes the interaction of two freely rotating dipoles. These
attract each other since they preferentially orient in a way that their opposite charges
face each other. The Helmholtz free energy of this randomly oriented dipole-dipole
interaction is given by

Worient = −Corient

R6
= − µ21µ

2
2

3(4πε0)2kBTR6
(2.13)

where entropic effects are considered, which means that the orientation of one dipole is
affected by the field of the other dipole. µ1 and µ2 denote the dipole moments, R the
distance between the two dipoles, ε0 the permittivity of free space, kB the Boltzmann
constant and T the temperature.

A charge approaching a molecule without static dipole moment induces a dipole mo-
ment in the before non-polar molecule, which interacts with the approaching charge.
The Debye interaction describes the interaction of a molecule containing a static dipole
moment with a polarisable molecule. For different molecules the Helmholtz free energy

35



2. Theoretical background

for a freely rotating dipole is

Wind = −Cind

R6
= − µ2α

(4πε0)2R6
(2.14)

where µ is the dipole moment and α is the polarizability. For identical molecules a
factor of two has to be multiplied.

The attraction of non-polar molecules is described by the London force, which is also
called dispersion force. Consider an atom with a positively charged nucleus and elec-
trons circulating around the nucleus with a high frequency. Then, the atom is polar
with the direction of the polarity changing with high frequency. If two such oscilla-
tors approach, these influence each other. The probability of attractive orientations
is higher than that of repulsive ones leading to an attractive force on average. To
calculate this interaction, quantum mechanical perturbation theory is used. For two
molecules with ionization energies hν1 and hν2 the Helmholtz free energy is approxi-
mated by

Wdisp = −
Cdisp

R6
= −3

2

α1α2

(4πε0)2R6

hν1ν2
(ν1 + ν2)

(2.15)

where α1 ans α2 denote the polarizabilities of the two molecules, ν1 and ν2 are the
frequencies of their electrons and h is the Planck constant. This interaction increases
with the polarizability of the two molecules.

Hydrophobic interactions act between hydrophobic surfaces, molecules or parts of
molecules and cause these to attract each other. This interaction is mainly of entropic
reason and decays roughly exponentially. The origin of hydrophobic interactions comes
from a change in the water structure when two hydrophobic surfaces approach or a
hydrophobic molecule is inserted into water. Because such molecules are apolar, water
cannot form hydrogen bonds with hydrophobic molecules and forms a “cage” around
the hydrophobic molecule. This requires a reorientation of the water molecules and is
entropically unfavorable. For this reason, water expels hydrophobic molecules, which
leads to a spontaneous aggregation of hydrophobic molecules or their adsorption to
air-water interfaces. The rearrangement of water molecules involves a high number of
molecules and therefore leads to a long range of this interaction. Hydrophobic inter-
actions have important implications on the dynamics of micelle formation, interfacial
self-assembly of amphiphilic molecules and protein folding.

Steric interactions When the outer segments of two polymer coated particles inter-
penetrate, the segment concentration in the overlap region increases. The confinement
of the chains reduces their entropy. Due to osmosis, solvent molecules are drawn into
the overlap region and a repulsive force between the particles occurs. Also the con-
formation of a single polymer chain is determined by steric interaction. The spatial
extent and the excluded volume of the polymer segments reduce the configuration
entropy and result in repulsive forces. If two polymer chains approach, their thermal
movement becomes limited and the entropy of the individual polymer chain decreases.
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Comparison of interaction ranges The interplay of electrostatic, van der Waals,
hydrophobic and steric interactions defines protein and polysaccharide conformations
as well as the intermolecular interactions in the foam system and the arrangement of
proteins at air-water interfaces.

Electrostatic interactions can be attractive or repulsive depending on the signs of the
charges. At long distances the net molecular charge dominates the intermolecular
interaction. However, at short distances the charges of single amino acids of a protein
interact with other amino acids within the protein or of a neighbor. These short range
electrostatic interactions define protein conformations and intermolecular interactions
of proteins with neutral net charges. The potential energy of electrostatic interactions
decays with

Wel ∼ ± 1

R
(2.16)

which means that the strength of the interaction is defined by the distance R between
the charge.

Van der Waals interactions are attractive forces and their potential energy decays with

WvdW ∼ − 1

R6
(2.17)

It decays much faster with the distance R than electrostatic interactions and is there-
fore only relevant at short distances, i. e. when molecules come close to each other.

Steric interactions are very short ranged and become important when particles are
squeezed together such as during a collision of two molecules. This interaction is
repulsive and the potential energy is often estimated by

Ws ∼
1

R12
(2.18)

At very short interparticle distances, steric repulsion dominates van der Waals attrac-
tion, however it decays rapidly and is therefore dominated by other interactions at
increasing interparticle distances.

Hydrophobic interactions in water are much stronger than van der Waals interactions
and show a longer range than typical covalent bonds [226, 227]. The potential energy
of hydrophobic interaction decays exponentially

Wh ∼ − exp

(
− R

D0

)
(2.19)

with a decay length D0 ∼ 1 nm and an effective range of the interaction of roughly up
to 20 nm [226–229].

The R-dependency of the discussed interactions is shown in Figure 2.17. Due to pref-
actors the strength of the interaction may vary according to the investigated system.
For better comparison only the magnitudes are shown without considering whether the
interaction is attractive or repulsive. However, a rough impression of the interaction
is gained from the plot.
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Figure 2.17.: Range of electrostatic, van der Waals, steric and hydrophobic interac-
tions.

This short discussion shows, that electrostatic interactions have the longest range and
that the dynamics of interfacial protein arrangements is mainly an interplay of electro-
static and hydrophobic interactions. At short distances also van der Waals attraction
plays a role and at further decreasing distances steric interactions contribute.

2.4.2. Influence of particle size and shape on solution viscosity

The viscosity of a suspension of very small rigid spheres in a liquid is increased com-
pared to the pure liquid as shown by Einstein:

ηsus = η(1 + 2.5v) (2.20)

where η is the viscosity of the liquid and v is the total volume of the spherical particles
[230, 231]. The spherical particles do not need to be of the same size. However, the
suspension should be sufficiently dilute and the particles should not form aggregates
[232]. Jeffery extended this equation to ellipsoidal particles and showed that it is of
the same form, but the factor 2.5 needs to be replaced by a coefficient, which depends
on the ellipticity of the spheroid [232]. For ellipsoidal particles, there are two opposing
effects acting on their orientation: the hydrodynamic shear tends to align them in the
direction of flow, whereas the Brownian motion tends to randomize their orientations
[233]. In flow, anisotropic particles change their orientation and thereby alter the
behavior of the suspension. Various simulations show that the precise orientation
depends on various parameters such as the initial orientation and the Deborah number
[234].

Besides the particle shape also the size (volume) of the particles influences the viscosity
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of a particle suspension. Therefore, the intrinsic viscosity of dilute polymer solutions
is given by

[η] = ν · vs (2.21)

where ν denotes the molecular shape parameter (also called viscosity increment) and
vs is the swollen specific volume. Due to solvent association, an anhydrous molecule
swells when it is dissolved or suspended. vs is given by the volume of the macro-
molecule in solution per unit anhydrous mass of the molecule and is a measure of the
solvent association with the macromolecule. [233]

Also the flexibility of the molecules reflects in the viscosity of the suspension. The
Mark-Houwink-Kuhn-Sakurada (MHKS) relations describe the dependence of the in-
trinsic viscosity [η] on the molecular weight M for such molecules.

[η] = K ′Ma (2.22)

where K ′ and a are both parameters which depend on the polymer conformation and
M is the molecular weight of the regarded molecule. There are three extremes of
particle conformations to be distinguished: the compact sphere, rigid rod and random
coil, which are reflected in the value of a. The values for a vary between 0 for a
compact sphere, 0.5 to 0.8 for a random coil and 1.8 for a rigid rod. [233] For this
reason, different viscosities are expected for guar gum, iota-carrageenan and xanthan
gum, which vary in flexibility as described above (Section 2.3). Foams containing
these polysaccharides are investigated in Chapter 5.

2.4.3. Influence of particle charge on solution viscosity

Electroviscous effects describe the component of the viscosity caused by the particle
charge [235]. These cause an additional resistance to the flow of the sample and
consequently increase the solution viscosity [91]. Therefore, for protein solutions the
viscosity is minimal at the isoelectric point (net charge of protein is zero) and increases
with increasing or decreasing pH. For BSA solutions this behavior has been observed at
concentrations below 150 mg mL−1; for higher concentrations contributions of short-
range attractive interactions increase and a different pH-dependency of the viscosity
is observed. [91]

Electroviscous effects are classified into three contributions. The primary effect de-
scribes the resistance caused by the diffuse double layer which surrounds the charged
molecule. The secondary effect is based on intermolecular repulsions between double
layers of different molecules. Furthermore, the interparticle repulsion may affect the
shape of the molecule, which influences the viscosity of the sample and is described
by the tertiary effect. [91, 233] As the net charge of a protein increases, the protein
conformation may also change to increase the distance between charges. In this case,
the volume increase of the molecule also contributes to an increase in the viscosity
[236].
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The viscosity increase caused by the primary electroviscous effect is given by:

ηel = η0

[
1 +

5v

2V

{
1 +

∞∑
1

bn

(
eζ

kBT

)n}]
(2.23)

where η0 denotes the viscosity of the liquid, v the volume of the solid and V the
total volume of the mixture, bn are coefficients, e is the electronic charge, ζ the zeta-
potential, kB Boltzmann’s constant and T the absolute temperature [237].
Tanford et al. [236] investigated BSA solutions at varying pH (i. e., molecular charge)
and stated that the viscosity increases as the molecule becomes charged due to two
factors: the electrostatic interaction with the surrounding ions and a volume increase
caused by conformational changes.

2.4.4. Influence of viscosity on foam stability

The bulk viscosity of the continuous phase affects the drainage of liquid from the
lamellae. An increased viscosity slows down drainage. Due to the reduced drainage
the lifetime of the film between bubbles is extended, which means that the rate of
coalescence is lower, and therefore the foam stability is enhanced. [90, 210, 238] Fur-
thermore, a higher viscosity of the continuous phase slows down the mobility of gas
bubbles and thereby reduces the creaming rate of the bubbles [107, 238, 239].
To stabilize a foam by enhancing the viscosity of the continuous phase, thickening
agents can be added to the solution [208, 238]. Such continuous phase stabilizers are
not surface-active and usually polymers such as polysaccharides are used. However,
depending on their molecular properties, these may also cause destabilizing effects
such as isotropic/anisotropic phase separations, bridging and depletion flocculation
(if the emulsifier (protein) and the thickening agent (polysaccharide) interact) and
the inhibition of protein adsorption. [238] Geometrical differences between rod-like
stabilizer molecules and spherical bubbles can cause a phase separation which is in
agreement with Flory’s theory [217, 238, 240–243]. Furthermore, also the formation
of aggregates of surfactants in the bulk leads to a viscosity increase [244].
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2.5. Methods

2.5.1. Atomic force microscopy

Atomic force microscopy (AFM) is a 3D surface mapping technique to investigate soft
and rigid samples with sub-nanometer to micrometer resolution in vacuum, air, or
liquids. [245, 246]

The method of AFM was invented by Binnig et al. [247] in 1986. The sample surface
is scanned with a sharp tip (atomic-sized) attached to a cantilever and the forces
created on the tip by the proximity to the sample surface are measured [247]. Contact
mode or dynamic mode, which is also called AC mode, intermittent contact mode or
tapping mode, are applied. During operation in contact mode a constant contact force
between tip and sample surface is maintained. Using dynamic mode the oscillation
amplitude is kept constant as the tip bounces off the surface of the sample. Therefore,
dynamic mode involves an oscillation of the cantilever just above the sample surface
at a frequency close to its resonance frequency. The most common form of dynamic
mode uses an amplitude of the free oscillation of the cantilever, which is slightly larger
than the nominal tip/surface distance. When the tip approaches the sample surface,
the oscillation amplitude, phase and frequency are modulated. To keep the amplitude
of the oscillation at a constant level, a feedback loop is used. [245]

Figure 2.18 shows the working principle of a typical AFM instrument in dynamic
mode. At the center of the figure, the cantilever with the sharp tip (probe), which

Figure 2.18.: Setup of the AFM dynamic mode. © 2019 IEEE. Reprinted, with permission,

from [246].

is used to scan the sample, is shown. The very thin tip allows for a very high x-y
resolution [248]. The cantilever beam is oscillated at its resonance frequency by a
small piezoelectric element, the piezo modulator [247]. Piezoelectric materials convert
electrical potential into mechanical motion and vice versa. Piezo scanners are used
to move the AFM tip relative to the sample surface and to adjust and maintain the
tip-sample distance [248]. Below the cantilever the sample holder with the sample
is placed. A laser beam is focused on the cantilever above the probe, where it is
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reflected and guided to the detector. The signal is used to measure the deviation of
the cantilever tip (optical lever). AFM instruments typically also contain an optical
microscope, control electronics and a computer. The optical microscope is used to
locate the tip above the sample surface. Control electronics generate signals that
drive the scanners and digitize AFM signals to be recorded and displayed on the
computer. With the computer parameters can be set by the instructor. The control
electronics uses these values to drive the AFM accordingly while handling the signals
coming from the force sensor. With these information the piezoelectric scanner is
operated in a way that the tip-sample distance is maintained. If there is a particle on
the sample surface, i. e. the height profile goes up, the force between tip and surface is
increased. The feedback control then moves the piezoelectric scanner away from the
sample. On the other hand, if the force sensor measures a smaller force than before,
the piezoelectronics move the tip closer to the surface. By detecting these signals a
height profile of the sample surface is obtained. [248]

Because of its high resolution (structures in the nm- and µm-range can be seen), AFM
is used in this thesis to obtain a detailed view on the interfacial arrangement of HP
and BSA. To mimic the air-water interface, the hydrophobic substrate highly-oriented
pyrolytic graphite (HOPG) is used.

2.5.2. Brewster angle microscopy

Brewster angle microscopy (BAM) is a reflection technique used for real-time visual-
ization of the lateral organization of monolayers at the air-water interface including
phase separation and domain formation. [249] The method of BAM was developed
by two groups independently and published in 1991 [250, 251]. Figure 2.19 shows
the working principle of BAM. A parallel (p) polarized laser beam is directed onto

Figure 2.19.: Working principle of BAM. Reproduced from [252] with permission from Springer

Nature.

an air-water interface at the Brewster angle, which is roughly 53◦ for pure water. If
p-polarized light is directed at an interface under the Brewster angle, the reflected

42



2.5. Methods

p-polarized beam has zero intensity. Therefore, for pure water, no light is reflected.
Adding a monolayer of surface-active molecules at the air-water interface results in
a change of the refractive index. Consequently, the Brewster angle changes and p-
polarized light is reflected by the interface, which is detected by the camera. [249, 252,
253]

Advantages of BAM are the real-time imaging under full hydration of the interface
and that no labeling is required, which could disturb the molecular interactions. In
comparison to other microscopic techniques a disadvantage is however, that a poorer
contrast is achieved, which cannot be tuned by using different types of dyes. [249, 252]

Although the resolution is not as precise as with AFM (several µm-range for BAM),
BAM is tested in this thesis, because it allows to image the air-water interface directly.

2.5.3. Differential scanning calorimetry

Differential scanning calorimetry (DSC) determines thermodynamic properties of
macromolecules [254]. The method was developed by Watson et al. [255] in 1962
[255]. The fundamental working principle is represented in Figure 2.20. At the center

Figure 2.20.: Working principle of DSC. Reproduced from [256] with permission of NETZSCH-

Gerätebau GmbH, Selb, Germany.

of the DSC instrument, there are two crucibles, the measurement cell, which contains
the sample, and a reference cell. These cells are surrounded by an adiabatic jacket
(or several adiabatic jackets), which prevents heat exchange with the environment.
The cells and adiabatic jacket are heated with a precise temperature ramp. Heat
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flux sensors measure and control the temperature in the measurement and reference
cell. Heating triggers thermal transformations in the sample. In a protein solution
for example, the native conformation of the protein unfolds into a self-avoiding coil,
which can happen at once or with several intermediate, partly unfolded states. When
a transformation occurs induced by heating the sample, a part of the supplied heating
capacity is needed for the transformation of the molecule. The heating of the sample
cell becomes slower and a temperature difference between sample cell and reference
cell occurs. This temperature difference is detected by the sensors and the sample cell
is supplied with an additional heating capacity to compensate for the temperature
difference. This differential heating capacity is the actual measurement parameter,
which is recorded as a function of time or temperature, respectively. [257] Depending
on whether the transition is endothermic or exothermic, heat is absorbed or released
by the sample. [258]

When a mixture of proteins is investigated and a shift of their denaturation tempera-
ture as compared to that of the pure components is observed, it can be concluded that
these proteins interact. Therefore, DSC is used in the current study to learn about
whether HP and BSA interact with each other.

2.5.4. Dynamic light scattering

Dynamic light scattering (DLS) is used to determine the size distribution of nanomate-
rials. More precisely, the hydrodynamic radius Rh of particles in solution is measured
without shearing or the need for filtration or chromatographic separation. [259] This
method can be applied, for example, to investigate the homogeneity of proteins, nu-
cleic acids, or protein–protein complexes as well as interactions of proteins with small
molecules [260].

Particles in solution perform a random movement (Brownian motion). For poly-
mers, every monomer underlies Brownian motion restricted by the connectivity of the
monomers in the polymer chain. In DLS, monochromatic light from a laser is focused
on the sample, where it is scattered at the sample particles. Their motion causes local
density fluctuations and concentration changes. When scattered light from two or
more such macromolecules interferes, there is a changing destructive and constructive
interference creating speckles, which leads to temporal fluctuations in the measured
intensity of the scattered light. [261–263] The diffusion of smaller particles is faster,
which leads to more rapid intensity fluctuations. In contrast, larger particles diffuse
slower and show slower intensity fluctuations. [261] Figure 2.21 illustrates the working
principle of DLS.

These temporal fluctuations are detected by a single photon counting module [261].

From that, the intensity correlation function G2(τ) is obtained, which describes the
motion of the investigated particles

G2(τ) = ⟨I(t)I(t+ τ)⟩ (2.24)

where I(t) is the intensity at the time t and I(t+ τ) is the intensity at a delayed time
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Figure 2.21.: Working principle of DLS. The light scattered at moving particles (Brow-
nian motion) interferes constructively and destructively, which results in
time-dependent fluctuations in the intensity of the scattered light. From
the rate of fluctuations the diffusion coefficient and finally the hydro-
dynamic radius is obtained. Reproduced from [261] with permission of Wyatt

TechnologyTM, a portfolio of Waters CorporationTM, Santa Barbara, CA, USA.
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(t + τ), τ denotes the lag time between the two time points and ⟨⟩ means averaging
over t. [260, 262, 263] G(τ) can be normalized as

g2(τ) =
⟨I(t)I(t+ τ)⟩

⟨I(t)⟩2
(2.25)

Electric field correlation functions G1(τ) and g1(τ) are analogously defined for the
electric field instead of the intensity. [260] g1(τ) and g2(τ) are related by the Siegert
equation, which assumes homodyne scattering and a random Gaussian process for
photon counting:

g2(τ) = B + β|g1(τ)|2 (2.26)

with the baseline B ∼ 1 and the coherence factor β, which depends on the measure-
ment setup [260, 264]. Short time delays result in a high correlation, because the
macromolecules do not have the chance to move and the signal remains unchanged.
For longer time delays on the other hand, the correlation decays exponentially. [262]

For monodisperse particles, a single exponential decay is detected:

g1(τ) = exp (−Γτ) (2.27)

where Γ denotes the decay rate. [260, 262]

The translational diffusion coefficient Dτ is derived from

Γ = −Dτq
2 (2.28)

with the Bragg wave vector q

q =
4πn0
λ

sin
θ

2
(2.29)

where λ denotes the wavelength of the incident light from the laser, n0 the refractive
index of the solvent and θ the angle at which the detector is located. [260, 262]

Signals from the scattered light can be detected at one angle or at a range of angles.
Also the angular dependency tells something about the nature of the particles in the
sample. This is especially relevant for polydisperse samples with unknown particle size
distributions. In this case, each particle species in the sample causes an exponential
decay and the autocorrelation function is a sum of these exponential decays. [262]

Figure 2.22 shows an autocorrelation function typical for a monodisperse sample.

The translational diffusion coefficient Dt is determined by automated non-linear least
squares fitting of the autocorrelation function. For fitting the autocorrelation function
different methods are used depending on the sample composition. For samples with
only one exponential decay the cumulant method can be applied. This method as-
sumes one population of particles, which has a single average diffusion coefficient with
a single standard deviation. It is used to fit monomodal samples, which are monodis-
perse or polydisperse, e. g. nanoparticles or proteins with populations of monomers,
dimers and small oligomers. The hydrodynamic radius Rh is the radius of a hard
sphere with the same diffusion coefficient as the particles in the sample. It is calcu-
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Figure 2.22.: Typical autocorrelation function of a monodisperse sample as obtained
from DLS. The particles have a Rh = 50 nm. Reproduced from [261] with

permission of Wyatt TechnologyTM, a portfolio of Waters CorporationTM, Santa Bar-

bara, CA, USA.

lated from the Stokes-Einstein equation

Rh =
kBT

6πηDτ
(2.30)

where kB denotes the Boltzmann constant, T the absolute temperature and η the sol-
vent viscosity. [260–262] Additionally, the polydispersity of the sample can be obtained
as a fit parameter.

For multimodal, heterodisperse, and polydisperse systems the cumulant method is not
sufficient to obtain good fit results as is demonstrated in Figure 2.23. An alternative
is the CONTIN algorithm [265–267], also known as regularized fit or regularization
method, which uses an inverse Laplace transform for analysis of the autocorrelation
function. The regularization method can be applied for samples where any number of
populations of particles is present, where each population has its own diffusion coeffi-
cient, polydispersity, and standard deviation. This method can resolve particle species
differing by more than 2 times in size and can therefore be used for the identification
of large aggregates and insoluble species in protein samples. [261, 262]

The size of proteins may vary depending on the solution pH due to changes in the
charges of the amino acids and aggregation may occur at pH values close to the
isoelectric point [60, 268]. For this reason, dynamic light scattering is used in this
project to measure the size of dissolved BSA molecules at varying pH.
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Figure 2.23.: Fitting the autocorrelation function of a multimodal sample with dif-
ferent methods. Left: The autocorrelation function (shown in blue) of
the multimodal sample. Middle: The cumulants fit (shown in brown) is
used for monodisperse samples and does not provide a suitable result for
the multimodal sample. Right: For such systems the regularization fit
(shown in purple) is more appropriate. Reproduced from [261] with permission

of Wyatt TechnologyTM, a portfolio of Waters CorporationTM, Santa Barbara, CA,

USA.

2.5.5. High-performance liquid chromatography

High-performance liquid chromatography (HPLC) is an analytical chemistry tech-
nique, which is a fully automated version of chromatography. With HPLC molecular
compounds such as proteins and peptides of a chemical mixture can be separated
and characterized with high precision. The separation of the sample components is
facilitated by a pressure-driven flow of a mobile phase through a column containing a
stationary phase and is based on adsorption of the sample components on the particles
of the stationary phase. [257, 269] A method of adsorption chromatography using a
column was presented by Tsvet [270, 271] in 1903. Martin et al. [272] improved the
method and presented a theory of chromatographic separations in 1941.

Figure 2.24 shows the principal setup of an HPLC device. The mobile phase (solvent
or eluent) is pumped through the column to the detector. A liquid sample is injected
into the mobile phase and is carried by the mobile phase through the column and the
detector. The column contains a (solid) stationary phase. In the column, the compo-
nents of the sample separate due to varying degrees of interaction with the stationary
phase, which lead to different velocities. When interacting with the stationary phase
the elution of the sample component is retarded, which is described by the retention
time tR (or elution volume VR). The retention factor describes the retention of the
analyte independently from the column properties and the flow rate and can take val-
ues between 0 (no retention) and ∞ (irreversable adsorption), where values between
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Figure 2.24.: Working principle of HPLC. Reproduced from [273] with permission of S.Aryal,

Microbe Notes, Kathmandu, Nepal.

1 and 20 are preferred due to practical and economic reasons. After elution from the
column, the signals of the different sample components are detected by a UV-detector
and translated by the chromatography data system (CDS). The data is displayed in
a chromatogram, where the x-axis represents time or elution volume and the y-axis
shows the specific signal from the detector. Hereby, the concentration of the eluted
analytes is represented by elution peaks in the chromatogram. [257, 269]

Since with HPLC the different components of a liquid sample can be separated, it
is used in the current study to check the purity of the proteins as received by the
supplier. Furthermore, it is applied to see, whether HP and BSA strongly interact
with each other, if in a mixed solution.

2.5.6. Optical microscopy

Optical microscopy magnifies structures and objects by using visual light and glass
lenses [274]. The first microscope composed of two lenses was invented by Hooke [257].

The magnification of a lens is given by

M = −x
′

f
(2.31)

where x′ is the distance between the second focal point and the image (eye), f is the
focal length and the negative sign denotes an upside down image [257, 275].

Magnification is increased by arranging two lenses consecutively on the optical axis
[257]. The operation principle of such a compound optical microscope is shown in
Figure 2.25. The two lenses used in a microscope are called objective and ocular.
The objective magnifies the object and provides a magnified real, upside down image
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Figure 2.25.: Working principle of optical microscopy. By using two lenses, objective
and ocular, a magnified image of the object is viewed by the eye of the
observer. f0 and fe denote the focal lengths of the objective and the
ocular, respectively. Image 1 is a real image magnified by the objective
lens, whereas image 2 is a virtual image magnified by the ocular lens.
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located within the focal length of the ocular. The ocular provides a magnified virtual
image, which is viewed by the eye. [257, 275] The magnification of a microscope is
calculated by the multiplication of the magnifications of objective and ocular:

Mmicroscope = MobjectiveMocular =
(
− L

f0

)(254 mm

fe

)
(2.32)

where L is the tube length, which is standardized to 160 mm in most optical micro-
scopes, f0 and fe denote the focal lengths of the objective and ocular, respectively
and the standardized near point is 254 mm [257, 275].
Resolution describes the ability to distinguish two points from each other and is mea-
sured as the shortest distance between those points. The resolution of the unaided
eye is about 0.1 mm. [257, 274, 275] With the help of magnifying lenses, the resolution
limit can be increased. However, due to the wavelength of visible light (400 nm to
800 nm), the resolution of an optical microscope is limited to about 100 nm to 200 nm
[276].
In this study, brightfield mode is applied, which is a classical microscopic method used
to magnify objects directly [257]. Illuminating the sample with transmitted light leads
to observing dark objects on a bright background. The resolution of optical microscopy
in the (several) µm-range is well suited to image the sizes of a large number of bubbles
in the studied foams. A camera with timer function mounted to the optical setup
facilitates the observation and documentation of the temporal evolution.

2.5.7. Sodium dodecyl sulfate-polyacrylamide gel electrophoresis

Sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE) is an ana-
lytical method used to separate a mixture of substances such as proteins according
to their molecular sizes and charges. In SDS-PAGE, the sample will run through a
polyacrylamide gel to which an electric current is applied. The size and charge of
the protein determine the velocity with which it migrates through the gel. For this
reason, different sizes of proteins can be separated. Typically, the molecular weight is
classified with the help of a marker. [257, 277]
Figure 2.26 shows the general setup of SDS-PAGE on the left. The gel contains sev-
eral wells for different samples. The applied current defines the direction of migration.
After running the gel, the proteins are typically stained with the dye Coomassie blue.
On the right side, the result is shown with the marker (molecular mass standards)
in the first well and the result of the investigated protein in the second well. From
comparison of the result of the analysis with the marker, the molecular mass is esti-
mated. [257, 277, 278]
Different polyacrylamide gels are available which vary in their pore size and are
therefore suitable for the investigation of molecules in different size ranges. For
gel formation, acrylamide monomers polymerize with an appropriate crosslinking
agent, which is most commonly N,N’ -methylene-bis-acrylamide (BIS). Usually am-
monium persulfate (APS) is used to initiate gel polymerization and N,N,N’,N’ -
tetramethylenediamine (TEMED) to accelerate the reaction. Crosslinking of ran-
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Figure 2.26.: Working principle of SDS-PAGE. Reproduced from [278] with permission of

Creative Proteomics, Shirley, NY, USA.

domly growing polyacrylamide chains leads to the formation of a three-dimensional
network. The acrylamide concentration and crosslinking agent concentration deter-
mine the polymer length and the extent of crosslinking, which affect the physical
properties of the gel such as the pore size. The pore size of the gel is important in
the separation of the proteins, since large pore sizes allow for faster migration of large
proteins, whereas a smaller pore size slows large proteins down and provides for a
better separation of smaller molecules. [277]

For precise separation of the proteins, usually a standard procedure introduced by
Laemmli is applied, which uses a sodium dodecyl sulfate (SDS)-containing, discontin-
uous Tris-HCl/Tris-Glycin-buffer system [257]. Boiling the sample with SDS denatures
the proteins, masks their charges and results in a negative charge of all proteins, which
is proportional to their molecular size [257, 277]. The charge influences the velocity
of the motion through the gel and enables a separation according to the size of the
molecule. Smaller proteins travel faster through the gel. [277] In addition, equipping
all molecules with a negative charge ensures a common direction of migration in the
applied electric field and prevents protein aggregation [257]. When heating the sam-
ple with SDS, the tertiary and secondary structures of the proteins are unfolded by
cleaving the hydrogen bonds and expansion of the molecule. Disulfide bonds can be
cleaved by adding a reducing thiol compound such as β-mercaptoethanol or dithiothre-
itol (DTT). [257, 277] Both, the reducing and the non-reducing method, are applied
in practice. When using a reducing thiol agent the proteins in the sample unfold com-
pletely and can be separated according to their molecular weight. The non-reducing
method is chosen when sensitive proteins should not be destroyed and disulfide bonds
not cleaved. However, some polypeptides may not be unfolded completely, which
leads to a faster migration of the molecule through the gel than that correlating to its
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molecular mass. [277]
In this study, SDS-PAGE is used to check the purity of the proteins, since this method
allows for a separation of sample components based on their molecular mass.

2.5.8. Surface tension measurement

To measure the surface tension of a liquid, various types of tensiometers can be used
such as force tensiometers, bubble pressure tensiometers or spinning drop tensiometers
[279]. Regarding international standards, force tensiometers are used more commonly
to determine the surface tension of surface-active agents, whereas optical methods
such as pendant drop shape analysis are more commonly used for the investigation of
the wettability of paints and varnishes [280].
A force tensiometer measures the tensile force, which results from the wetting of an
immersed probe. The most common probes are a plate (Wilhelmy plate method)
or a ring (Du Noüy ring method). [279] In this study the Wilhelmy plate setup was
used, which was proposed by Wilhelmy in 1863 [281, 282]. Figure 2.27 illustrates the
method. A rectangular plate is immersed into the sample. When it touches the liquid

Figure 2.27.: Working principle of measuring the surface tension with the Wilhelmy
plate probe. The wetted length is L = 2l + 2b. Reproduced from [283] with

permission of DataPhysics Instruments GmbH, Filderstadt, Germany.

surface, a force F acts on the plate. This force depends on the surface tension σ, the
wetted length L, which equals the perimeter of the plate, and the contact angle θ:

σ =
F

L cos θ
(2.33)

The force F is measured with a force sensor, which is attached to the plate. The
plate is commonly made of platinum, because it is chemically inert and easy to clean.
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Furthermore, platinum has a very high surface free energy which leads to optimal
wetting (θ = 0◦). The surface tension is calculated directly from equation 2.33. [284]

Comparing the different geometries of force tensiometers, the Wilhelmy plate method
offers certain advantages over the Du Noüy ring method. When applying the Du Noüy
ring method, the surface is stretched, which disturbs the arrangement of emulsifiers
and can lead to significantly different results. The Wilhelmy plate is not moved during
measurement, which ensures a constant surface area of the sample and facilitates
determining the surface tension at equilibrium. [285]

In this thesis, the surface tension of protein solutions was measured, which is relevant
for foam stability. The Wilhelmy plate method has been chosen for these measure-
ments, because it provides more accurate results, especially for systems, where the sur-
face tension is determined by the interfacial arrangement of surface-active molecules.

2.5.9. Viscosity measurement

To determine the viscosity of a liquid, different approaches are adopted. In the low-
viscosity range the use of a rolling-ball viscometer, such as the Lovis 2000 M micro-
viscometer from Anton Paar used in this work, is suitable [286]. Such viscometers
measure the time a ball needs to roll through a transparent liquid by applying Hoep-
pler’s falling ball principle [287]. The principle of this method is shown in Figure 2.28.

Figure 2.28.: Working principle of rolling ball method to determine the sample vis-
cosity. The main forces acting on the descending ball are the effective
portions of the gravitational force FG, the buoyancy force FB and the
viscous force FV . α denotes the inclination angle of the capillary.

In a closed capillary filled with the sample liquid a ball of known dimensions and
density moves through the sample due to gravity. The inclination angle of the capillary
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is preset by the operator and determines the speed of the ball. It should not be chosen
too steep, since a too high speed of the ball causes turbulent flow conditions [286].
The transition from laminar to turbulent flow conditions is marked by the critical
Reynolds number Recrit [288, 289]. The Reynolds number describes the relation of
inertial force and flow resistance force [289] and is given by

Re =
uhρ

η
=
uh

ν
(2.34)

where u is the average velocity of the liquid between ball and tube, h = D − d is a
characteristic length defined by the tube diameter D and the ball diameter d, ρ is
the density of the liquid, η is the dynamic viscosity of the liquid and ν = η/ρ is the
kinematic viscosity [290].

Provided there is laminar flow in the sample-filled capillary, the relevant forces acting
on the ball are the gravitational force, the buoyancy force and the viscous force [286].
The gravitational force

FG = mg = ρbV g (2.35)

where m and V denote the mass and volume of the ball, respectively, g is the acceler-
ation of gravity and ρb the density of the ball, is directed downwards and accelerates
the ball. On the other hand, the buoyancy force

FB = ρlV g (2.36)

where ρl is the density of the sample liquid, and the viscous force (Stoke’s law)

FV = 6πηRv (2.37)

where η is the dynamic viscosity, R the radius of the ball and v the flow velocity, slow
down the ball. [286, 289]

From this it can be derived that the viscosity of the sample is proportional to the time
the ball needs to move a defined distance. Therefore, the dynamic viscosity η can be
obtained from

η = K(ρb − ρl)t (2.38)

where K is a proportionality constant, ρb and ρl are the ball density and sample
density, respectively, and t is the ball rolling time. The proportionality constant K is
obtained from a viscosity reference standard. [286, 289]

To measure the dynamic viscosity of samples with higher viscosities, rotational vis-
cometers (rheometers) are used [286]. In this case the sample is placed between a
stator and a rotor. The rotation or oscillation of the rotor shears the sample and dif-
ferent properties describing the viscoelastic behavior of the sample can be measured.
If the molecules of a sample are shifted relative to each other, friction forces appear.
The occurring resistance to flow can be evaluated as viscosity of the fluid. [289] The
fundamental working principle of a shear test for a sample between plates is shown in
Figure 2.29.

55



2. Theoretical background

Figure 2.29.: Two plate model for shear tests. The lower plate rest, whereas the upper
plate is moved to the right. As a consequence, the sample between the
plates is sheared. A denotes the area of the plates, h the distance between
the two plates, F the applied force and v the velocity of the upper plate.

In such a test, the viscosity is given by

η = τ/γ̇ (2.39)

where τ is the shear stress and γ̇ is the shear rate. The shear stress is given by

τ =
F

A
(2.40)

where F is the (shear) force and A is the (shear) area. The shear rate is given by

γ̇ =
v

h
(2.41)

where v is the velocity and h is the distance between the plates. Also here laminar
flow conditions are important and furthermore, it needs to be assured that the sample
does not slip at the walls of the geometry. [289] By the help of a motor drive higher
forces than earth’s gravitational force are obtained. The dynamic viscosity measured
with these devices is also referred to as shear viscosity. Different geometries are
possible such as cup-vane geometry, coaxial cylinders, or cone-plate and parallel-plate
geometries. [286]

For geometries with a cup and a bob two principles are to be distinguished. In
the Couette principle, the cup is rotated, whereas in the Searle principle, a bob is
rotated inside a fixed cup [286, 289]. Here, the bob was rotated in the stationary
cup. To rotate the measuring bob, a certain motor torque is needed, which has to
overcome the viscous forces [286]. Figure 2.30 shows the setup of the concentric
cylinder geometry used in this study to measure the viscosities of oat drink samples
and BSA-polysaccharide solutions. Two different rotor geometries were applied, the
conical cylinder rotor and the vane rotor, which are shown in Figure 2.31. The vane
rotor is used for samples with higher viscosity to prevent wall slippage. This rotor
was applied to investigate the starch gelatinization appearing in the oat drink at heat
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Figure 2.30.: Setup of the concentric cylinder geometry.

(a) Conical rotor. (b) Vane rotor.

Figure 2.31.: The two rotor geometries used in this project.
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treatment. Concentric cylinders are used for samples of lower viscosity, because the
measurement is more precise. The conical rotor was applied when investigating BSA-
Polysaccharide solutions as well as the enzymatic treatment of the oat drink. For
investigating the viscosity of BSA solutions at different pH, the rolling ball viscometer
was applied, because the viscosities are much lower. At such low viscosities the flow
becomes turbulent at high shear rates in the rheometer and therefore the viscosity
cannot be measured correctly at high shear rates (cf. Section C.1).

2.5.10. Zeta potential measurement

As described above (in Paragraph 2.4.1), charged particles, colloids or droplets in a
suspension attract counterions. The charged particle is surrounded by a double layer
of ions. Close to the charged surface an immobile layer of adsorbed counterions is
formed, which is referred to as Stern layer. At a larger distance from the particle
surface, a diffuse layer (also “diffusive layer”) of mobile counterions and ions of the
same sign as the particle assembles. When moving through the suspension, some ions
of the diffuse layer move with the particle, which defines the slipping plane (also “shear
plane”). [118, 291, 292] These layers are illustrated in Figure 2.32. The potential of
the electric field of the particle decays with the distance from the particle surface. The
zeta potential (ζ-potential, also “electrokinetic potential”) describes the potential at
the slipping plane [291, 293].

Zeta potential measurement is based on electrophoresis, i. e. the movement of charged
particles in an electric field. Consider a particle with charge Q in an electrical field
E. On such a particle act the electrical force

Fel = QE (2.42)

and the friction force (Stokes law) acting in opposite direction, which is for spherical
particles given by

Ff = 6πηrv (2.43)

with v the velocity of the particle, r its radius and η the viscosity of the solvent. In
equilibrium both forces are equal and

v =
zeE

6πηr
(2.44)

However, this approximation is not exact, since the particle is surrounded by a cloud
of counterions from the solvent. The force

Fel = −QE (2.45)

acts on the counter ions and is also referred to as electrophoretic retardation force.
Due to their opposite charge, the counterions move in opposite direction than the
particle in the applied electrical field, which slows down the particle. The extend of
the retardation, however, depends on the spatial distribution of the charges (double
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2.5. Methods

Figure 2.32.: Schematic of the electrical double layer of charged particles and definition
of the zeta potential. Counterions firmly adsorb at the surface of a
charged particle and form the Stern layer. The potential at the particle
surface is called surface potential φ0 and the potential at the Stern plane
is the Stern potential φS . Further away from the particle follows the
diffusive layer. Ions closer to the particle than the slipping plane are
carried with the particle when it moves. The slipping plane is marked
by the dashed circle. The potential at the slipping plane is the zeta
potential ζ. [291–293]
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layer composition) and their ionic mobilities. As a consequence, the ion cloud is
deformed; its shape becomes more narrow at the front side of the particle and more
extended at its back. For such an asymptotic charge distribution in the vicinity of the
moving particle, the center of the countercharge does not conincide with the center of
the particle charge. This distance creates an additional electric field, which leads to
a polarization force acting on the particle and further retarding its motion. [118, 292,
294] For a particle performing a steady, linear motion, the electrophoretic motion is
given by

U =
v

E
(2.46)

By solving the hydrodynamic equations, Henry derived an equation for calculating
the electrophoretic mobility

U =
ε0εrζ

η
f(κr) (2.47)

where ε0 is the electrical field constant and ε is the relative permittivity, η the viscosity
of the solvent and f(κr) the Henry function. The expansion of the Henry function
leads in first approximation to

f(κr) =

{
1 − ... for 1 ≪ κr
2
3 + ... for 1 ≫ κr

(2.48)

The first expression holds for thin Debye layers and is called Helmholz-Smoluchowski
equation. The second expression holds for thick Debye layers and is called Hückel-
Onsager equation. [294–298]

For the Debye-Hückel parameter it holds

κ−1 =

√
ε0εkBT

2e2c
(2.49)

where ε0 is the electrical field constant, ε the relative permittivity, kB the Boltzmann
constant, T the temperature, e the elementary charge and c the ion concentration.
The Debye-Hückel parameter is coupled to the Debye length λD by λD = κ−1. [118,
222, 294]

Devices such as the Zetasizer Nano-Z from Malvern, which was used in this thesis, ap-
ply an electrical field to a sample in a capillary. The velocity v of the charged particles
in the sample is measured using Laser Doppler Velocimetry. Thereby, a fluctuating
intensity signal is received from focusing laser light on the sample and comparing the
scattered light with a reference beam. In this signal, the rate of fluctuation is propor-
tional to the particle velocity. Characteristic frequencies are extracted using a digital
signal processor. As the applied field strength E is known and the particle velocity v is
measured, the zeta potential ζ can be calculated from equation 2.47. [293] A schematic
showing the working principle of the zeta potential measurement is shown in Figure
2.33.

In this thesis, the zeta-potential is measured to study the changes in surface charge

60



2.5. Methods

Figure 2.33.: Working principle of the zetasizer. The charged particles in the sample
move towards the electrode of opposite charge. A laser is focused at the
sample and the intensity of the scattered light is monitored over time.
Comparison with a reference beam leads to a characteristic fluctuating
intensity pattern from which the particle velocity can be extracted and
the zeta potential calculated. [293] Reproduced from [293] with permission of

Malvern Panalytical B.V., Almelo, Netherlands.
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of BSA at varying solution pH. With this, the isoelectric point (IEP) of BSA is de-
termined.
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3. Development of a simple method for
automated foam characterization

The stability and bubble shape of foams are influenced by the properties and arrange-
ment of surface-active molecules at air-water interfaces. The investigation of such
multiscale-relationships requires a well-done analysis of microscopic foam properties.
At the beginning of this PhD project, it was a challenge to adequately analyze foams
with the equipment available in our laboratory. Therefore, one of the aims of the
thesis was to develop a method to accurately characterize foam stability and bubble
shape using open-source software and existing laboratory equipment. This method
should provide a quantitative analysis and allow for a comparison of the properties of
foams stabilized by different proteins and under varying conditions (pH, viscosity). To
study bubble size and shape, microscopy of foams and image analysis proved to be a
good solution for characterization. For reliable statistics a large number of bubbles per
image is investigated. The considerable quantity of data requires the implementation
of an automated approach to image analysis.

Two different approaches were tested: one based on thresholding the microscope im-
ages, the other one based on applying the machine learning algorithm Cellpose [299,
300]. For both options, Python scripts were written for image analysis (see Section A).
Applying Cellpose proofed to be the method with higher precision and better control
over the results. To enhance the precision of analysis, two sets of masks are merged,
a set for tiny bubbles and one for large bubbles. The graphical user interface (GUI)
of Cellpose offers the option to visually control and manually correct bubble shapes.
Furthermore, areas of cut edge bubbles are not considered in the analysis. The area
of a bubble at the image edge is incorrectly represented, if the bubble is not shown
entirely. For this reason, the removal of such edge bubbles enhances the precision of
the analysis.

By investigating a time series of microscope images, the temporal evolution of bubble
size and shape are monitored. Over time, the mean bubble size increases due to
Ostwald ripening and coalescence. For this reason, conclusions on the foam stability
are drawn from the temporal evolution of the mean equivalent bubble diameter. The
physical properties of the emulsifiers define characteristic bubble shapes [301, 302].
The bubble shape changes during foam ripening from spherical for a wet foam to
polyhedral for a dry foam [16, 19, 112, 118]. Therefore, the circularity (roundness) of
the foam bubbles decreases with time. Ostwald ripening is represented in the temporal
evolution of the bubble size distribution.
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3.1. Method of foam formation

A simple and reproductive method for foam formation is necessary for foam studies. In
our laboratory, a T 25 easy clean control ULTRA-TURRAX (IKA-Werke GmbH & Co.
KG, Staufen, Germany) with dispersion tool (in the following: T 25) and an ULTRA-
TURRAX Tube Drive control (in the following: tube drive) are available. Figure 3.1
shows the two different devices. These are dispersing tools, which can be used for the
formation of smooth, creamy foams by whipping the sample solution. Foam formation
with these devices was preferred over manual shaking, because of better control of the
experimental parameters and better reproducibility of the settings.

(a) (b)

Figure 3.1.: Devices for foam formation: (a) tube drive and (b) T 25.

Due to limited protein resources, especially for hydrophobin, in this thesis, the sample
volumes are minimized. This affected the choice of foaming device. The minimum
sample volume needed when using the tube drive is 20 mL for the large tube and 15 mL
for the small tube. Figure 3.2 shows photos of the tubes used with the tube drive. The
top views displayed in Subfigure 3.2 (b) and (c) show the interior of the tubes with
the rotating pins used for foam formation. In both cases, static pins are combined
with rotating pins to disperse the sample. The foam formed by using the tube drive
was not transferable by pouring, because it was too stiff and therefore adhered to the
beaker. Furthermore, the milky structure of the tube drive walls hampers the reading
of the foam height. Therefore, using the tube drive was not suitable for measuring
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(a) (b) (c)

Figure 3.2.: Tubes used with tube drive (a) side view and top view of (b) large and
(c) small tube.

the foam height.

Figure 3.3 shows photos of the T 25 tool S 25 N - 10 G. It consists of a spherical stator

(a) (b)

Figure 3.3.: Ultra turrax T 25 tool S 25 N - 10 G as viewed from the side (a) and from
below (b).

at the outside and two rotor pins, which move fast inside the tool. When using the
T 25, the size of the vessel containing the sample is not fixed. Therefore, by choosing
a glass vessel with optimized size, the required sample volume can be minimized.
Sample volumes of 2 mL already sufficiently cover the tool, which is much smaller
than the minimum sample volume required when using the tube drive. During foam
formation, the volume of the sample extends due to the incorporation of air into the
liquid sample. Therefore, a glass vessel with overflow protection was manufactured by
the in-house glass blower.

The glass vessel with overflow protection used for foaming is shown in Figure 3.4. The
inner diameter of the glass cylinder is 13.6 mm, the height of the cylinder without
overflow protection is 65 mm and the total height of the glass vessel is 90 mm. The
larger diameter in the upper part prevents overflowing of the foam.

By using the T 25 and the custom-built glass vessel, the sample volume could be re-
duced to 2 g of protein solution. All samples were dispersed at a speed of 20 000 rpm for
1 min [52]. Higher rotational speeds during emulsification (whipping) lead to smaller
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(a) (b)

Figure 3.4.: Glass vessel used for foam formation with ultra turrax T 25 tool inserted:
(a) without sample and (b) with foamed sample. The upper part with
larger diameter prevents the foam from overflowing during foam forma-
tion.

bubble sizes [303, 304]. First, longer whipping also leads to smaller bubbles and a
higher liquid fraction of the foam [90]. However, for long processing times only in-
significant improvements in fineness of the foam are obtained. Furthermore, at the
high shear rates applied, long whipping can heat up the sample [305]. To prevent an
increase in the temperature of the sample, the duration of the whipping process is
kept relatively brief.

3.2. Protein concentration

Waniska et al. [35] mention a required protein concentration of 3 % to 40 % for foam
formation by whipping the sample solution. Preliminary tests in this study showed,
that for a protein concentration of 4 wt% smooth, creamy foams are obtained. Figure
3.5 shows images of foams prepared by using 0.1 wt% and 4 wt% of BSA, respectively.
At 0.1 wt% the foam volume is much smaller and the foam appears coarser. In such
foams, the bubbles are too large to be well processed and observed under the mi-
croscope. At a concentration of 4 wt% protein, smooth foams are prepared under
identical conditions, which are suitable to be investigated with the proposed method.
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(a) (b)

Figure 3.5.: Foam formed with (a) 0.1 wt% BSA and (b) 4 wt% BSA. At 4 wt% BSA
the foam volume is much larger and the foam is much finer.

3.3. Choice of the optical microscope

In the process of developing the method, different magnifications for imaging the
foam samples are tested. First, an Axio Scope.A1 light microscope from Carl Zeiss
(Oberkochen, Germany) with an objective providing a magnification of 10× was used.
Figure 3.6 shows microscope images of a BSA-stabilized foam at the beginning and af-
ter 25 min. Over time, the bubble size increases and the number of bubbles decreases.
The images show that the number of bubbles in the field of view decreases and al-
ready after 25 min there are not enough bubbles visible in the image to quantitatively
describe the bubble size and facilitate a comparison with other samples. Therefore,
an imaging method with better statistics is required.
As the second approach to image the foams, a Canon EOS 7D camera equipped with
objective Canon Macro Lens EF 100mm 1:2.8 L IS USM and a Canon TC-80N36D
remote release with timer function (Canon Inc. Headquarters, Tokyo, Japan) is used.
The camera is mounted to a repro stand RS 2 XA from Kaiser Fototechnik (Kaiser
Fototechnik GmbH & Co. KG, Buchen, Germany) and samples under the camera are
placed on top of a luminous plate LED Slimlite plano (Kaiser Fototechnik GmbH &
Co. KG, Buchen, Germany).
By this method, a large number of bubbles can be viewed, as is seen in Figure 3.7.
Therefore, the statistics are reliable. However, the contrast of the images is low,
especially at later times. In addition, the lamellae between the bubbles are very thin,
which can complicate the correct detection during image analysis.
For this reason, as a third imaging technique, a microscope with lower magnification
was used. With a Leica MS5 stereomicroscope (Leica Microsystems GmbH, Wetzlar,
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(a) 0 min (b) 25 min

Figure 3.6.: Images taken with Axio Scope.A1 light microscope in transmission bright-
field mode with 10× magnification (a) immediately after foam formation
and (b) 25 min later.

(a) 0 min (b) 25 min

Figure 3.7.: Images taken with Canon EOS 7D camera (a) immediately after foam
formation and (b) 25 min later.
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Germany), images were taken in brightfield transmission mode at a magnification of
1.6×. Such images of a BSA-stabilized foam are shown in Figure 3.8. As can be seen

(a) 0 min (b) 25 min

Figure 3.8.: Images taken with Leica MS5 stereomicroscope (a) immediately after foam
formation and (b) 25 min later.

from the images, the contrast and statistics are suitable for analysis. The number of
bubbles in one image varies between 200 and 5000 bubbles depending on the sample
and the measuring time.

3.4. Evaporation during the measurements

Evaporation dries a foam. By covering the foam on the microscope slide with a cover
slip, the surface of foam that is exposed to air is small. Therefore, it was assumed
that not much liquid evaporates over the time of observation. Furthermore, the usage
of a 50 µm spacer between microscope slide and cover slip (of constant sizes) ensures
that the exposed area is constant throughout the measurement and for all measured
samples. The impact of changing environmental factors such as temperature and air
humidity was minimized by measuring all different samples of one series within the
same day. For each replication, all sample types were prepared and measured within
another day.
Sealing of the sample with a varnish was not considered. First, application and drying
of the varnish would have taken too long, since the sample has to be put under the
microscope as soon as possible after foaming. Second, a varnish could cause further
surface effects or changes in gas pressure.
Evaporation from the foam on the microscope slide was not investigated in more detail.
It was considered a constant factor for all samples, because changes in environmental
influences were minimized and the surface area was kept constant. In any case, the
results show clear differences between the samples of different composition, which was
the aim of this study.
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3.5. Threshold-based approach for image analysis

A typical approach in image analysis is to set a threshold for segmentation of objects
from the image. Thereby, objects are considered as foreground and are separated
from the background. Objects are clusters of same-color foreground pixels. After
detecting them, the size and shape of these clusters can be determined. A threshold
is a value, which divides two regions: below the threshold and above the threshold.
The technique of thresholding compares the value of each pixel of an image with the
threshold and assigns it relative to the threshold. A pixel value smaller than the
threshold is then set to 0 (black), whereas larger pixel values are set to a maximum
value (generally 255 (white)). [306, 307]
When applying thresholding to an image using the function cv2.threshold (cv2 version
4.6.0) in Python (Python Software Foundation, version 3.8.8), the source, threshold
value, maximum value and thresholding technique have to be provided. The source
is the input image array, which must be in grayscale. The threshold value is the
threshold, which is used to assign the pixel values and the maximum value is the
value to which the upper pixel values are assigned, which is usually 255. The thresh-
olding technique is the type of thresholding, which is applied to the image. In the
current study, two techniques are combined: cv2.THRESH BINARY INV (inverted
thresholding), which indicates that pixel values less than the threshold are set to the
maximum value, and Otsu’s thresholding (cv2.THRESH OTSU), which computes the
optimum threshold value based on the input image automatically. [306, 307]
The threshold-based approach was applied to images taken with the camera. Figures
3.9 and 3.10 visualize the approach. First, the obtained photo needs to be cropped
to show only foam and no surroundings such as the empty microscope slide. Con-
sequently, the whole image is filled with objects of interest (bubbles and lamellae,
cf. Subfigure 3.9b). For better discrimination between bubbles and lamellae the con-
trast is enhanced (Subfigure 3.9c). Then, the image is converted into a binary image
by thresholding (Subfigure 3.9d). From the thresholded image, bubbles are detected
by measuring the areas of connected same color pixels. These areas are used to cal-
culate the equivalent bubble diameters. The equivalent diameter of a bubble is the
diameter of a sphere, which has the same area as the bubble. These equivalent di-
ameters are used to describe the bubble size. A histogram of the sizes (equivalent
diameters) of all bubbles in the image is shown in Subfigure 3.9e). Furthermore, the
mean equivalent bubble diameter of all bubbles in the image is calculated. A disad-
vantage of the threshold-based approach is, that parts of lamellae have the same color
as the bubbles and are therefore also counted as objects. For a discussion on this issue
refer to Section 3.6.3. To reduce the number of detected lamella pieces, tiny objects
are left out in the histogram and the calculation of the mean value.
The described procedure is repeated for all time steps of the measurement to obtain the
temporal evolution of the mean equivalent bubble diameter. The analysis is repeated
for three identical samples and mean and standard deviation of the three samples are
calculated as shown in Figure 3.10.
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(a) (b)

(c) (d)

(e)

Figure 3.9.: Operating principle of the threshold-based approach: (a) Camera image,
(b) cropped image, (c) contrast enhanced image and (d) binary image.
Analysis of the bubble size provides a histogram of the bubble sizes and
the mean bubble size as shown in (e).

71



3. Development of a simple method for automated foam characterization

(a) (b)

Figure 3.10.: Mean bubble size over time: (a) Three measurements of identical samples
and (b) mean and standard deviation of three measurements.

3.6. Machine learning-based approach for image analysis

This section is based on the manuscript

Simple method to assess foam structure and stability using hydrophobin
and BSA as model systems
Judith Krom, Konrad Meister, Thomas A. Vilgis
ChemPhysChem (2024)
DOI: 10.1002/cphc.202400050.[302]

Author contributions
Judith Krom: Formal analysis, Investigation, Methodology, Project administra-
tion, Software, Visualization, Writing - original draft; Konrad Meister: Resources,
Supervision; Thomas A. Vilgis: Resources, Supervision, Writing - review & editing.

The following is quoted from [302]. Only the numbering of the captions, figures and
references as well as the typesetting (including the capitalization of captions) were
adjusted to the numbering and style of the thesis.

Abstract The properties and arrangement of surface-active molecules at air-water
interfaces influence foam stability and bubble shape. Such multiscale-relationships
necessitate a well-conducted analysis of mesoscopic foam properties. We introduce a
novel automated and precise method to characterize bubble growth, size distribution
and shape based on image analysis and using the machine learning algorithm Cellpose.
Studying the temporal evolution of bubble size and shape facilitates conclusions on
foam stability. The addition of two sets of masks, for tiny bubbles and large bubbles,
provides for a high precision of analysis. A python script for analysis of the evolution
of bubble diameter, circularity and dispersity is provided in the Supporting Informa-
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tion. Using foams stabilized by bovine serum albumin (BSA), hydrophobin (HP), and
blends thereof, we show how this technique can be used to precisely characterize foam
structures. Foams stabilized by HP show a significantly increased foam stability and
rounder bubble shape than BSA-stabilized foams. These differences are induced by
the different molecular structure of the two proteins. Our study shows that the pro-
posed method provides an efficient way to analyze relevant foam properties in detail
and at low cost, with higher precision than conventional methods of image analysis.

3.6.1. Introduction

Protein-stabilized foams are ubiquitous in everyday life - from milk foam in a morn-
ing cappuccino to whipped cream on an afternoon cake to beer foam in the evening.
The macroscopic appearance of foams is determined by their complex microstruc-
ture. Therefore, reliable characterization of the microstructure of different foams is a
fundamental requirement for understanding how molecular differences influence foam
stability and coarseness.

To characterize foam stability, traditionally the foam volume at two different points
in time is measured and the foam stability is calculated by FS = Vt/V0, where Vt is
the foam volume at the later point in time and V0 is the initial foam volume [42, 44–
48, 137]. Commercially available foam analyzing instruments additionally allow for
analysis of bubble size [308]. However, these instruments are quite cost-intensive and
not readily available in most labs. In contrast, the method developed in the following
can be applied to images taken with a common optical microscope and freely available
open-source software.

Image analysis of microscope images is a powerful tool that allows for a quantitative
analysis of microstructures [300, 309, 310]. To determine the sizes of objects, such
as bubbles in a foam, cells in biological systems or ice crystals, diameters of these
objects can be measured manually using programs such as Fiji / ImageJ [311–313].
This is easy to perform and does not require special programming skills or financial
investment in expensive instruments. However, for large numbers of objects it can
become extremely time intensive. Therefore, a common method is to just measure
the ten largest objects with the drawback that precision is compromised [312].

Another method is, to set a threshold and convert the image into a binary image.
From the connected same contrast pixels, objects can then be identified [314–317].
However, for objects, which are not sufficiently separated from each other, whose
intensity profiles do not decay smoothly from the center, or if the center of the object
has the same color as the background, the correct identification of the objects by this
method is difficult [299].

Foams consist of air bubbles dispersed in a liquid, which are stabilized by emulsifiers
(surfactants, proteins). The thin liquid films between bubbles are referred to as lamel-
lae [13, 19]. Wet foams, which contain a higher liquid fraction, show larger areas of
liquid in between the bubbles. In a microscope image, such parts of the continuous
(liquid) phase have the same contrast as the bubble interior. Therefore, methods of
image analysis, which are based only on a threshold are not sufficient to adequately
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determine the bubble areas.
To provide additional criteria for segmentation and analyze microscope images in an
automated way, deep neural network-based methods are frequently applied in the fields
of cell biology and biomedical applications [299, 318–327]. These usually require large
training datasets to estimate the parameters for segmentation. Mostly, such models
are trained on specialized datasets and come with the drawback of not generalizing
well to other types of data [299]. Thus, Stringer et al. used a variety of different
training data in the process of developing the open-source software Cellpose [299]:
large datasets of cell images obtained from different types of microscopy and using
a variety of fluorescent markers were collected and manually segmented, as well as
non-microscopy images containing large numbers of repeated objects.
By including such data in the training set a neural network was trained that generalizes
more robustly and more widely. When analyzing an image in Cellpose, the neural
network predicts horizontal and vertical contrast gradients and whether a pixel belongs
to any cell. These maps are then combined into a gradient vector field, which is used
to assign the pixels to their eventual fixed point. All pixels converging to the same
fixed point are then assigned to the same mask. This approach provided Cellpose
a high precision compared to other segmentation algorithms [299], and avoids the
above-mentioned disadvantages of an exclusively contrast-based segmentation.
When applying software developed for segmenting cells to foams, a challenge is the
heterogeneous nature of foams. Since cells of one tissue have a rather homogeneous
size, segmentation software programs can have difficulties to detect very small and
very large objects at the same time. However, due to Ostwald-ripening, foams offer
a very broad size distribution. Therefore, adequate analysis necessitates a procedure
that can detect tiny as well as large bubbles. Indeed, when reviewing different methods
of foam analysis, it becomes apparent, that tiny bubbles are often not considered and
their relevance is not discussed [316, 328].
In the current article, a method is presented to precisely analyze the temporal evolu-
tion of bubble shape and size over the whole range of bubble sizes. Our considerations
are based on a script we wrote in the programming language Python to analyze mi-
croscope images of liquid foams. We provide this script in the Supporting Information
accompanying this manuscript. For pre-processing of the microscope images, we fol-
low similar steps as described by Bonilla et al., who used ImageJ [328]. The images
are then analyzed using Cellpose [299, 300]. Cellpose offers several pretrained models
and can be further trained on own data [300]. Additionally, it offers the possibility
for manual corrections of bubble masks via a graphical user interface (GUI).
In contrast to Bonilla et al. [328] or Saad et al. [312], we here implement a method to
overcome the shortcomings of Cellpose in terms of size range. Therefore, to improve
the precision of the method we append the possibility to merge two sets of masks
for each image to cover a larger size distribution. This is unique and offers a higher
precision in detecting the whole bubble size range. Furthermore, we remove bubbles
at the edge of the microscope image, which are not shown completely. Removal of
such edge bubbles adds to the precision of analyzing the shape and correct size of
the investigated bubbles. The use of a machine learning algorithm and the supplied
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script provide for a faster and more detailed analysis than with conventional methods.
Therefore, the presented approach offers a fast and easy analysis of a large amount of
bubbles.
Furthermore, in contrast to Bonilla et al. [328], we consider a time series of microscope
images to quantify foam stability. The evolution of bubble sizes over time correlates
with the stability of a foam, since the mean bubble size increases with time due to
coalescence and Ostwald ripening [19, 329, 330]. The bursting of bubbles and the
escape of air from the foam leads to a macroscopically observed foam decay.
To monitor the mean bubble size, we use the equivalent bubble diameter, which is the
diameter of a sphere with the same area as the bubble. Furthermore, we characterize
the bubble size distribution by analyzing the dispersity of the bubble sizes (areas). In
addition, the bubble shape is considered by analyzing the circularity of the bubbles in
the foam. By these means, we offer a method to quantify foam structure and stability
simultaneously.
Two model foams with different bubble characteristics, stabilized by two proteins
with different structures, bovine serum albumin (BSA) and hydrophobin (HP), are
considered to illustrate how the method works. Due to their characteristic primary and
secondary structure, the proteins show different arrangements at air-water interfaces,
leading to very distinguishable foam structures. Consequently, it is useful to consider
mixtures of these proteins to test the method.
BSA is a “heart-shaped” protein with a molecular weight of about 66.5 kDa [143–145].
It contains 583 amino acids (607 amino acids including the signal peptide) [146] and
is found in the blood serum of bovines and cow’s milk [87, 88, 142]. HP on the other
hand is a small protein with a molecular weight of about 10 kDa [159] and a primary
structure containing about 100 amino acids [156, 162].
HPs are secreted by filamentous fungi and have multiple biological functions [99,
156, 159–161]. This protein family is divided into two classes, class I and class II
hydrophobins. Representatives of these two classes differ in their spacing between
cysteine residues, which are generally longer and vary more for class I HPs [100,
172]. Furthermore, class I and class II HPs differ in their solubility, the location
of hydrophobic patches at the protein surface, and the structures they form upon
assembly at hydrophilic:hydrophobic interfaces [98, 99]. In the current study a class I
hydrophobin is used.
Furthermore, HPs are highly surface-active proteins due to their almost janus-like
amphipathic nature [94] and their rigidity [95]. HPs contain 4 disulphide bonds which
stabilize the core [162]. The high core stability ensures the exposition of a large hy-
drophobic patch to the protein surface [71, 162], which provides HPs with surfactant
like characteristics [72, 160]. At a hydrophilic:hydrophobic interface, HPs sponta-
neously self-assemble into an amphipathic protein layer [162]. Due to their properties,
HPs lower the surface tension significantly [92, 161, 162, 174] and the HP layers at
the air-water interface show a high elasticity [94]. They are known to form some of
the most stable aqueous foams [26, 68, 107, 160].
The tertiary structures of BSA and HP are shown in Figure 3.11 to illustrate their
fundamental differences in shape and primary structure, which determine their surface
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(a) (b)

Figure 3.11.: Surfaces of the protein structures of (a) HP (UP-ID: P16933, containing
136 amino acids) and (b) BSA (UP-ID: P02769, containing 583 amino
acids). Hydrophobic amino acids are colored in red and hydrophilic ones
in blue. [146]

activity and cause distinct variations in bubble shape, size distribution, and growth
rate after foam preparation.

3.6.2. Materials and methods

Sample preparation

BSA (A7030, heat shock fraction, protease free, fatty acid free, essentially globulin
free, pH 7, ≥ 98 %) from Sigma-Aldrich (Saint Louis, MO, USA) and HP (H*B hy-
drophobin) from BASF (Ludwigshafen, Germany) were used as-received. To ensure
complete dissolution, HP solutions were stirred for 48 h (cf. [100, 188]). Solutions of
4 wt% protein in ultrapure water (18.2 MΩ cm) were prepared. This protein concen-
tration was chosen, because whipping requires a protein concentration of 3 % to 40 %
[35] and because it resulted in smooth foams.

Foam formation

For foam formation a T 25 easy clean control ULTRA-TURRAX (IKA-Werke GmbH
& Co. KG, Staufen, Germany) equipped with dispersion tool S 25 N - 10 G was used.
2 g of protein solution were dispersed at a speed of 20 000 rpm for 1 min. The glass
vessel used for foaming the protein solution was a custom-built glass cylinder with
overflow protection in the upper part. The inner diameter of the glass cylinder was
13.6 mm, the height of the cylinder without overflow protection was 65 mm and the
total height of the glass vessel was 90 mm. An image of the glass vessel is shown in
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Figure 3.12.: Glass vessel used for foam formation with ultra turrax tool inserted.
The upper part with larger diameter prevents the foam from overflowing
during ultra turrax treatment.

Figure 3.12. The larger diameter in the upper part prevents overflowing of the foam
(overflow protection).

Optical microscopy

Immediately after preparation, 0.01 g of foam were transferred to a microscope slide
using a microspoon and then covered with a cover slip. Three little pieces of teflon
film with a thickness of 50 µm served as spacer between microscope slide and cover
slip. Bright field optical microscopy with 1.6-fold magnification was performed in
transmission mode using a Leica MS5 stereomicroscope (Leica Microsystems GmbH,
Wetzlar, Germany). Microscope images were taken every 5 min for 30 min. Microscopy
was performed for three identical samples.

Image analysis

Data was analyzed using a Fujitsu (Minato, Tokyo, Japan) Esprimo P757 computer
with Intel®Core™i7-6700 CPU @ 3.40 GHz, 3408 MHz, 4 cores, 8 logical processors
and 16.0 GB of RAM operating in Microsoft (Redmond, WA, USA) Windows 10 Pro.
For image analysis Cellpose[299, 300] and Python (Python Software Foundation, ver-
sion 3.8.8) were used.
Pre-processing was performed in Python applying gaussian blur fil-
ter (cv2.GaussianBlur), image subtraction (cv2.subtract (2 times)),
kuwahara filter (pykuwahara 0.3.2), background subtraction (skim-
age.restoration.rolling ball, skimage.restoration.ellipsoid kernel) and contrast en-
hancement (PIL.ImageEnhance.Contrast) to the original images.
Cellpose was trained on microscope images using the GUI. The pre-defined model
‘CP’ was taken as starting point and was adjusted by training on one own image
to adjust for tiny bubbles and another own image to adjust for large bubbles. To
identify the foam bubbles, the images were processed in the Cellpose GUI with the
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trained model. Slight corrections to bubble masks have been made in individual cases.
Cellpose provides a ‘ seg.npy’-file, which contains an array of the bubble masks. In
this array, each pixel of the image is labelled with a number. The background is
labelled with 0 and all masks are labelled with ascending integers.

Further analysis was performed in Python to add masks of small and large bubbles,
remove edge bubbles and analyze bubble properties. To obtain the equivalent diam-
eter, the area, and the crofton perimeter of each mask, we used the package skim-
age.measure.regionprops table. The mean equivalent bubble diameter of all bubbles
in an image, the mean circularity, and the dispersity were calculated from these data.
When calculating the mean circularity, only circularities of bubbles with an equiva-
lent diameter larger than 10 pixels were considered to minimize uncertainties caused
by image resolution.

Mean and standard deviations of measurements of three identical samples were cal-
culated. For each quantity the time-dependent cause was evaluated.

3.6.3. Results and discussion

Image processing and analysis

Figure 3.13 shows the workflow of the image analysis.

An optical microscope image is shown in Subfigure a (upper left). The edges of the
bubbles are darker, however, the insides of the bubbles have the same contrast as
the lamellae. Subfigure b (upper right) displays the pre-processed image. A gaussian
blur filter, image subtraction and kuwahara filter are applied to reduce image noise.
Subsequently, the background subtraction is used to smooth the background. Finally,
the contrast of the image is enhanced. All pre-processing steps are performed using
Python.

After image pre-processing, Cellpose is used to identify the bubbles, as shown in
Subfigure c (lower right). The contrast of the edges is used to identify the bubbles.
In the segmentation, the bubbles become individual masks and are colored randomly
to improve the discriminability. An array containing all bubble masks is saved. The
quantification and evaluation of the bubbles is done in Python. If there is a very
heterogeneous size distribution of the bubbles, Cellpose is not able to detect all bubbles
in an image. Our Python script allows to add two sets of masks (one for small bubbles
and one for large bubbles) to solve this problem and to identify bubbles in a larger
size range.

In our Python code, edge bubbles are neglected. The image in Subfigure d (lower left)
shows the remaining bubble masks in different colors. These are overlaid with the
pre-processed microscope image so that removed bubbles are shown in white. If only
a small part of a bubble is visible in the image, treating that part as a whole bubble
can distort the statistical analysis, especially in the case of large bubbles. To remove
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Figure 3.13.: Image processing: The original microscope image is pre-processed to re-
duce background noise and enhance contrast. Bubble masks are detected
using Cellpose (Segmentation). Subsequently, masks of edge bubbles are
removed. From the remaining masks bubble areas and perimeters are
determined, averages are calculated and the mean equivalent diameter,
mean circularity and dispersity are calculated for each image.
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edge bubbles the criterion

l =

{
< 1

4dequ ⇒ consider bubble

> 1
4dequ ⇒ do not consider bubble

(3.1)

is applied, where l is the length (number of pixels) the bubble shares with the edge of
the image and dequ the equivalent diameter of the bubble. Figure 3.14 illustrates this
approach.
Cellpose provides an array with bubble masks, that can be analyzed in Python. The
bubble areas, equivalent diameters, and perimeters (in pixels) for all detected masks
can be obtained using the scikit-image library. The equivalent diameter is the diameter
of a circle with the same area as the bubble, as noted in eq. 3.2:

dequ =

√
4

π
A (3.2)

where A is the actual bubble area in the microscope image. For each image, we
calculate the mean equivalent bubble diameter of all bubbles in the image.
To characterize the shape of the bubbles, the circularity of each bubble is calculated
as

c =
4πA

p2
(3.3)

where A is the area of the bubble and p is the perimeter. The circularity is 1.0 for a
perfect circle and as it approaches 0.0, it indicates an increasingly elongated shape.
Subsequently, the mean circularity of all bubbles in one image is calculated.
The characterization of the bubble size distribution in an image is done by calculation
of the dispersity. Analogously to polymer chemistry, where the dispersity of molar
masses is given by [331, 332]

D =
Mw

Mn

(3.4)

with Mw mass weighted average of the molar mass and Mn number weighted average
of the molar mass, we define the bubble dispersity

D :=
Aa

An

(3.5)

where Aa is the area weighted average of the bubble areas and An is the number
weighted average (=mean) of the bubble areas.

Optical microscopy of HP- and BSA-stabilized foams

Figure 3.15 shows pre-processed optical microscope images of HP- and BSA-stabilized
foams at different time steps. Clear differences in the temporal behavior can be
distinguished between foams only containing HP and those only containing BSA. The
bubble shape, size distribution and growth rate vary significantly between these foams.
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(a) Outlines of all detected bubble masks are shown in blue. Bubbles like
the orange one should be evaluated, bubbles like the red one should not
be considered.

(b) A = 48
dequ = 8
l = 1
⇒ l < 1

4dequ
⇒ Bubble will be evaluated.

(c) A = 48
dequ = 8
l = 10
⇒ l > 1

4dequ
⇒ Bubble will be removed.

Figure 3.14.: Illustration of the removal of edge bubbles. Edge bubbles with l > 1
4dequ

are removed. l is the length the bubble shares with the image edge, dequ
is the equivalent diameter of the bubble calculated from its area.
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A visual comparison of the microscope images of these two different foams (first and
last row in Figure 3.15) shows that the bubbles in the BSA-stabilized foam have a
broader size distribution and their increase in size is more pronounced. Over time, the
bubble shape changes from spherical to polyhedral. The bubbles in the HP-stabilized
foam not only have a narrower size distribution and remain smaller over time, but
also have a different shape. Although the HP-stabilized foam bubbles become less
spherical over time, the vertices remain rounded.

Additionally, Figure 3.15 also shows microscope images of foams stabilized by blends
of HP and BSA (rows two through four). Three different ratios of HP to BSA were
considered (3:1, 2:2, and 1:3). The foams stabilized by mixtures of HP and BSA are
less stable than foams stabilized by HP alone, but more stable than foams stabilized
by BSA, since the bubble sizes grow faster than for HP- but slower than for BSA-
stabilized foams. BSA-stabilized foams have the widest bubble size distribution. The
bubble shapes of foams stabilized with blends of HP and BSA look more like the purely
BSA-stabilized foams. To quantify these visually observed differences, the temporal
evolution of the mean equivalent bubble diameter was analyzed and the dispersity and
mean circularity of the bubbles were calculated.

Temporal evolution of mean bubble size

As foams age, the mean bubble size increases due to coalescence and Ostwald ripening
[19, 329, 330]. As the bubbles grow and burst, the foam decays. Therefore, the mean
bubble size over time is a measure of foam stability. Figure 3.16 shows the mean
equivalent bubble diameter over time for HP- and BSA-stabilized foams. Throughout
the measurement period, the mean bubble size of HP-stabilized foams remains signifi-
cantly smaller than that of BSA-stabilized foams. Proteins can adsorb at an air-water
interface due to hydrophobic amino acid residues [16]. As with most proteins, the
majority of the surface amino acid residues of BSA are hydrophilic [16, 146].

However, BSA also has some hydrophobic amino acids on its surface that allow it to
attach to the bubble surfaces and thus stabilize the foam. HP has a different molecular
structure with a large hydrophobic part on its surface, which makes it a very surface-
active molecule [16, 162]. At air-water interfaces, HP molecules pack very tightly and
form very strong films that can significantly resist bubble shrinkage [16].

Class I hydrophobins form insoluble rodlet films at air-water interfaces when the
surface membrane gets compressed [160]. Since foams are dynamic systems where
bubbles shrink and others grow at their expense (Ostwald ripening [26, 333, 334]), the
HP films at the interface are not static either. The HPs at the surface of a shrinking
bubble experience compression and can therefore form rodlet structures. These very
stable films around the small bubbles prevent further shrinkage. As a result, larger
bubbles cannot grow at their expense and the foam becomes more stable as observed
by optical microscopy.

In addition, HP has a lower molecular weight than BSA. Therefore, it can move
faster to the interface, assemble at the interface while the bubbles are still small,
and stabilize the bubbles in the liquid. By forming stable HP films, the bubbles stay
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(a) 4 wt% HP, 0 min (b) 4 wt% HP, 10 min (c) 4 wt% HP, 20 min (d) 4 wt% HP, 30 min

(e) 3 wt% HP + 1 wt%
BSA, 0 min

(f) 3 wt% HP + 1 wt%
BSA, 10 min

(g) 3 wt% HP + 1 wt%
BSA, 20 min

(h) 3 wt% HP + 1 wt%
BSA, 30 min

(i) 2 wt% HP + 2 wt%
BSA, 0 min

(j) 2 wt% HP + 2 wt%
BSA, 10 min

(k) 2 wt% HP + 2 wt%
BSA, 20 min

(l) 2 wt% HP + 2 wt%
BSA, 30 min

(m) 1 wt% HP +
3 wt% BSA, 0 min

(n) 1 wt% HP + 3 wt%
BSA, 10 min

(o) 1 wt% HP + 3 wt%
BSA, 20 min

(p) 1 wt% HP + 3 wt%
BSA, 30 min

(q) 4 wt% BSA, 0 min (r) 4 wt% BSA, 10 min (s) 4 wt% BSA, 20 min (t) 4 wt% BSA, 30 min

Figure 3.15.: Microscope images of foams stabilized by HP (first row), HP-BSA mix-
tures (second to forth row), and BSA (last row). Time proceeds from
left to right.
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Figure 3.16.: Comparison of the temporal evolution of mean equivalent bubble diam-
eter, mean circularity and dispersity of HP- and BSA-stabilized foams.

Figure 3.17.: Comparison of the temporal evolution of mean equivalent bubble diam-
eter, mean circularity and dispersity of HP- and BSA-stabilized foams,
as well as differently concentrated mixtures of HP and BSA.
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smaller. Furthermore, HP has the ability to significantly lower the surface tension and
achieves lower surface tensions than BSA [92, 162]. A lower surface tension allows for
a larger surface area. The surface of more smaller bubbles adds up to a larger area
than a smaller number of larger bubbles filled with the same total volume of air.
The lower surface tension caused by HP favors the many small bubbles observed in
HP-stabilized foams.

Temporal evolution of circularity

As discussed in the literature, foams dry during aging and the bubble shape changes
from spherical to polyhedral [33, 126, 335]. These changes in bubble shape can also
be seen in the microscope images in Figure 3.15. When looking at the microscope
images, it is noticeable that the bubble shape varies between HP-stabilized and BSA-
stabilized foams. BSA-stabilized foams form polygonal shapes as they age. Although
the overall shape of the bubbles in HP-stabilized foams is similar to polygonal, the
vertices are rounded.

Circularity compares the area of the bubble to the area that a circle with the perimeter
of the bubble would have, and is therefore a measure of how close the shape of the
bubble under consideration is to that of a perfect circle. We use circularity to compare
the bubble shapes of BSA-stabilized and HP-stabilized foams. Figure 3.16 shows the
temporal evolution of the bubble circularity of HP- and BSA-stabilized foams. Over
time, the circularity of the bubbles decreases as the bubble shape changes from circular
to polygonal. This decrease in circularity with time is observed for both systems. At
t = 0, both, HP- and BSA-stabilized foams show a mean circularity close to 1. This
means that the bubbles are spherical, which is consistent with what can be observed
in the microscope images. However, at all later time steps, the circularity of the HP-
stabilized foams is significantly higher than that of the BSA-stabilized foams, which
means that the bubbles in the HP-stabilized foams have a rounder shape (their shape
is closer to a circle). The bubbles in the HP-stabilized foams are less elongated than
some bubbles in the microscope images of the BSA-stabilized foams. In addition, the
vertices of the bubbles in the HP-stabilized foams are rounded. Both of these effects
cause the higher circularity observed in the HP-stabilized foams.

Temporal evolution of dispersity

To quantify the variation in bubble size within an image, we calculated the dispersity
of the bubble size. The temporal behavior of the dispersity of HP- and BSA-stabilized
foams is shown in Figure 3.16. Especially in the beginning there are many small bub-
bles and few large bubbles. Therefore, a higher dispersity is observed (especially for
BSA-stabilized foams). Over time, Ostwald ripening and coalescence cause small bub-
bles to disappear. Therefore, the distribution of bubble sizes shifts and the dispersity
decreases.

HP-stabilized foams show a more homogeneous bubble size distribution and smaller
dispersity than BSA-stabilized foams. This result is consistent with the visually ob-
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served foam properties in the microscope images. The narrower size distribution
observed for HP-stabilized foams can be explained by the adsorbed HP-film at the
air-water interface. Due to their special properties, HPs pack very tightly and form
strong films at the air-water interface [16]. These films stabilize the air bubbles well
in the liquid. As a result, they remain smaller.

HP-BSA mixtures

Figure 3.17 shows the temporal evolution of the mean equivalent bubble diameter,
mean circularity and dispersity of foams stabilized by mixtures of HP and BSA com-
pared to systems stabilized by one of these proteins. Mixtures were investigated at
different ratios: 3 wt% HP + 1 wt% BSA, 2 wt% HP + 2 wt% BSA, and 1 wt% HP +
3 wt% BSA. The differences in between the foams stabilized by mixtures are distinctly
less pronounced as compared to purely HP-stabilized foams.

HP forms monolayers with very regular patterns (rodlets) at the air-water interface
[160]. As explained above, these highly amphipathic layers stabilize the foam well.
Foam stability decreases significantly when BSA is added to HP foams: All foams
stabilized by blends of HP and BSA show mean bubble diameters closer to those
of BSA-stabilized foams than to those of HP-stabilized foams. Only at the end of
the measurement period, the mean bubble diameter of foams stabilized by HP-BSA
mixtures becomes distinguishably smaller than that of BSA-stabilized foams, but still
remains significantly larger than that of HP-stabilized foams. Therefore, BSA seems
to impede the regular arrangement of HP molecules at the interface. Consequently,
the structures of the protein networks at the air-water interface are less regular and
the emulsifying proteins are not able to achieve the same stability as in HP-stabilized
foams.

The microscope images and the results of the analysis also show that the bubble shapes
of foams stabilized by blends of HP and BSA are more similar to BSA-stabilized
foams. The circularity of foams stabilized by HP-BSA blends is comparable to that
of foams stabilized by BSA alone, while HP-stabilized foams show significantly higher
circularity. For the dispersity, the trend is less pronounced. Mixtures of HP and BSA
show dispersities in between those of BSA- and HP-stabilized foams with 2 wt% HP
+ 2 wt% BSA showing a similar dispersity as 4 wt% HP.

These investigations show that differences in foam structure in relation to molecular
differences can be well characterized by choosing the three parameters equivalent
bubble diameter, circularity, and dispersity resulting from image analysis. This can be
achieved using simple methods and freely available software. Therefore, the developed
method can be used to study different systems and understand how they influence foam
stability and structure.

Bubble diameter distribution

The dispersity of the equivalent bubble diameters offers a measure of the bubble size
distribution. However, to investigate the bubble diameter distribution in more de-
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(a) 4 wt% HP (b) 3 wt% HP + 1 wt% BSA (c) 2 wt% HP + 2 wt% BSA

(d) 1 wt% HP + 3 wt% BSA (e) 4 wt% BSA

Figure 3.18.: Temporal evolution of the equivalent bubble diameter distribution. Ost-
wald ripening leads to a broader size distribution in the course of time.

tail, histograms of the equivalent bubble diameters are shown in Figure 3.18. Each
histogram includes the bubbles detected for three identically prepared samples. Addi-
tionally, in each plot the histograms of the bubble size distributions at the beginning,
after 15 min and after 30 min are shown to investigate the temporal evolution. Over
time, the bubble size distribution becomes broader in every investigated case. This
trend can be explained by Ostwald-ripening. Over time, large bubbles grow and
small bubbles shrink due to the pressure differences between differently sized bub-
bles (Laplace pressure) [19, 112, 130]. The growth of large bubbles at the expense of
small bubbles leads to a broader bubble size distribution. The disappearance of tiny
bubbles due to Ostwald ripening is further observed in the histograms and represents
one of the most obvious temporal changes, especially at the beginning of the process.
Therefore, the detection of tiny bubbles is important to study Ostwald ripening.

To compare the different proteins and their mixtures see Figure 3.19. With increasing
BSA content, the size distribution becomes broader, which is in agreement with the
higher dispersity and the presence of larger bubbles at the beginning of the measure-
ments.

Economic aspect

The employed software in the current method for automated analysis of the temporal
evolution of foams is freely available and we provide the code for data analysis in the
Supporting Information. Therefore, the costs for using the proposed method are lower
than commercially available software.

Furthermore, the time investment is lower by using the proposed method than by
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(a) 4 wt% HP (b) 3 wt% HP + 1 wt% BSA (c) 2 wt% HP + 2 wt% BSA

(d) 1 wt% HP + 3 wt% BSA (e) 4 wt% BSA

Figure 3.19.: Temporal evolution of the equivalent bubble diameter distribution. Sam-
ples with a higher BSA content show a broader size distribution.

using uncommercial analytical methods classically applied in fundamental research. A
classical way of analyzing the sizes of bubbles in a foam is to measure the bubble size by
hand [311–313]. The microscope images used in this study contain about 200 to 5000
bubbles each. Measuring 100 bubble diameters manually by drawing corresponding
lines in ImageJ takes about 4 min to 10 min, which corresponds to about 2.5 s to 5 s
per bubble. The needed time depends on the bubble size. To measure all bubble
sizes in one image would then take between 17 min and 7 h depending on the number
of bubbles contained in the image. Therefore, this method is very time intensive.
Alternatively, one could only measure a few bubbles by hand to reduce the invested
time. However, this approach biases the precision of the analyzed data.

The segmentation with Cellpose takes, depending on the number of bubbles, between
5 s and 60 s (about 70 s for two sets of masks) per image. Including the data analysis
with our script, the total time of segmentation and analysis is about 2 min. Figure 3.20
shows a comparison of measuring the bubble diameters manually and analyzing the
bubble properties with the presented approach. Manual measurement of the bubble
diameter not only takes more time, but also does not provide information about the
bubble shape.

Another approach is to threshold an image and determine the object sizes from the
areas of connected same color pixels in the binary image. Figure 3.21 shows a section
of a microscope image of a HP foam and the same image where a threshold was applied
using ImageJ [336]. Since the interior of the bubble and of the continuous phase have
the same gray level, the difference cannot be extracted using a threshold. Therefore,
thresholding is not sufficient for detecting objects in these kinds of samples. For this
reason, the use of a machine learning algorithm and / or the possibility for manual

88



3.6. Machine learning-based approach for image analysis

(a) ImageJ (b) Cellpose, small bubbles

(c) Cellpose, large bubbles (d) Small and large bubbles combined

Figure 3.20.: (a) Microscope image of foam, where 100 bubble diameters where mea-
sured by hand using ImageJ [336]. The required time was 4 min 26 s. (b)
Segmentation of small bubbles performed with Cellpose on the same mi-
croscope image. The required time was 57 s. (c) Segmentation of large
bubbles. The required time was 5 s. (d) Addition of small and large bub-
ble masks. The required time for adding the masks and analyzing the
bubble properties was 35 s. Therefore, in total 1 min 37 s were required
to analyze the image with the proposed method. For better visability,
cutouts of the images are shown. To see the whole image, refer to Sub-
figure 3.15i.
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(a) Microscope image (b) Thresholded image

Figure 3.21.: (a) Microscope image and (b) thresholded image of a HP foam. The
red arrows mark example areas of continuous phase, which cannot be
distinguished from bubble interior by contrast alone.

correction leads to higher precision in detecting the bubbles correctly.
Furthermore, the Cellpose GUI offers the possibility to manually correct bubble masks
to improve the precision. To what extend this option is used, is up to the user.
With the addition of two (or more) sets of masks for tiny bubbles and larger bubbles,
our suggested method provides a greatly improved precision.

3.6.4. Conclusion

The developed method proves to be a useful and relevant tool for quantitative analysis
of microscope images. It allows automated analysis of the temporal evolution of foams,
including bubble growth, size distribution and bubble shape. Variations caused by
different emulsifiers can be detected and analyzed quantitatively and economically,
offering great advantages over expensive setups commonly used to determine bubble
stability. The investigations show that the data analysis is consistent with visual
observation. The large number of bubbles detected in each image provides significant
statistics to ensure the reproducibility of the calculated quantities.
The example analysis of HP- and BSA-stabilized foams shows that the choice of emulsi-
fier influences the foam structure and stability. Bubble size and shape vary depending
on the properties of the emulsifier. The two proteins selected have different molecular
structures. HP has a large hydrophobic patch on its surface and assembles into very
strong films with regular patterns at the air-water interface [16, 160, 162]. These
properties result in a significantly more stable foam and a rounder bubble shape.
By analyzing microscope images with the presented method, it is demonstrated how
mixing the two proteins influences their arrangement and the resulting stability.
Thus, using simple laboratory equipment and open-source software, we are able to
introduce our developed method as a way to analyze foams and draw meaningful
conclusions.
Here the quotation from [302] ends.

90



4. Interaction of bovine serum albumin
and hydrophobin

4.1. Introduction

Many food systems comprise a mixture of several proteins. Examples are cow’s milk
and cream [337, 338] as well as plant-based milk-alternatives [200, 201, 339]. The
protein composition is defined by the natural composition of the milk or the grain
kernel, respectively, or may be varied by addition of proteins from other crops or
legumes. The properties of the contained proteins define the characteristics of the
foam prepared from the milk or plant-based alternative.
The interactions of the different proteins with each other influence their arrangement
at the air-water interface and consequently the foam stability. For this reason, a
model system containing two proteins with different molecular structure is regarded
in this study: bovine serum albumin (BSA) and H*B hydrophobin (HP). Systems
consisting of one protein type as well as mixtures of both proteins at varying ratios
were investigated.
The mesoscopic properties of these systems including foam stability and foam structure
are presented and discussed in Section 3.6.3. The investigations show that foams
stabilized by HP alone retain a smaller bubble size over time than those stabilized by
protein mixtures or BSA alone, which means that HP solutions produce more stable
foams. Furthermore, also the bubble shape is influenced by the protein type. HP
shows rounder bubble shapes with rounded vertices in contrast to BSA, which shows
polyhedral bubbles with angular vertices.
In this chapter, the results of additional measurements are presented and discussed.
These measurements investigate the protein arrangement at the interface and the
interfacial properties. The aim of this study is to learn more about the behavior
of HP and BSA at the interface as well as about their interactions with each other.
To achieve this, the interaction of HP and BSA with each other is investigated by
measuring differential scanning calorimetry (DSC), the properties of the interface
are determined by measuring the surface tension and the protein arrangement at the
interface is explored by atomic force microscopy (AFM) studies. In addition, molecular
interactions are discussed.
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4.2. Materials and methods

4.2.1. Proteins

BSA (A7030, heat shock fraction, protease free, fatty acid free, essentially globulin
free, pH 7, ≥ 98 %) from Sigma-Aldrich (Saint Louis, MO, USA) and HP (H*B hy-
drophobin) from BASF (Ludwigshafen, Germany) were used as-received and dissolved
in ultrapure water (18.2 MΩ cm). To ensure complete dissolution, HP solutions were
stirred for 48 h (cf. [100, 188]). The total protein concentration in the sample solution
is given at the description of the methods. For HP-BSA mixtures, the HP:BSA mass
fraction ratios of 3:1, 1:1 and 1:3 were investigated, which means for a 4 wt% protein
solution: the 3:1 ratio solution contains 3 wt% HP + 1 wt% BSA in water, the 1:1
ratio 2 wt% HP + 2 wt% BSA, and the 1:3 ratio 1 wt% HP + 3 wt% BSA.

4.2.2. Sodium dodecyl sulfate-polyacrylamid gel electrophoresis

BSA and HP aqueous solutions with a concentration of 0.1 wt% protein in ultrapure
water were prepared. For sodium dodecyl sulfate-polyacrylamid gel electrophoresis
(SDS-PAGE), 4 µL LDS running buffer (Novex MES SDS running buffer from Thermo
Fisher Scientific, Waltham, MA, USA) and 1.6 µL reducing agent (NuPAGE sample
reducing agent from Thermo Fisher Scientific, contains dithiothreitol (DTT)) were
added to 10.4 µL sample. The samples were heated at 90 ◦C for 10 min in a Ther-
momixer comfort (Eppendorf SE, Hamburg, Germany). SDS-PAGE was performed
in an Invitrogen Mini-Gel-Tank (Thermo Fisher Scientific) at 120 V for 1 h. The gel
was a NuPAGE 4 % to 12 % Bis-Tris Gel. As marker Page Ruler Plus from Thermo
Fisher Scientific was used. The samples were stained over night with Coommassie
blue and destained several times the next day.

4.2.3. High performance liquid chromatography

High performance liquid chromatography (HPLC) was performed on an HPLC ar-
rangement containing a 7725i injection valve with 20 µL loop from Rheodyne (IDEX
Corporation, Lake Forest, Illinois, US), a Series 1260 quarternary gradient pump from
Agilent Technologies (Santa Clara, California, US), a Series 1200 column oven from
Agilent Technologies, a Series 1200 photodiode array detector (DAD) from Agilent
Technologies measuring at a wavelength of 220 nm and a 385-LC evaporative light
scattering detector (ELSD) from Varian (Palo Alto, California, US). The system is
equipped with the software OpenLAB CDS Chemstation from Agilent Technologies.
Measurements were performed using the BioBasic column from Thermo Scientific
(Waltham, MA, USA), which contains three columns with pore sizes of 300 Å, 60 Å
and 60 Å. The column length is 100 mm, the diameter 4.6 mm and the grain size
5 µm. According to the manufacturer’s specifications, it is designed for the analy-
sis of proteins and peptides or other biomolecules with a high hydrophobicity. The
column temperature during measurement was 37 ◦C. The isocratic mobile phase con-
tained 40 % acetonitrile (CH3CN) and 60 % TFA (trifluoroacetic acid) solution (0.1 %

92



4.2. Materials and methods

TFA in water). The applied flow rate was 1 mL min−1. HPLC measurements were
performed by a trained service technician inhouse.

4.2.4. Differential scanning calorimetry

Protein solutions of a concentration of 10 wt% in ultrapure water (18.2 MΩ cm) were
prepared and filled into DSC sample aluminium pans (100 µL volume, Mettler-Toledo
GmbH, Gießen, Germany). Additionally, the dry powders of HP and BSA were filled
into DSC sample aluminium pans. DSC was measured with a DSC 3+ from Mettler-
Toledo GmbH. Measurements were performed with a heating rate of 2 K min−1 in
a temperature range from 5 ◦C to 90 ◦C under nitrogen atmosphere with a flow of
30 mL min−1. DSC measurements were performed by a trained service technician in-
house. All measurements were performed for at least three identically prepared sam-
ples. Melting peaks were determined using the software STARe Excellence Thermal
Analysis Software (Mettler-Toledo GmbH). From the minima of three measurements
mean and standard deviation were calculated. In the figures representative single
measurements are shown.

4.2.5. Surface tension

Surface tension was measured on a DCAT 21 from DataPhysics Instruments GmbH
(Filderstadt, Germany) with Wilhelmy plate setup by a trained service technician
inhouse. The rectangular plate had a length of 19.9 mm, a width of 0.2 mm and a
wetted length of 40.2 mm. The contact angle was 0◦. Measurements were performed
at 25 ◦C. Every sample was measured four times and measurements were repeated for
two identical samples. Mean and standard deviation were calculated from all eight
measurements for each sample type. Measurements for a third identical sample could
not be performed because the device was sent in for maintenance and was not repaired
afterwards.

4.2.6. Brewster angle microscopy

BAM imaging was performed using an EP3-BAM instrument equipped with EP3 View
software from Park Systems GmbH (Göttingen, Germany; previously Accurion GmbH
respectively Nanofilm Technologie GmbH). The laser had a wavelength of 658 nm. For
the measurements an objective with 20-fold magnification was used and the sample was
placed in a white Teflon trough. Ultrapure water (18.2 MΩ cm) was used as subphase
and the protein solution was pipetted onto it. Films were formed for 1 µL or 2 µL of
0.4 wt% protein solutions pipetted to the water surface after about 1 h resting time.
Before film formation, a dust particle moves fast across the water surface, whereas at
film formation, it swings slightly at one point. Measurements were performed at a
Brewster angle of 52.857◦, which is the Brewster angle for water at room temperature.
The sample stage height, laser power, polarizer angle, compensator angle and analyzer
angle were adjusted to optimize the signal-to-noise ratio and the image contrast.
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4.2.7. Atomic force microscopy

AFM was performed on a Dimension ICON Fast Scan from Bruker Corporation (Bil-
lerica, MA, USA). All measurements were performed in tapping mode using OTESPA
cantilevers, which are aluminium coated and have a resonance frequency of 300 kHz
and a spring constant of 26 N m−1. For each image 512 samples/line were used. Scan
sizes were in the range of 0.3 µm to 3 µm and the applied scan rates between 0.5 Hz
and 1 Hz.
Protein solutions were transferred to highly-oriented pyrolytic graphite (HOPG) by
different methods. Using the “dried droplet”-method a 100 µL droplet of protein
solution was pipetted to freshly cleaved HOPG and let to dry over night under a
cover. Alternatively, the “surface transfer”-method was used. Therefore, 10 mL of
protein solution were filled in a trough and let rest for about 1.5 h to 4 h or over
night under a glass cover. Subsequently, the surface was transferred to freshly cleaved
HOPG as described in Figure 4.1.

Figure 4.1.: Surface transfer method. The sample solution rests in a trough and forms
an interfacial film after some time. Freshly cleaved HOPG is moved to-
wards the sample surface until touching it and subsequently withdrawn.
Afterwards, the transferred sample is left to dry.
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4.3. Results and discussion

4.3.1. Sodium dodecyl sulfate-polyacrylamid gel electrophoresis

The purity of the proteins is described by the supplier as ≥ 98 % for BSA and about
80 % for HP. To check the purity of the proteins, SDS-PAGE and HPLC were per-
formed. Figure 4.2 shows the results of SDS-PAGE.

Figure 4.2.: SDS-PAGE of aqueous solutions of HP and BSA. (1) Marker, (2) BSA,
(3) HP.

The molecular weight is about 66.5 kDa for BSA [143–145] and about 10 kDa for HP
[159, 170]. For BSA, SDS-PAGE shows a pronounced bar below the red 70 kDa marker,
which represents the BSA monomer (66.5 kDa) and suggests that BSA monomers con-
stitute the largest fraction. In addition, bars with decreasing markedness are shown
above the 130 kDa and above the 250 kDa markers, which imply the presence of dimers
and tetramers as well as small fractions of larger aggregates. Aggregate formation can
be imaged via electrostatic interactions of surface charges and hydrophobic interac-
tions via hydrophobic amino acids located at the BSA surface. The bars of BSA are
more clear than those of HP, which suggests a higher purity of BSA. For HP, the
largest fraction is found at about 20 kDa, which reveals that HP is mainly represented
by dimers. Additionally, bars are observed at about 40 kDa and 60 kDa, which sug-
gest the presence of tetramers and hexamers. Indeed, the tendency of hydrophobins
to aggregate into dimers or other oligomers due to their large hydrophobic surface
patches was also described by Wang et al. [340] and Torkkeli et al. [341] for other
hydrophobins.
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4.3.2. High performance liquid chromatography

HPLC was performed to check the purity of the proteins and also to see whether
HP and BSA interact with each other in solution. HPLC allows for a separation of
the components of a sample according to polarity with high resolution. However, it
does not provide the identification of the components. These can only be determined
and examined by comparison with standards. The signals of each measurement were
recorded by two different detectors simultaneously. Figure 4.3 shows chromatograms
measured with the UV detector (DAD) at 220 nm and Figure 4.4 chromatograms
measured with the evaporative light scattering detector (ELSD). Each figure shows
the elution of HP, BSA and a 1:1 mixture thereof. Each sample was prepared at a
concentration of 0.1 wt% protein in ultrapure water.

For BSA both chromatograms show mainly 1 peak at about 3.3 min, which reveals that
the samples are quite pure. This result is consistent with the specifications provided
by the manufacturer, which state a purity of ≥ 98 %.

For HP the ELSD detected mainly one peak at about 5.6 min, whereas with UV
detection several peaks were found. In this case, the manufacturer mentions a purity
of about 80 %. This suggests that some impurities are present in the HP powder.
These impurities are not further specified. However, since they are detected by the
DAD, they must be able to absorb UV-light of a wavelength of 220 nm. Furthermore,
since these molecules are not detected in the ELSD, it can be assumed that they are
quite small.

In the elugrams obtained from both detectors, the mixture of HP and BSA shows all
peaks that are present in either HP or BSA. Therefore, no sign of interaction between
HP and BSA is obtained. This indicates that HP and BSA either do not interact
or that the interaction is not strong enough to withstand the pressure and shear
forces caused by the flow through the column. The aforementioned conditions have
the effect of disintegrating the aggregates, which in turn precludes the possibility of
detecting non-covalent interactions by HPLC. This implies that interactions between
HP and BSA are non-covalent. Non-covalent interactions comprise (different types
of) electrostatic and hydrophobic interactions [342–345].

4.3.3. Differential scanning calorimetry

In a next step, the interaction of HP and BSA with each other should be investigated.
Since HP is highly hydrophobic and hardly to dissolve completely [159, 160, 341,
346] Isothermal Titration Calorimetry (ITC) could not be performed as aggregation
and sedimentation leads to additional heat flow signals and unstable baselines, which
hampers the interpretation of the results. Another method, which is typically applied
to measure the denaturation temperatures of proteins is Nano Differential Scanning
Fluorimetry (NanoDSF). This method uses the intrinsic tryptophan or tyrosine flu-
orescence of a protein to monitor its unfolding. However, HP does neither contain
tryptophan nor tyrosine. Therefore, NanoDSF could not be measured.

To investigate the interaction of HP and BSA, Differential Scanning Calorimetry
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Figure 4.3.: Chromatogram measured with DAD.

Figure 4.4.: Chromatogram measured with ELSD.
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(DSC) was used. The native structure of a protein is stabilized by forces such as
electrostatic, hydrophobic and van der Waals interactions. During heating of the
sample, energy is required to disrupt these forces at the respective melting or de-
naturation points. This leads to a peak in the heat flow, that is measured by DSC.
[258]
Figure 4.5 shows the measured heat flow during heating at a rate of 2 K min−1 for dry
HP and BSA. The denaturation temperature of HP is with about 67.8 ◦C higher than

Figure 4.5.: DSC of dry HP and BSA. Shown are representative single measurements.
Vertical lines show the mean and standard deviation.

that of BSA with about 55.5 ◦C. Relevant for the higher stability of HP may be its
compact tertiary structure [162, 347].
Electrostatic and hydrophobic forces constitute not only intramolecular but also inter-
molecular interactions. Examples for relevant intermolecular interactions are shown
in Figure 4.7. Because of such intermolecular interactions, the thermograms reveal
information about the interaction of HP and BSA when comparing the different mix-
ture ratios among each other and with the pure proteins. A shift of a peak to higher
temperatures shows that the protein structure is stabilized by the other protein upon
heating.
Figure 4.6 shows the measured heat flow during heating for 10 wt% aqueous solutions
of HP, BSA and mixtures in HP:BSA mass fraction ratios of 3:1, 1:1, and 1:3. The two
minor peaks between 30 ◦C and 40 ◦C at the ratio of 3:1 are an artefact. Peak minima,
which are representing the denaturation temperature of the protein, are summarized
in Table 4.1. For HP no peak was detected. HP was not completely soluble at a
concentration of 10 wt%. For this reason, the concentration could not be further
increased. Although the sample was shaken directly before filling the crucible, the
concentration within the sample was likely insufficient for the detection of a peak.
For BSA a peak is observed at (58.3 ± 0.2) ◦C. This melting point of BSA is in
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Figure 4.6.: DSC of HP and BSA solutions as well as solutions containing HP-BSA
mixtures. Shown are representative single measurements. Vertical lines
show the mean and standard deviation of three measurements of identi-
cally prepared samples.

HP:BSA Protein concentration Peak 1 Peak 2
◦C ◦C

1:0 10 wt% HP – –
3:1 7.5 wt% HP + 2.5 wt% BSA – 83.3 ± 0.1
1:1 5 wt% HP + 5 wt% BSA – 82.0 ± 0.5
1:3 2.5 wt% HP + 7.5 wt% BSA 65.3 ± 0.5 79.8 ± 0.6
0:1 10 wt% BSA 58.3 ± 0.2 –

Table 4.1.: Peak minima of DSC thermograms of HP-BSA mixtures.
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agreement with reported values [348–350]. At the mass fraction ratio of 1:3, the peak
is shifted to (65.3±0.5) ◦C and an additional peak occurs at (79.8±0.6) ◦C. A precise
quantitative comparison between the measurements of dry samples and proteins in
solution is not possible, because the protein concentrations are not equal. The different
concentrations change intermolecular interactions and the measured heat flow, which
can lead to slight shifts in the denaturation temperature. However, the measurement
of dry HP and BSA still provides additional information. Since significant differences
in the peak location are observed, it can still be concluded that the second peak is
located at a higher temperature than both, the denaturation temperature of pure BSA
and that of pure HP. This peak shift suggests that HP and BSA stabilize each other.
Although the overall mass fraction ratio is 1:3, the ratio of interacting HPs and BSAs
can vary locally. The existence of two peaks suggests that different ratios of interacting
HP and BSA molecules are present. Furthermore, the presence of BSA could enhance
the solubility of HP. In this case, the first peak detected for the 1:3 ratio could be
caused by HP, because it is localized at a similar temperature as the peak of dry HP.
For a mass fraction ratio of 1:1, the thermogram shows only the second peak, but with
a clearly visible shoulder towards smaller temperatures. This suggests, that locally
still different ratios of interacting HPs and BSAs are present. However, the interaction
ratio causing the second peak dominates, because the peak at higher temperature is
more pronounced. At a mass fraction ratio of 3:1 only one peak at (83.3 ± 0.1) ◦C
occurs. In this case, all BSAs and HPs seem to interact and stabilize each other with
uniform interaction ratio. In conclusion, higher HP concentrations lead to increased
thermostability of the HP-BSA interactions and more uniform interaction ratios as the
second peak becomes slightly shifted to higher temperatures and more pronounced.

HP molecules are much smaller than BSA molecules. Their molecular weight and
number of amino acids are about 1/6 of that of BSA [143–146, 156, 159, 162, 170].
Therefore, the ratios of the particle fraction differ from those of the mass fraction.
Table 4.2 shows the according particle fractions. These were calculated using the fol-
lowing molar masses: MBSA = 66.5 kg mol−1 for BSA [143–145], MHP = 10 kg mol−1

for hydrophobin [159], and MH2O = 18 g mol−1 for water [351, 352]. At the mass frac-

Mass fraction Particle fraction / ·10−4

HP:BSA HP BSA Water HP BSA Water HP:BSA

1:0 0.1 0 0.9 2 0 9998.0 1:0
3:1 0.075 0.025 0.9 1.5 0.1 9998.4 20:1
1:1 0.05 0.05 0.9 1 0.2 9998.8 6.7:1
1:3 0.025 0.075 0.9 0.5 0.2 9999.3 2.2:1
0:1 0 0.1 0.9 0 0.3 9999.7 0:1

Table 4.2.: Mass and particle fractions of HP-BSA mixtures.

tion ratio of 1:3 two to three HPs are present per one BSA. In this case, the number
of HP molecules is not high enough to stabilize all BSAs and therefore some BSAs
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interact with more HPs than other BSAs. For equal mass fractions, there are 6 to 7
HPs per BSA. This ratio is sufficient to stabilize most BSAs as shown by the one peak
at larger temperature with a pronounced shoulder. At the 3:1 mass fraction ratio,
there are 20 HPs per BSA molecule. This ratio provides for stabilization of all BSA
molecules and the peak at lower temperature disappears. However, not necessarily all
HPs interact with BSAs at such high HP fractions. Furthermore, the investigation of
pure HP solutions shows that a peak caused by HP might also just not be detectable.

Due to their large hydrophobic surface patches, HPs like to interact with each other
and form aggregates [159, 341]. With BSA electrostatic and hydrophobic interactions
can be well imagined. Different configurations of HP and BSA are possible due to their
surface hydrophobic and charged amino acids and their size differences. An example of
possible arrangements caused by hydrophobic and electrostatic interactions between
HP and BSA molecules is shown in Figure 4.7.

Figure 4.7.: Examples of relevant interactions and resulting arrangement of HP and
BSA. Electrostatic interactions are marked by black lines and both types
of interaction are highlighted with yellow circles. Charged surface amino
acids are colored on the left and hydrophobic surface amino acids are
colored on the right to show both properties for the presented possible
configuration.

4.3.4. Surface tension

Figure 4.8 shows the surface tensions measured for samples of HP, BSA and mixtures
thereof at different ratios. A clear trend is observed: The purely HP-stabilized so-
lutions show the lowest surface tension and with increasing BSA content the surface
tension increases. The surface tension for pure BSA solutions is markedly higher than
for the mixtures or pure HP solution. Compared to pure water, which has a surface
tension of (71.99 ± 0.36) mN m−1 at 25 ◦C [353], BSA lowers the surface tension al-
ready significantly by about 20 mN m−1. Since the decrease in surface tension with
rising hydrophobin concentration is not linear, the measurement data suggests, that
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Figure 4.8.: Surface tension of HP and BSA solutions as well as mixtures thereof.
From left to right the solutions contain 4 wt% HP, 3 wt% HP + 1 wt%
BSA, 2 wt% HP + 2 wt% BSA, 1 wt% HP + 3 wt% BSA and 4 wt% BSA.

for lowering the surface tension, the presence of hydrophobin is more relevant than its
concentration.

Surface tension and bubble radius determine the Laplace pressure, which is the driving
force in disproportionation and coalescence leading to foam decay [107, 112, 354].
Since the Laplace pressure is proportional to the surface tension [112], a lower surface
tension reduces the Laplace pressure and leads to a more stable foam.

The effect of surface tension is also reflected in the shape of a droplet of the protein
solution. In general, droplets of liquids with a low surface tension tend to deviate
more from a sphere than droplets of liquids with a high surface tension [92]. Figure
4.9 shows photos of 50 µL droplets on a hydrophobic surface (Parafilm covered glass
slide, cf. [178]) at the beginning, after 30 min, 3 h and 7 h. The droplet of the HP
solution looks more flat (lower curvature) and has a smaller contact angle than the
droplet of the BSA solution. This is in accordance with a lower surface tension of the
HP solution. The mixtures of HP and BSA show droplet shapes in between the shapes
of the droplets of pure HP or BSA solutions and reflect the behavior measured for the
surface tension. Over time all droplets become flatter, however, the different behavior
remains consistent. In the frame of this thesis, the droplet shape was investigated
qualitatively to illustrate the differences in surface tension. Macroscopic differences
in the droplet shape are clearly visible. For a quantitative analysis of contact angles,
the resolution of the presented images is insufficient, because the vertices need to be
defined with high accuracy. This could be done in future investigations. However,
the contact angle is primarily used to describe the wettability of solid surfaces, which
is of minor relevance to the formation and stability of foams. Since the quantitative
information on surface tension was obtained from measuring surface tension with the
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(a) 0 min

(b) 30 min

(c) 3 h

(d) 7 h

Figure 4.9.: Shape of droplets of HP and BSA solutions as well as mixtures thereof.
From left to right the solutions contain 4 wt% HP, 3 wt% HP + 1 wt%
BSA, 2 wt% HP + 2 wt% BSA, 1 wt% HP + 3 wt% BSA and 4 wt% BSA.
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Wilhelmy plate method, the qualitative consideration of the droplet shape is sufficient
here.

Figure 4.10 shows the same droplets from above. The base area of the droplets varies,
especially after 7 h. The droplet of the BSA solution shows the smallest base area,
which also reflects the higher surface tension.

(a) 0 min

(b) 3 h

(c) 7 h

Figure 4.10.: Droplets of HP and BSA solutions as well as mixtures thereof viewed
from above. From left to right the solutions contain 4 wt% HP, 3 wt%
HP + 1 wt% BSA, 2 wt% HP + 2 wt% BSA, 1 wt% HP + 3 wt% BSA
and 4 wt% BSA.

4.3.5. Brewster angle microscopy

Brewster angle microscopy was chosen as a method to investigate the arrangement of
HP and BSA at the air-water interface, because with this method a direct imaging of
hydrated interfaces is possible [249]. Figure 4.11 shows BAM images of the air-water
interface with HP, HP + BSA, and BSA films, respectively.
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(a) Air-water interface (b) Air-water interface with HP

(c) Air-water interface with HP + BSA (d) Air-water interface with BSA

Figure 4.11.: BAM of HP, BSA and a 1:1-mixture thereof each at the air-water inter-
face. The scale bar represents 20 µm.
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In these images, background reflexes from the trough bottom are seen as well as a
very fine, rigid structure, which looks exactly the same in all images. It is therefore
concluded that the contrast and magnification of this method are not sufficient to
visualize the tiny structures formed by HP and BSA. For this reason, AFM was used
as another imaging technique on smaller scales to investigate the arrangement of the
proteins at the hydrophobic-hydrophilic interface.

4.3.6. Atomic force microscopy

Overview AFM was performed to investigate the arrangement of HP and BSA at the
air-water interface. The surface of a protein solution was transferred to a hydrophobic
substrate (highly-oriented pyrolytic graphite – HOPG) and the surface structure of
the dried sample was then imaged using AFM.

First, sample solutions with a concentration of 4 wt% protein were investigated, which
is the concentration used for foam formation. Figure 4.12 shows overviews of 3 µm
scan size of such samples. The HP sample shows a quite even surface with some deep
spherical holes, which can be considered nanobubbles, also referred to as ultrafine
bubbles. Surface nanobubbles are gas-filled pockets in the shape of truncated spheres
with heights of 10 nm to 100 nm and radii of 50 nm to 500 nm [355]. These form
spontaneously at water-solid interfaces of hydrophobic surfaces from gas dissolved
in the liquid [356–359]. The mixture of HP and BSA shows smaller nanobubbles
and a more uneven surface. The BSA sample, on the other hand, does not show
nanobubbles and its surface is quite even (consider the scalebar on the right of each
image). Surface nanobubbles form spontaneously at hydrophobic interfaces, also for
BSA solutions [356, 357]. The current AFM investigations show more nanobubbles for
HP-containing samples than for pure BSA solution samples. This observation leads
to the conclusion that the nanobubbles are held better by HP, which means that HP
stabilizes the bubbles better. This in turn also suggests an improved foam stability,
which was indeed observed mesoscopically for HP (see Subsection 3.6.3 and Figures
3.16 and 3.17).

For the pure HP and the pure BSA solution, the surface roughness was determined
using the software Gwyddion. The mean square roughness σ of height irregularities is
calculated from the second central moment µ2 of the data values zn:

µi =
1

N

N∑
n=1

(zn − z̄)i (4.1)

where z̄ is the mean value. The mean square roughness is then given by

σ = µ
1/2
2 (4.2)

[360]. For the images shown in Figure 4.12, determination of the roughness of the
whole image leads to 14.8 nm for the HP sample and 0.38 nm for the BSA sample.
The roughness is markedly higher for HP, however, the interfacial arrangement of
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(a) 4 wt% HP, legend 100 nm (b) 4 wt% BSA, legend 3.5 nm

(c) 2 wt% HP + 2 wt% BSA, legend 230 nm

Figure 4.12.: AFM overviews with a scan size of 3 µm of surfaces of solutions con-
taining 4 wt% protein transferred to HOPG. HP shows more and larger
nanobubbles than the mixture, whereas BSA does not show nanobub-
bles. The gray squares (edge length 150 pixel) mark areas, where the
surface roughness was determined.
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HP contains large holes from the nanobubbles. Therefore, also the surface roughness
within a square without nanobubbles was evaluated to obtain better comparability
with the BSA sample. In this case, the mean square roughness for the HP sample
is 1.8 nm and for BSA it is 0.35 nm. This indicates, that the roughness of the BSA
surface is only about 1/5 of the roughness of the HP sample surface, which suggests
that the surface produced by BSA is much smoother. The formation of indentations
such as small holes and ruptures is a sign for the high affinity of HP molecules to find
other HPs and form aggregates, which is caused by the high surface hydrophobicity of
these molecules. In addition, the elevations observed for the mixture of HP and BSA
also suggest the formation of aggregates.

To have a closer look on the structures formed by HP and BSA, Figure 4.13 shows
AFM scans of 0.5 µm size of HP, BSA and mixtures thereof at HP:BSA-ratios of 3:1,
1:1, and 1:3. For HP samples a structure with some holes is found. These holes are
generally not spherical and much smaller than the nanobubbles observed in Figure
4.12, which suggests that these cannot be considered nanobubbles. The observed
structures rather arise from the arrangement of HP molecules and their attraction to
each other, which is caused by their strong hydrophobicity. For BSA, the random
structure looks as smooth and uniform as the large section shown above in Figure
4.12. The mixture with more BSA (1:3-mixture) shows a similar surface structure as
the pure BSA sample. It is still quite smooth, but contains some more and deeper
indentations as shown by the legend, the range of which is about twice as high as
the legend of pure BSA. The roughness of the mixture is 0.62 nm (entire image) and
of pure BSA it is 0.34 nm (entire image). These results show, that the roughness
increases by about a factor 2 when adding HP to BSA in a 1:3 weight fraction ratio.
For the 1:1-mixture of HP and BSA, the structure of the protein layer changes. The
image indicates, that the protein arrangement contains fiber-like or rod-like structures,
which suggests some interaction of HP and BSA. From the DSC measurements (shown
in Subsection 4.3.3), it is known that HP and BSA interact with each other and that
their interaction depends on the HP:BSA-ratio as discussed there. These interactions
influence the arrangement of the different proteins as observed. The 3:1-blend of HP
and BSA shows a structure in between that of the pure HP sample and the 1:1-mixture.
Similarly to the structure of the 1:1-mixture, the arrangement contains some rod-like
structures, however it looks denser. Also in this case, the HP and BSA molecules seem
to interact with each other.

However, the shown scans taken at a protein concentration of 4 wt% protein show
multilayers of proteins. Otherwise the observed holes would not be as deep. For
this reason, HP and BSA arrangements at the interface were investigated for various
protein concentrations.

Hydrophobin Figures 4.14, 4.15 and 4.16 show AFM scans of transferred surfaces of
HP-solutions at different concentrations. The images reveal various structures, which
are not concentration dependent, but rather different structures are found at different
spots on the sample respectively different identically prepared samples. The structures
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(a) 4 wt% HP, legend 15 nm (b) 3 wt% HP + 1 wt% BSA, legend 35 nm

(c) 2 wt% HP + 2 wt% BSA, legend 12 nm

(d) 1 wt% HP + 3 wt% BSA, legend 6 nm (e) 4 wt% BSA, legend 3 nm

Figure 4.13.: AFM scans with a size of 0.5 µm of transferred surfaces of solutions
containing 4 wt% protein.
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show holes of different shapes from almost spherical to irregular and rupture-like.
These structures demonstrate that the HP proteins exhibit a robust mutual attraction.
Hydrophobins have large hydrophobic surface patches [16, 71, 160, 162], which attract
each other and lead to the formation of aggregates [106, 159, 341, 361]. The strong
hydrophobicity facilitates the attraction between HPs in close proximity. This in
turn leads to structures containing areas with a high protein density as well as holes.
Furthermore, hydrophobins are small molecules with a compact barrel structure, which
allows hydrophobins to pack very densely [16].
Literature on natural class I hydrophobins reports the spontaneous formation of so-
called rodlet-structures [71, 72, 159, 362–366]. The rodlet structures are further char-
acterized as rod-like structures [71, 341] and laterally associated fibrillar structures
[341, 363]. The precise arrangement of these rodlets may vary depending on the type
of hydrophobin and environmental conditions [365, 367, 368]. For the formation con-
dition of rodlets different descriptions are used such as hydrophobins “spontaneously”
self-assemble [72, 106, 178, 363], “rodlets appear to be formed” [160], “hydrophobins
have the capacity to assemble” [99] or “ability to self-assemble” [106] into nanorods
or “tendency to form fibrillar or rod-like aggregates at interfaces” [341]. In addition,
rodlet formation was observed during compression of the interface [71, 160, 369] and
upon drying of a hydrophobin solution at a solid surface [103, 160, 370]. Further-
more, it was reported that the formation of rodlets occurs after a few hours [178, 371].
These formulations show that the conditions for rodlet formation are not precisely
predictable, respectively not thoroughly enough investigated yet.
More detailed investigations approved, that rodlet formation may need several com-
pression cycles and may also involve several intermediate steps, which include several
rearrangements of the hydrophobins [160, 369, 371, 372]. These intermediate steps
in the arrangement of hydrophobins at the air-water interface were explored by De
Vocht et al. [370, 371], who investigated the self-assembly of the hydrophobin SC3
and suggested that the rodlet formation takes place via intermediate steps, which
include changes in the secondary structure of the protein. The monomeric state of
the hydrophobin SC3 is soluble in water. At air-water interfaces, it spontaneously
forms an α-helical state. Minutes later, a spontaneous transition into β-sheet1 state
occurs and a stable amorphous protein film is build at the interface. The transition
into β-sheet2 state, which forms stable rodlet films, happens spontaneously and takes
hours. [371] The transition from amorphous hydrophobin layers to rodets was also de-
scribed by Takahashi et al. [367] for the hydrophobin RolA and by Valsecchi et al.
[368] for RodA. All together these findings suggest that these transitions occur for var-
ious species of class I hydrophobins. On the way to a saturated surface covered with
rodlets, two phases can be distinguished: the first phase contains sparsely distributed
rodlets, whereas in the second phase rodlets are densely packed. This happens via
two processes: formation of new rodlets and elongation of existing rodlets. [367] The
formation of different structures at intermediate steps may explain a large variety of
regular structures formed by hydrophobins as was observed in the AFM images shown
in this thesis for the H*B hydrophobin (HP). The influence of compression of the inter-
facial layer on the molecular arrangement was studied by Yu et al. [369]. These authors
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(a) scan size 3 µm (b) scan size 1 µm

(c) scan size 3 µm (d) scan size 1 µm

(e) scan size 3 µm (f) scan size 1 µm

Figure 4.14.: AFM scans of transferred surfaces of solutions containing 4 wt% HP.
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(a) 0.4 wt% HP, scan size 3 µm (b) 0.4 wt% HP, scan size 1 µm

(c) 0.4 wt% HP, scan size 3 µm (d) 0.4 wt% HP, scan size 1 µm

(e) 0.04 wt% HP, scan size 1 µm (f) 0.04 wt% HP, scan size 0.5 µm

Figure 4.15.: AFM scans of transferred surfaces of HP-solutions with varying concen-
trations.
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(a) 0.04 wt% HP, scan size 1 µm (b) 0.04 wt% HP, scan size 0.5 µm

(c) 0.004 wt% HP, scan size 3 µm (d) 0.004 wt% HP, scan size 1 µm

(e) 0.004 wt% HP, scan size 1 µm (f) 0.004 wt% HP, scan size 0.5 µm

Figure 4.16.: AFM scans of transferred surfaces of HP-solutions with varying concen-
trations.
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investigated the assembly of the hydrophobin HGFI and observed that compression
causes a reorganization of the film with local rodlet rearrangements. Furthermore,
they found out that multiple compression leads to more aligned rodlets [369]. In this
thesis, the samples investigated with AFM were not compressed. However, in a foam
compression of the interfaces occurs during ripening of the foam as bubbles grow at
the expense of others that shrink as a result (Ostwald-ripening). The air-water in-
terfaces in foams are permanently changing their sizes, which causes relocation of the
hydrophobins and facilitates the formation of rodlets. This leads to a high stability
of the hydrophobin films at the interfaces and consequently a high foam stability.
An important factor in hydrophobin assembly into rodlets at the air-water interface is
their amphipathic character [362, 368]. The amphiphilic nature allows for an arrange-
ment at the interface. However, the formation of highly ordered films involves also
lateral protein interactions [178]. Class I hydrophobins contain a β-barrel core, which
is stabilized by four disulfide bridges. From this core inter-cystein loops extend, which
have hydrophobic surfaces. [71, 105, 170, 367, 368] These hydrophobic patches are im-
portant for the formation of rodlets [105, 173, 362], since more localized hydrophobic
patches facilitate a more efficient hydrophobin assembly [362]. During rodlet forma-
tion, hydrophobins interact via the hydrophobic Cys-Cys loops, which butt against
each other [367]. The interaction involves stacking of β-sheets [106]. Furthermore,
electrostatic interactions are involved in hydrophobin interaction and may influence
the adsorption characteristics and rodlet formation [106, 367, 373]. However, Taka-
hashi et al. [367] concluded that these are not the driving force in the formation of
rodlets, but might inhibit their elongation. In addition, also hydrophobins carrying a
net charge form rodlets [106]. This suggests, that hydrophobic interactions are more
relevant in rodlet formation than electrostatic interactions. Also Wösten et al. [374]
concluded that “self-assembly must be driven by an increase in entropy, probably by
hydrophobic interactions since changes in the pH or the presence of salt hardly affected
self-assembly” [374].
The formation of such rodlets was indeed observed in a dried droplet of a 0.04 wt% HP
solution. AFM scans are shown in Figure 4.17. The height is shown on the left and
the phase on the right, because the rodlets were more clearly detected in the phase
images. The observed rodlet structures show similarity with those reported in the
literature for various types [72, 106, 362, 364, 367, 368, 373] of class I hydrophobins.
The precise HP rodlet arrangement varies for different hydrophobins and also between
variants within one species [368].
To investigate the rodlet structures in more detail, a height profile was measured
in the AFM height image. Figure 4.18 shows how the height profile of HP rodlets
was extracted. The software Gwyddion allows to measure height profiles in AFM
images. Therefore, a line is drawn by hand on the AFM image, along which the
height profile shall be shown (4.18 (a)). Subfigure (b) shows the obtained height
profile. Local minima between the peaks are marked with gray dots. To subtract
the uneven background the first five minima were fitted with a linear function using
Python (cf. subfigure (c)). The finally obtained profile is shown in Subfigure (d).
The peaks show a width of about 8.5 nm and a height of (1.13 ± 0.10) nm. Rodlet
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(a) Height, scan size 1 µm, legend 180 nm (b) Phase, scan size 1 µm, legend 39.9◦

(c) Height, scan size 0.5 µm, legend 40 nm (d) Phase, scan size 0.5 µm, legend 68◦

(e) Height, scan size 0.5 µm, legend 35 nm (f) Phase, scan size 0.5 µm, legend 57◦

Figure 4.17.: AFM height profiles and phases of a rodlet structure observed on a dried
droplet of a 0.04 wt% HP solution.
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(a) AFM image with HP rodlet structure.
The line labeled with 1 marks the location
along which the height profile is analyzed.

(b) Height profile along line 1.

(c) Fitting of the first five local minima with
a linear function.

(d) Corrected height profile. The width of
the peaks is about 8.5 nm and their height
about 1 nm.

Figure 4.18.: Evaluation of an AFM height profile of a rodlet structure observed on a
dried droplet of a 0.04 wt% HP solution.
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sizes of about 2.5 nm height and 6 nm to 15 nm width were reported for different
class I hydrophobins [70, 72, 366, 368, 370]. This means that the reported rodlet
height is about twice as high as for the H*B hydrophobin used in the current study.
The difference is probably caused in a slightly different size or structure of these
hydrophobins or different environmental conditions. However, the sizes of the formed
rodlets are in the same order of magnitude ensuring that the observed structures
indeed show hydrophobin rodlets.

According to literature, the regular structures formed by hydrophobins lead to very
strong and robust interfacial films [16, 105, 170, 172]. These are relevant for a high
foam stability, as was observed mesoscopically (cf. Section 3.6.3).

BSA For BSA, similar, smooth surfaces are observed at different concentrations as
shown in Figure 4.19. The arrangement of the BSA molecules looks random. For
the lowest concentration the structures seem a little bit coarser. Since the protein
concentration is lower, the BSA layer may be thinner and its surface looks coarser,
because the intermolecular distance becomes larger.

BSA molecules contain many surface charges and some surface hydrophobic amino
acids, which are spread along their surface. Both interactions have to be considered
when the molecules arrange towards each other at the air-water interface. Hydropho-
bic amino acids attract each other as well as oppositely charged amino acids whereas
like-charged amino acids repel each other. However, the hydrophobic amino acids
are rather spread across the protein surface than forming a concentrated hydrophobic
patch. Therefore, the electrostatic interaction is considered to have a stronger influ-
ence on the arrangement of these molecules. The BSAs orient in such a way that
the electrostatic energy is minimized. This leads to an irregular arrangement of the
molecules as observed in the AFM images.

HP-BSA mixtures Figure 4.20 shows AFM scans of structures formed by mixtures
of HP and BSA. These structures have in common that they contain some irregularly
shaped holes, which indicate the interaction of some molecules. The formed structures
vary depending on the HP:BSA ratio.

For pure HP samples some very regular structures were observed, which were not no-
ticed to the same extent for samples of HP-BSA mixtures. Therefore, it can be con-
cluded that the formation of such very regular patterns is impeded by the presence of
a relevant quantity of BSA. Although hydrophobins generally have less surface charges
[146], these still can interact with the charged surface amino acids of BSA. Therefore,
electrostatic interaction between HP and BSA is conceivable. Indeed, Wang et al.
[375] report electrostatic interaction between BSA and surface-bound hydrophobins
HGFI and HFBI. Hydrophobic interaction dominates between the strongly hydropho-
bic surface patches of hydrophobins and causes them to aggregate. However, some
hydrophobic interaction can also be imagined between HP and BSA, although less
relevant than between HPs, because BSA does not contain a similarly distinct hy-
drophobic patch as does HP. The precise orientation of intermolecular forces depends
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(a) 4 wt% BSA, scan size 1 µm (b) 4 wt% BSA, scan size 0.5 µm

(c) 0.4 wt% BSA, scan size 1 µm (d) 0.4 wt% BSA, scan size 0.5 µm

(e) 0.04 wt% BSA, scan size 1 µm (f) 0.04 wt% BSA, scan size 0.5 µm

Figure 4.19.: AFM scans of transferred surfaces of BSA-solutions with varying con-
centrations.
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(a) 3 wt% HP + 1 wt% BSA, scan size 1 µm (b) 3 wt% HP + 1 wt% BSA, scan size 0.5 µm

(c) 2 wt% HP + 2 wt% BSA, scan size 1 µm (d) 2 wt% HP + 2 wt% BSA, scan size 0.5 µm

(e) 1 wt% HP + 3 wt% BSA, scan size 1 µm (f) 1 wt% HP + 3 wt% BSA, scan size 0.5 µm

Figure 4.20.: AFM scans of transferred surfaces of solutions containing mixtures of
HP and BSA with varying HP:BSA ratios.
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on the specific arrangement of charged and hydrophobic amino acid residues at the
protein surfaces.

In addition, the arrangement of the two protein species towards each other depends
on their molecular size and their surface-to-volume ratio. HP is a small protein with
about 100 amino acids [156, 162] and a molecular weight of about 10 kDa [159], which
has a compact barrel structure and may contain extended hydrophobic inter-cystein
loops [146, 162, 367]. BSA, on the other hand, is a much larger molecule containing
583 amino acids [146] and having a molecular weight of about 66.5 kDa [143–145]. BSA
has a heart-like triangular shape. Therefore, the size of BSA will roughly be about
six times larger than that of HP, which could lead to the assumption that several
HPs arrange around one BSA. However, the strong hydrophobic attraction between
different hydrophobins might also lead to large aggregates of hydrophobins, which
may have a similar or even larger size than a BSA molecule and probably a different
shape. Hydrophobins aggregate by orienting the hydrophobic surface patches towards
each other and the hydrophilic part to the outside (water) [367]. Surface charges are
then oriented to the water and can interact with BSA molecules. The network-like
structures observed for HP:BSA ratios of 3:1 and 1:1 may involve rodlet formation.
However, these rodlets are not as parallel oriented as observed for pure HP, since their
alignment is disturbed by the presence of BSA. Pham et al. [72] discovered that the
presence of the class II hydrophobin MHPI can suppress the rodlet formation of the
class I hydrophobin MPG1. This may suggest, that also other proteins like BSA can
hinder the formation and alignment of rodlets.

For 3:1 and 1:1 HP:BSA-ratios a quite rough surface with network-like structures is
observed by AFM (cf. Figure 4.20). Furthermore, the formation of more elevations
is detected, which suggests that some attractive interaction is present between the
molecules leading to some kind of clustering. At these ratios, many more HP molecules
are present than BSAs (cf. Table 4.2). The interactions relevant for the formation of
the network-like structures and elevations may involve HP-HP interactions as well as
HP-BSA interactions. A relatively strong interaction between BSA and HP molecules
was observed in the DSC measurements, which is relevant in the formation of the
observed interfacial structures.

At the 1:3 ratio the surface looks more homogeneous with a few holes. In this case,
due to the higher BSA concentration, the contribution of BSA-BSA interactions might
be more relevant. These lead to the more even height looking similar to the structure
formed by pure BSA, but a bit rougher. However, the increased roughness detected
by AFM and the second peak in the DSC thermogram suggest that also HP-BSA
interactions play a role, although maybe less relevant than at the HP:BSA mass frac-
tion ratios of 1:1 and 3:1. The holes indicate the presence of HP, which, due to their
amphiphilic nature, allow for the formation of such structures.
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4.4. Conclusions

Additionally to the investigations of the stability of HP-BSA foams shown in Sec-
tion 3.6.3, the protein interactions and their interfacial arrangement were investigated
here. These results help understand how the different molecular properties and the
resulting protein interactions influence the interfacial arrangement and the generated
foam properties. Due to their strongly amphipathic nature, hydrophobin molecules
interact strongly with one another. This leads to the formation of regular structures
including network-like structures, holes, and rodlets in the interfacial films. These
regularly structured films significantly lower the surface tension and lead to a high
foam stability. The regularity of the arrangements and the stability of the interfacial
layers may even be enhanced during foam ripening: the gas diffusion between bubbles
leads to changes in the bubble sizes, which are accompanied by compression of the
air-water interfaces. These compressions in turn may lead to rearrangements of the
proteins at the interfaces and in case of hydrophobins to formation of rodlets.
For BSA very smooth interfacial arrangements are observed. The arrangement of BSA
is most probably driven by minimization of the electrostatic energy.
HP-BSA mixtures show, that with increasing HP content the denaturation temper-
ature of BSA is lifted as observed from DSC measurements. This suggests that HP
and BSA interact and stabilize each other. Furthermore, the surface tension is lower
for HP solutions than for BSA solutions and for HP-BSA blends is decreased with
increasing HP content. Investigations of the interfacial protein arrangements using
AFM showed, that these are less regular for the mixtures than for pure HP solutions.
This suggests that the presence of BSA impedes the very regular HP arrangements.
The less regular arrangements stabilize the bubble surfaces less efficiently against
coarsening and rupture. As a consequence, the most stable foams are found for pure
HP solutions, which exhibit the most regular patterns of protein arrangements.
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5. Foam stabilization by addition of
hydrocolloids

5.1. Introduction

Hydrocolloids are used in the food and beverage industry as gelling agents, emulsifiers,
thickeners and stabilizers to control the textural properties, microstructure, shelf-life
and flavor of a food product [211, 215]. In foams food thickening agents can be applied
to enhance the viscosity of the solution and by this improve the foam stability [208,
376]. A high viscosity of the continuous phase of a foam slows down drainage and the
mobility of bubbles, which are relevant processes for the destabilization of a foam [90,
107, 210, 238, 239].

In this chapter, three different food-grade hydrocolloids are added to BSA solutions
and their influence on solution viscosity and stability of BSA-stabilized foams is inves-
tigated and compared. These hydrocolloids are xanthan gum (XG), guar gum (GG)
and iota-carrageenan (IC), all non-starch polysaccharides. Their structure and prop-
erties are described in Section 2.3. The reason for this choice lies in their distinct and
different physical properties. XG is a highly negatively charged rigid rod [233]. IC
is less negatively charged, but more flexible [217]. The electrostatic repulsion of the
negative charges exerts a force on the self-avoiding walk of the chain. Consequently,
the polymer chain elongates and arranges into a string of independent blobs with each
blob containing a self-avoiding chain (chain under traction) [377]. GG is uncharged
and very flexible and can therefore be regarded as a polymer which performs a self-
avoiding walk (self-avoiding coil) [217]. These simple models are sketched in Figure
5.1. These fundamental differences influence their interaction with other molecules.

Figure 5.1.: Very simplified models of the three polysaccharides xanthan gum (XG),
iota-carrageenan (IC) and guar gum (GG). Sketches not drawn to scale.

Furthermore, charge as well as shape of a molecule influence the viscosity of the so-
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lution [91, 230, 231, 233, 235]. For this reason, these polysaccharides are used as
thickening agents and to enhance the stability of a foam as is demonstrated in the
following.

5.2. Materials and Methods

5.2.1. Sample preparation

For all measurements BSA (A7030, heat shock fraction, protease free, fatty acid free,
essentially globulin free, pH 7, ≥ 98 %) from Sigma-Aldrich (Saint Louis, MO, USA)
was used as-received.
The polysaccharides guar gum (Unipektin Ingredients AG, Eschenz, Switzerland) and
xanthan gum (Jungbunzlauer Suisse AG, Basel, Switzerland) were dissolved in ultra-
pure water (18.2 MΩ cm) by stirring over night. The next morning, guar gum was
centrifuged at 15 090×g for 20 min at 20 ◦C to remove cell material. Iota-carrageenan
(Carl Roth GmbH + Co.KG, Karlsruhe, Germany) was dissolved in ultrapure water
and heated to 70 ◦C for 20 min to complete solution. After preparing the polysac-
charide solution, BSA was added to it and dissolved by further stirring. The final
solutions contained 4 wt% BSA and 0.4 wt% polysaccharide in ultrapure water.

5.2.2. Measurement of solution viscosity

XG, GG and IC form shear-thinning solutions when dissolved in water [378–380]. To
measure solution viscosity flow sweeps were performed in a couette geometry (DIN
concentric cylinders with smooth surfaces, bob diameter 28 mm, bob length 42 mm,
cup diameter 30.4 mm, gap 5921 µm and loading gap 90 mm) at 25 ◦C with a DHR3
rheometer from TA Instruments (New Castle, DE, USA). After filling the measuring
cup, samples were allowed to rest for 300 s. Measurements were performed in rotation
and the shear rate was varied every 30 s. The shear rate was raised from 0.01 s−1 to
1000 s−1, and subsequently it was decreased again from 1000 s−1 to 0.01 s−1.

5.2.3. Foam formation

For foam formation a T 25 easy clean control ULTRA-TURRAX (IKA-Werke GmbH
& Co. KG, Staufen, Germany) equipped with dispersion tool S 25 N - 10 G was used.
2 g of protein solution were dispersed at a speed of 20 000 rpm for 1 min in a custom-
built glass cylinder with overflow protection as described in 3.6.2.

5.2.4. Imaging of the foam

The temporal evolution of the samples was observed using an Axio Scope.A1 light
microscope from Carl Zeiss (Oberkochen, Germany) with a magnification of 10× and
simultaneously with a Canon EOS 7D camera equipped with objective Canon Macro
Lens EF 100mm 1:2.8 L IS USM and a Canon TC-80N36D remote release with timer
function (Canon Inc. Headquarters, Tokyo, Japan) for 30 min or 60 min, respectively.
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The camera was mounted to a repro stand RS 2 XA from Kaiser Fototechnik (Kaiser
Fototechnik GmbH & Co. KG, Buchen, Germany) and samples monitored by the
camera were placed on top of a luminous plate LED Slimlite plano (Kaiser Fototech-
nik GmbH & Co. KG, Buchen, Germany). Directly after foam formation a sample of
the foam was transferred to a microscope slide and covered with a cover slip. For mi-
croscope images 0.005 g foam were transferred using a microspoon whereas for camera
images 0.01 g were used.

5.2.5. Analysis of the mean bubble size

For more reliable statistics the camera images were taken for bubble size analysis.
The image was cropped to have a size of 3000× 3000 pixels and to show only the
bubbles of the foam, not the area surrounding the sample. Subsequently, the contrast
of the image was enhanced (2-fold). Afterwards, the image was converted to a binary
image. A python script (cf. Appendix A.1) counted all connected same-color pixels
as one bubble. The number of pixels of one bubble was converted into micrometer
and provides the area of the bubble. From the area the equivalent diameter was
calculated, which is the diameter of a circle of the same area as the measured bubble.
Having computed the equivalent bubble diameter of each bubble in the image, the
mean equivalent bubble diameter of all bubbles in this image was calculated.

All measurements were repeated for three identical samples and means and standard
deviations were calculated.

5.3. Results and discussion

5.3.1. Foam images

Figure 5.2 shows a microscope image and a camera image of a BSA-stabilized foam.
For analysis of the temporal evolution of the mean bubble size, the camera images
were used, because these show a larger number of bubbles and therefore provide more
reliable statistics.

For visualization of the properties of foams with different polysaccharide composition,
microscope images of BSA-stabilized foams without and with GG, IC or XG are shown
in Figure 5.3. All foams containing one of the polysaccharides appear wetter compared
to those stabilized only by BSA. The higher liquid content of the foam arises from
the enhanced water holding capacity of the hydrocolloids [216], which retains larger
amounts of water in the lamellae between the bubbles. According to the microscope
images, the foams containing XG or IC retain a higher liquid fraction for a longer time
than the foams containing GG. The increased viscosity slows down drainage, which
contributes to retaining a higher liquid fraction. A high liquid fraction reduces the
rate of coalescence, because bubble surfaces are separated by sufficient liquid. Lower
coalescence rates in turn, contribute to a slower increase of the mean bubble size and
a more stable foam. [90, 107, 238] As can be seen from the microscope images, the
ripening of the wet foams containing IC or XG is dominated by Ostwald-ripening.
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(a) Microscope (b) Camera

Figure 5.2.: Microscope and camera image of a foam stabilized by 4 wt% BSA after
10 min. Microscopy performed in bright field transmission mode with a
magnification of 10×.

5.3.2. Solution viscosity

Figure 5.4 shows the results of the flow sweeps performed for solutions of BSA with
added polysaccharides: XG, IC and GG, respectively. The dynamic viscosity η is
displayed in dependence of the shear rate γ̇. Shown are the flow sweeps for decreasing
shear rates. The viscosity of the pure BSA solution was too low to be measured
properly (cf. Appendix C.1). All three solution types show shear thinning behavior.
The shear thinning behavior is most pronounced for the solutions containing XG and
least pronounced for the solutions containing GG. At low shear rates, the solutions
containing XG show the highest viscosity, followed by IC and the lowest viscosity is
observed for solutions containing GG. However, since XG shows the steepest slope
(most pronounced shear thinning behavior), the graphs cross. At shear rates above
about 20 s−1 the viscosity of the XG containing solutions becomes lower than that
of the solutions containing IC. At shear rates above about 200 s−1, the viscosity of
the solutions containing XG even slightly undercuts the viscosity of the solutions
containing GG.

The viscosity of a dispersion is determined by the shape and charge of its components
[91, 230, 231, 233, 235]. Of the selected polysaccharides, XG is the most negatively
charged and also exhibits the highest stiffness. The high charge and the elongated,
stiff molecule both enhance the viscosity of the solution (see Equations 2.23 and 2.22).
This results in the highest viscosity being observed at low shear rates. Nevertheless,
at elevated shear rates, the rods adopt an orientation parallel to the flow direction,
facilitating sliding between them [381, 382], which explains the pronounced shear-
thinning behavior. Contrarily, GG is uncharged and flexible. Therefore, there is no
viscosity increase due to electroviscous effects. Also, the molecule, which behaves as
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(a) BSA, 0 min (b) BSA, 30 min

(c) BSA + GG, 0 min (d) BSA + GG, 30 min

(e) BSA + IC, 0 min (f) BSA + IC, 30 min (g) BSA + IC, 60 min

(h) BSA + XG, 0 min (i) BSA + XG, 30 min (j) BSA + XG, 60 min

Figure 5.3.: Microscope images of 4 wt% BSA without (first row) and with addition of
0.4 wt% polysaccharide: GG (second row), IC (third row) and XG (forth
row).
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Figure 5.4.: Shear rate dependent dynamic viscosity of BSA solutions with added
polysaccharides: comparison of XG, GG and IC.

a self-avoiding coil, is less extended, which leads to a lower exponent in Equation 2.22
and a lower viscosity increase. IC is negatively charged, but flexible on certain scales.
The shape of the molecule is that of a string of electrostatic blobs. Its exponent in
Equation 2.22 is expected to be between that for a self-avoiding coil and a rigid rod.
Due to its less strong negative charge, the electroviscous effect is less pronounced than
for XG. It can thus be concluded that the viscosity of IC is intermediate between those
of XG and GG, as was measured for shear rates below about 20 s−1.

5.3.3. Temporal evolution of the mean bubble size

The temporal evolution of the mean equivalent bubble diameters dequ for BSA-
stabilized foams without additives and with XG, IC and GG added, respectively,
is shown in Figure 5.5.
The initial mean bubble size is decreased for samples containing a polysaccharide and
deviates slightly among samples containing XG, IC or GG. During foam formation very
high shear rates are applied by the ultra turrax T 25 (cf. Appendix C.2). At such shear
rates, the viscosity of XG is lower than that of IC and GG due to its stronger shear
thinning behavior. The viscosity during foam formation influences the incorporation
of air bubbles into the foam and their initial size: the initial bubble size decreases with
increasing viscosity [383, 384]. These effects explain the larger initial mean equivalent
bubble diameter of the pure BSA-stabilized foams ((101.8 ± 11.4) µm) as compared
to systems with added polysaccaride and the slightly smaller initial bubble size of
the foams with added IC ((76.9 ± 3.3) µm) compared to the foams containing XG
((82.3 ± 2.0) µm) or GG ((83.6 ± 9.1) µm).
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Figure 5.5.: Temporal evolution of the mean bubble size of BSA solutions without and
with added polysaccharides: comparison of XG, GG and IC.

Over the whole measurement time the mean bubble size is significantly lower for
samples containing a polysaccharide than for the samples without a stabilizer. This
observation indicates that the foam stability is significantly increased by the addition
of polysaccharides. By adding polysaccharides, the viscosity of the sample solution
is significantly enhanced, which prevents fast drainage as well as creaming of bubbles
[90, 107, 239, 376]. Both of these effects play a pivotal role in foam stability. They
impact the thickness of the lamellae, which in turn affects the rate of coalescence
[90, 238]. This explains the increased foam stability observed for foams containing
polysaccharides.

At t = 0, the mean bubble sizes of the samples containing a polysaccharide deviate
only by a few µm. At later times, the samples containing GG develop a significantly
increased mean bubble size as compared to the samples containing XG or IC, respec-
tively. This observation indicates that the foams containing XG or IC are more stable
than those with GG. While monitoring the foam under the microscope, the foam rests,
coarsening of the foam is considered sufficiently slow, and the foam can be considered
as being close to mechanical equilibrium [112]. It is therefore evident that the viscosi-
ties pertinent to drainage are those measured for exceedingly low shear rates. Due
to the relatively high viscosities of XG and IC solutions, these foams retain a higher
liquid fraction (cf. microscope images in Figure 5.3) and show a slow increase of the
mean bubble size. The lower viscosity of GG solutions yields a faster increase in the
mean equivalent bubble diameter. Although XG shows a higher solution viscosity
at low shear rates than IC, the evolutions of their mean bubble sizes exhibit similar
courses and proceed quite close to each other. To explain these similarly evolving
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mean equivalent bubble diameters of foams containing XG or IC it is thus insufficient
to discuss only the viscosity differences. The bubble size results indicate that addi-
tionally a destabilizing mechanism is present in the foams containing XG. For this
reason, the structural differences between the stiff, negatively charged XG rods and
the IC strings of independent blobs have to be taken into account.
In addition to the influence of the polysaccharide structure also their interaction with
BSA may influence foam stability [238]. To visualize the inter-polysaccharide inter-
actions determined by their stiffness and electrical charge as well as their interaction
with interfacially adsorbed BSA in thinning lamellae, models are shown in Figures 5.6
and 5.7. Each subfigure shows a bubble surface with adsorbed BSA on both the left
and right side defining the edges of the lamella of varying thickness. The case without
added polysaccharide is shown in Subfigures 5.6 (a) to (d). Over time, the lamella
thins due to drainage of liquid from the foam and the bubbles eventually coalesce
(Subfigures (c) and (d)).
The flexible GG polymers (Subfigures 5.6 (e) to (g)) show weak mutual interaction and
take a random distribution within the lamella to maximize entropy. Over time, some
GG polymers drain with the liquid. Due to its polarity, GG interacts weaker with
BSA than the charged polymers XG or IC do. To maximize entropy, GG will therefore
mostly be dissolved in the water and have a minor influence on the interfacial stability
of wet foams (other than enhancing solution viscosity). Due to excluded volume
effects, van der Waals interactions and hydrogen bonding GG polymers interact with
each other or BSA when coming into close proximity. The stability of thin lamellae in
dry foams (Subfigure 5.6 (g)) is increased via bridging the two interfaces by adsorbed
flexible GG chains [385].
Flocculation and creaming of oil-in-water emulsions and model food systems provoked
by XG were observed by Gunning et al. [386] and Koczo et al. [240]. These authors
explain their observation by a depletion mechanism causing an isotropic/anisotropic
phase separation according to Flory’s theory of rod-like particles [241–243]. However,
the XG rods are strongly negatively charged, which makes a purely entropy-driven
parallel alignment unlikely. To minimize the electrostatic energy, these negatively
charged rods take random orientations. Such arrangements consume a large space
due to the associated large excluded volume effects. As the lamellae thin, the space
available to such configurations is constricted. More configurations for minimization
of the electrostatic energy are available in the liquid phase of already drained liquid.
For this reason, the rigid nature and strong negative charge of XG might contribute to
phase separation into a bubble-rich phase at the top and a liquid phase at the bottom.
Such effects destabilize the foam as they contribute to drainage and for this reason
counteract the stabilizing effects caused by a higher solution viscosity. In addition,
electrostatic interaction of XG with BSA is relevant, because its negative net charge
interacts with local surface charges of BSA (Subfigure 5.7 (a)). Thus, electrostatic
attraction between BSA and XG can lead to an increased steric interaction within the
lamellae (Subfigures 5.7 (b) and (c)). Steric interaction of adsorbed polymers increases
the stability of lamellae against coalescence and therefore enhances bubble stability
[19, 385]. For XG molecules attracted by interfacially adsorbed BSAs, the combination
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(a) (b) (c) (d)

(e) GG (f) GG (g) GG

Figure 5.6.: Thinning lamellae without polysaccharide (Subfigures (a) to (d)) and with
GG (Subfigures (e) to (g)). Schematic not drawn to scale.
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of their high stiffness and strong negative charge leads to large excluded volumes and
a strong steric repulsion between approaching air-water interfaces. Such interactions
counteract lamella thinning and therefore support retaining a high liquid fraction in
the foam, thereby stabilizing the lamellae against coalescence. Consequently, such
steric interactions within the lamellae may increase the foam stability additionally to
the high viscosity of XG solutions. However, as described above the strong mutual
repulsion and high stiffness of XG molecules also cause a destabilizing mechanism,
because more orientations are available to such highly charged rigid rods in the liq-
uid phase of drained liquid. At decreasing liquid content due to drainage, free XG
molecules such as the ones shown in Subfigure 5.7 (a) in the middle are pushed out of
the foam and drain with the liquid. Since XG is highly negatively charged and BSA
shows only local surface charges, the electrostatic repulsion between XG molecules
is stronger than their electrostatic interaction with BSA. For this reason, the steric
stabilization by XG breaks at further decreasing liquid content of the foam (Subfigure
5.7 (c) and (d)).

For IC more configurations are possible in the confined space of the lamellae, because
these molecules are less negatively charged and the strings of independent blobs are
more flexible, which leads to smaller excluded volumes. For this reason, phase sepa-
rating effects caused by the molecular charge and stiffness are much less pronounced.
Since IC is less negatively charged and more flexible, it bends more easily. Due to its
negative charge, it is still attracted by positive surface charges of BSA, but repulsion
by negative surfaces charges is less strong. Also their mutual repulsion is less strong
than for XG molecules. Therefore, more configurations are available to IC molecules
in the thinning lamellae. As the lamellae thin, the strings of independent blobs bend
due to the electrostatic repulsion and still provide for a steric stabilization of the
lamellae. The higher polymer flexibility also allows for attaching to both BSA coated
interfaces and bridging approaching bubble surfaces [385] as shown in Subfigure 5.7
(g). For this reason, also thin lamellae are well stabilized by IC. As a consequence of
the strong mutual XG repulsion and large excluded volume effects, the foams contain-
ing XG show similar stabilities as the foams containing IC, although a lower viscosity
was measured for IC solutions at low shear rates.

5.4. Conclusions

Addition of polysaccharides to BSA-stabilized solutions increases their dynamic vis-
cosity and enhances foam stability. Foams containing XG or IC are more stable than
foams containing GG. It can be concluded that higher viscosities lead to smaller bubble
sizes and more stable foams. Although solutions containing XG show a higher viscosity
at low shear rates, the evolution of the mean bubble size of their foams is comparable
to that of foams containing IC. This implies that also the structural differences of
the polysaccharides affect their interaction with other polysaccharide molecules and
BSA, which in turn impact foam stability. The stiff and highly negatively charged XG
rods aim for random orientations due to their strong mutual electrostatic repulsion
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(a) XG

(b) XG (c) XG (d) XG

(e) IC (f) IC (g) IC

Figure 5.7.: Steric stabilization of thinning lamellae by XG (Subfigures (a) to (d)) and
IC (Subfigures (e) to (g)). Schematic not drawn to scale.
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and large excluded volume effects. These properties on the one hand increase solution
viscosity, on the other hand also support phase separation into a bubble rich phase
and a liquid phase, which promotes foam decay. Attraction to interfacially adsorbed
BSA facilitates lamellae stabilization via steric repulsion of the approaching inter-
faces. However, the strong negative charge and high stiffness of XG cause the steric
stabilization by XG rods to collapse under confinement of the space of the lamellae.
The higher flexibility and lower negative charge of IC allows for steric stabilization
of approaching bubble surfaces also for thin lamellae and bridging stabilization of
even thinner lamellae. Bridging stabilization of thin lamellae is also facilitated by the
flexible polymer GG.
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6. Influence of the pH value on
BSA-stabilized foams

6.1. Introduction

In this chapter a model foam system consisting of BSA in water and incorporated air
bubbles is investigated and different pH values of the solution are considered.

According to literature [40, 42, 89], the foam stability varies depending on solution
pH for BSA-stabilized foams. It was therefore assumed that this system would be an
appropriate subject for testing the developed method for bubble size analysis. How-
ever, subsequent investigation of BSA-stabilized foams at different pH values revealed
that this was a more complex and intriguing topic than had been anticipated.

BSA has the advantage of being well-characterized [65, 78–86]. The structure of
BSA has been elucidated and structural, pH-depending changes have been reported
in more details [65, 147, 148]. However, foam properties were mostly investigated
for gas sparging at low concentrations (0.1 % [40], ≤ 3 µmol L−1 [89], 15 µmol L−1

[42]). In the current study, the protein concentration of 4 wt% BSA is much higher,
because whipping requires protein concentrations of 3 % to 40 % [35]. Applying this
concentration resulted in the formation of smooth foams.

Engelhardt et al. [42] report a strong pH-dependence of the foam stability for BSA
solutions with a concentration of 15 µmol L−1. The highest foam stability of about
80 % is found at the IEP. From there it decreases to about 30 % at pH 3 as well as
pH 9. Moreover, the authors employed ellipsometry to quantify the thickness of the
adsorbed protein layer at the air-water interface. Their results suggest the formation
of a multilayer structure at the IEP and a protein monolayer at both high and low
pH. Kim and Kinsella [40] considered drainage rates of foams made of 0.1 % BSA
solutions and report a maximum foam stability at pH 5 to 6, which is close to the
IEP. Foam height was considered by Zawala et al. [89], who found that foams formed
by solutions of concentrations of 0.9 µmol L−1 to 3 µmol L−1 BSA were most stable at
a pH between 4.8 and 5.8, which is around the IEP of BSA. At pH 3.9 and 10, the
foam stability was significantly reduced.

In protein-based foams, the proteins must align along the air-water interfaces accord-
ing to hydrophilic and hydrophobic regions [139–141]. Therefore, the pH-dependence
of foam stability can be attributed to the molecular properties of BSA, which under-
goes a conformational change in response to changes in solution pH.

When varying the pH value, the charge and conformation of the protein change,
which influence not only the interfacial arrangement but also the solution viscosity
[91, 236]. It has been demonstrated that at the concentration employed, the pH-
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dependent viscosity alterations resulting from electroviscous effects are markedly more
pronounced than at low protein concentrations. The viscosity exerts an influence on
the flow behavior of the solution, which in turn affects the drainage of liquid from the
foam. Moreover, the coalescence and ascent of bubbles are impeded. Consequently,
alterations in solution viscosity exert an influence on the stability of the foam. [90, 107,
210, 238, 239] In the considered system, the effects of pH-dependent conformational
changes and molecular arrangements at the air-water interface on the foam stability
are largely compensated by the effects that pH-dependent viscosity changes have on
foam stability. Therefore, a much less pronounced pH-dependence is observed than
that reported by Engelhardt et al. [42], Zawala et al. [89] and Kim et al. [40] for foams
containing low BSA concentrations.

Nevertheless, the effects of the molecular arrangements are still very important es-
pecially at later time scales, when the foam becomes dryer. Foams at the IEP show
comparable drainage and bubble size growth rates as foams at pH 3, although hav-
ing a much lower dynamic viscosity of the protein solution. This indicates that the
multilayer formation of proteins at the air-water interface indeed slows down bubble
growth and drainage. In addition, the foam height decreases slower at the IEP than
at the other pH values. Consequently, the formation of a protein multilayer leads to
an improved foam stability, especially at later times.

The following chapter presents models developed based on the results presented in the
literature. Changes in pH cause a variation of the protein surface charge and an un-
folding of the globular conformation of BSA. These pH-dependent structural changes
affect the functionality and consequently the arrangement of BSA molecules at the
air-water interface. By considering these structural changes on a microscopic scale
and relating them to the macroscopic foam stability, structure-function relationships
are derived. The models elucidate the manner by which the pH-dependent confor-
mational alterations of BSA impact their disposition at air-water interfaces, and the
extent to which these effects influence the foam stability.

In a second part of the chapter, results at a concentration of 4 wt% BSA are presented,
where the pH-dependence of the foam stability is less pronounced. Measurements
of the dynamic viscosities and particle sizes are combined with a detailed analysis
of the foam stability considering the temporal evolution of foam heights, drainage,
mean bubble diameters and circularities. The interplay of molecular arrangement
and viscosity are discussed here to understand the distinct behavior observed in the
different experiments.

6.2. Modeling structure-function relationships

6.2.1. Molecular properties of BSA

As already mentioned in Subsection 2.2.1, the structure of BSA can be divided into
three domains, commonly referred to as domains I, II and III. The general structure of
each domain is comprised of two large double loops and one small double loop, which
are formed by disulfide bonds. The initial large and small double loops are linked by
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a short peptide sequence, while the latter is connected to the second large double loop
by a more substantial segment. A further peptide connects the second large double
loop to the subsequent domain. Domain I encompasses amino acids 1-190, domain II
consists of amino acids 191-382, and domain III comprises amino acids 383-583. In
comparison to domains II and III, domain I is devoid of one disulfide bond (between
positions 8 and 54), resulting in the presence of a single loop instead of the initial
large double loop.[147]
In three dimensions, the native globular shape of BSA is arranged in a heart-like
shape, also known as the Normal (N) form. Domains I and II form one half of the
N-form, while domain III forms the other half. [146, 148–150]
The primary and secondary structure provide more detailed information about the
structural and functional properties of the protein. The properties of the amino acids
in the protein, such as their electrical charge and hydrophobicity, the helical content
of the protein and the number of cysteins present, are particularly relevant to the
interface activity of the protein, and therefore relevant for the foam stability.
These considerations result in a sketch for domain III as shown in Figure 6.1. The
model is based on information provided by J. R. Brown in [147] (p. 36) about the struc-
ture of BSA and information from swissmodel.expacy.org [146] entry with UniProtKB
P02769. Details are provided in Appendix D.2, see Figures D.1, D.2, and D.3.
The model in Figure 6.1 includes the amino acid sequence (primary structure) as well
as relevant physical properties of the amino acids. Positively and negatively charged
amino acids are colored green and red, respectively. Hydrophobic amino acids are
marked in blue and polar amino acids are shown in black. In particular, at the end
of domain III (lower part in Figure 6.1) several hydrophobic amino acids are spatially
close to each other. This part is located at the protein surface when regarding the 3D
model provided by swiss-model [146] (cf. Figure 2.3d), and is thus beneficial for the
surface activity of BSA.
The 11 helices in domain III cause a certain rigidity of these parts of the molecule.
The locations of the helices are indicated by the configuration of the amino acids in
the model and a white helix superimposed on the primary structure. Furthermore,
disulfide bonds are indicated by a yellow line, and the primary structure is bent to
form double loops.
It is important to note that the N-form corresponds to the shape at the IEP. In this
compact shape the two parts of the heart-like shape are held together by electrostatic
attraction of oppositely charged amino acids and hydrophobic interactions [148, 149].
Hydrophobic amino acids and the charges of hydrophilic amino acids at the interface
of the two parts of the heart-like shape are illustrated in Figure 6.2. A more detailed
examination reveals the presence of hydrophobic interactions and the electrostatic
attraction between oppositely charged amino acids, as illustrated on the right part of
Figure 6.2.
The charge of the amino acids depends on the pH of the solution. When lowering
the pH below the IEP of BSA, some of the previously negatively charged amino acids
become neutral or positively charged. The exact charge changes depend on whether
the pH is lower than the IEP of the amino acid. In BSA, the overall number of
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Figure 6.1.: Model of domain III including charge and hydrophobicity of the amino
acids, disulfide bonds, and helices. The dashed line at the top implies the
connection to domain II.
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Figure 6.2.: Electrostatic interactions (highlighted by yellow ellipses) of amino acids
at the interface of the two parts of the heart-like globular shape of BSA.

positively charged amino acids increases, which implies a stronger repulsive interaction
within the protein conformation. As a consequence, the BSA molecule unfolds between
domain II and domain III [65, 148–150].

The resulting conformation is called Fast (F) form and occurs at pH values below pH
4 [149]/ pH 4.5 [79]. The charge changes and unfolding of the N-form into the F-form
of BSA was confirmed by Baler et al. [150] using molecular dynamics simulations.
The simulation indicates the change from a total net charge of -9 at pH 7.4 to a
highly positively net charge of +100 at pH 3.5. This publication provides an excellent
illustration of the opening of the heart-like shape between domain II and domain
III. At even lower pH values, the shape of BSA continues to expand, reaching the
Expanded (E) form below pH 3.5 [149]. These conformational changes are associated
with a loss of helical content.

When increasing the pH to alkaline conditions, some of the positively charged amino
acids become neutral or negatively charged (depending on the IEP of the amino acid).
This leads to more negative charges in the protein, which repel each other and cause
a conformational change. As a result, the volume of the BSA molecule increases and
there is a loss of helical content. The Basic (B) form is typically found between pH 7
and pH 9 [65] / above pH 8 [149].

Figure 6.3 illustrates the relevant unfolding of domain III without disulfide bond
disruption. Possible sites where the molecule can unfold under these constraints are
marked with gray arrows. As the molecule unfolds, it becomes more flexible. In
addition, otherwise hidden hydrophobic parts can be exposed. For these reasons, the
protein gains more possibilities to arrange itself at the air-water interface, as illustrated
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in Figure 6.4.

Figure 6.3.: Unfolding of domain III under the restriction that disulfide bonds stay
intact. Spots of unfolding are marked with gray arrows. Left: domain III
in globular shape, right: domain III in unfolded form.

Figure 6.4.: Resulting arrangement at the air-water interface of domain III in globular
shape (left) and unfolded shape (right).

6.2.2. BSA at air-water interfaces: Structure and function

Since proteins align along air-water interfaces according to hydrophilic and hydropho-
bic regions, the exact structure of the protein has a major influence on the stability
of the foam. Not only the hydrophobicity of the proteins but also their flexibility play
a key role in foam formation and stability [32, 387].

Furthermore, a multilayer of surface-active proteins provides higher foam stability
than a monolayer. However, multilayer formation depends on the interaction of the
proteins with each other, where the charge of the protein is particularly important. En-
gelhardt et al. [42] have reported that at the IEP of BSA solutions, multilayers of
proteins form at an air-water interface, whereas at both alkaline and acidic pH, mono-
layers of proteins are found at the air-water interface.
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In order to develop a descriptive model of this multilayer arrangement of several pro-
teins at the air-water interface, energetically favorable interactions of BSA in its glob-
ular form with each other are considered. To do this, the charge and hydrophobicity
of the amino acids on the protein surface are taken into account. The corresponding
arrangement of two BSAs is shown in Figure 6.5.

Figure 6.5.: Electrostatic and hydrophobic interactions of two BSAs and resulting en-
ergetically favorable arrangement by matching oppositely charged regions
and hydrophobic interactions simultaneously.

In the N-form, the majority of surface amino acids are hydrophilic, which ensures
water solubility. These hydrophilic amino acids can carry an electrical charge. [388]
An examination of the charges on the surface amino acids reveals the presence of both
positively and negatively charged amino acids. These amino acids not only interact
with water, but can also interact with surface amino acids of other BSAs if they come
into close proximity. At the IEP, when the total charge of the molecule is zero, two
BSA can come into close proximity, and charged surface amino acids can interact
locally. The oppositely charged amino acids of two BSAs attract each other. One
potential example of electrostatic interaction is illustrated in Figure 6.5 on the left.

As mentioned earlier, the thermodynamic properties of the amino acids require the
protein to arrange itself at the interface. A closer look at the conformation of the BSA
protein at different pH values allows a better understanding of the interfacial properties
and foam stability. In particular, in domain III there is a part with several hydrophobic
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(a) (b) (c)

Figure 6.6.: Arrangement of BSA molecules at the air-water interface at different pH
conditions: (a) Acidic environment, (b) IEP and (c) alkaline environment.

amino acids. In a foam, this part is likely to be exposed to the hydrophobic air [139,
141], turning BSA into a surface-active molecule [140, 389]. However, in the case of
multilayer formation, there are more opportunities to hide hydrophobic parts of the
protein from contact with water. This is because there are several parts of the BSA
surface with hydrophobic amino acids. A possible arrangement of the hydrophobic
interaction between two BSA molecules is shown in Figure 6.5 on the right.

Figure 6.6 shows a model of the arrangement of a number of BSA molecules at the
air-water interface at an acidic pH, at the IEP and in an alkaline environment.

In acidic environments, BSA unfolds into the F-form and expands into the E-form
[65]. The protein becomes more flexible and finds more possibilities to arrange its
hydrophilic and hydrophobic amino acids at the air-water interface. However, due to
the overall positive charge at acidic pH values below the IEP, BSA molecules repel
each other. Therefore, some proteins are pushed into the liquid and contribute no
longer to the surface activity. Consequently, a monolayer of BSA is formed around
the air bubble. Figure 6.6a shows a model for such an arrangement.

As mentioned already, BSA proteins are shaped in the N-form at their IEP. Because
of their neutral net charge, several BSA proteins interact with each other to form a
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multilayer on the surface of the bubble, as local charges and hydrophobic interactions
allow stacking, as shown in Figure 6.5. A model of the layers around bubbles in this
arrangement is shown in Figure 6.6b.

An increase in pH above the IEP results in more negatively charged amino acids and
a net negative charge on the BSA molecule. The negatively charged amino acids repel
each other and cause the volume of a BSA molecule to increase, resulting in the B-
form of BSA. The overall negative charge causes repulsion between the proteins. A
monolayer is formed at the air-water interface, as shown in Figure 6.6c.

The multilayers surrounding the air bubbles are more resilient than the monolayers.
Consequently, the interfacial film of BSA at the IEP is capable of stabilizing the bub-
bles in a superior way, thereby significantly reducing the coalescence rate and drainage.
In addition, the formation of aggregates inside the lamellae can block drainage [390].
This results in an increased foam stability at the IEP compared to foams at high or
low pH as reported by Engelhardt et al. [42], Zawala et al. [89] and Kim et al. [40].

6.3. Materials and methods

6.3.1. Sample preparation

BSA (A7030, heat shock fraction, protease free, fatty acid free, essentially globulin
free, pH 7, ≥ 98 %) was purchased from Sigma-Aldrich (Saint Louis, MO, USA) and
was used as-received. If not indicated differently, solutions of 4 wt% BSA in ultrapure
water (18.2 MΩ cm) were prepared. This protein concentration was chosen, because
whipping requires a protein concentration of 3 % to 40 % [35] and because it resulted
in smooth foams.

The pH was adjusted by adding either HCl or NaOH and pH values were mea-
sured with a SevenExcellence pH meter S400 with pH electrode InLab Micro Pro-ISM
(Mettler-Toledo International Inc., Greifensee, Switzerland). Typical examples show-
ing the pH range of food products are natural lemon juice (pH 2.39 reported by Yapo
[391]) and albumen of henn eggs (Silversides et al. report pH values between 7.78 and
9.26 [392]). Based on these literature values and on the determination of the IEP,
measurements were performed for BSA solutions at pH 3 (acidic), pH 5.1 (IEP), pH
7 (neutral) and pH 9 (basic).

6.3.2. Determination of the isoelectric point

To determine the isoelectric point (IEP) of BSA, the zeta potential of BSA solutions
at pH 3, 4, 5, 6, 7, 8 and 9 was measured using a Malvern Zetasizer Nano-Z (Malvern
Panalytical GmbH, Kassel, Germany).

For each of the pH values three identical samples were prepared and for every sample
the zeta potential was measured five times. All measurements were performed at
a temperature of 25 ◦C. Afterwards, mean values and standard deviations of the
measured zeta potentials were calculated and plotted against pH. From the plot the
point of zero zeta potential, i. e. the isoelectric point, was determined.
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6.3.3. Measurement of solution viscosity

Solutions of concentrations of 0.1 wt% BSA and 4 wt% BSA at pH values of 3, 5.1, 7,
and 9, respectively, were prepared as described in 6.3.1. For each concentration and
each pH value three identical samples were prepared. The viscosity of each sample was
measured at a temperature of 25 ◦C using a Lovis 2000 M microviscometer from Anton
Paar (Anton Paar GmbH, Graz, Austria). These measurements were performed by a
trained service technician inhouse.

6.3.4. Dynamic light scattering

Light scattering measurements have been performed on an ALV spectrometer con-
sisting of a goniometer and an ALV-5004 multiple-tau full-digital correlator with
320 channels (ALV-Laser Vertriebsgesellschaft mbH, Langen, Germany), which al-
lows measurements over an angular range of 30◦ to 150◦. A He-Ne laser (wavelength
of 632.8 nm) is used as the light source. For temperature controlled measurements,
the light scattering instrument is equipped with a thermostat from Julabo (JULABO
GmbH, Seelbach, Germany). Measurements were performed in triplicate at 20 ◦C at
9 angles ranging from 30◦ to 150◦. DLS measurements were performed by a trained
service technician inhouse. The raw data contains the lag time and the correlation,
which contains the information about the intensity fluctuations. For analysis, a CON-
TIN fit [265–267] (regularized fit) was performed using the ALV-correlator software
(version V.3.0.2.5) to fit the autocorrelation function and extract the hydrodynamic
radii. As a result, the intensity over radius is obtained. The location of the peak
represents the hydrodynamic radius of the particles and the width of the peak is a
measure for the polydispersity. The (main) peak of the hydrodynamic radius was
fitted with a logarithmic normal distribution using the programming language Python
(Python Software Foundation, version 3.8.8). This procedure was performed for each
angle. By plotting the obtained hydrodynamic radii over the angles and fitting with
a linear function the hydrodynamic radius at 0◦ was extrapolated.

6.3.5. Foam formation

For foam formation a T 25 easy clean control ULTRA-TURRAX (IKA-Werke GmbH &
Co. KG, Staufen, Germany) equipped with dispersion tool S 25 N - 10 G was used. 2 g
of protein solution were dispersed at a speed of 20 000 rpm for 1 min. The glass vessel
used for foaming the protein solution was a custom-built glass cylinder with overflow
protection in the upper part as shown in Figure 6.7 (a). The inner diameter of the
glass cylinder was 13.6 mm, the height of the cylinder without overflow protection was
65 mm and the total height of the glass vessel was 90 mm.

6.3.6. Foam stability and drainage

After preparing and foaming the protein solution, the glass vessel with the foam was
placed in front of a LED Slimlite plano luminous plate (Kaiser Fototechnik, Buchen,
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(a) (b) (c)

Figure 6.7.: (a) Glass vessel for foam formation. (b) Foam initially after foam forma-
tion. (c) Foam and liquid drainage after 30 min.

Germany), so that images could be taken of foams illuminated in transmission. A
Canon EOS 7D camera with objective Canon Macro Lens EF 100mm 1:2.8 L IS USM
and a Canon TC-80N36D remote release with timer function (Canon Inc. Headquar-
ters, Tokyo, Japan) were used to take photos every 1 min for 30 min. Foam heights
and liquid heights were measured from the images using ImageJ software (ImageJ
1.53v / Java 1.8.0 172 (64bit)). The foam height in the middle of the glass vessel is
lower than at the outside. To find the bottom of the meniscus, the foam height was
read where more light was transmitted by the foam. The measurement procedure was
repeated for three identical samples and means were calculated. To provide uncer-
tainties, standard deviations and a reading error of 2 mm for foam heights or 0.5 mm
for liquid heights were combined.

An established method to characterize the stability of a foam is to measure the foam
height immediately after foaming and after a certain time. The foam stability sf is
then calculated as follows [42, 44–48, 137]:

sf =
Vf,t
Vf,0

(6.1)

where Vf,t is the foam volume at time t and Vf,0 is the foam volume at t = 0. Typical
time intervals used are 5 min [42], 30 min [44–47] and 60 min [48]. Since the diameter
of the glass vessel stayed constant, here the foam height is used instead of the foam
volume to characterize the foam stability:

sf =
hf,t
hf,0

(6.2)

where hf,t is the mean height of the foam at time t and hf,0 is the mean height of
the foam at t = 0. This method to characterize foam stability was applied for better
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comparison with literature. t = 5 min was chosen as described by Engelhardt et al.
[42]. Additionally, the foam stability was calculated for t = 30 min.

For a more detailed investigation of the foam stability, the temporal evolution of foam
height and drainage was monitored over 30 min in 1 min intervals as described above.
The measured heights were plotted on logarithmic and double logarithmic scales. For
the foam heights, fitting with a linear function could be applied to the data plotted
on double logarithmic scale. Therefore, foam heights on linear scales were fitted with
power laws.

6.3.7. Bubble size

Samples were prepared and foamed as described in 6.3.1 and 6.3.5. Immediately
after preparation 0.01 g of foam were transferred to a microscope slide using a mi-
crospoon and then covered with a cover slip. Three little pieces of teflon film with a
thickness of 50 µm served as spacer between microscope slide and cover slip. Bright
field light microscopy was performed in transmission using a Leica MS5 stereomicro-
scope (Leica Microsystems GmbH, Wetzlar, Germany) with 1.6-fold magnification.
Microscope images were taken every 1 min for 30 min. Microscopy was performed for
three identical samples. The obtained images were pre-processed in Python by ap-
plying gaussian blur filter (cv2.GaussianBlur, cv2 version 4.6.0), image subtraction
(cv2.subtract (2 times)), kuwahara filter (pykuwahara 0.3.2), background subtraction
(skimage.restoration.rolling ball, skimage.restoration.ellipsoid kernel, skimage version
0.18.1) and contrast enhancement (PIL.ImageEnhance.Contrast, PIL version 8.2.0).
Subsequently, the images were segmented using Cellpose [299, 300] and the obtained
masks were analyzed in Python. The temporal evolution of the mean equivalent bub-
ble diameter and the mean bubble circularity were analyzed. Further information
about this method are provided in Section 3.6.

6.4. Results and discussion

6.4.1. Isoelectric point

Figure 6.8 shows the measured zeta potentials of BSA solutions at different pH val-
ues. From the plot the isoelectric point (IEP) was determined as the point of zero
zeta potential. This approach resulted in an IEP of 5.1, which is in agreement with
literature values. Reported values for the IEP of BSA solutions are in the range of
pH 4.2 to pH 5.5 [42, 83, 151–155].

6.4.2. Macroscopic foam stability – comparison with literature

Figure 6.9a displays the measured foam stabilities for solution concentrations of 4 wt%
BSA at pH 3, 5.1, 7 and 9 calculated with equation 6.2. Foam stabilities were cal-
culated for t = 5 min (filled circles) as described by Engelhardt et al. [42]. The foam
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Figure 6.8.: Zeta potential of BSA solutions at different pH for determination of the
IEP. Lines are a guide to the eye.

(a) This study. (b) Determined by Engelhardt et al.
Reprinted with permission from [42].
Copyright 2012 American Chemical So-
ciety.

Figure 6.9.: Macroscopic stability of BSA-stabilized foams at varying pH.
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stability is slightly enhanced at low pH compared to higher pH values. However, the
foam stabilities at the different pH values differ only by about 10 % from one another.

Additionally, the foam stability was calculated by using the foam height after 30 min
and relating it to the initial foam height (black diamond shape filled with color). This
time range has been used in other publications for the calculation of the foam stability
[44–47]. Here, the foam stability is slightly enhanced at the IEP and therefore the
foam stabilities follow the expected trend of a most stable foam at the IEP. However,
also the values obtained in this case show only small pH-dependent variations in the
range of about 10 %.

In any case, the observed pH-dependence of the foam stability is considerably less
pronounced than that described in the literature [40, 42, 89]. For comparison Figure
6.9b shows the result of Engelhardt et al. [42], where the foam stabilities vary by
about 50 % and show a strong pH-dependence. It can thus be surmised that addi-
tional interactions must play a role. In order to gain further insight, the bulk was
characterized by measuring the hydrodynamic radius of the molecules / aggregates in
solution as well as the dynamic viscosity of the solution.

6.4.3. Dynamic light scattering

The hydrodynamic radii of polymers in solution or particles in suspension can be
determined from dynamic light scattering experiments. The hydrodynamic radius,
designated as Rh, is distributed according to a log-normal probability distribution.
The median µ∗ and the mode mmode of this distribution were determined as shown in
Figure 6.10. As can be seen from the figure, the hydrodynamic radius is about 6 to 9
times larger at the IEP than at the other pH values (depending on whether median or
mode are considered). This indicates that the BSA molecules are aggregated at the
IEP. Aggregates typically exhibit a more extensive size distribution (greater polydis-
persity) than that observed for single molecules, due to the potential for variation in
the number of molecules present within the aggregate. As a measure for the width
of the distribution the interval of confidence [µ∗/σ∗, µ∗ · σ∗] is used, which is shown
by the colored error bars in Figure 6.10. This interval is significantly larger at the
IEP than at lower or higher pH values, which underlines the assumption of aggregate
formation at the IEP. More information about the extraction of the presented quan-
tities are provided in Appendix D.9. Given the zero net charge of the proteins at the
IEP and the possibilities for interactions between two BSA molecules (cf. Figure 6.5)
it can be concluded that aggregates are formed at the IEP in the bulk. Engelhardt
et al. [42] have reported multilayer formation at the air-water interface for BSA at
its IEP. These findings lead to the assumption that the molecules attract each other
and a multilayer formation as discussed in Section 6.2 is likely. At pH values lower
or higher than the IEP the measured hydrodynamic radii are much smaller and the
interval of confidence is quite narrow. Therefore, it can be concluded that monomers
are present at low or high pH. As discussed in Section 6.2, BSA carries a net charge
at pH values different from the IEP and therefore these molecules repel each other.
For these reasons, monolayer formation is expected at the air-water interface as was
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Figure 6.10.: Hydrodynamic radius Rh of BSA at different pH. Colored circles show
the median µ̄∗ and black circles the mode m̄mode. The large error bars
signify the interval of confidence (68.3 %).

also reported by Engelhardt et al. [42].

6.4.4. Solution viscosity

In light of the crucial role played by solution viscosity in the context of liquid foams, it
is evident that this parameter exerts a profound influence on the flow behavior of the
liquid phase, which in turn affects the mobility and rising of bubbles, the coalescence,
and the drainage of liquid from the foam. These processes affect the stability of the
foam. [90, 107, 210, 238, 239, 390]

The dynamic viscosities of solutions at concentrations of 0.1 wt% BSA and 4 wt%
BSA, respectively, at pH 3, pH 5.1, pH 7, and pH 9 are displayed in Figure 6.11. For
all pH values the dynamic viscosities of samples of 4 wt% BSA are higher than the
dynamic viscosities of samples of 0.1 wt% BSA. It is also noteworthy that the dynamic
viscosity of the solution in question is subject to alteration in accordance with the pH
level. At pH 3, the highest dynamic viscosity is recorded. Conversely, the lowest
dynamic viscosity is observed at the IEP. At pH levels above the IEP, the dynamic
viscosity increases as the pH of the solution rises. This effect, although present at
both concentrations, is much more pronounced at 4 wt% BSA.

Since the charge of the BSA molecule changes with varying pH, the behavior of the
viscosity at different pH values can be explained by electroviscous effects [91, 236],
which are caused by electrical charges on the molecule surface. The diffuse double layer
of charges around the molecule causes a resistance to the flow of the liquid (primary
effect). Furthermore, the intermolecular repulsion between double layers (secondary
effect) and interparticle repulsions which affect the shape of the molecule (tertiary
effect) contribute to the flow resistance.[91] The additional flow resistance caused by
the electroviscous effect increases the viscosity.
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Because of the molecular net charge of BSA, the viscosity of the solution increases
at pH values different from the IEP [233]. When considering how the viscosity rises
from the IEP to pH 7 to pH 9, the charge dependence of the dynamic viscosity is
effectively demonstrated by the measurement. Furthermore, also the volume increase
of the BSA molecule when undergoing conformational changes at low or high pH values
contributes to an increase in solution viscosity [65, 236] (see also Subsection 2.4.2).
Unfortunately, the crystal structure for high pH was not reported in the literature.
However, the significant viscosity differences suggest that the conformation of BSA
at high pH has a less extended shape than the E-form at low pH. In addition, the
absolute value of the zeta potential is slightly larger at pH 3 than at pH 9 (cf. Figure
6.8), which denotes a higher absolute value of the net charge at pH 3 than at high pH
and explains, together with size differences for different conformations, the viscosity
differences between pH 3 on the one hand and pH 7 and 9 on the other hand.

Figure 6.11.: pH-dependent viscosity of BSA solutions at concentrations of 0.1 wt%
BSA and 4 wt% BSA. Lines are a guide to the eye.

This finding is in accordance with literature, since Yadav et al. [91] found the same
course of the pH-dependency for the relative viscosity of BSA solutions with a con-
centration of 40 g L−1 (which is about the same concentration as used in the current
study).

6.4.5. Foam height

To investigate the foam stability in more detail the temporal evolution of the foam
height was monitored. In order to ascertain the formula that best describes the decay
of the foam, the measured data was plotted in both logarithmic and double logarithmic
forms. An exponential decay function can be represented by a linear function, if the
ordinate is plotted logarithmically. Conversely, a power law decay is represented by
a linear function, if both the ordinate and abscissa are plotted logarithmically. For
this reason, decadic logarithms of the measured heights and the time were calculated
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and plotted. Afterwards, the data in double logarithmic plots was fitted with a linear
function

y = mx+ n (6.3)

where m is the slope of the linear function and n is the intersection with the y-axis.
Furthermore, y = log10

(
hf/mm

)
represents the decadic logarithm of the foam height

and x = log10
(
t′/min

)
represents the decadic logarithm of the time t′ = t + 1 min.

Figure 6.12 shows the logarithmic as well as double logarithmic representation of
the measured foam height over time for foams with 4 wt% BSA at different pH. The
diagrams show that the measurement data is better represented by a linear fit in
double logarithmic representation, which suggests a power law decay of the foam.

For pH 7 and 9, a slight inflection is observed after about 5 min. This inflection may
be attributed to a general pattern of short- and long-term behavior. At the beginning,
the foam is still wet, the lamellae are still of considerable thickness, and liquid drains
at a faster rate from the foam. This results in a faster reduction of the foam height
(a steeper slope). This effect is more pronounced at pH 7 and 9, because on the one
hand the liquid has a lower dynamic viscosity in these cases than at pH 3 and on the
other hand the interface is stabilized by a protein monolayer instead of the multilayer
formed at pH 5.1.

The first value deviates most from the linear fit. This value might contain a higher
uncertainty, since the foam is denser at the beginning and therefore appears darker.
Furthermore, at the first data point a small amount of foam might still flow down from
the walls of the glass vessel, which would mean that the first value should actually be
higher than measured. However, at later times the meniscus is lower and the foam
becomes less dense, which makes reading the meniscus more difficult and therefore also
influences the accuracy of foam height determination. To enhance the accuracy of the
measurements, these could be repeated with a considerably larger sample volume (if
available) in a wider vessel and with a brighter light source.

Additionally, foam heights were plotted in a linear plot. To minimize the errors on the
fit parameters the normalized foam height hf,t′/hf,0 was plotted over time, where hf,t′

is the foam height at time t′ and hf,0 is the foam height at time t = 0 (t′ = 1 min). In
this case the measured data can be fitted by a power law function with only one fit
parameter which is the exponent c

hf,t′

hf,0
= t′−c (6.4)

where t′ is the time shifted by 1 min (t′ = t+ 1 min).

Figure 6.13 shows the normalized foam heights of BSA foams at pH 3, pH 5.1, pH 7
and pH 9. Only small differences in the normalized foam heights are observed. The
foam at the IEP retains the highest normalized height after 30 min which indicates a
slightly higher foam stability at the isoelectric point. This behavior is also reflected
in the decay constant c. At pH 5.1 it is with cpH5.1 = 0.151 ± 0.002 lower, whereas
the decay constants at pH 3, pH 7 and pH 9 vary between 0.173 and 0.185.

The enhanced foam stability at the IEP is strongly associated with the molecular
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(a) pH 3 (b) pH 3

(c) pH 5.1 (IEP) (d) pH 5.1 (IEP)

(e) pH 7 (f) pH 7

(g) pH 9 (h) pH 9

Figure 6.12.: Logarithmic (left) and double logarithmic (right) representation of the
foam height over time of BSA-stabilized foams (4 wt%) at different pH.
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(a) Normalized foam height.

pH c

3 0.173± 0.002

5.1 0.151± 0.002

7 0.183± 0.002

9 0.185± 0.003

(b) Fit parameters.

Figure 6.13.: Normalized foam height over time for BSA foams at pH 3, pH 5.1, pH 7
and pH 9.

arrangement of BSA at the air-water interfaces. At the IEP, multilayers are formed,
which stabilize the interfaces leading to more stable foams, especially at longer times.
On the other hand, also the viscosity influences the foam stability [390]. Since the
dynamic viscosity at low and high pH values is enhanced due to electroviscous effects,
these foams show only slightly lower normalized foam heights. At pH 3, the highest
dynamic viscosity is found and the decay constant is higher than at the IEP but lower
than at high pH. At pH 7 and 9, the dynamic viscosity is lower than at pH 3 (but
higher than at the IEP) and the decay constants are larger than at pH 3 and 5.1,
which means that the foams at high pH are less stable. While the viscosity increase
significantly affects the foam stability at low and high pH, also under these conditions
the molecular arrangement at the interface plays a central role in stabilizing the foam:
although the solution viscosity at pH 9 is higher than at pH 7, the decay constants
of the foam height are similar. The magnitude of the protein net charge is lower for
BSA molecules at pH 7, which allows for a closer arrangement at the interface and an
increased interfacial stability in comparison to that at pH 9. This demonstrates that
regarding foam stability the different conformation and interfacial arrangement at pH
7 compensates for its lower dynamic viscosity in comparison to pH 9.

The foam ability or foaming capacity (shown in Figure 6.14) is given by the foam
height at t = 0, immediately after foam formation [17, 42]. This value is slightly lower
for foams at pH 5.1 than at higher or lower pH. The foaming capacity is dependent
on the molecular properties of the protein such as its size, structure and charge [119].
The more flexible BSA conformations present at either a high or a low pH are capable
of migrating and arranging themselves at the air-water interface with greater alacrity.
This enables them to reduce the surface tension faster, thereby enhancing the foaming

153



6. Influence of the pH value on BSA-stabilized foams

capacity [393]. Higher viscosities on the other hand, yield smaller bubbles, where less

Figure 6.14.: Foaming capacity of BSA solutions at different pH.

air is incorporated in the foam [383–385]. This leads to a slightly lower foaming
capacity at pH 3 than at pH 7 and pH 9.

6.4.6. Drainage

In examining the process of foam deterioration, consideration must be given not only
to the change in foam height, but also to the amount of liquid drained from the foam
[394]. The liquid drains through the Plateau borders due to gravity and capillary
suction, which has significant influence on the foam stability [32, 112]. Proteins,
which are not arranged at the bubble surfaces, flow with the draining liquid to the
bottom, thereby decreasing the number of proteins available in the foam.

Figure 6.15 shows the temporal evolution of the liquid heights of the BSA foams at
varying pH values. The liquid height rises over time as more and more liquid drains
from the foam due to gravity. In the first about 5 min the rate of drainage is much
higher than later on for all investigated foams. Two drainage regimes with a fast
drainage in the beginning of their measurements and a slower drainage in the later
course were also observed by Lamolinairie et al. [23], though for foams stabilized by
surfactants. Directly after foam formation, the foams contain a high liquid content.
These wet foams show thick lamellae. In this state, the drainage depends mostly on
the solution viscosity and is therefore initially lowest for the foams at pH 3, where the
bulk viscosity is highest.

Overall, the foams at pH 7 and pH 9 show an increased drainage as compared to foams
at pH 3 and pH 5.1. In addition, more liquid drains from the foams at pH 7 than from
the foams at pH 9 initially. The disparate liquid heights observed at pH values of 3,
7, and 9 can be attributed to the varying viscosities. The elevated viscosity at pH 3
results in reduced drainage. The lower viscosity observed at pH 9 results in enhanced
drainage, while the even lower viscosity at pH 7 gives rise to significantly elevated
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drainage.
At early times, the drainage of the foams at pH 5.1 is higher than that of the foams at
pH 3. However, from about 6 min, these show almost identical liquid heights. At later
times, there is less liquid in the foam. Consequently, the lamellae are thinner and the
interfacial molecular arrangement, which is more resilient at the IEP, becomes more
important. Proteins arranged at the bubble surfaces retain liquid in the foam, because
proteins are able to bind water [395, 396]. For this reason, the formation of BSA
multilayers not only increases the stability of the interfacial films, but also contributes
to a lower drainage. This effect is relevant for the foam at the IEP especially at later
times.

Figure 6.15.: Temporal evolution of the drainage (liquid height hl,t) for BSA foams at
pH 3, pH 5.1, pH 7 and pH 9.

6.4.7. Height of liquid in foam and height of gas in foam

The height of liquid in foam hlif can be calculated from the height of liquid before
foam formation hb and the liquid height hl (height of the liquid that is already drained)
by

hlif = hb − hl (6.5)

The temporal evolution of the height of liquid in foam is shown in Figure 6.16.
The height of liquid in foam decreases with time as liquid drains from the foam. The
decay follows a power law. The exponent c is lowest for foams at pH 5.1 for BSA,
which means that the foams at the IEP retain more liquid than at different pH values.
This observation is in agreement with the discussion above about the drainage. Upon
multilayer formation at the IEP, the foam remains wetter, because more proteins
remain in the foam and these attract and bind water molecules at their hydrophilic
parts. The exponents of the power law decay are highest for foams at pH 7, followed
by pH 9 and then pH 3. It can be concluded that the drainage of the solution is
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(a) Normalized height of liquid in foam.

pH c

3 0.443± 0.005

5.1 0.415± 0.001

7 0.655± 0.007

9 0.542± 0.006

(b) Fit parameters.

Figure 6.16.: Normalized height of liquid in foam over time for BSA foams at pH 3,
pH 5.1, pH 7 and pH 9.

dependent on the viscosity of the solution, which is highest for a pH of 3 and lowest
for a pH of 7.

Additionally, the height of gas in foam hgif can be determined from the foam height
hf and the height of liquid in foam hlif by

hgif = hf − hlif (6.6)

The temporal evolution of the height of gas in foam is shown in Figure 6.17.

The capacity of the foam to incorporate gas is reflected in the initial height of gas in
foam. It depends on several factors such as the solution viscosity, the protein structure
and its diffusion rate to the interface, the protein film structure, elasticity and surface
tension [13, 14, 384, 385]. This value is highest at pH 7 followed by pH 9. The foams
at pH 3 and 5.1 show almost identical initial heights of gas in foam. For the foams
different than the IEP this means, that solutions with higher viscosity can incorporate
less air than solutions with lower viscosity. Indeed, a higher solution viscosity leads to
smaller bubble sizes during foam formation and less incorporated air as was reported
by De Preval et al. [383] and by Politova et al. [384]. The elongated BSA conformations
at these pH values are more flexible and stabilize the interface faster but not as efficient
on the long term as at the IEP. At the IEP however, the compact BSA globules are
not as flexible and therefore do not stabilize the air-water interfaces as efficient during
foam formation. The high shear forces during foam formation impede multilayer
formation. As a result, less air is initially incorporated in the foam. This observation
is in agreement with the observed lower initial foam height. The temporal evolution
of the height of the gas in foam represents the capacity of the foam to retain gas in
the foam. Once the multilayer has been formed, the interfacial arrangement of BSA
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Figure 6.17.: Height of gas in foam over time for BSA foams at pH 3, pH 5.1, pH 7
and pH 9.

in foams at the IEP becomes more stable, which results in reduced bubble coarsening
and a lower rate of air escape from the foam. This is reflected in the more constant
height of gas in foam at the IEP.

6.4.8. Bubble size

On mesoscopic scales, foams are determined by their structure of air bubbles and liquid
lamellae. Figure 6.18 shows microscope images of BSA-stabilized foams at varying
pH. These microscope images demonstrate, that the BSA-stabilized foams at the IEP
start with larger bubbles and show a more homogeneous bubble size distribution.
Furthermore, the bubble shape is more polyhedral and starts earlier to be polyhedral
than in case of the other foams. The lamellae between the bubbles are thicker at the
IEP over the whole measurement range. The formation of protein multilayers at the
air-water interfaces keeps the lamellae wet and stabilizes the bubbles.

The growth of the mean bubble diameter is a relevant measure of foam stability [25, 34,
55]. To gain inside into the foam stability at a mesoscopic level, bubble size growth
over time was studied. Figure 6.19 shows the logarithmic and double logarithmic
representation of the temporal evolution of the bubble size data. This data follows a
linear trend on double logarithmic scales. A power law increase of the mean bubble size
has also been reported for SDS (sodium dodecyl sulfate), soap and shaving foams [397–
399]. Indeed, the BSA foam data is best represented by two linear fits, which means
that a short-term and a long-term behavior is observed. The first term is defined by
the first approximately 5 min. The short- and long-term behavior is more pronounced
for the foams at pH 3, 7 and 9 than at the IEP. In the early time regime, the foams
at pH 3 and 5.1 show similar slopes ((0.300±0.006) and (0.299±0.002)), whereas the
slope at pH 9 is larger (0.352 ± 0.007) and for pH 7 even larger (0.403 ± 0.006). This
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(a) pH 3, 0 min. (b) pH 3, 10 min. (c) pH 3, 20 min. (d) pH 3, 30 min.

(e) pH 5.1, 0 min. (f) pH 5.1, 10 min. (g) pH 5.1, 20 min. (h) pH 5.1, 30 min.

(i) pH 7, 0 min. (j) pH 7, 10 min. (k) pH 7, 20 min. (l) pH 7, 30 min.

(m) pH 9, 0 min. (n) pH 9, 10 min. (o) pH 9, 20 min. (p) pH 9, 30 min.

Figure 6.18.: Microscope images of BSA-stabilized foams at pH 3 (first row), pH 5.1
(second row), pH 7 (third row) and pH 9 (last row). Time proceeds from
left to right.
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(a) pH 3 (b) pH 3

(c) pH 5.1 (IEP) (d) pH 5.1 (IEP)

(e) pH 7 (f) pH 7

(g) pH 9 (h) pH 9

Figure 6.19.: Logarithmic (left) and double logarithmic (right) representation of the
mean equivalent bubble diameter over time of BSA-stabilized foams
(4 wt%) at different pH.
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means that the foam with the highest dynamic solution viscosity (pH 3) has a similar
growth rate as the foam at the IEP. At a pH different than the IEP the bubbles grow
faster for lower dynamic viscosities. In the second time regime, the bubble growth is
slowest at the IEP and faster for pH 3, pH 7 and pH 9, which suggests that the foam
at pH 5.1 is the most stable foam on the long term.

Figure 6.20 shows the temporal evolution of the mean equivalent bubble diameter. In

(a) Mean equivalent bubble diameter.

pH a / µm c d0 / µm

3 15.6± 1.6 0.69± 0.07 65.3± 1.3

57.3± 14.8 0.48± 0.05 −19.8± 23.3

5.1 23.9± 1.0 0.72± 0.03 103.4± 0.9

129.5± 74.1 0.32± 0.10 −50.7± 93.5

7 22.6± 2.6 0.77± 0.08 71.0± 2.2

46.4± 6.8 0.61± 0.03 22.8± 13.2

9 19.9± 2.1 0.69± 0.07 67.6± 1.7

24.3± 3.5 0.78± 0.04 27.1± 9.4

(b) Fit parameters.

Figure 6.20.: Temporal evolution of the mean equivalent bubble diameter for BSA-
stabilized foams at pH 3, pH 5.1, pH 7 and pH 9. For each pH value the
first line provides the fit parameters for the early time regime and the
second line the fit parameters for the later time regime.

order to fit power laws to linear scales, an additional fit parameter, d0, was employed
for describing the initial bubble size. The data was fitted with two different power law
exponents for each pH. At pH 5.1 the initial bubble size is largest with about 100 µm.
In this case, the BSA conformation is less flexible and therefore has less options to
arrange at the air-water interfaces. Multilayer formation is suppressed during foam
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formation by the application of high shear rates. This leads to a less robust initial
arrangement and larger initial bubble sizes. Also, at this pH the dynamic viscosity
of the solution is lower, which supports the formation of larger bubbles during foam
formation. However, multilayer formation stabilizes the bubbles well on the long term
and therefore leads to a slower bubble growth, which is reflected in the lowest power
law exponent in the second fit (c = 0.32 ± 0.10).

The foams at pH 3, 7 and 9 start with significantly smaller bubble sizes of about 65 µm
to 70 µm. Initially and especially after 5 min the bubble size is largest at pH 7, followed
by pH 9 and smallest at pH 3. This means that the initial bubble size depends on
the dynamic viscosity of the solution and also that bubbles grow faster in foams with
lower solution viscosity. In this time regime the bubbles are still spherical (compare
microscope images in Figure 6.18) and the foams are still wet. In this case, the foam
stability is dominated by the drainage, which depends on the solution viscosity. In the
second time regime (t ≥ 6 min), the bubbles of foams at pH 7 and 9 grow faster than
those at pH 3. At pH 7 and 9 more liquid drained from the foam (cf. Figure 6.15).
Therefore, less proteins are available in the foam for providing interfacial stability. The
steeper slope at pH 9 compared to pH 7 in the second time regime can be explained
by the stronger net charge of the molecules, which complicates the arrangement at
the interface due to mutual repulsion. At later time scales the molecular arrangement
becomes more relevant, since less liquid is in the foam. The foam at pH 3 is still
wetter (cf. Figure 6.15) and therefore the high solution viscosity still contributes to
the foam stability more sognificantly. Furthermore, the viscosity also influences the
surface tension [400–403] and therefore the bubble stability. Overall, the foams at pH
3 retain the smallest bubble sizes over the whole measurement range, although the
power law exponent of the second time regime is higher at pH 3 than at pH 5.1. This
indicates that the bubbles in the foam at the IEP exhibit the slowest growth over time
in the second time regime, which suggests the formation of a more stable foam at the
IEP. This conclusion aligns with the findings of the previous investigation of the foam
height measurements (cf. Figure 6.13).

6.4.9. Circularity

Figure 6.21 shows the circularity of the investigated foams. The curve of the circu-
larity is least steep for the foams at the IEP and these foams start with significantly
lower circularity than the foams at higher or lower pH. This corresponds to the more
polyhedral shape and the fact that bubbles start to look polyhedral earlier in time,
as was observed in the microscope images shown in Figure 6.18. The foams at pH 5.1
showed larger bubbles from the beginning. In general, larger bubbles are more likely
to exhibit shapes that deviate from a sphere. The gradual decline in bubble circularity
over time indicates that the shape of the bubble remains relatively stable. At the IEP,
the air-water interfaces in the foam are well-stabilized by the protein multilayer. This
results in a reduction in shape changes over time.

At pH values that differ from the IEP, the initial bubble shape is spherical. Over
time, the highest circularity is found for foams at pH 3, which also exhibit a rounder
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Figure 6.21.: Temporal evolution of the mean circularity

shape in the microscope images. With decreasing viscosity the bubble shape becomes
increasingly non-spherical over time. In general, it can be stated that the interfa-
cial molecular configuration and the dynamic viscosity of the solution both exert an
influence on the evolution of the bubble shape.

6.5. Conclusions

Investigating the stability of BSA-stabilized foams with a concentration of 4 wt% at
varying pH revealed the presence of an additional mechanism, since these did not
show the strongly pH-dependent behavior to the same extent as expected on basis of
examinations described in literature [40, 42, 89]. Due to its pH-dependent conforma-
tional changes, a more effective arrangement of BSA is assumed at the IEP, where
the formation of multilayers has been reported [42]. Indeed, DLS data reveals the
formation of aggregates at the IEP, which supports the presence of multilayers. In
addition, the slower bubble size growth at a lower bubble circularity indicates an im-
proved molecular stabilization of the air bubbles in the foam at the IEP. Nevertheless,
foams at pH 3 demonstrate analogous drainage and diminutive bubble sizes. This can
be attributed to the markedly elevated dynamic viscosity observed in solutions at pH
3 in comparison to the IEP. The substantial viscosity of the liquid impedes drainage
and suppresses bubble growth, thereby reinforcing the stability of the foam.

At low protein concentrations comparable to those used by Engelhardt et al. [42],
Zawala et al. [89] and Kim et al. [40], the pH-dependent changes of the dynamic
viscosity are visible but their effects on foam stability are negligible compared to
the differences caused by the formation of multilayers (IEP) versus monolayers (high
and low pH). At such low BSA concentrations the foam stability is dominated by
conformational changes of BSA. At pH values different than the IEP, the molecules
become more flexible and exhibit a net charge, which leads to inter-protein repulsion.
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The surface tension is higher than at the IEP [56]. The less effective arrangement of
BSA molecules at the air-water interfaces results in a reduction of the stabilization
of the bubbles. At the IEP, the net charge of BSA is neutral and the formation of a
multilayer of proteins at the air-water interface stabilizes the bubbles in the foam.
At higher BSA concentrations, the influence of electroviscous effects increases and
reaches a significant contribution. The strong repulsion between charged BSA en-
hances the viscosity of the solution, which visibly influences the foam stability. Since
the dynamic solution viscosity is lowest at the IEP and increases at higher or lower
pH values, it influences the foam stability in an opposite way compared to the ef-
fects caused by conformational changes and molecular arrangements of BSA. For this
reason, the foam stability becomes less pH-dependent.
Two time regimes are observed: for the foam heights and even more clearly for the
temporal evolution of the mean equivalent bubble diameter. The early time regime is
dominated by the solution viscosity, since the foams are wet and the drainage is strong
(cf. Figure 6.15). At later times, molecular arrangements at the air-water interfaces
become more important and dominate the foam stability. The two time regimes seem
to be more pronounced for foams at a pH value different than the IEP. At later times,
the bubbles grow faster in foams at a pH value different from the IEP than at the
IEP. This suggests that the multilayer arrangement at the IEP is indeed more stable
and leads to an increased foam stability at the IEP.
The investigated model system effectively demonstrates that foam stability is a func-
tion of the interplay between protein interactions and their arrangement at the air-
water interface, as well as the dynamic viscosity of the solution. Although the dy-
namic viscosity is lowest at the IEP, the foams are still most stable, because the
efficient molecular multilayer arrangement stabilizes the interfaces well and impedes
coarsening. The resulting slower bubble size growth leads to a slower decay of the
foam.
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7. Systematic oat drink formulations and
their foam stability

This chapter explores an application of a protein-stabized foam in an everyday food
system: oat drink foam. Two master theses were involved in the topic: Jana Reeh
focused on developing a formulation of an organic barista oat drink [404], whereas
Antonia-Louisa Schlichting investigated the foam properties of this oat drink [405].
The project idea was developed and most measurements were performed by the
students, who were supervised by Prof. Thomas A. Vilgis and myself. The analysis
and visualization of the data presented here was performed by myself. In addition,
two articles published in industry journals originate from this project [406, 407].

Contributions
Judith Krom: Data curation, formal analysis, investigation, project administration,
software, supervision, visualization, writing - original draft, writing - review & editing.
Jana Reeh: Conceptualization, data curation, investigation, methodology, project
administration, validation. Antonia-Louisa Schlichting: Conceptualization, data
curation, investigation, methodology, project administration, validation. Thomas A.
Vilgis: Conceptualization, methodology, project administration, resources, supervi-
sion, writing - review & editing.

7.1. Introduction

In recent years, many consumers have become more aware of their ecological footprint
and this has increased the demand for plant-based foods and drinks. At the same time,
oat drink has become a popular milk alternative and consumption of oat beverages
is expected to continue to increase in the coming years [408]. From a sustainability
perspective, the regional cultivation of oats contributes to the trend-setting success
of oat drinks [409]. Lower climate impacts compared to cow’s milk also make dairy-
free alternatives attractive [410, 411]. In addition, oats contain a unique nutritional
composition of amino acids, fatty acids, vitamins and minerals as well as a high fiber
content and are suitable for most people with gluten-free diets [200, 201, 412–414].
This chapter aims for a more profound physical understanding of purely oat-based
pasteurized drinks. The physical function of proteins, starch, and other polymers like
β-glucans [415] define most of the textural and sensory properties [416]. Depending
on the variety, oats contain 9.70 - 17.30 % protein, 27.30 - 50.01 % starch, and about
13.66 - 30.17 % fiber [198]. Compared to other cereals, the fiber content in oats is
high and in particular it contains 2.70 - 3.50 % [198] / 3.9 - 5.7 % β-glucan [417]. In
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general, oats do not store enough fat (5.20 - 12.40 % [198]) to produce a fullbodied
mouthfeel comparable to that of cow’s milk when mixed with water. So it is beneficial,
if vegetable oils are added.
Technological aspects involve two main points: First, the oat drink requires pasteur-
ization to meet food safety standards, which leads to gelatinization of the starch [418]
and denaturation of some protein components [200, 419, 420]. Both of these provide
for a strong increase in viscosity. Second, soaking ground oats in water produces a
mucilaginous mouthfeel, mainly due to the presence of β-glucan and other non-starch
polysaccharides [421]. In addition to these structural aspects, plant-based drinks usu-
ally show a slightly bitter taste, are astringent and have, compared to cow’s milk, too
little sweetness.
Many popular coffee specialties such as cappuccino, latte macchiato or flat white
require a creamy, smooth and stable milk foam. A direct comparison of the foam
properties of plant-based drinks with those of cow’s milk shows that the foaming
capacity (initial foam volume) was lower for milk than for plant-based products (oat
and pea drink). However, the foams of the plant-based milk alternatives are less stable
and show more coarsening than milk foams. [2] Specially produced “oat drink barista
editions” convince with good foam properties. However, they often contain additives
such as acidity regulators, thickeners, or other emulsifying proteins (e.g. soy protein).
Macroscopic foam properties such as foaming capacity and foam stability are based on
the interfacial activity of the emulsifiers at the air-water interfaces and the viscosity
of the aqueous phase within the foam lamellae. In oats, mainly interfacially active
proteins are suitable emulsifiers, while starch and polysaccharides determine the vis-
cosity. Compared to proteins found in cow’s milk or in other cereals, nuts or legumes
such as soy, oat proteins show poorer foaming properties [422, 423]. The proteins in
oats consist of 50 - 80 % [200] / 70 - 80 % of globulins, 4 - 14 % of prolamins, 1 - 12 % of
albumins, and < 10 % of glutelins [201]. Predominant storage proteins are 12S globu-
lins [200]. Relevant for foamability are primarily albumins and avenins (prolamins in
oats), which may contribute to interfacial stability due to their structure [419].
The present study investigated how it is possible to formulate a purely oat-based
pasteurized beverage with acceptable foaming properties, adjusting the palatability
with canola oil. From a physical point of view, it is necessary to understand the
individual process steps on a macroscopic and molecular level.
Achieving these goals requires enzymatic treatments at several levels. α-amylase coun-
teracts starch gelatinization during pasteurization and thereby lowers the viscosity of
the oat drink, because it cleaves the α-1,4 glycosidic bonds of starch molecules [424].
Also Deswal et al. [416, 425] used α-amylase to liquefy oat starch and reduce viscosity
during heat treatment. In a second step, we used glucoamylase for further reduction
of the viscosity and saccharification of the oat starch leading to a certain sweetness
of the oat drink. Additionally to α-1,4 glycosidic bonds glucoamylase hydrolyzes also
the α-1,6 glycosidic bonds at the branching points of amylopectin [426]. Further-
more, the enzymatic treatment with β-glucanase, cellulase and pentosanase prevents
an unpleasant slimy mouthfeel triggered by water-soluble fibers β-glucan, cellulose
and pentosan. Also Patra et al. [427] used β-glucanase to lower the viscosity of oat
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drinks.

The second applied enzyme preparation contained also a protease. Proteases hydrolyze
peptide bonds in proteins [428]. Since oat proteins are the relevant surface-active
molecules in the regarded system, proteases significantly impact the foam properties.
Treatment with the protease trypsin reduces the foam stability, but may improve
foaming capacity [429, 430].

Furthermore, also heat treatment (pasteurization) may cause a denaturation of pro-
teins and therefore is considered in this regard. Moreover, the impact of the addition
of canola oil on foaming capacity and foam stability was investigated.

The described approach defines the roadmap of this chapter which is illustrated in
Figure 7.1.

Figure 7.1.: Visualization of the chapter outline.

Table 7.1 summarizes the abbreviations used in this chapter. Details of the sample
preparations are given in the following.

7.2. Materials and methods

7.2.1. Materials

Dehusked oats from Davert (Midsona Deutschland GmbH, Ascheberg, Germany) were
purchased from a local organic grocery store. These oats originate from German,
controlled organic cultivation. For all samples tap water (18-20 ◦dH, hardness range
“hard”, 3.21 mmol L−1 to 3.57 mmol L−1 calcium carbonate, 2.1 mg L−1 nitrate) was
used.

Three different enzyme preparations (C. Schliessmann Kellerei-Chemie GmbH &
Co.KG, Schwäbisch Hall, Germany) were applied. Enzyme preparation 1 (EP1) fa-
cilitates the liquefaction of the gelatinized starch and reduces the viscosity of the
sample significantly. According to the manufacturer, it was obtained from Bacillus
subtilis and contains an α-amylase, which is optimally effective at temperatures be-
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Abbreviation/ Explanation
Sample name

EP1 Enzyme preparation 1 (α-amylase)
EP2 Enzyme preparation 2 (glucoamylase, α-amylase, protease)
EP3 Enzyme preparation 3 (β-glucanase, cellulase, pentosanase)

S1 Treatment with EP1 only
S2 Treatment with EP1 and EP2
S3 Treatment with EP1, EP2, and EP3
S3Oi Treatment with EP1, EP2, and EP3, addition of canola oil and salt*

Pa Protease active
Pap Protease active, pasteurization
Pi Protease inactive
Pip Protease inactive, pasteurization*

Oi0 No addition of canola oil
Oi1 1 % canola oil
Oi2 2 % canola oil*
Oi3 3 % canola oil

*Standard sample

Table 7.1.: Abbreviations.

tween 65 ◦C and 75 ◦C. Enzyme preparation 2 (EP2) is derived from Aspergillus niger
and serves the enzymatic saccharification of the previously liquefied starch. It contains
glucoamylase, α-amylase, and proteases. The glucoamylase of microbial origin, which
dominates the enzymatic activity, is optimally effective at temperatures between 35 ◦C
and 55 ◦C. Enzyme preparation 3 (EP3) counteracts the formation of mucilage caused
by heating due to the high fiber content in oats. It contains β-glucanase, hemicellu-
lases and pentosanases from Trichoderma ssp. as its main enzymatic activity as well
as xylanase and arabanase acting as secondary activity. EP3 acts most effectively at a
temperature range of 40 ◦C to 70 ◦C. The concentrations of each enzyme preparation
used in the investigations were selected on the basis of preliminary tests and were
guided by the manufacturer’s specifications.

In the end, Rapso gently pressed canola oil (VOG AG, Linz, Austria) and Ernte-
segen natural untreated rock salt without anti-caking agent or iodine addition (Hügli
Nahrungsmittel GmbH, Radolfzell, Germany) were added to the oat drink.

7.2.2. Sample preparation – oat drink formulation

Starch gelatinization

60 g of oats were finely ground with 490 mL of tap water in a Thermomix (Vorwerk
Deutschland Stiftung & Co. KG, Wuppertal, Germany) at speed level 9 for 2.5 min.
The duration was chosen to ensure that the sample temperature did not increase too
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much. Subsequently, the mixture was filtered through a 50 µm analytical sieve and
stored in a refrigerator at 6 ◦C until measurement.

Enzymatic liquefaction of the starch

60 g of oats were finely ground with 490 mL of tap water in a Thermomix at speed level
9 for 10 min. On a magnetic stirrer the sample was heated to 70 ◦C while constantly
stirring at a speed of 1200 rpm. 10 µL of EP1 were added and allowed to act at
constant temperature (70 ◦C) for 90 min. Afterwards, the heating plate was turned off
and the sample was stirred for another 10 min. The sample was then filtered through
a 50 µm analytical sieve and subsequently heated to 95-105 ◦C for 10 s to deactivate
the enzymes. To compensate for the evaporated water, tap water was added until
a sample weight of 450 g was reached. The sample was then divided into two 225 g
samples and each of these samples was homogenized with a T 25 easy clean control
ULTRA-TURRAX equipped with S25 EC - T - C - 18G ST dispersion tool (IKA-Werke
GmbH & Co. KG, Staufen, Germany) at 20 000 rpm for 8 min. The mixture was stored
in a refrigerator at 6 ◦C until measurement.

Enzymatic saccharification of the starch

To study the influence of starch saccharificaton, samples were prepared as described
above for starch liquefaction. In addition, 45 min after EP1 was added, 50 µL of EP2
were added and allowed to act for another 45 min at maximum 70 ◦C before switching
off heating.

Enzymatic cleavage of non-starch polysaccharides

To study the influence of the cleavage of β-glucan, cellulose and pentosans, samples
were prepared as described above for starch saccharification. In addition, after treat-
ment with EP1 and EP2 and after heating was switched off for 5 min, 10 µL of EP3
were added and allowed to react for another 5 min before filtration.

Addition of oil and salt

Samples were prepared as described above. Additionally, before homogenization 2 %
canola oil and 0.1 g salt were added. By homogenization the canola oil was finely
dispersed. During experimentation, processing and application no creaming of the
canola oil was observed.

7.2.3. Sample preparation – investigation of foam properties

Standard samples were prepared with all three enzymatic treatments as well as ad-
dition of 2 % canola oil and 0.1 g salt. In the figures showing measurement results,
the standard sample is always marked in red. To investigate the impact of the pro-
teases contained in EP2, the pasteurization, and the canola oil content, the following
variations were performed.
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Variations in the preparation of oat drink

Influence of protease and heat treatment: Here, the temperature during treat-
ment with EP2 was varied to either activate or inactivate the proteases. Additionally,
samples with (sample Pa) and without (sample Pi) protease treatment were each inves-
tigated with (samples Pap, Pip) and without (samples Pa, Pi) pasteurization (heating
to 95 - 105 ◦C for 10 s). Proteases are active at 35 ◦C to 60 ◦C [431]. To activate the
proteases, sample Pa was held at 50 ◦C during treatment with EP2. In sample Pi,
the proteases were inactivated by heating the sample to 70 ◦C during treatment with
EP2.

Influence of oil addition: Additionally to the standard sample described above,
which contains 2 % of canola oil, oat drink samples containing no canola oil, 1 %
of canola oil and 3 % of canola oil were prepared. For these samples the particular
percentage of oil was added instead of the 2 % canola oil mentioned in 7.2.2.

Frothing of oat drink

For foam formation, a commercial milk frother MMF-234-V2 (Dirk Rossmann GmbH,
Burgwedel, Germany) was used. Therein, the oat drink sample was simultaneously
heated and foamed with the aid of a rotating pin. For all foaming tests a 85 g sample
was foamed. Before foam formation, the oat drink samples had an average temperature
of 13.6 ◦C. The foaming process took approximately 1 min and the samples were on
average heated to 72.9 ◦C.

7.2.4. Particle size analysis

Sample preparation – starch gelatinization

Samples were prepared as described in Subsection 7.2.2 for starch gelatinization. Af-
ter mixing, the temperature of the sample was maximum 35 ◦C. In contrast to the
description in 7.2.2 only 50 g of the mixture were filtered through a 50 µm analytical
sieve and stored in the refrigerator until measurement. The remaining 500 g were
heated under constant stirring at a speed of 1200 rpm. At a temperature of 70 ◦C,
50 g were taken, filtered through a 50 µm test sieve and stored in the refrigerator until
measurement. At a temperature of 90 ◦C, the remaining sample was filtered through
a 50 µm test sieve and stored in the refrigerator until measurement.

Sample preparation – enzymatic treatment

All residual samples subjected to enzymatic treatment were prepared as described
above in Subsection 7.2.2 for enzymatic liquefaction of the starch, enzymatic saccha-
rification of the starch, enzymatic cleavage of the β-glucan, and addition of oil and
salt.
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Procedure

A Laser Diffraction Particle Size Analyzer LS 13 320 (Beckman Coulter, Inc., Brea,
California) was used to determine the sizes of the particles in the samples. With this
method it is possible to measure particle sizes in a range of 0.040 µm to 2000 µm.
The refractive indices used for particle size calculation were 1.332 for the continuous
phase and 1.4 for the disperse phase. Before each measurement, a calibration was
performed, which included degassing, background measurement, equalization, and
sample chamber adjustment. Each measurement itself consisted of three runs at 10 %
obscuration. Nevertheless, each sample was measured three times. Afterwards, mean
values as well as the corresponding standard deviations were calculated and plotted
using the programming language Python (Python Software Foundation, version 3.8.8).

Each measurement showed several peaks at different size classes of particle sizes repre-
senting different ingredients of the multi-component system of the oat drink. In order
to obtain the width of each peak of the particle size distribution, the peaks were fitted
using a superposition of probability density functions of the log-normal distribution,
and geometrical standard deviations were calculated. More information on the fitting
are provided in the supplementary information E.1

7.2.5. Viscosity measurement

A Discovery HR-3 rheometer (TA Instruments, New Castle, Delaware) was used for
all rheological measurements.

Starch gelatinization

The sample was prepared as described in 7.2.2. For measuring starch gelatinization
a cup-vane geometry was chosen and the measurement was performed in rotation.
The vane length was 42 mm and the vane rotor had a diameter of 28 mm while the
measuring cup had a diameter of 30.4 mm. A temperature ramp at a shear rate of
200 s−1 was measured [432]. Here, the temperature first increased from 25 ◦C to 90 ◦C
and then decreased again to 25 ◦C with a rate of 3 K min−1. The dynamic viscosity
was measured every 30 s. The temperature ramp was measured only once to visualize
the effect of gelatinization.

Measurements of the samples after enzymatic treatment

Samples were prepared as described in Subsection 7.2.2 for enzymatic starch lique-
faction, starch saccharification, β-glucan cleavage, and addition of oil and salt. For
measuring the dynamic viscosity after each step of enzymatic treatment, flow sweeps
were performed using a concentric cylinder geometry as measuring system. The DIN
rotor had a diameter of 28 mm and a length of 42 mm whereas the measuring cup
had a diameter of 30.4 mm. The temperature during the measurements was 25 ◦C.
After filling the measuring cup, the samples were allowed to rest for 300 s. Measure-
ments were performed in rotation, with the shear rate increasing from 0.01 s−1 to
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631 s−1 and then decreasing again to 0.01 s−1. The shear rate increased respectively
decreased every 30 s. For analysis the values measured for decreasing shear rates were
used as they showed less fluctuations. The flow sweep measurements were performed
in triplicate. Afterwards, mean values as well as the corresponding standard deviation
were calculated and plotted.

7.2.6. Optical microscopy

Sample preparation

Optical microscopy of the oat drink was performed for samples of the final formulation
to check the emulsification of the canola oil. Therefore, samples were prepared as
described above (cf. Subsection 7.2.2) one day and microscopy was performed the
next day. Furthermore, to characterize the microstructure of oat drink foams, optical
microscopy was performed of foamed samples prepared according to Subsection 7.2.3
and viewed directly after frothing.

Procedure

A droplet of oat drink sample or a spatula tip of foam sample was placed on a mi-
croscope slide and covered with a cover slip. Subsequently, the sample was viewed
using an Axio Scope.A1 light microscope (Carl Zeiss AG, Oberkochen, Germany) in
transmission bright field mode and images were taken using objectives with 10-, 20-,
40-, or 100-fold magnification, respectively.

7.2.7. Camera photos of foam

To investigate a larger section of the foam structures, images were taken with a Canon
EOS 7D (Canon Inc., Tokio, Japan) digital camera. The camera was mounted on a
repro stand RS 2 XA (Kaiser Fototechnik, Buchen, Germany) and had the same
distance to the specimen for all exposures. The specimens were placed on a LED
Slimlite plano luminous plate (Kaiser Fototechnik, Buchen, Germany), so that images
could be taken of foams illuminated in transmission and the foam structures were
clearly visible.

7.2.8. Foam height measurement

The foaming capacity as well as the foam stability were measured with the same
method based on the “cylinder pour test” by Vundla and Torline ([41] as cited in [5]),
who investigated the foam decay rate and stability of beer foams. The experiments
were performed in a measuring cylinder with a nominal volume of 250:2 mL. The
tall design according to DIN EN ISO 4788 has a height of 31.1 cm and a diameter of
3.5 cm. The foamed sample was filled into the measuring cylinder directly after foam
formation. The total height of foam and drained liquid (total height) as well as the
height of drained liquid (liquid height) were measured. Subsequently, the foam height,
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which results from the difference between the total height and the liquid height, was
calculated. Height measurements were performed after 0 min, 1 min, 3 min, 5 min,
7 min, 10 min and 15 min. The foam heights at time t = 0 determine the foaming
capacity. The time-dependent foam heights were used to determine the foam stability.
The heights were measured for three identical samples and then mean values and
standard deviations were calculated.

To investigate the foam stability, the measured foam heights were plotted over time.
To find out whether an exponential or a power law decay was shown by the sample,
the foam heights were plotted logarithmically as well as double logarithmically. These
plots are provided in the supplementary information E.2. Afterwards, the different
samples of one series were plotted in one plot with linear axis in order to compare the
samples with each other. Furthermore, the data were fitted with power law functions:

hf,t′/hf,0 = t′−c (7.1)

where hf,t′ is the foam height at time t′, hf,0 is the initial foam height at t = 0, t′

represents the time shifted by 1 min, and c corresponds to the exponent of the power
law. Note, that for fitting the data with a power law function, the time was shifted
by 1 min, thus t′ = t+ 1.

7.2.9. Sensory tests

After each processing step, the taste, texture and mouthfeel of the oat drink were
examined and described by sensory tests. Furthermore, for the foamed samples of
different oil contents (no addition of oil, 1 %, 2 % and 3 % canola oil added) the taste
of the canola oil as well as the texture respectively mouthfeel of the foam were tested.
The in-house testing was carried out by Jana Reeh and Antonia Schlichting, both
certified sensory managers. For this purpose, a simple descriptive test was carried out
and no statistical evaluation was performed.

7.2.10. Overview

Figure 7.2 summarizes the applied treatments during oat drink preparation and the
main methods of measurement.

7.3. Results and discussion

7.3.1. Application of enzymatic treatment

Viscosity of the oat drink

Before enzymatic treatment the flavor of the oat drink is perceived as green, herbal
and raw and the texture is inhomogeneous, watery and sandy. Furthermore, the
consistency of the oat drink after pasteurization is rather pudding-like and therefore
the viscosity is too high for an oat drink.
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Figure 7.2.: Visualization of applied treatment steps and investigations.

The effects of oat starch gelatinization are known from various studies. Gelatinization
temperatures of native oat starch have been reported to be in the range of 53 ◦C to
63 ◦C ([433–437] as cited in [438]) and onset gelatinization temperatures of different
oat cultivars have been reported in the range of 44.7 ◦C to 47.3 ◦C [435]. Therefore,
here only a single rheological measurement for verification was performed. Figure 7.3
shows the measured viscosity increase of the sample of ground oats in water at rising
temperature due to starch gelatinization. From 25 ◦C to a temperature of 55.5 ◦C, the

Figure 7.3.: Dynamic viscosity of an oat drink preparation without enzymatic treat-
ment as a function of temperature. Single measurement.

dynamic viscosity decreased slightly from 0.0078 Pa s to 0.0044 Pa s. At temperatures
above 55.5 ◦C, the dynamic viscosity significantly increased up to about 70 ◦C and
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then leveled off up to about 80 ◦C. Subsequently, the dynamic viscosity rose steeply
again until it reached 0.0702 Pa s at the final temperature of 90 ◦C. The increase of the
viscosity in steps corresponds to the melting and swelling of oat starch known from
literature: Depending on the cultivar and breeds, oat starches show two (or three)
gelatinization temperatures [439]. The relatively diluted oat drink preparations do
not form pastes in the usual sense. The concentration of amylose and amylopectins
are lower than their overlap concentrations and the increase of viscosity needs to be
adressed to the water uptake of starch granules due to the conformational changes of
amylose and amylopectin [440].
After treatment with EP1 samples heated to 100 ◦C for pasteurization show lower
viscosity but still remain relatively viscous and the oat drink has a mushy, slimy
consistency. The flavor of the oat drink is green and herbal. The texture is inhomo-
geneous, gelatinous and pasty.
To investigate the viscosity changes caused by the different enzyme preparations, flow
sweep measurements were performed after each step of enzymatic treatment. The
results of the flow sweeps are represented in Figure 7.4.
All measured samples showed a shear-thinning behavior, as the measured dynamic
viscosity decreased with increasing shear rate. The shear-thinning effect was most
pronounced in the sample treated with EP1 only. This can be explained by the
orientation of proteins, amyloses and non-starch polysaccharides in the shear direction.
Topological constraints such as entanglements are less to be expected [441–443].
This shear-thinning effect shows to be reversible, because when the shear rate de-
creased, the flow resistance increased again. This means that no destructive structural
changes are evoked by the shearing and supports the aforementioned interpretation.
Subfigure 7.4a shows the viscosities in dependence of the shear rate in double loga-
rithmic representation. When comparing the viscosities of the samples it stands out
that the sample treated with EP1 shows the highest viscosity among enzymatically
treated samples. Its viscosity at low shear rates ((5.816±1.321) Pa s at 0.1 s−1) is two
orders of magnitude higher than for the samples with further enzymatic treatment
(sample S2 (0.051 ± 0.002) Pa s, S3 (0.027 ± 0.002) Pa s and S3Oi (0.028 ± 0.004) Pa s
at 0.1 s−1). Accordingly, the application particularly of EP2 significantly lowered the
viscosity.
At high shear rates the viscosities of the samples differed less. At a shear rate of
631 s−1 sample S1 showed a viscosity of (0.068 ± 0.007) Pa s, whereas sample S2 had
a viscosity of (0.0219 ± 0.0007) Pa s and samples S3 and S3Oi showed viscosities of
(0.0081 ± 0.0005) Pa s and (0.0076 ± 0.0005) Pa s, respectively.
The viscosity before any enzymatic treatment was significantly higher than after treat-
ment with EP1. No flow sweep of the sample without enzymatic treatment was per-
formed, because its viscosity was too high to be measured in cup-vane geometry in
the whole shear rate range. However, the sample cooled to 25 ◦C after measuring the
temperature ramp (cf. Figure 7.3) had a viscosity of about 0.8 Pa s. This is signifi-
cantly higher than the viscosity of sample S1 at a shear rate of 200 s−1, which is about
0.1 Pa s.
It is well-known that the enzyme α-amylase (contained in EP1) cleaves the α-1,4
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(a) Flow sweeps after each step of enzymatic treatment as well
as after addition of oil and salt.

(b) Flow sweeps after step 2 and 3 of enzymatic treatment as
well as after addition of oil and salt.

Figure 7.4.: Flow sweeps after each step of enzymatic treatment as well as after the
addition of oil and salt.
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glycosidic bonds of starch molecules [424]. Thus, smaller oligosaccharide fragments
with different numbers of glucose units as well as isolated single glucose molecules
are formed from the large polysaccharides by hydrolytic cleavage. However, the α-1,6
glycosidic bonds present in amylopectin as branching points cannot be cleaved by
α-amylase.
After EP2 treatment, the oat drink remains liquid after cooling and shows an improved
mouthfeel. The viscosity of the oat drink is already much closer to that of cow’s milk
which is in the order of magnitude of 10−3 Pa s [444]. Due to the saccharification of
the starch, the flavor of the oat drink is noticeably sweeter, but a mucilaginous and
viscid texture persists.
The glucoamylase contained in EP2 is able to hydrolyze the α-1,4 bonds of the sac-
charides from the non-reducing end and additionally the α-1,6 bonds at the branching
points of the amylopectin. Thus, the remaining branched glucose saccharides are
further cleaved by glucoamylase. Cleavage of the α-1,6 glycosidic bonds thus pro-
duces more and shorter glucose chains whose molecular weights are determined by
the branched parts of the amylopectin. These can then in turn be split into shorter
oligosaccharides or mono-, di- and trisaccharides by α-amylase or by the glucoamylase
itself. Consequently, the oat drink tastes sweeter compared to the previous step.
As can be seen from the pronounced shear thinning behavior shown in the viscosity
measurements displayed in Figures 7.4a and 7.4b, the oligosaccharides formed by the
enzymatic treatment are still large and long enough to form entanglements in the
concentrated solutions [445, 446]. The presence of α-1,6 glycosidic bonds further
enhances these effects, since not only long chains are present that became entangled
with one another, but also branched molecules with linked branches of glucose chains
that cause the molecules to become entangled with one another. Additionally, the β-
glucans with molecular weights up to 105 g mol−1 to 108 g mol−1 yielding root-mean-
square radii from 20 nm to 140 nm in good solvent, contribute to the overall shear
thinning for the starch sensitive enzymatic treatments with EP1 and with EP1+EP2
[447].
After treatment with EP3 the flavor of the resulting oat drink is sweet and cereal-like.
The texture is now perceived as homogeneous and of sufficiently low viscosity.
The high proportion of non-starch-polysaccharides contained in oats causes mucilage
formation. Among these especially β-glucan is worthwhile to mention, because oats
contain the highest content of β-glucan among cereals. Oats exhibit an average content
of 3.9 % to 5.7 % β-glucan, which has, on average, about 30 % β-1,3 and 40 % β-1,4
glycosidic branching [417]. Furthermore, cellulose (15.9 % in husked oats, 4.1 % in
naked oats [417]) and pentosans are non-starch polysaccharides present in oats.
Treatment with EP3 reduces the remaining irritating, mucous mouthfeel. Cellulase,
β-glucanase and pentosanase enable the cleavage of β-glucans by attacking the β-1,3
and β-1,4 bonds of the glucose chains and hydrolysis of cellulose and pentosan. Shorter
glucose chains reduce viscosity and slightly increase sweetness. Hydrolyzed celluloses,
β-glucans and pentosans reduce the viscosity significantly (cf. Figures 7.4a, 7.4b) and
consequently improve the mouthfeel.
In the whole shear rate range the flow sweep measurements revealed lower viscosities
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after treatment with EP3 than before (cf. Figure 7.4b), which indicates that smaller
amounts of branched polymers or glucose chains were left.

After adding oil and salt, the oat drink appears milky, balanced and sweet with an
appealing cereal-like flavor. The salt concentration at the limit of the perception
threshold underlines the sweetness of the drink. The neutral taste of the canola oil
has no influence on the sensory perception, but the emulsified oil droplets lead to a
rich mouthfeel.

The flow sweep of sample S3Oi appears similar to that of sample S3. Obviously, the
addition of canola oil and salt only causes little variations in the viscosity which are
mainly in the range of uncertainties.

Particle size of oat drink constituents

To obtain more information, particle size measurements were performed for samples
heated to 35 ◦C and 70 ◦C, respectively. Figure 7.5 shows the particle sizes of the sam-

Figure 7.5.: Particle size distributions for oat drink samples without enzymatic treat-
ment heated to 35 ◦C and 70 ◦C, respectively.

ples at a temperature of 35 ◦C and 70 ◦C. At 35 ◦C, three peaks occurred, whereby the
highest volume share was represented by particles of a size of 7.9 µm with a geometric
standard deviation of 1.5 µm. The samples heated to 70 ◦C showed a different particle
size distribution with a shift to larger particle sizes. Here, the highest volume share
was given by particles with a size of 18.1 µm with a geometric standard deviation of
0.8 µm. The reason for this shift towards larger particle sizes at 70 ◦C is the swelling
of the starch granules.

According to literature the length range of native oat starch granules is 5.85 µm to
6.9 µm, their width ranges from 3.0 µm to 7.5 µm and their mean granule width is in
the range of 1.5 µm to 9.75 µm [448]. These ranges correspond to the experimentally
determined sizes shown in Figure 7.5.
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Figure 7.6.: Results of the particle size measurements after each of the three enzyme
treatments and after addition of oil and salt.

The results of the particle size measurements, which indicate swelling of the starch
granules, also confirm the interpretation of the rheological measurement (Figure
7.3). At low temperatures the starch granules still absorb little water and re-
main in their crystalline form as initially an amorphous hydration of the starch
granules occurs. The rotation and heating of the sample in the rheometer cause
the starch particles to separate from each other and thus float more freely in the
suspension. Consequently, the viscosity initially decreases slightly. At temperatures
above 55.5 ◦C however, the starch granules begin to swell. Consequently, the granule
size increases and the viscosity rises as the larger particles restrain each other’s motion.

Figure 7.6 shows the measured particle size distributions in the samples after each of
the enzymatic treatments, and after addition of oil and salt. Looking at the particle
size distributions after the individual process steps, it is noticeable that mainly par-
ticles can be distinguished in three size ranges. The first peak has a mean value of
about 1.2 µm and the second one at about 8 µm. Larger particles are present in the
range of about 15 µm to 100 µm.

Comparing the measurements with each other shows that after each enzymatic treat-
ment the volume fraction (peak height) of the larger particles decreases, while the
volume fraction of the smaller particles increases. This can be explained by the en-
zymatic cleavage of the long glucose chains of starch and non-starch polysaccharides
β-glucan and cellulose into smaller fragments, as this reduces the size of the parti-
cles. Besides β-glucanase and cellulase, EP3 also contained pentosanase and xylanase,
which cleave non-starch polysaccharides originating from cell wall material explaining
the strong decrease of particles in the size range of about 15 µm to 100 µm.

After addition and homogenization of the canola oil (sample S3Oi), a clear increase
of particles with a size in the range of 2.7 µm to 13.0 µm can be seen. These particles
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Figure 7.7.: Bright field optical microscopy of the oat drink at 10-fold magnification
(left) and 100-fold magnification (right). The larger brownish particles
with irregular shape represent polysaccharides from the cell wall material
of the oat grain whereas the greenish and white (depending on the focus)
spheres represent oil droplets.

represent the oil droplets, as could be verified by means of light microscopy images (cf.
Figure 7.7). The oil droplets are visible as greenish-white circles with a size between
1 µm and 13 µm, as well as remaining cell wall material as brownish, irregularly shaped
particles with a size in the range of 10 µm to 100 µm.
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7.3.2. Investigation of foam properties

Protease and heat treatment

The macroscopic foam properties are mainly determined by the given molecular in-
teractions of the proteins at the air-water interfaces. These in turn depend on the
protein structure, the electric charges, and the sequence of hydrophilic and hydropho-
bic amino acids at the protein surface. Hydrophobicity plays a special role in foam
formation, because it determines how proteins arrange themselves along the air-water
interface. This arrangement lowers the surface energy and stabilizes the air bubble.
The stability of the foam thus depends strongly on the primary and secondary struc-
ture of the proteins. In addition, also their tertiary and quaternary structures are
relevant for foaming, because these influence which amino acids are exposed to the
protein surface.

Storage proteins in oats are dominated by 12S globulins, which are very dense and
mostly occur in hexa-6-mers [146, 205, 449]. This means six identical proteins with
over 500 amino acids pack together into dense globules via physical interactions.
Another fraction of storage proteins are avenins (prolamins) which are considerably
smaller with a maximum of 214 amino acids [146, 449]. The collective term albumins
covers a whole range of water-soluble proteins and enzymes [200]. Typical represen-
tatives of these different groups are shown in Figure 7.8. The coloring of the protein
structures indicates their interfacial activity. Sequences and amino acids in red are
hydrophobic, whereas blue ones are hydrophilic. 12S globulins are extremely stable,
so they can only participate indirectly in foam formation via electrostatic complexes,
especially since only a few sequences at their surface can turn towards the hydrophobic
air. Avenins and albumins, on the other hand, can align much better at the air-water
interfaces. They have a strongly hydrophobic part that can project into the air and
stabilize the interfaces, as exemplified for the native state of tryptophanin in Figure
7.9. Indeed, Kaukonen et al. [38] investigated the foaming properties of differently
processed oats and found that tryptophanin is a major foam-active oat protein. Also
Ma et al. [419] found that oat albumins induce a high foaming capacity, whereas
globulins and prolamins show similar foam stability as albumins.

Treatment with EP2 is recommended at a temperature of 50 ◦C. The protease con-
tained therein can be deactivated by setting the temperature to 70 ◦C during enzyme
treatment. However, at the same time α-amylase and glucoamylase remain active and
cleave the starch. Furthermore, each of these samples was examined once with and
once without pasteurization.

Figure 7.10 shows the foaming capacity of the four samples. Sample Pi shows a
slightly lower foaming capacity compared to the other three samples. In this sample
the proteins are in their native form.

The protease contained in EP2 changes the interfacial activity of the proteins in two
ways. On the one hand, the resulting peptide interfaces can be active. Secondly, the
structure of these peptides becomes more heterogeneous. As a result, the foaming
capacity increases while the foam stability decreases, e. g. when a rearrangement of
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Figure 7.8.: Selection of oat proteins: The 12S globulin (UP-ID: O49258) homo-3-mer
and homo-6-mer, the prolamins avenin-3 (UP-ID: P80356) and avenin
E (UP-ID Q09114), and the albumins tryptophanin (UP-ID: A7U439)
and avenoindoline (UP-ID: Q9M4E2) [146]. Hydrophobic amino acids
are colored in red and hydrophilic ones in blue. The surfaces of these
proteins are shown in Figure 2.12.
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Figure 7.9.: Native tryptophanin in protein surface representation at the air-water
interface. The single hydophilic amino acid at the end of the distinct
hydrophobic part is thermodynamically tolerated because of the strong
free energy gain.

Figure 7.10.: Influence of protease treatment and pasteurization on foaming capacity.
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the emulsifiers takes place at the interfaces.

Moreover, some oat proteins denature during pasteurization, and the denaturation
temperature is protein-specific. Globulins in oats denature at a temperature of
≈110 ◦C (peak), whereas albumins in oats denature at temperatures as low as ≈87 ◦C
(peak) [419]. The prolamins in oats (avenins) show a denaturation temperature of
≈102.8 ◦C [450]. During the preparation of the oat drink, the samples were heated to
95 – 105 ◦C for 10 s.

The thermal denaturation of the albumins during pasteurization also alters foam for-
mation and stability. The distribution of the proteins at the interfaces becomes more
space-consuming, new competing interactions occur and the interfacial activity de-
creases further. Furthermore, cysteine present in the proteins can be re-crosslinked
upon heating, which in turn changes the arrangement and decreases the interfacial
activity.

After pasteurization albumins are denatured, since they denature at a temperature
of ≈87 ◦C (peak) [419]. The heat-denatured albumins as well as the peptides in the
protease treated samples seem to be more flexible due to their structural changes, so
that they can migrate faster to the air-water interface, accumulate there and reduce
the surface tension. This results in more foam during frothing, thus a higher foaming
capacity.

In Figure 7.11a the measured foam heights for samples Pa, Pap, Pi, and Pip are
displayed over time. The data are fitted with power law decays. The time-dependent
behavior of the foams shows that sample Pi has the highest normalized foam height
after 15 min and thus the highest foam stability.

This indicates that the native proteins arrange themselves compactly at the bubble
surface and stabilize the foam. Avenins and albumins in their native conformation
show an elongated, strongly hydrophobic part which makes them arrange at the inter-
face and stabilize the air bubble in the foam. The peptides after protease treatment
as well as the partially heat-denatured proteins loose this property and consequently
arrange themselves less stably. In these cases, the air bubbles grow and escape more
easily and the foam collapses faster.

Sample name Exponent

Pa c = 0.071 ± 0.006
Pap c = 0.172 ± 0.006
Pi c = 0.048 ± 0.001
Pip c = 0.151 ± 0.008

Table 7.2.: Influence of protease treatment and pasteurization on foam stability: Fit
parameters.

Common processes observed in foams are Ostwald ripening and coalescence of bubbles.
Ostwald ripening describes the growth of larger bubbles at the expense of small bubbles
caused by a gas transfer from the small to the large bubble [19, 329]. Consequently the
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(a) Normalized foam heights. (b) Exponents of power law fits.

Figure 7.11.: Influence of protease treatment and pasteurization on foam stability.

mean bubble size increases, which determines the foam stability. The rate of Ostwald
ripening depends also on the surfactant type [329]. Coalescence, on the other hand,
means that the film between two bubbles ruptures and the two bubbles unite into one
large bubble [330]. To observe the bubble growth, photographs of the foam were taken,
as shown in Figure 7.12. The photographs show the four samples at the beginning and
after 15 min, respectively. These images confirm the observations made for the foam
heights. It can be clearly seen here that sample Pi has the smallest bubbles during the
entire observation period. The bubble diameter hardly grows. Consequently, the foam
height decreases more slowly, which indicates a high foam stability. The other samples,
but especially sample Pap, show a clear increase in bubble size over the measurement
period. In addition to the shrinkage of smaller bubbles and growth of larger bubbles
(Ostwald ripening), it can also be observed that bubbles grow together (coalescence).
Large bubbles move to the top of the foam and eventually escape from the foam. This
results in a reduced foam height and consequently a lower foam stability.

As mentioned already, sample Pi exhibits the highest foam stability. However, for
comparison with marketable products, which have to be pasteurized, sample Pip was
chosen as the standard sample.

Addition of canola oil

The influence of the oil content on the foam stability is also of functional importance.
Therefore, samples with a canola oil content of 1 %, 2 % and 3 % canola oil were in-
vestigated and compared to samples without addition of canola oil. Their foaming
capacity is shown in Figure 7.13. The highest foaming capacity was measured for sam-
ple Oi1. For higher canola oil contents the foaming capacity decreases with increasing
canola oil content. However, the sample without canola oil shows a lower foaming
capacity. This behaviour can be explained by the interplay of different effects. On the
one hand, the viscosity of the sample changes with oil addition. During foam forma-
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(a) Pa after 0 min (b) Pa after 15 min (c) Pi after 0 min (d) Pi after 15 min

(e) Pap after 0 min (f) Pap after 15 min (g) Pip after 0 min (h) Pip after 15 min

Figure 7.12.: Camera photos of the foam of samples Pa, Pap, Pi, and Pip after 0 min
and 15 min each. Contrast of the images was enhanced by factor 2. Scale
bars are 1000 µm.

Figure 7.13.: Influence of canola oil content on foaming capacity.
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tion high shear rates are applied. At high shear rates, the viscosity of samples with
oil is lower than that of sample Oi0 (cf. Figure 7.4b). Samples of lower viscosity can
incorporate more air during foam formation and therefore show an increased foam-
ing capacity [384]. In addition, initially the finely dispersed oil droplets may cause a
Pickering effect: small solid or soft particles can stabilize the hydrophobic-hydrophilic
interfaces in emulsions and foams [451–454]. Indeed, an accumulation of oil droplets
at the air-water interfaces is observed as shown in Figure 7.15. Such Pickering effect
would also contribute to the increased foaming capacity of samples containing oil.
However, when the foam films become thinner, oil can also act as defoamer [455]. For
this reason, a stabilizing effect of added oil is not observed on the long term (cf. foam
stability shown in Figure 7.14). On the other hand, the addition of canola oil re-
sults in more hydophobic:hydrophilic interfaces. Therefore, less emulsifyers stabilize
the air-water interfaces. This effect becomes more relevant with increasing canola oil
content.

Figure 7.14a shows the measured foam heights for samples Oi0, Oi1, Oi2, and Oi3
over time. Each data set is fitted with a power law decay (cf. 7.2.8 and Figure
E.9). Although the differences are small, the investigation of the time-dependent
foam heights shows that the foam stability decreases with increasing oil content. The
decrease of the foaming capacity and stability with increasing oil concentration can
be explained by a competitive situation: the oil-water interface of the droplets now
competes with the air-water interface of the bubbles for the hydrophobic parts of
the surface-active proteins. An increased oil content therefore leads to more proteins
attaching to the oil droplet surfaces. The fewer proteins left on the air bubble surface
cannot stabilize the air bubbles as well as at lower oil contents. Consequently, the
air escapes faster, resulting in lower foam stability. The microscope images in Figure
7.15 show clearly how oil droplets accumulate at the air bubble surface and also
agglomerate. Additionally, oil can act as antifoam. This means, that oil droplets
induce foam film rupture by bridging the two surfaces of a foam film [455]. This effect
becomes more relevant as the foam becomes drier. Furthermore, during foam ripening
the shear forces are very low. At low shear rates the viscosities of samples with and
without oil are similar respectively slightly increased for samples with oil. The slightly
higher viscosity retards drainage and enhances foam stability for canola oil containing
samples. However, this effect is smaller than the destabilizing effects of the added
canola oil.

Sample name Exponent

Oi0 c = 0.151 ± 0.002
Oi1 c = 0.157 ± 0.004
Oi2 c = 0.178 ± 0.005
Oi3 c = 0.186 ± 0.005

Table 7.3.: Influence of canola oil content on foam stability: Fit parameters.
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(a) Normalized foam heights. (b) Exponents of power law fits.

Figure 7.14.: Influence of canola oil content on foam stability. With increasing oil
content, the foam stability decreases.

Figure 7.15.: Bright field optical microscopy of an oat drink foam containing 2 %
canola oil. Left: Plateau border at 40-fold magnification. Right: Lamella
and adjoined air bubbles at 100-fold magnification. An accumulation of
oil droplets at the air-water interface is observed.
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Although the foam stability decreases with increasing oil content, an addition of 2 %
canola oil was chosen for the standard sample. The reason is to allow comparison with
products available on the market which also aim for a pleasant mouthfeel.

7.4. Conclusions

This chapter shows how an oat drink with excellent drinkability and good foaming
properties can be produced without resorting to additives such as foam stabilizers,
emulsifiers, sweeteners and texturizing hydrocolloids. Instead, by systematically and
selectively comparing the different temperature and enzymatic treatments, the sensory
and physical effects of the native oat components protein and starch can be attributed
to the physical properties. It was shown that conformational changes of the proteins
caused by enzymatic cleavage or heat-induced denaturation slightly increase the foam-
ing capacity, but significantly reduce the foam stability of the oat drink. Furthermore,
the addition of canola oil improves the mouthfeel of the oat drink, while the foam sta-
bility decreases slightly with increasing oil content. From this, further insights can be
derived for the production of oat and other plant-based drinks.
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8.1. General conclusions

Investigating model systems of liquid foams stabilized by H*B hydrophobin or BSA
showed that large hydrophobic patches at the protein surface and a low molecular net
charge promote a more resilient assembly at air-water interfaces, which increases the
macroscopic stability of the foam. In addition, increasing the dynamic viscosity of the
solution, either by a high protein charge or by addition of a hydrocolloid, enhances the
stability of wet foams by retarding drainage. The influence of polysaccharide addition
on foam stability is mainly driven by viscosity enhancement, however also the stiffness
and charge of the polysaccharide need to be considered to explain differences in foam
stability.

Furthermore, the investigations show that for each system of interest the precise molec-
ular properties of all involved components and their possible interactions need to be
considered in order to understand and predict foam stability.

More detailed conclusions regarding each investigated system are provided at the end
of each chapter.

8.2. Outlook

To further characterize the surface-active properties of the proteins and the interfacial
arrangement, surface-specific techniques such as sum frequency generation and ellip-
sometry could be applied. With these methods information about orientation of the
protein towards the interface, the vibrational state of the molecule and the thickness
of the interfacial protein layer could be obtained.

Using a Langmuir-through the arrangement and rearrangement under compression
could be studied for HP and BSA at the air-water interface. With the help of a
barrier the air-water interface can be compressed. For this reason, the investigated
interfacial behavior would better mimic the conditions in a foam, where interfaces
are not static. Langmuir troughs can be combined with techniques such as Brewster
angle microscopy to obtain information about domain formation. However, the use of
a Langmuir-trough was not possible at the time of the measurements for this thesis,
because there was no Langmuir-trough at the institute in operation.

In addition, to better characterize the film thinning and mechanisms of destabilization
of foam films, the thickness of thin films could be studied via interferometry [57]. On
a thin film pressure balance the disjoining pressure can be measured for changing
film thicknesses and the structure of the films and changes in their thickness can be
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monitored visually [56, 57, 456]. A foam film located between two coalescing bubbles
could be studied by applying the laser extinction method [57, 457].
Drop shape analysis of sessile drops or pendant drops and the measurement of contact
angles of sessile drops could deepen the insight into changes of the surface tension at
varying conditions such as the addition of another protein or a hydrocolloid to the
system. These methods would complement the surface tension measurements obtained
from applying the Wilhelmy plate method and could confirm these results.
Furthermore, small angle neutron scattering (SANS) or X-ray scattering (SAXS) could
be applied to non-invasively investigate the structure formation in thin films and foams
[458]. With SAXS the shape of the stabilizers and aggregate formation in the bulk
or in thin films could be studied [58, 458], whereas SANS would provide an ensemble
average of the three-dimensional foam structure [458]. Lamolinairie et al. succeeded
to combine a foam analyzer with a SANS experiment. With this setup a foam and
its aging can be investigated on different length scales within one experiment [23].
Characteristics such as the liquid fraction, the foam film thickness and the disjoining
pressure of the films could be monitored simultaneously in a draining foam [23].
To deepen the insights into oat drink foam formation, model systems stabilized by
pure oat proteins could be investigated. However, pure oat globulins, albumins and
prolamins (avenins) are not readily commercially available. For this reason, oat protein
concentrates or isolates would need to be purified by different chemical methods. With
the pure proteins more precise studies on which proteins are essential for the foam
formation of oat drinks could be performed. With this, the role of the albumin fraction
of oats in foam stability could be clarified. Other oat drink components such as β-
glucan or starch could then be added step-by-step and their influence investigated.
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A. Supplementary information: Method
development

This is supplementary information to Chapter 3.

A.1. Python script of threshold-based approach for image
analysis

This Python script (Python Software Foundation, version 3.8.8) contains a func-
tion bubblesize to analyze the mean bubble size of all bubbles in one image using
a threshold-based approach. First, the image is converted into a binary image by
thresholding. The background color is black (0) and the bubbles (foreground) are
white (255). Subsequently, the area and equivalent diameter of each bubble are deter-
mined by using measure.regionprops from the skimage library [459] (skimage version
0.18.1). This function counts all connected foreground pixels. From the bubble area
the equivalent diameter is calculated, which is the diameter of a sphere with same
area as the bubble. Subsequently, the mean equivalent bubble diameter of all bubbles
in the image is calculated.

[1]: import cv2 #Import OpenCV library for image processing

import matplotlib.pyplot as plt #Import Matplotlib library for

↪→plotting

import numpy as np #Import NumPy library for numerical operations

from scipy import ndimage #Import ndimage for multidimensional image

↪→processing

from skimage import io, color, measure #Import specific functions

↪→and submodules from skimage library

from statistics import mean, stdev #Mean and standard deviation

import os #Import os module for operating system functions

import glob #Import glob module for pathname pattern expansion

[2]: print('Please choose the pixel_to_um conversion.')
print('For camera with reprostativ please crop the image(s) before.')
#pixel_to_um = 0.455193 #Conversion of units for 10x magnification

↪→(microscope)
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pixel_to_um = 4.6904637 #Conversion of units for camera with

↪→reprostativ

[3]: print('Calculation of the mean bubble diameter of all bubbles in one

↪→image.')

def bubblesize(img, pixel_to_um):

"""Calculation of the mean bubble diameter for bubbles in a

↪→given image.

The image is converted into a binary (black-white) image. The

↪→bubble size (area of a bubble) is calculated by

counting all connected pixels of same color. From the area of

↪→the bubble the equivalent diameter of a sphere

with same area is calculated. Subsequently, the mean bubble

↪→diameter of all bubbles in the image is calculated.

parameters:

img ... image

pixel_to_um ... constant for conversion of pixels into um"""

#Conversion to binary image and measurement of bubble size

↪→(regionprops):

ret, thresh = cv2.threshold(img, 0, 255, cv2.THRESH_BINARY_INV +

↪→cv2.THRESH_OTSU)

mask = thresh == 0

s = [[1,1,1], [1,1,1], [1,1,1]] #Structuring element

labeled_mask, num_labels = ndimage.label(mask, structure=s) #

↪→ndimage.label: non-zero = feature, 0 = background

bubbles = measure.regionprops(labeled_mask, img)

#Save the properties: (cf. [460])

propList = ['Area', 'equivalent_diameter']
output_file = open ('bubble_sizes.txt', 'w')
output_file.write((',' + ','.join(propList) + '\n'))
for bubble_props in bubbles:

output_file.write(str(bubble_props['Label']))
for i, prop in enumerate(propList):

if(prop == 'Area'): #Convert pixels into um for bubble

↪→area

to_print = bubble_props[prop]*pixel_to_um**2

else: #Convert pixels into um for equivalent diameter

to_print = bubble_props[prop]*pixel_to_um

output_file.write(',' + str(to_print))
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output_file.write('\n')
#Repetition, otherwise error with number of lines in textfile

propList = ['Area', 'equivalent_diameter']
output_file = open ('bubble_sizes.txt', 'w')
output_file.write((',' + ','.join(propList) + '\n'))
for bubble_props in bubbles:

output_file.write(str(bubble_props['Label']))
for i, prop in enumerate(propList):

if(prop == 'Area'):
to_print = bubble_props[prop]*pixel_to_um**2

else:

to_print = bubble_props[prop]*pixel_to_um##

output_file.write(',' + str(to_print))

output_file.write('\n')

#Calculate mean bubble diameter (for bubbles with diameter

↪→>50um):

data = np.loadtxt('bubble_sizes.txt', unpack=True,

↪→delimiter=',', skiprows=1)

x = data[0]

y = data[2]

equ_diam = data[2]

bubble_diameter = list()

for j in equ_diam:

if j>50:

bubble_diameter.append(j)

mbs = mean(bubble_diameter)

#Return the mean bubble diameter of all bubbles in the image:

return mbs

[4]: print('Saving of mean bubble diameters of several images.')
print('Please copy the images of one measurement in the current

↪→folder (same directory as python file). Save values in

↪→mean_values_M1 and diagrams as M1. (Also, change the name of the

↪→file: image_measurements). Repeat this step for measurement two

↪→and three (M2 and M3).')
#Save mean bubble diameters for several images in one file:

img_dir = '' #Current directory -> images to analyse have to be in

↪→the same directory as program

data_path = os.path.join(img_dir,'*jpg')
files = glob.glob(data_path)
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mean_values = [] #Empty list for mean values

for f in files: #For each file (image)

img = cv2.imread(f, 0) #Read the image

plot = bubblesize(img, pixel_to_um) #Apply bubble size function

mean_values.append(plot) #Append mean bubble size to list

plt.clf() #Close file

A.2. Python script of machine learning-based approach for
image analysis

This subsection is based on the code published in the supporting information of
manuscript

Simple method to assess foam structure and stability using hydrophobin
and BSA as model systems
Judith Krom, Konrad Meister, Thomas A. Vilgis
ChemPhysChem (2024)
DOI: 10.1002/cphc.202400050.[302]

The following is quoted from the supporting information of [302]. The typesetting
(including the capitalization of captions) was adjusted to the style of the thesis.

Python script: Image pre-processing This script is used to pre-process images by
applying Gaussian blur filter (cv2.GaussianBlur), image subtraction (cv2.subtract),
Kuwahara filter (pykuwahara 0.3.2), background subtraction (skimage.restor-
ation.rolling ball, skimage.restoration.ellipsoid kernel) and contrast enhancement
(PIL.ImageEnhance.Contrast). It was written in Python version 3.8.8 (Python Soft-
ware Foundation) using the platform Anaconda and the web application Jupyter Note-
book.

In the second cell several folders are created to store the different stages of the pre-
processing and allow control over the various steps involved. After running this cell,
the microscope images are manually transferred into the folder ’00 OriginalImages’
and the rest of the script is run subsequently. The resulting pre-processed images can
be found in the folder ’06 EnhancedContrast’. The parameters ’k1’, ’k2’, ’k radius’,
’ellips kernel 1’, ’ellips kernel 2’, ’ellips kernel 3’, and ’factor’ influence the filter ef-
fects (see corresponding comments in the script). They can be varied according to the
content of the images to improve the results.

[1]: import cv2 #Import OpenCV library for image processing

import matplotlib.pyplot as plt #Import Matplotlib library for

↪→plotting
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import numpy as np #Import NumPy library for numerical operations

import os #Import os module for operating system functions

#Import kuwahara function from pykuwahara module:

from pykuwahara import kuwahara

#Import specific functions and submodules from skimage library:

from skimage import data, io, filters, restoration, util, color

#Import specific functions from the restoration submodule of skimage:

from skimage.restoration import rolling_ball, ellipsoid_kernel

#Import the Image and ImageEnhance modules from PIL library:

from PIL import Image, ImageEnhance

[2]: #Create directories

#Folders to create:

directory_list = ['00_OriginalImages', '01_BlurImages',
↪→'02_SubtractedImages',

'03_KuwaharaFilter', '04_Background', '05_SubtractedBackground',
'06_EnhancedContrast']

#Set current working directory as parent directory path:

parent_dir = os.getcwd()

for i in directory_list: #Iterate over each item in the

↪→directory_list

#Create the full path by joining parent_dir and i:

path = os.path.join(parent_dir, i)

os.mkdir(path) #Create a directory at the specified path

[3]: #Gaussian blur, image subtraction, Kuwahara filter

#Image directory:

data_path = '00_OriginalImages/'

#Parameters:

k1 = 9 #Kernel size for Gaussian blur, has to be positive and odd

k2 = k1 #Kernel size for Gaussian blur, symmetric kernel

k_radius = 4 #Radius for Kuwahara filter

for f1 in os.listdir(data_path): #Images in file directory

f1_name = os.path.splitext(f1)[0]
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img = cv2.imread(data_path + f1)

blur_img = cv2.GaussianBlur(img, (k1, k2), 0) #Gaussian blur

↪→filter

cv2.imwrite('01_BlurImages\Gaussianblur-'+f1, blur_img)

subtracted = cv2.subtract(img, blur_img) #Image subtraction

subtracted_subtracted = cv2.subtract(img, subtracted) #Image

↪→subtraction

cv2.imwrite('02_SubtractedImages\Subtracted-'+f1,
↪→subtracted_subtracted)

filt2_2 = kuwahara(subtracted_subtracted, method='gaussian',
radius=k_radius) #Kuwahara filter, default sigma: computed

↪→by OpenCV

cv2.imwrite('03_KuwaharaFilter\KuwaharaGauss-'+f1, filt2_2)

plt.clf()

[4]: #Background subtraction - rolling ball algorithm

#Image directory:

data_path_get_2 = '03_KuwaharaFilter/'
data_path_save_2 = '04_Background/'
data_path_save_3 = '05_SubtractedBackground/'

#Parameters:

ellips_kernel_1 = 130 #Length of the principal axis of the ellipsoid

ellips_kernel_2 = ellips_kernel_1 #Symmetric ellipsoidal kernel

ellips_kernel_3 = 0.2 #Length of the intensity axis of the ellipsoid

for f2 in os.listdir(data_path_get_2):

f2_name = os.path.splitext(f2)[0]

f2_name_repl = f2_name.replace('KuwaharaGauss-','')
#Conversion to 8-bit grayscale:

image = io.imread(data_path_get_2 + f2, as_gray=True)

plt.imshow(image)

#Background subtraction:

#Invert the image - needed for white background:

image_inverted = util.invert(image)

kernel = restoration.ellipsoid_kernel((ellips_kernel_1,

↪→ellips_kernel_2),

ellips_kernel_3) #Create an ellipsoid kernel

#Use rolling ball algorithm for estimating background intensity

↪→with the

#ellipsoid kernel:
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background_inverted = restoration.rolling_ball(image_inverted,

↪→kernel=kernel)

#Subtract the background:

filtered_image_inverted = image_inverted - background_inverted

filtered_image = util.invert(filtered_image_inverted)

#Invert the image (white background):

background = util.invert(background_inverted)

io.imsave(data_path_save_2 + 'Background-'+f2_name_repl+'.jpg',
↪→background)

result = image-background

io.imsave(data_path_save_3 +

↪→'SubtractedBackground-'+f2_name_repl+'.jpg',
result)

[5]: #Contrast enhancement

#Image directory:

data_path_get = '05_SubtractedBackground/'
data_path_save = '06_EnhancedContrast/'

for f3 in os.listdir(data_path_get):

f3_name = os.path.splitext(f3)[0]

f3_name_repl = f3_name.replace('SubtractedBackground-','')
im = Image.open(data_path_get+f3) #Read the image

enhancer = ImageEnhance.Contrast(im) #Image brightness enhancer

factor = 2.0 #Factor for increasing the contrast

im_output = enhancer.enhance(factor) #Increase the contrast

im_output.save(data_path_save + 'EnhancedContrast-' +

↪→f3_name_repl + '.jpg')
im_output.save(data_path_save + 'EnhancedContrast-' +

↪→f3_name_repl + '.tif')
plt.clf()

199



A. Supplementary information: Method development

Python script: Bubble analysis After processing the pre-processed microscope im-
ages in the Cellpose [299, 300] GUI, Cellpose will provide a ’ seg.npy’-file containing
the information of the bubble masks. The script provided below is run to analyze
different properties of the foam.
The second cell creates several folders to store information obtained from the analysis
of the microscope images. After running this cell, the ’ seg.npy’-files obtained from
Cellpose are put manually in the data folders ’data sb’ and ’data lb’, respectively: If
there is only one set of masks for a sample, it should be in the folder ’data sb’. In
case of two sets of masks, the file containing masks of small bubbles is placed into
’data sb’ and the file containing the masks of large bubbles into the folder ’data lb’.
To analyze images with two sets of masks, cells 3 and 4 are run. If all masks detected
in one image are contained in one ’ seg.npy’-file, cells 5 and 6 are run. In the cells 4
and 6, respectively, the samples have to be specified by providing their sample name
(’sample1’ is replaced by the name of the sample) and the labels of the time series
(in the example: [’0000’, ’0005’, ’0010’, ’0015’, ’0020’, ’0025’, ’0030’]). Furthermore,
the pixel-to-µm ratio of the applied magnification of the used micrsocope has to be
provided (pixeltoum).
To collect the time-dependent data of each sample in a txt.file, cell 7 is run after check-
ing the provided parameters. The list time contains the time steps of the measurement
in minutes. In sample list multiple sample names can be provided ([’sample1’, ’sam-
ple2’]). number list contains the labels of the time series as provided in the sample
names (as before). Moreover, a limit can be supplied. Only bubbles with a larger
equivalent diameter than this limit will be considered when calculating the mean cir-
cularity. After running cell 7, txt-files containing the mean bubble properties for each
time step can be found in the folder ’results’ for each sample. These data can be
used to plot the temporary evolution of bubble size, circularity, and dispersity of the
samples.
Additionally provided info:

File Info

result areas sample1 0000.txt Total areas
result bubble-properties sample1 0000.txt Properties of each bubble in

one image
dat masks sample1 0000.txt Labelled bubble masks
dat masks edgebubblesremoved sample1 0000.txt Labelled bubble masks
sample1 0000 masks.jpg Image of bubble masks
sample1 0000 outlines overlay.jpg Image of outlines of bubble

masks overlayed with
microscope image

mean values sample1.txt Mean bubble properties
for each time step
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[1]: import os

#Set the environment variable KMP_DUPLICATE_LIB_OK to True:

os.environ['KMP_DUPLICATE_LIB_OK']='True'

#Import cellpose functions for plotting masks / outlines:

from cellpose import plot, utils

import numpy as np

import matplotlib.pyplot as plt

import matplotlib.cm as cm #colormaps

from skimage.measure import label, regionprops, regionprops_table

[2]: #Create directories

#Folders to create:

directory_list = ['bubble-properties', 'combined-masks',
'combined-masks_edge-bubbles-removed', 'data_lb', 'data_sb',
'result-images', 'results']

#Set current working directory as parent directory path:

parent_dir = os.getcwd()

for i in directory_list:

path = os.path.join(parent_dir, i)

os.mkdir(path)

[3]: #Two sets of masks

def two_bubblemasks(dats, datl, sample, number, pixeltoum):

"""Function that adds the two sets of masks of small and large

↪→bubbles into

one array, remove edge bubbles and display the results.

Parameters:

dats ... masks of small bubbles

datl ... masks of large bubbles

sample ... sample name

number ... number of the sample which refers to a timestep

pixeltoum ... pixel-to-um ratio"""

dats_masks = dats['masks'] #Masks of small bubbles

datl_masks = datl['masks'] #Masks of large bubbles

lens = len(dats['colors']) #Number of colors of small bubbles

201



A. Supplementary information: Method development

#-> number of small bubbles

#Correct labels of large bubble masks:

shape = datl_masks.shape #Shape of the array of large bubble

↪→masks

datl_masks_02 = datl_masks #Copy the array

for x in range(shape[0]):

for y in range(shape[1]):

if datl_masks[x, y] != 0: #All non-zero values in the

↪→array

#Add number of small bubbles

#-> numbering of large bubbles starts at len1+1

datl_masks_02[x, y] = datl_masks[x, y]+lens

#Delete bubbles drawn in both (dats_masks and datl_masks) in

↪→datl_masks:

#Iterate over each element in the array:

for x in range(shape[0]):

for y in range(shape[1]):

#Check if the mask exists in both arrays:

if dats_masks[x, y] != 0 and datl_masks_02[x, y] != 0:

#Store the value of the current element:

value = datl_masks_02[x, y]

#Iterate over each element again to find and update

↪→matching

#values

for x in range(shape[0]):

for y in range(shape[1]):

#If the value matches the stored value, set

↪→it to zero

if datl_masks_02[x, y] == value:

datl_masks_02[x, y] = 0

#Add masks of small and large bubbles into one array:

dat_masks = dats_masks + datl_masks_02

#Crop:

dat_masks = dat_masks[10:shape[0]-30, 10:shape[1]-30]

reshape = dat_masks.shape

#Save data:
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np.savetxt('combined-masks\\dat_masks_' + sample + '_' + number

↪→+'.txt', dat_masks, fmt='%i')

#Total bubble area, total lamella area, total area - with edge

↪→bubbles

bubble_area = np.count_nonzero(dat_masks!=0)

lamella_area = np.count_nonzero(dat_masks==0)

total_area = bubble_area + lamella_area

#Calculate area and equivalent diameter of each bubble:

lens = len(dats['colors']) #Number of small bubbles

lenl = len(datl['colors']) #Number of large bubbles

lenmask = lens + lenl #Total number of bubbles

s = (3,lenmask+1) #Define tuple with dimensions 3 and lenmask+1

c = np.zeros(s) #Array of shape s filled with zeros

#Iterate over number of bubbles:

for i in range(lenmask+1):

first = c[0]

first[i] = i+1 #Insert bubble labels

second = c[1]

second[i] = np.count_nonzero(dat_masks == i+1) #Insert

↪→bubble areas

third = c[2]

#Calculate equivalent diameters from bubble areas and insert

↪→them:

third[i] = 2*np.sqrt(second[i]/np.pi)

diameter = c[2] #Equivalent diameter

#Select first row, first column, last row and last column

fr = dat_masks[0] #first_row

lr = dat_masks[-1] #last_row

fc = dat_masks[:,0] #first_column

lc = dat_masks[:,-1] #last_column

#Create lists for labels different from 0:

list_fr = list() #fr - first row

list_fc = list() #fc - first column

list_lr = list() #lr - last row

list_lc = list() #lc - last column
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#Create lists for number of labels:

number_of_labels_fr = list() #first row

number_of_labels_fc = list() #first column

number_of_labels_lr = list() #last row

number_of_labels_lc = list() #last column

#Create lists for labels (each label occurs once):

value_list_fr = list()

value_list_fc = list()

value_list_lr = list()

value_list_lc = list()

#Create lists for equivalent diameters:

diameter_fr = list()

diameter_fc = list()

diameter_lr = list()

diameter_lc = list()

#Array containing relevant data for edge bubbles:

edges = [[fr, list_fr, number_of_labels_fr, value_list_fr,

↪→diameter_fr],

[fc, list_fc, number_of_labels_fc, value_list_fc,

↪→diameter_fc],

[lr, list_lr, number_of_labels_lr, value_list_lr,

↪→diameter_lr],

[lc, list_lc, number_of_labels_lc, value_list_lc,

↪→diameter_lc]]

for i in edges:

for k in i[0]: #Select labels different from 0 for fr, fc,

↪→lr, lc

if k!= 0:

i[1].append(k)

for s in range(lenmask+1):

if s in i[1]:

i[2].append(i[1].count(s)) #Number of labels

i[3].append(s) #Labels

for n in i[3]:

i[4].append(diameter[n-1]) #Equivalent diameter

a=dat_masks #Copy array with all masks
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t = i[3] #Labels

l = i[2] #Numbers of edge pixels l

d = i[4] #Equivalent diameter of edge bubbles d

for z in range(len(i[3])): #Remove edge bubbles

if l[z] > 1/4*d[z]:

a[a == t[z]] = 0

#Save data:

np.savetxt('combined-masks_edge-bubbles-removed\\dat_masks_edge
bubblesremoved_' + sample + '_' + number +'.txt', a, fmt='%i')

#Number of edge bubbles:

lenedge = len(value_list_fr) + len(value_list_fc) +

↪→len(value_list_lr) + len(value_list_lc)

#Number of bubbles:

bubnum = len(np.unique(a))-1

#Save data:

with open('bubble-properties\\result_areas_' + sample + '_' +

↪→number +'.txt', 'w') as t:

t.write('total bubble area,total lamella area,total area,

↪→total number of bubbles, number of edge bubbles\n')
t.write(str(bubble_area) + ',' + str(lamella_area) + ',' +

↪→str(total_area) + ',' + str(bubnum) + ',' + str(lenedge) + '\n')

#Show masks:

image = dats['img']
image2 = image[10:shape[0]-30, 10:shape[1]-30]

mask_RGB = plot.mask_overlay(image2, dat_masks)

plt.imshow(dat_masks, cmap='Blues')#'flag')
plt.axis('off')
plt.savefig('result-images\\' + sample + '_' + number +'_masks.

↪→jpg', dpi=400, bbox_inches='tight', pad_inches = 0)

#Plot image with outlines of all bubbles overlaid in blue

outlines = utils.outlines_list(dat_masks) #Outlines of the masks

image = dats['img'] #Microscope image

plt.imshow(image[10:shape[0]-30, 10:shape[1]-30], cmap='gray')
plt.axis('off')
#Draw outlines:

for o in outlines:

plt.plot(o[:,0], o[:,1], color='b')
#Save image:
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plt.savefig('result-images\\' + sample + '_' + number

↪→+'_outlines_overlay.jpg', dpi=400, bbox_inches='tight', pad_inches

↪→= 0)

#Bubble properties:

props = regionprops_table(dat_masks,

properties=['label', 'area',
'equivalent_diameter',

↪→'feret_diameter_max', 'perimeter', 'perimeter_crofton'])

#Calculate circularity

circ = 4.*np.pi*props['area']/(props['perimeter_crofton']**2.)
↪→#circularity

#Conversion of pixel into um:

label = props['label']
area = pixeltoum * pixeltoum * props['area']
equ_diam = pixeltoum * props['equivalent_diameter']
feret = pixeltoum * props['feret_diameter_max']
perimeter = pixeltoum * props['perimeter']
perimeter_crofton = pixeltoum * props['perimeter_crofton']

#Save data:

with open('bubble-properties\\result_bubble-properties_' +

↪→sample + '_' + number +'.txt', 'w') as t:

t.write('label,area,equivalent_diameter,feret_diameter_max,
perimeter,perimeter_crofton,circularity\n')
for index_t in range(len(label)):

t.write(str(label[index_t]) + ',' + str(area[index_t]) +

↪→',' + str(equ_diam[index_t]) + ',' + str(feret[index_t]) + ',' +

↪→str(perimeter[index_t]) + ',' + str(perimeter_crofton[index_t]) +

↪→',' + str(circ[index_t]) + '\n')

plt.clf()

plt.close('all') #Close all the figure windows

[4]: sample = 'sample1' #Sample name

number_list = ['0000', '0005', '0010', '0015', '0020', '0025',
↪→'0030']

#Time steps

data_path_sb = 'data_sb\\' #Directory of masks of small bubbles
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data_path_lb = 'data_lb\\' #Directory of masks of large bubbles

pixeltoum = 5.94460 #Pixel-to-um ratio

for file in number_list:

dat1 = np.load(data_path_sb + 'EnhancedContrast-' + sample + '_'
↪→+ file +

'_seg.npy', allow_pickle=True).item()

dat2 = np.load(data_path_lb + 'EnhancedContrast-' + sample + '_'
↪→+ file +

'_seg.npy', allow_pickle=True).item()

r = two_bubblemasks(dat1, dat2, sample, file, pixeltoum)

[5]: #Only one set of masks

def one_bubblemasks(dat, sample, number, pixeltoum):

"""Function that removes edge bubbles and displays the results.

Parameters:

dat ... bubble masks

sample ... sample name

number ... number of the sample which refers to a timestep

pixeltoum ... pixel-to-um ratio"""

dat_masks = dat['masks'] #Bubbles masks

#Crop

shape = dat_masks.shape #Shape of masks array

dat_masks = dat_masks[10:shape[0]-30, 10:shape[1]-30]

reshape = dat_masks.shape

#Save data:

np.savetxt('combined-masks\\dat_masks_' + sample + '_' + number

↪→+'.txt', dat_masks, fmt='%i')

#Total bubble area, total lamella area, total area - with edge

↪→bubbles

bubble_area = np.count_nonzero(dat_masks!=0)

lamella_area = np.count_nonzero(dat_masks==0)

total_area = bubble_area + lamella_area

#Calculate area and equivalent diameter of each bubble:

lenmask = len(dat['colors']) #Number of bubbles

s = (3,lenmask+1) #Define tuple with dimensions 3 and lenmask+1
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c = np.zeros(s) #Array of shape s filled with zeros

#Iterate over number of bubbles:

for i in range(lenmask+1):

first = c[0]

first[i] = i+1 #Insert bubble labels

second = c[1]

second[i] = np.count_nonzero(dat_masks == i+1) #Insert

↪→bubble areas

third = c[2]

#Calculate equivalent diameters from bubble areas and insert

↪→them:

third[i] = 2*np.sqrt(second[i]/np.pi)

diameter = c[2] #Equivalent diameter

#Select first row, first column, last row and last column

fr = dat_masks[0] #first_row

lr = dat_masks[-1] #last_row

fc = dat_masks[:,0] #first_column

lc = dat_masks[:,-1] #last_column

#Create lists for labels different from 0:

list_fr = list() #fr - first row

list_fc = list() #fc - first column

list_lr = list() #lr - last row

list_lc = list() #lc - last column

#Create lists for number of labels:

number_of_labels_fr = list() #first row

number_of_labels_fc = list() #first column

number_of_labels_lr = list() #last row

number_of_labels_lc = list() #last column

#Create lists for labels (each label occurs once):

value_list_fr = list()

value_list_fc = list()

value_list_lr = list()

value_list_lc = list()

#Create lists for equivalent diameters:

diameter_fr = list()

diameter_fc = list()

diameter_lr = list()
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diameter_lc = list()

#Array containing relevant data for edge bubbles:

edges = [[fr, list_fr, number_of_labels_fr, value_list_fr,

↪→diameter_fr],

[fc, list_fc, number_of_labels_fc, value_list_fc,

↪→diameter_fc],

[lr, list_lr, number_of_labels_lr, value_list_lr,

↪→diameter_lr],

[lc, list_lc, number_of_labels_lc, value_list_lc,

↪→diameter_lc]]

for i in edges:

for k in i[0]: #Select labels different from 0 for fr, fc,

↪→lr, lc

if k!= 0:

i[1].append(k)

for s in range(lenmask+1):

if s in i[1]:

i[2].append(i[1].count(s)) #Number of labels

i[3].append(s) #Labels

for n in i[3]:

i[4].append(diameter[n-1]) #Equivalent diameter

a=dat_masks #Copy array with all masks

t = i[3] #Labels

l = i[2] #Numbers of edge pixels l

d = i[4] #Equivalent diameter of edge bubbles d

for z in range(len(i[3])): #Remove edge bubbles

if l[z] > 1/4*d[z]:

a[a == t[z]] = 0

#Save data:

np.savetxt('combined-masks_edge-bubbles-removed\\dat_masks_edge
bubblesremoved_' + sample + '_' + number +'.txt', a, fmt='%i')

#Number of edge bubbles:

lenedge = len(value_list_fr) + len(value_list_fc) +

↪→len(value_list_lr) + len(value_list_lc)

#Number of bubbles:
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bubnum = len(np.unique(a))-1

#Save data:

with open('bubble-properties\\result_areas_' + sample + '_' +

↪→number +'.txt', 'w') as t:

t.write('total bubble area,total lamella area,total area,

↪→total number of bubbles, number of edge bubbles\n')
t.write(str(bubble_area) + ',' + str(lamella_area) + ',' +

↪→str(total_area) + ',' + str(bubnum) + ',' + str(lenedge) + '\n')

#Show masks:

image = dat['img']
image2 = image[10:shape[0]-30, 10:shape[1]-30]

mask_RGB = plot.mask_overlay(image2, dat_masks,

colors=np.array(dat['colors']))
plt.imshow(dat_masks, cmap='Blues')
plt.axis('off')
plt.savefig('result-images\\' + sample + '_' + number +'_masks.

↪→jpg', dpi=400, bbox_inches='tight', pad_inches = 0)

#Plot image with outlines of all bubbles overlaid in blue:

outlines = utils.outlines_list(dat_masks) #Outlines of the masks

image = dat['img'] #Microscope image

plt.imshow(image[10:shape[0]-30, 10:shape[1]-30], cmap='gray')
#Draw outlines:

for o in outlines:

plt.plot(o[:,0], o[:,1], color='b')
#Save image:

plt.savefig('result-images\\' + sample + '_' + number

↪→+'_outlines_overlay.jpg', dpi=400, bbox_inches='tight', pad_inches

↪→= 0)

#Bubble properties:

props = regionprops_table(dat_masks,

properties=['label', 'area',
'equivalent_diameter',

↪→'feret_diameter_max', 'perimeter', 'perimeter_crofton'])

#Calculate circularity:

circ = 4.*np.pi*props['area']/(props['perimeter_crofton']**2.)
↪→#circularity

#Conversion of pixel into um:
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label = props['label']
area = pixeltoum * pixeltoum * props['area']
equ_diam = pixeltoum * props['equivalent_diameter']
feret = pixeltoum * props['feret_diameter_max']
perimeter = pixeltoum * props['perimeter']
perimeter_crofton = pixeltoum * props['perimeter_crofton']

#Save data:

with open('bubble-properties\\result_bubble-properties_' +

↪→sample + '_' + number +'.txt', 'w') as t:

t.write('label,area,equivalent_diameter,feret_diameter_max,
perimeter,perimeter_ crofton,circularity\n')
for index_t in range(len(label)):

t.write(str(label[index_t]) + ',' + str(area[index_t]) +

↪→',' + str(equ_diam[index_t]) + ',' + str(feret[index_t]) + ',' +

↪→str(perimeter[index_t]) + ',' + str(perimeter_crofton[index_t]) +

↪→',' + str(circ[index_t]) + '\n')

plt.clf()

plt.close('all') #Close all the figure windows

[6]: sample = 'sample1' #Sample name

number_list = ['0000', '0005', '0010', '0015', '0020', '0025',
↪→'0030']

#Time steps

data_path_sb = 'data_sb\\' #Directory of bubble masks

pixeltoum = 1/0.16822 #Pixel-to-um ratio

for file in number_list:

dat = np.load(data_path_sb + 'EnhancedContrast-' + sample + '_'
↪→+ file + '_seg.npy', allow_pickle=True).item()

r = one_bubblemasks(dat, sample, file, pixeltoum)

[7]: #Time steps:

time = [0, 5, 10, 15, 20, 25, 30]

sample_list = ['sample1'] #List with sample names

#List with numbers of the sample (time steps):

number_list = ['0000', '0005', '0010', '0015', '0020', '0025',
↪→'0030']

limit = 60 #60 um - 10 pixels
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for sample in sample_list:

mean_bubble_diameter = list()

std_bubble_diameter = list()

with open('results\\mean_values_' + sample + '.txt', 'w') as t:

t.write('label,mean area/ um^2,std area,mean

↪→equivalent_diameter/ um,std equivalent_diameter,smallest

↪→equivalent_diameter/ um,largest equivalent_diameter/ um,median

↪→equivalent_diameter/ um,total perimeter/ um,mean

↪→circularity,dispersity\n')
for number in number_list:

bubble_dat_num = np.

↪→loadtxt('bubble-properties\\result_bubble-properties_' + sample +

↪→'_' + number +'.txt', unpack=True, delimiter=',', skiprows=1)

area = bubble_dat_num[1] #Bubble area

area_mean = np.mean(area) #Mean of bubble area

area_std = np.std(area) #Standard deviation of bubble area

equ_diam = bubble_dat_num[2] #Equivalent diameter

equ_diam_mean = np.mean(equ_diam)

mean_bubble_diameter.append(equ_diam_mean)

equ_diam_std = np.std(equ_diam)

std_bubble_diameter.append(equ_diam_std)

smallest_diam = np.min(equ_diam) #Smallest equivalent

↪→diameter

largest_diam = np.max(equ_diam) #Largest equivalent diameter

equ_diam_median = np.median(equ_diam) #Median of equivalent

↪→diameter

croftonp = bubble_dat_num[5] #Crofton perimeter

perim_sum = np.sum(croftonp) #Total perimeter of all bubbles

circularity = bubble_dat_num[6] #Circularity

circ_arr=np.zeros(len(circularity))

for i in range(len(equ_diam)):

if equ_diam[i]>limit: #Only bubbles > limit considered

circ_arr[i] = circularity[i]

circ_arr2=circ_arr[circ_arr != 0] #Remove zero elements

circ_mean = np.mean(circ_arr2)

area_average_weighted = np.average(area, weights=area) #Area

↪→weighted average of area

disp = area_average_weighted/area_mean #Dispersity

with open('results\\mean_values_' + sample + '.txt', 'a') as

↪→t:
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t.write(number + ',' + str(area_mean) + ',' +

↪→str(area_std) + ',' + str(equ_diam_mean) + ',' + str(equ_diam_std)

↪→+ ',' + str(smallest_diam) + ',' + str(largest_diam) + ',' +

↪→str(equ_diam_median) + ',' + str(perim_sum) + ',' + str(circ_mean)

↪→+ ',' + str(disp) + '\n')

Here the quotation from the supporting information of [302] ends.

A.3. Versions of libraries used in Python

Library Version
cellpose 2.0.5
cv2 4.6.0
glob2 0.7
matplotlib 3.3.4
numpy 1.20.1
PIL 8.2.0
pykuwahara 8.2.0
scipy 0.3.2
skimage 0.18.1
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B. Supplementary information: HP-BSA
interactions

This supplementary information refers to Chapter 4.

B.1. Sodium dodecyl sulfate-polyacrylamid gel
electrophoresis

Figure B.1 shows the results of a SDS-PAGE of aqueous solutions of HP, BSA and
mixtures of HP and BSA with and without reducing agent each. The wells with pure

Figure B.1.: SDS-PAGE of aqueous solutions (0.1 wt%) of HP, BSA and their mix-
tures. (1) Marker, (2) HP, (3) HP-BSA 3:1, (4) HP-BSA 1:1 (5) HP-BSA
1:3 and (6) BSA with reducing agent each, (7) HP, (8) HP-BSA 3:1, (9)
HP-BSA 1:1 and (10) HP-BSA 1:3 and (11) BSA each without reducing
agent.

HP and pure BSA solutions show the characteristic pattern as observed in Figure 4.2.
The SDS-PAGE of the mixtures of BSA and HP show the addition of BSA and HP
with intensities according to the ratio of the mixture. However, no signs of interaction
of BSA and HP are seen. The samples without reducing agent show the same patterns
as the ones with reducing agents, which are shifted to lower molecular weights. These
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shifts can be explained by not completely unfolded polypeptides, which lead to a
faster migration through the gel than that related purely to the molecular mass [277].
Also in the case without reducing agent, no signs of interaction of HP and BSA are
detected.

B.2. Surface coverage for BAM experiments

The amount of protein needed for film formation at the air-water interface was roughly
estimated as a starting point of BAM experimets. The radius of BSA isRBSA = 3.4 nm
and its molecular weight is M = 66.430 Da [461]. In this approximation BSA is
assumed a sphere with radius RBSA. The maximum packing density of circles in 2D
(air-water interface) is η = π

2
√
3

= 0.9069. This value determines how much of the

air-water interface is covered by circles (BSA molecules). The area that one BSA
molecule takes is given by ABSA = πR2

BSA and the area of the air-water interface is
AI = π

4d
2
t = 1963.5 mm2 with the trough diameter dt = 50 mm. Hereof results the

number of BSAs at the interface

N =
ηAI

ABSA
=

ηd2t
4R2

BSA

= 4.9 × 1013

These surface molecules have a total weight of msm = NM = 5.40 × 10−9 kg. If a
density of ρ = 1 kg L−1 is assumed, the required volume of a 0.4 wt% BSA solution to
cover the air-water interface is therefore

V =
msm

cρ
=

5.40 × 10−9 L

0.004
= 1.35 µL

.
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B.3. Influence of AFM substrate

Figure B.2 shows AFM images of an empty HOPG substrate. The substrate appears
very flat and clearly looks different than the investigated samples. Therefore, even
though the BSA samples look quite flat, it can be concluded, that these indeed show
the sample.

(a) scan size 1 µm, legend 2 nm (b) scan size 0.5 µm, legend 500 pm

Figure B.2.: AFM of empty HOPG.

Figure B.3 shows dried droplets of 4 wt% BSA solutions on different substrates com-
monly used for AFM: HOPG, mica and silicium. When comparing the images no sig-
nificant differences in the arrangement of BSA molecules are detected. It can therefore
be concluded that the substrate does not influence the observed BSA arrangement.
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(a) HOPG, scan size 3 µm, legend 2.5 nm (b) HOPG, scan size 1 µm, legend 2.5 nm

(c) Mica, scan size 3 µm, legend 3 nm (d) Mica, scan size 1 µm, legend 2.5 nm

(e) Silicium, scan size 3 µm, legend 3 nm (f) Silicium, scan size 1 µm, legend 3 nm

Figure B.3.: AFM of dried droplets of 4 wt% BSA solutions on different substrates.
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B.4. Additional AFM images of HP rodlets

B.4. Additional AFM images of HP rodlets

(a) Height (b) Phase

(c) Height (d) Phase

Figure B.4.: AFM height profiles and phases of a rodlet structure observed on a dried
droplet of a 0.04 wt% HP solution.
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C. Supplementary information: Addition
of hydrocolloids

This is supplementary information referring to Chapter 5.

C.1. Viscosity of a BSA solution

Figure C.1 shows the viscosity measured for a pure BSA solution as well as the low-
torque limit and the secondary flow limit, which are shown by dashed lines. For

Figure C.1.: Dynamic viscosity of a pure BSA solution (4 wt%).

samples with a low viscosity, misinterpretation of results is likely, if experimental
windows are not attended and measurements are performed at non-ideal conditions. In
this case, for an actually Newtonian fluid apparent shear thinning and shear thickening
behavior can be observed. Ostensible shear thinning behavior at low shear rates can
be measured due to low-torque limit effects. At high shear rates an apparent, but not
real, shear thickening effect can be observed due to secondary flow effects. [462] The
low-torque limit and secondary flow limit were estimated by considering parameters
of the geometry and the rheometer as described by Ewoldt et al. [462]. Although
the calculated technical limits are not reached in this case, they seem to approximate
asymptotically, from which it can be concluded that the course of the measurement
is influenced by these effects.

Therefore, the results of measuring the viscosity of BSA-solutions without any addi-
tives cannot be interpreted safely. However, it is certain, that the viscosity is much
lower than that of solutions with added polysaccharides.
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C.2. Estimation of the shear rate during application of the
ultra turrax T 25

For convenience and readability Figure C.2 shows the photos of the ultra turrax T 25
tool already depicted in Figure 3.3 again. It consists of a stator on the outside, which

(a) (b)

Figure C.2.: Ultra turrax T 25 tool S 25 N - 10 G as viewed (a) from the side and (b)
from below.

has the shape of a cylinder wall with some slots in the lower part. Inside there is a
rotor, which consists of two blades. During application of the tool, the rotor moves
with high speed. Due to this rotation the sample is automatically drawn axially into
the tool and then forced radially through the slots (cf. Subfigure C.3c).

Figure C.3 shows sketches of the setup of the ultra turrax T 25 tool and its working
principle.

A rough estimation of the shear rate in the gap between rotor and stator is given in
the following for a rotational frequency of 20 000 rpm.

Calculation of radius r and distance h (dimensions of the tool as shown in Figure C.3):

r =
7.4 mm

2
= 3.7 mm

h =
(8.2 − 7.4) mm

2
= 0.4 mm

Time for one revolution (at a rotational frequency of 20 000 rpm):

T =
1

20000
min =

60

20000
s = 0.003 s

Shear rate:

γ̇ =
v

h
=

2πr

Th
≈ 19 373 s−1

where v is the velocity at the outside of the moving plate and all other variables are
as given above and in Figure C.3. Therefore, the highest shear rate applied during
foam formation is of the order of 104 s−1.
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(a) (b) (c)

Figure C.3.: Setup and working principle of the ultra turrax T 25 tool S 25 N - 10 G.
(a) Dimensions of the tool as viewed from below. (b) Definition of the
gap size h (distance between rotor and stator) and the radius of the rotor
r. (c) Rotor/stator working principle as described in the manual from
IKA [305]. All dimensions are given in mm. Subfigure (c) reproduced from
[305] with permission of IKA-Werke GmbH & Co. KG, Staufen, Germany.
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C.3. Test of the threshold-based method to determine the
mean equivalent bubble size

In the threshold-based method used, connected white pixels were counted as a bubble
and its area determined by counting the number of all connected white pixels. It
could potentially happen that parts of lamellae are represented by white pixels and
were therefore counted as a bubble. Additionally, if a black pixel in the lamellae was
missing, two bubbles could be counted as one bubble of a larger size. These effects
cannot be controlled by the current method. For this reason, in one image the white
lamellae were colored black manually. To test the method, then the results of this
image were compared with the one without manual correction of the binary image.
The images with and without pixel correction are shown in Figure C.4

(a) (b) (c)

Figure C.4.: Test of the preliminary approach to measure mean bubble size. (a) Orig-
inal image of a foam formed of an aqueous solution of 4 wt% BSA +
0.4 wt% guar gum. (b) Binary image (thresholded) without manual pixel
corrections. (c) Binary image of the same image with lamellae colored
black manually.

The mean equivalent bubble diameter determined for the image in Figure C.4b is
102.1 µm and for the image in Figure C.4c it is 96.3 µm. The mean value of the mean
equivalent diameter determined with this method for the images of three independent
identical samples is (95.9 ± 7.4) µm. Therefore, the deviation between the corrected
and uncorrected images was considered as being within the range of the uncertainty
of the measurement.
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of pH variation

This appendix provides supplementary information to Chapter 6.

D.1. Estimation of the overlap concentration of BSA
solutions

The overlap concentration c∗ for random coils in good solvent can be estimated by

M

NAR3
g

≃ c∗ ≃ 3M

4πNAR3
g

(D.1)

where NA denotes Avogadro’s number, M = MWNA is the polymer molar mass (MW

is the molecular weight) and Rg is the radius of gyration [463, 464]. Using literature
data for Rg and MW , the overlap concentration can be estimated as shown in Table
D.1.

Smilgies and
Folta-Stogniew [143]

Mylonas and Svergun [144] Akiyama [145]

MW / kDa 67.1 66.0 66.4

Rg / nm 2.76 2.99 2.93

M
NAR3

g
/ g mL−1 5.30 4.10 4.38

3M
4πNAR3

g
/ g mL−1 1.27 0.98 1.05

Table D.1.: Estimation of the overlap concentration of BSA solutions.

From table D.1 it can be concluded that c∗ ≳ 1 g mL−1. Measurements in this study
were performed for protein concentrations of 4 wt% or lower. For this concentration
holds c = 4 wt% ≈ 0.04 g mL−1 < c∗. Therefore, it can be concluded that the experi-
ments were performed at concentrations below the overlap concentration.

D.2. Swissmodel data

Figures D.1, D.2 and D.3 show information provided by swissmodel.expacy.org [146]
about the charge and hydrophobicity of the amino acids in the primary structure, the
helical content of BSA and the location of cysteine bonds.
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Figure D.1.: Primary structure of BSA where electrostatic and hydrophobic properties
of the amino acids are highlighted. Reproduced from https://swissmodel.

expasy.org/ [146], licensed under CC BY-SA 4.0 license. For more information, visit
https://swissmodel.expasy.org/docs/terms_of_use.

Figure D.2.: Information about the secondary structure of BSA. Reproduced from https:

//swissmodel.expasy.org/ [146], licensed under CC BY-SA 4.0 license. For more
information, visit https://swissmodel.expasy.org/docs/terms_of_use.
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D.3. Discussion on the determination of the isoelectric point of BSA

Figure D.3.: Location of disulfide bonds in the primary structure of BSA . Reproduced
from https://swissmodel.expasy.org/ [146], licensed under CC BY-SA 4.0 license.
For more information, visit https://swissmodel.expasy.org/docs/terms_of_use.

D.3. Discussion on the determination of the isoelectric point
of BSA

The isoelectric point (IEP, in literature also pI) of a component of a mixture, for
example charged particles in an aqueous solution, is the “pH at which there is no net
motion in an electric field” [465]. At this pH value, “the zeta potential (or surface
potential), equivalent to the net charge of the molecule including bound ions, is zero”
[154]. It has to be distinguished from the isoionic point (IIP), which describes the pH
value at which the number of positive and negative charges of a zwitterionic molecule
is equal [154]. A common method to determine the isoelectric point experimentally, is
to put an aqueous solution of the charged particle of interest into an electric field and
to measure the electrophoretic velocity of the charged particles of the solution using
dynamic light scattering. From the electrophoretic velocity and the applied electric
field strength then the zeta potential is calculated. [151–153] Commonly, determination
of the zeta potential is performed using devices such as the Zetasizer Nano ZS (Malvern
Panalytical Ltd, UK) used in this study [83, 151–154]. Subsequently, the measured
zeta potentials are plotted over pH. Since the IEP is the pH value where the zeta
potential equals zero, it can then directly be read from the plot [42]. Since proteins
carry a net charge depending on the solution pH, this method can be applied to
determine the IEP of a protein. Alternatively, IEPs of proteins can also be calculated
from the amino acid sequence of the protein and taking into account the pK values of
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Zeta potential Method Protein Temperature Buffer/ Salt Ref.
concentration ◦C concentration

5.2± 0.1 exp 150 µmol L−1 24 − [42]
5.1 (independently exp 500 ppm to 20 ± 0.1 Mes, Tris, [153]
of ionic strength) 8000 ppm Mes-Tris buffers,
5.1 (MES buffer) 10−3, 5 · 10−3,
4.7 (MES-TRIS 10−2, 0.15 mol L−1

buffer) NaCl
5.5 theo
4.2-4.7 exp 1 g L−1 25 0.01, 0.10, 0.25, [154]

0.50 mol L−1 NaCl
5.27 zero salt
4.7 exp 15.0 g L−1 25.0 ± 0.5 [83]
4.7 exp 0.044 mmol L−1 20 [151]
5.4 exp [152]
5.4 theo
5.4 theo [155]

exp ... measured experimentally with Zetasizer Nano ZS (Malvern Panalytical Ltd, UK)
theo ... calculated from amino acid composition of protein

Table D.2.: Literature overview: IEP of BSA.

the side chains [153, 155].

An overview of IEP values of BSA found in the literature is provided in Table D.2.

Different values have been reported in the literature for the IEP of BSA varying from
pH 4.2 to 5.5 [42, 83, 151–155]. Here, calculated IEPs (5.4-5.5 [152, 153, 155]) were
mostly slightly higher than experimentally measured IEPs of BSA (4.2-5.4 [42, 83,
151–154]). Depending on the model used for calculating the IEP these differences
can be explained by the assumptions made. These include the assumption of the
theoretical model that all ionizable amino acid groups were accessible to the water;
however, in reality a small part is not accessible to the water [153]. Other reasons
are given by the shape of the BSA molecule, which was approximated with a sphere,
however using an ellipsoid of revolution may be more appropriate. Furthermore, the
dipole moment of BSA may cause additional effects. In addition, the surface charge
of the BSA molecule is distributed inhomogeneously across the surface and may cause
an electric field that is not spherically symmetric. [154]

Furthermore, it was found that the exact determination of points of zero charge /
potential of proteins depends not only on the solution pH but also on the measurement
conditions. In this regard it is worthwhile to mention, that the measured IEP of a
protein depends also on the type of background salt solution used in the measurement
as well as on the concentration of the background salt solution. It was found, that an
increase of ionic strength (i.e. salt concentration) shifts the IEP values to lower pH,
since a lower BSA zeta potential was obtained as the salt concentration increased [151,
154]. The effect, that (counter)ions adhered to the particle surface weaken the surface
potential, is called surface potential dampening [152]. On the other hand, it has been
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claimed that the IEP of BSA was independent of the ionic strength of the solution,
but dependent on the buffer used [153]. In this thesis no buffer or background salt
solution were used.
The variation of the temperature of the sample showed that temperature has a much
smaller impact on the zeta potential than pH. However, the most significant increase
of the zeta potential was observed in the temperature range of 15-30◦C where the zeta
potential increased with rising temperature [151].
Typically, with increasing pH the zeta potential decreases. Consequently, positive
zeta potential values are found at a pH below the IEP and negative zeta potentials at
pH values above the IEP [152]. Due largely to the lack of interparticle electrostatic
repulsion, proteins commonly aggregate near their IEP [152, 154].

D.4. Evaporation during foam height measurement

To test for evaporation during the foam height measurement, a sample of 4 wt% BSA
in ultrapure water was weighted directly after foam formation and after 30 min. The
humidity in the room was 39.7 % and the room temperature was 24.0 ◦C during this
measurement. The weight at the beginning was 1.559 g. After 30 min, which is the
period of the foam height measurements, the sample weight was 1.552 g. These are
99.6 % of the initial weight. For this reason, the influence of evaporation on the foam
height decay was considered negligible. Additionally, the sample weight was measured
after 120 min, which amounted to 1.546 g. These are still 99.2 % of the initial weight.
For comparison, the foam height reduces to about 55 % after 30 min. This means
that drainage of liquid from the foam and escape of gas from the foam have a much
stronger influence on the decay of the foam height than evaporation.
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D.5. Logarithmic and double logarithmic plots of the liquid in
the foam

Logarithmic and double logarithmic representations of the height of liquid in foam
are shown in Figure D.4. The data shows a similar course as logarithmic and double
logarithmic plots of the foam height (cf. Figure 6.12). The height of liquid in foam can
be fitted with a linear function on double logarithmic scales, which suggests a power
law decay. Similarly to the foam height plots, also here a slight inflection is observed
for the foams at pH 7 and pH 9, which results from a stronger drainage at early times,
when the foam is still wet.

D.6. Logarithmic and double logarithmic plots of the
drainage

Figure D.5 shows the logarithmic and double logarithmic representations of the mea-
sured heights of drained liquid. In neither representation the data is well represented
by linear fitting.
The liquid height hl is related to the height of liquid in foam hlif via

hl = hb − hlif (D.2)

where hb is the height of liquid before foam formation. From this relation follows,
that only hl or hlif can be represented by a linear function in double logarithmic
representation. Since hlif is represented by a power law (see Subsection D.5), hl is
not.

hl = hb − hlif = hb − hlif,0t
′m (D.3)

log(hl) = log(hb−hlif,0t′m) = log(hb(1−
hlif,0
hb

t′m)) = log(hb)+log(1−
hlif,0
hb

t′m) (D.4)

where log(hb) is a constant and log(1 − hlif,0

hb
t′m) ̸= m log(t′) and therefore does not

show a linear relation in double logarithmic representation. For this reason, hl is not
assumed to follow a power law.

D.7. Logarithmic and double logarithmic plots of the gas in
the foam

Figure D.6 shows the logarithmic and double logarithmic representations of the mea-
sured heights of gas in foam hgif . These heights change less over time than the other
determined heights (hf , hl and hlif ).
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(a) pH 3 (b) pH 3

(c) pH 5.1 (IEP) (d) pH 5.1 (IEP)

(e) pH 7 (f) pH 7

(g) pH 9 (h) pH 9

Figure D.4.: Logarithmic (left) and double logarithmic (right) representation of the
height of liquid in the foam over time of BSA-stabilized foams (4 wt%)
at different pH values.
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(a) pH 3 (b) pH 3

(c) pH 5.1 (IEP) (d) pH 5.1 (IEP)

(e) pH 7 (f) pH 7

(g) pH 9 (h) pH 9

Figure D.5.: Logarithmic (left) and double logarithmic (right) representation of the
liquid height over time of BSA-stabilized foams (4 wt%) at different pH
values.
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(a) pH 3 (b) pH 3

(c) pH 5.1 (IEP) (d) pH 5.1 (IEP)

(e) pH 7 (f) pH 7

(g) pH 9 (h) pH 9

Figure D.6.: Logarithmic (left) and double logarithmic (right) representation of the
height of gas in foam over time of BSA-stabilized foams (4 wt%) at dif-
ferent pH values.
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D.8. Comparison of the bubble size analysis with and without
manual correction

After segmentation with Cellpose some bubbles were not masked correctly. Especially,
some tiny bubbles were not detected, but also for a few large bubbles the segmented
mask did not exactly represent the shape of the bubble. Therefore, manual corrections
were made in the Cellpose GUI. To check, how much these manual changes influence
the evaluation of the data, analyses of measurements with and without manual cor-
rections are compared.

Figure D.7.: Effect of manual corrections on the mean equivalent bubble diameter.
For each pH value two independent measurements of identically prepared
samples are shown, which are marked with square and spherical symbols,
respectively. For each sample manually corrected data is shown with
white outline and uncorrected data with black outline.

Figure D.7 shows measurements of the mean equivalent bubble diameter. For the
four different pH values, two measurements of identically prepared samples are shown
each (square and spherical symbol). Furthermore, for each measurement the data
without correction (black outlines) and with corrections (white outlines) are shown.
The differences between uncorrected and manually corrected data are rather small.
Slight deviations of the mean equivalent bubble diameters are detected, however the
trends of the curves of corrected and uncorrected data are similar and the deviations
are within the variations between two different measurements of identically prepared
samples.
Figure D.8 shows the total perimeter of all bubbles in the image, i. e. the sum of
the perimeters of all bubbles in the image. In this case, especially in the beginning
the differences between uncorrected and manually corrected data are more significant.
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D.8. Comparison of the bubble size analysis with and without manual correction

Figure D.8.: Effect of manual corrections on the total perimeter of all bubbles. For
each pH value two independent measurements of identically prepared
samples are shown, which are marked with square and spherical symbols,
respectively. For each sample manually corrected data is shown with
white outline and uncorrected data with black outline.

This deviation comes from the many tiny bubbles present at early times, which were
not detected. Their perimeters add up to a large total perimeter. During ripening
of the foam the mean equivalent bubble diameter increases due to coalescence and
Ostwald ripening. Since many tiny bubbles have a larger total surface area than few
large bubbles, the total perimeter decreases over time. On the other hand, spheres have
the smallest surface in relation to their volume as compared to other shapes. Therefore,
when the bubble shape changes to polyhedral, the surface area might increase, if the
total gas volume would remain constant. However, some air escapes from the foam
over time. For this reason, the shape changes make a minor contribution on the total
perimeter. The main influence on the total bubble perimeter arises from the bubble
size as is also seen when comparing the different pH values. The foams at pH 3 showed
the smallest mean equivalent bubble diameters (cf. Figure 6.20) and the largest total
perimeter. On the other hand, foams at the IEP start with the largest bubble sizes
and the smallest total bubble perimeter.
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D. Supplementary information: Influence of pH variation

D.9. Dynamic light scattering

From the DLS measurements the correlation function, which represents the intensity
fluctuations of the particles in the solution, is obtained. The exponential decays
of the correlation function were fitted by applying the CONTIN method [265–267]
(regularized fit) using the ALV-correlator software. From this analysis the intensity
over hydrodynamic radius was obtained. The main peak was fitted with a log-normal
distribution function:

f(x) =
A√

2πσx
exp

(
−1

2

(
log(x) − µ

σ

)2
)

(D.5)

where A is a constant factor, σ the standard deviation and µ the mean [466]. For
log-normal distributions the median (also multiplicative or geometric expected value)
is defined as µ∗ := eµ and the multiplicative (or geometric) standard deviation is given
by σ∗ := eσ. Furthermore, the interval of confidence, which contains 68.3 % of the
values, is covered by the interval [µ∗/σ∗, µ∗ ·σ∗] for such distributions. [466] The most
common value of the distribution is given by the mode mmode = exp

(
µ− σ2

)
[467].

Figure D.9 shows exemplarily the peak fits at the 9 different scattering angles for a
BSA solution at pH 3. From these fits the median µ∗, the multiplicative standard
deviation σ∗ and the interval of confidence [µ∗/σ∗, µ∗ · σ∗] were obtained for each
angle. Since each measurement was performed in triplicate, the mean values µ̄∗,
σ̄∗ and m̄mode and the standard deviations ∆µ, ∆σ and ∆mmode of three identical
samples were calculated for each angle. Subsequently, these values were plotted over
the scattering angles as shown in Figures D.10, D.11, D.12 and D.13 for each pH value.
To extrapolate these values to a scattering angle of 0◦, each parameter was fitted with
a linear function. The fit parameter n denotes the value extrapolated to 0◦ for each
parameter (µ̄∗, m̄mode, µ̄

∗/σ̄∗ and µ̄∗ · σ̄∗). µ̄∗ and m̄mode serve as a measure of the
hydrodynamic radius Rh and the confidence interval [µ̄∗/σ̄∗, µ̄∗ · σ̄∗] as a measure of
the width of the distribution. These values were used for the plot shown in Figure
6.10.

236



D.9. Dynamic light scattering

(a) 30◦ (b) 45◦

(c) 60◦ (d) 75◦

(e) 90◦ (f) 105◦

(g) 120◦ (h) 135◦

(i) 150◦

Figure D.9.: Peak fitting with a log-normal distribution function as shown for a BSA
solution at pH 3. From each fit the median µ∗ (dashed line), the mode
mmode (yellow line) and the multiplicative standard deviation σ∗ are ob-
tained. The constant factor A serves as an additional fit parameter. The
interval of confidence (68.3 %) is marked by the thin dashed lines.
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D. Supplementary information: Influence of pH variation

Figure D.10.: Angular dependency of the hydrodynamic radius as represented by the
median µ̄∗, the mode m̄mode and the interval of confidence [µ̄∗/σ̄∗, µ̄∗ ·σ̄∗]
for BSA solutions at pH 3. For extrapolation to a scattering angle of
0◦ the parameters µ̄∗, m̄mode, µ̄

∗/σ̄∗ and µ̄∗ · σ̄∗ are each fitted with a
linear function.

Figure D.11.: Angular dependency of the hydrodynamic radius as represented by the
median µ̄∗, the mode m̄mode and the interval of confidence [µ̄∗/σ̄∗, µ̄∗ ·σ̄∗]
for BSA solutions at pH 5.1. For extrapolation to a scattering angle of
0◦ the parameters µ̄∗, m̄mode, µ̄

∗/σ̄∗ and µ̄∗ · σ̄∗ are each fitted with a
linear function.
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D.9. Dynamic light scattering

Figure D.12.: Angular dependency of the hydrodynamic radius as represented by the
median µ̄∗, the mode m̄mode and the interval of confidence [µ̄∗/σ̄∗, µ̄∗ ·σ̄∗]
for BSA solutions at pH 7. For extrapolation to a scattering angle of
0◦ the parameters µ̄∗, m̄mode, µ̄

∗/σ̄∗ and µ̄∗ · σ̄∗ are each fitted with a
linear function.

Figure D.13.: Angular dependency of the hydrodynamic radius as represented by the
median µ̄∗, the mode m̄mode and the interval of confidence [µ̄∗/σ̄∗, µ̄∗ ·σ̄∗]
for BSA solutions at pH 9. For extrapolation to a scattering angle of
0◦ the parameters µ̄∗, m̄mode, µ̄

∗/σ̄∗ and µ̄∗ · σ̄∗ are each fitted with a
linear function.
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E. Supplementary information: Oat drink

This supplementary information provides additional information on Chapter 7.

E.1. Curve fitting of particle sizes

For the measurements investigating the starch gelatinization, three main peaks of the
particle size distribution were determined. These were fitted by the following function

f(x) = a1e
− 1

2

(
log10 (x)−µ1

σ1

)
+ a2e

− 1
2

(
log10 (x)−µ2

σ2

)
+ a3e

− 1
2

(
log10 (x)−µ3

σ3

)
(E.1)

where x is the particle size, ai = 1√
2πσix

are the prefactors, σi are the standard

deviations of log10 (x), and µi are the expected values of log10 (x) with i ∈ {1, 2, 3}
representing the first, second, or third peak, respectively.
For the measurement of particle sizes after each step of enzymatic treatment, the first
two peaks of the measurement were fitted using the function

g(x) = a1e
− 1

2

(
log10 (x)−µ1

σ1

)
+ a2e

− 1
2

(
log10 (x)−µ2

σ2

)
(E.2)

with parameters as above.
Curve fitting provided the fit parameters ai, σi, and µi. To better describe the peaks
in log-normal distribution the geometric (also multiplicative) standard deviations σ∗i
and geometric (also multiplicative) expected values (median) µ∗i were calculated by
σ∗i = 10σi and µ∗i = 10µi , respectively. The errors on the fit parameters were ob-
tained by taking the diagonal of the covariance matrix and calculating the square
root. Subsequently, also the errors of σ and µ were exponentiated.
Figures E.1, E.2, E.3, E.4, E.5 and E.6 show the fitted particle size data and provide
the obtained fit parameters.
When particle sizes are mentioned in the text, the geometric mean µ∗ is provided as
well as the geometric standard deviation σ∗ demonstrating that 68 % of the particles
of this size class were in the interval given by [µ∗/σ∗, µ∗ · σ∗].
The larger particles detected in the measurements after each step of enzymatic treat-
ment have not been fitted, because there are several smaller peaks that are hardly
distinguishable or have large shoulders.
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E. Supplementary information: Oat drink

Figure E.1.: Fit of the particle size distribution of oat drink samples without enzymatic
treatment heated to 35 ◦C.

Figure E.2.: Fit of the particle size distribution of oat drink samples without enzymatic
treatment heated to 70 ◦C.

Figure E.3.: Fit of the first two peaks of the particle size distribution measured after
treatment with EP1.
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E.1. Curve fitting of particle sizes

Figure E.4.: Fit of the first two peaks of the particle size distribution measured after
treatment with EP2.

Figure E.5.: Fit of the first two peaks of the particle size distribution measured after
treatment with EP3.

Figure E.6.: Fit of the first two peaks of the particle size distribution measured for
the final formulation of the oat drink (standard sample).
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E. Supplementary information: Oat drink

E.2. Curve fitting of foam heights in logarithmic and double
logarithmic representation

Logarithmic and double logarithmic representations of the measured foam heights of
the different oat drink samples are shown in Figures E.7, E.8 and E.9.

(a) Pa (b) Pa

(c) Pap (d) Pap

Figure E.7.: Logarithmic and double logarithmic representation of the foam height of
samples Pa and Pap.

In most cases the data is better represented by a linear fit on double logarithmic scales,
which suggests a power law decay of the foam height. Only for sample Pa the repre-
sentation of the data on logarithmic scale is closer to a linear function than on double
logarithmic scale. However, in this case also the data on double logarithmic scale does
not deviate too much from a linear function. Because the deviations are quite small
and because all other samples show linear correlations on double logarithmic scales
(also the samples investigated in Chapter 6), the data of sample Pa was also fitted
with a power law on linear scales. Furthermore, an exponential decay would suggest
that a purely stochastic process causes the foam height decay. However, the reduction
of the foam height depends on certain parameters like the drainage, initial bubble size
and coarsening, which in turn are determined by factors like the solution viscosity and
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E.2. Curve fitting of foam heights in logarithmic and double logarithmic representation

the interfacial (re)arrangement of the surface active proteins.

(a) Pi (b) Pi

(c) Pip (d) Pip

Figure E.8.: Logarithmic and double logarithmic representation of the foam height of
samples Pi and Pip.
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E. Supplementary information: Oat drink

(a) Oi0 (b) Oi0

(c) Oi1 (d) Oi1

(e) Oi2 (f) Oi2

(g) Oi3 (h) Oi3

Figure E.9.: Logarithmic and double logarithmic representation of the foam height of
samples Oi0, Oi1, Oi2 and Oi3.246
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“Hydrophobins—Unique fungal proteins”. In: PLoS Pathogens 8.5 (2012),
e1002700. doi: 10.1371/journal.ppat.1002700.

261

https://doi.org/10.1021/bp049735o
https://doi.org/10.1146/annurev.micro.55.1.625
https://doi.org/10.1146/annurev.micro.55.1.625
https://doi.org/10.1002/j.1460-2075.1994.tb06929.x
https://doi.org/10.1016/j.copbio.2005.05.004
https://doi.org/10.1016/j.copbio.2005.05.004
https://doi.org/10.1016/j.femsre.2005.01.004
https://doi.org/10.1016/j.cocis.2009.04.001
https://doi.org/10.1016/S0960-9822(99)80019-0
https://doi.org/10.1016/S0960-9822(99)80019-0
https://doi.org/10.1038/nature08264
https://doi.org/10.1105/tpc.5.11.1575
https://doi.org/10.1038/272608a0
https://doi.org/10.1371/journal.ppat.1002700


Bibliography

[167] K. M. Bromley, R. J. Morris, L. Hobley, G. Brandani, R. M. Gillespie, M. Mc-
Cluskey, U. Zachariae, D. Marenduzzo, N. R. Stanley-Wall, and C. E. MacPhee.
“Interfacial self-assembly of a bacterial hydrophobin”. In: Proceedings of the
National Academy of Sciences 112.17 (2015), pp. 5419–5424. doi: 10.1073/
pnas.1419016112.

[168] L. Hobley, A. Ostrowski, F. V. Rao, K. M. Bromley, M. Porter, A. R. Prescott,
C. E. MacPhee, D. M. Van Aalten, and N. R. Stanley-Wall. “BslA is a self-
assembling bacterial hydrophobin that coats the Bacillus subtilis biofilm”. In:
Proceedings of the National Academy of Sciences 110.33 (2013), pp. 13600–
13605. doi: 10.1073/pnas.1306390110.

[169] M. Richter, J. M. Willey, R. Süßmuth, G. Jung, and H.-P. Fiedler. “Strepto-
factin, a novel biosurfactant with aerial mycelium inducing activity from Strep-
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[173] J. Hakanpää, G. R. Szilvay, H. Kaljunen, M. Maksimainen, M. Linder, and
J. Rouvinen. “Two crystal structures of Trichoderma reesei hydrophobin
HFBI—The structure of a protein amphiphile with and without detergent in-
teraction”. In: Protein Science 15.9 (2006), pp. 2129–2140. doi: 10.1110/ps.
062326706.

[174] S. Askolin, M. Linder, K. Scholtmeijer, M. Tenkanen, M. Penttilä, M. L. de
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Strömungen. 9th edition. Springer, 2019. doi: 10.1007/978-3-662-58764-5.

[289] T. G. Mezger. Das Rheologie Handbuch. 3rd edition. Vincentz Network, 2010.

[290] R. M. Hubbard and G. G. Brown. “The rolling ball viscometer”. In: Industrial
& Engineering Chemistry Analytical Edition 15.3 (1943), pp. 212–218. doi:
10.1021/i560115a018.

[291] J. H. Masliyah and S. Bhattacharjee. Electrokinetic and colloid transport phe-
nomena. John Wiley & Sons, 2006.
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“Lightweight lignocellulosic foams for thermal insulation”. In: Cellulose 29.3
(2022), pp. 1855–1871. doi: 10.1007/s10570-021-04385-6.

[302] J. Krom, K. Meister, and T. A. Vilgis. “Simple method to assess foam
structure and stability using hydrophobin and BSA as model systems”. In:
ChemPhysChem (2024), e202400050. doi: 10.1002/cphc.202400050.

[303] M. V. Kempin, M. Kraume, and A. Drews. “W/O Pickering emulsion prepa-
ration using a batch rotor-stator mixer – Influence on rheology, drop size dis-
tribution and filtration behavior”. In: Journal of Colloid and Interface Science
573 (2020), pp. 135–149. doi: 10.1016/j.jcis.2020.03.103.

[304] C. Plikat, A. Drews, and M. B. Ansorge-Schumacher. “Effects of protein content
on Pickering-assisted interfacial enzyme catalysis”. In: ChemCatChem 14.18
(2022), e202200444. doi: 10.1002/cctc.202200444.

[305] IKA-Werke GmbH & Co. KG. T 25 digital ULTRA-TURRAX: Operating in-
structions. Staufen, Germany, 2023.

[306] GeeksforGeeks. Python — Thresholding techniques using OpenCV — Set-
1 (Simple thresholding). Accessed: 2024-05-10. 2023. url: https : / / www .

geeksforgeeks.org/python-thresholding-techniques-using-opencv-

set-1-simple-thresholding/.

[307] A. Rosebrock. OpenCV thresholding (cv2.threshold). Accessed: 2024-05-10.
2021. url: https : / / pyimagesearch . com / 2021 / 04 / 28 / opencv -

thresholding-cv2-threshold/.

[308] K. Oetjen, C. Bilke-Krause, M. Madani, and T. Willers. “Temperature effect
on foamability, foam stability, and foam structure of milk”. In: Colloids and
Surfaces A: Physicochemical and Engineering Aspects 460 (2014), pp. 280–285.
doi: 10.1016/j.colsurfa.2014.01.086.
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[415] M. Havrlentová and J. Kraic. “Content of beta-d-glucan in cereal grains”. In:
Journal of Food and Nutrition Research (Slovak Republic) (2006).

282

https://doi.org/10.1016/j.fluid.2004.06.016
https://www.statista.com/statistics/1098378/global-oat-drinks-market-value/
https://www.statista.com/statistics/1098378/global-oat-drinks-market-value/
https://www.statista.com/statistics/1073550/global-leading-oats-producers/
https://www.statista.com/statistics/1073550/global-leading-oats-producers/
https://doi.org/10.1126/science.aaq0216
https://doi.org/10.1126/science.aaq0216
https://doi.org/10.1016/j.agsy.2015.11.002
https://doi.org/10.1017/S0007114514002736
https://doi.org/10.1016/j.jcs.2008.07.014
https://doi.org/10.1016/j.foodres.2019.108972


Bibliography

[416] A. Deswal, N. S. Deora, and H. N. Mishra. “Effect of concentration and tem-
perature on the rheological properties of oat milk”. In: Food and Bioprocess
Technology 7.8 (2014), pp. 2451–2459. doi: 10.1007/s11947-014-1332-8.

[417] W. Biel, K. Kazimierska, and U. Bashutska. “Nutritional value of wheat, trit-
icale, barley and oat grains”. In: Acta Scientiarum Polonorum Zootechnica 19
(2020), pp. 19–28. doi: 10.21005/asp.2020.19.2.03.

[418] F. Zhu. “Structures, properties, modifications, and uses of oat starch”. In: Food
Chemistry 229 (2017), pp. 329–340. doi: 10.1016/j.foodchem.2017.02.064.

[419] C. Y. Ma and V. R. Harwalkar. “Chemical characterization and functional-
ity assessment of oat protein fractions”. In: Journal of Agricultural and Food
Chemistry 32.1 (1984), pp. 144–149.

[420] C. Y. Ma and V. R. Harwalkar. “Studies of thermal denaturation of oat globulin
by differential scanning calorimetry”. In: Journal of Food Science 53.2 (1988),
pp. 531–534. doi: 10.1111/j.1365-2621.1988.tb07749.x.

[421] D. Bhaskar, S. K. Khatkar, R. Chawla, H. Panwar, and S. Kapoor. “Effect
of β-glucan fortification on physico-chemical, rheological, textural, colour and
organoleptic characteristics of low fat dahi”. In: Journal of Food Science and
Technology 54.9 (2017), pp. 2684–2693. doi: 10.1007/s13197-017-2705-6.

[422] A. K. Stone, M. G. Nosworthy, C. Chiremba, J. D. House, and M. T. Nickerson.
“A comparative study of the functionality and protein quality of a variety of
legume and cereal flours”. In: Cereal Chemistry 96.6 (2019), pp. 1159–1169.
doi: 10.1002/cche.10226.

[423] P. Zakidou, E.-M. Varka, and A. Paraskevopoulou. “Foaming properties and
sensory acceptance of plant-based beverages as alternatives in the preparation
of cappuccino style beverages”. In: International Journal of Gastronomy and
Food Science 30 (2022), p. 100623. doi: 10.1016/j.ijgfs.2022.100623.

[424] B. Zhang, S. Dhital, and M. J. Gidley. “Densely packed matrices as rate de-
termining features in starch hydrolysis”. In: Trends in Food Science & Tech-
nology 43.1 (2015), pp. 18–31. issn: 0924-2244. doi: 10.1016/j.tifs.2015.
01.004. url: https://www.sciencedirect.com/science/article/pii/
S0924224415000242.

[425] A. Deswal, N. S. Deora, and H. N. Mishra. “Optimization of enzymatic pro-
duction process of oat milk using response surface methodology”. In: Food and
Bioprocess Technology 7.2 (2014), pp. 610–618. doi: 10.1007/s11947-013-
1144-2.

[426] C. R. Soccol, P. J. Rojan, A. K. Patel, A. L. Woiciechowski, L. P. Vandenberghe,
and A. Pandey. “Glucoamylase”. In: Enzyme technology. Ed. by A. Pandey, C.
Webb, C. R. Soccol, and C. Larroche. Springer, 2006. Chap. 11, pp. 221–237.
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DeepL Übersetzung Wortfindung, Punktuelle Unterstützung
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