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Abstract 
R-loops, structures consisting of an RNA:DNA hybrid and a displaced DNA strand, are 

increasingly investigated as a cell-intrinsic and cancer-relevant source of replication stress 

(RS). On the other hand, RS stabilizes R-loops in actively replicating and transcribing 

regions. This suggests potential unexplored mechanisms through which cells mitigate 

toxic accumulation of RS-borne R-loops. 

To investigate the relationship between the replication stress and R-loops, we first 

stratified RS by severity in HCT116 cells, reasoning that mild RS might have a distinct 

signaling signature in comparison to moderate or strong RS. Next, we employed 

multiplexed mass spectrometry-based phosphoproteomics to investigate the regulation of 

R-loop resolving enzymes upon induction of different levels of RS. Comparisons of 

aphidicolin- and oncogene-induced RS revealed similarities at the phosphoproteome 

level, and a common loss of phosphorylation on RNA processing factors. Interestingly, we 

found that RS reduces phosphorylation of a major R-loop nuclease, RNase H1, at three 

residues (S74, S86 and S80) adjacent to its hybrid-binding domain. 

The kinase search revealed that DYRK1A phosphorylates RNase H1 at S74. 

Phosphoproteomics analyses revealed that the reduction in DYRK1A signaling is a driver 

of RS-mediated loss of phosphorylation on RNA processing factors. Finally, we explored 

functions of RNase H1 phosphorylation. In in vitro assays, the triple phospho-mimicking 

(S3xD) mutant of RNase H1 had decreased binding to RNA:DNA hybrids in comparison 

to wild-type or phospho-dead (S3xA) mutant, implying that phosphorylation directly 

impacts binding to hybrids. In cells, the S3xD mutant showed decreased separation 

between nucleoli and the nucleoplasm in comparison to S3xA. Finally, interactome 

analyses with the phospho-mutants and after DYRK1A inhibition revealed 

phosphorylation-based interactors of RNase H1 and implicated GSK3β in the regulation 

of RNase H1 stability. 

In summary, this work presents major advancements in the understanding of DYRK1A 

signaling, and of the regulation of activity and stability of RNase H1 by phosphorylation. 

This could impact the use of RNase H1 as a tool in R-loop biology and advance the 

understanding of DYRK1A function in disease. 
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Zusammenfassung 
R-Loops, Strukturen bestehend aus einem RNA:DNA-Hybrid und einem verdrängten DNA-Strang, 

werden zunehmend als zellintrinsische und krebsrelevante Quelle von Replikationsstress (RS) 

untersucht. Andererseits stabilisiert RS die R-Loops in aktiv replizierenden und transkribierenden 

Regionen. Dies deutet auf potenzielle unerforschte Mechanismen hin, durch die Zellen die 

toxische Akkumulation von RS-bedingten R-Loops abmildern. 

Um die Beziehung zwischen Replikationsstress und R-Loops zu untersuchen, haben wir zunächst 

RS nach Schweregrad in HCT116-Zellen klassifiziert, mit der Überlegung, dass milder RS im 

Vergleich zu moderatem oder starkem RS eine distinkte Signalsignatur haben könnte. 

Anschließend setzten wir multiplexe, massenspektrometrie-basierte Phosphoproteomik ein, um 

die Regulation von R-Loop-auflösenden Enzymen bei Induktion verschiedener RS-Level zu 

untersuchen. Vergleiche von Aphidicolin- und Onkogen-induziertem RS zeigten Ähnlichkeiten auf 

Ebene der Phosphoproteomik und einen gemeinsamen Verlust der Phosphorylierung von 

Faktoren der RNA-Prozessierung. Interessanterweise stellten wir fest, dass RS die 

Phosphorylierung einer wichtigen R-Loop-Nuklease, RNase H1, an drei Resten (S74, S86 und 

S80), welche an die Hybrid-Bindungsdomäne angrenzen, reduziert. 

Die Kinase-Suche ergab, dass DYRK1A RNase H1 an S74 phosphoryliert. Phosphoproteomik-

Analysen zeigten, dass die Reduktion des DYRK1A-Signalwegs eine Triebkraft des RS-

vermittelten Verlustes der Phosphorylierung von Faktoren der RNA-Prozessierung ist. Schließlich 

untersuchten wir die Funktionen der Phosphorylierung von RNase H1. In in-vitro-Assays zeigte 

die dreifach Phosphorylierung-imitierende (S3xD) Mutante von RNase H1 eine verringerte 

Bindung an RNA:DNA-Hybride im Vergleich zum Wildtyp oder zur nicht-phosphorylierbaren 

(S3xA) Mutante. Dies deutet darauf hin, dass die Phosphorylierung die Bindung an Hybride direkt 

beeinflusst. In Zellen zeigte die S3xD-Mutante eine verringerte Trennung zwischen Nukleoli und 

Nukleoplasma im Vergleich zur S3xA-Mutante. Schließlich deckten Interaktom-Analysen mit den 

Phosphorylierungs-Mutanten und nach Hemmung von DYRK1A phosphorylierungsbasierte 

Interaktoren von RNase H1 auf und implizierten GSK3β in der Regulation der Stabilität von 

RNase H1. 

Zusammenfassend präsentiert diese Arbeit bedeutende Fortschritte im Verständnis des DYRK1A-

Signalwegs und der Regulation der Aktivität und Stabilität von RNase H1 durch Phosphorylierung. 

Dies könnte die Verwendung von RNase H1 als Werkzeug in der R-Loop-Biologie beeinflussen 

und das Verständnis der DYRK1A-Funktion bei Krankheiten vorantreiben. 
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Chapter 1 
 

Introduction 

 

1.1.  Post-translational modifications as the backbone of 
cellular signalling 

While genes are information storage of the cells, proteins are the main workers, engaging 

with each other and other components of the cell and catalyzing biochemical reactions to 

achieve DNA replication, transcription, RNA processing and modification, translation of 

RNA into proteins, movement of organelles and cells, organization of cells and organelles, 

energy production and storage, cellular export and import, recycling of cell components, 

and many other activities. Whereas the human body contains only about 20,000 proteins, 

it needs to utilize them for a much larger number of discrete actions. To achieve this, 

proteins are chemically modified in a process called post-translational modification, vastly 

increasing their functionality. More than 400 posttranslational modifications (PTMs) have 

been reported, affecting all amino acid side chains, as well as protein termini1. 

1.1.1. Protein phosphorylation 
The best studied PTM is a small, reversible modification of polar amino acids called 

phosphorylation. It consists of a nucleophilic substitution, where a hydroxyl group of an 

amino acid side chain (serine, threonine or tyrosine) is replaced with a phosphate group 

using adenosine triphosphate (ATP) as the donor. The reaction is catalysed by enzymes 

called kinases and reversed by phosphatases. Serines are by far the most commonly 

modified amino acid, accounting for over 50% of all phosphorylation events2. At least two 

thirds of human proteins are known to be phosphorylated3, and the database 

PhosphoSitePlus reports around 230 000 unique human phosphorylation (phospho-) 

sites. Phosphorylation is a highly versatile modification, involved in majority of cellular 

processes, and affecting protein function in multiple ways. It can change protein 

localization, activity, stability, induce a conformation change or influence interactions of 

proteins with other molecules, including other proteins4. 
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1.1.1.1.  Protein kinases 
The human proteome consists of around 550 protein kinases divided into over 50 families 

by evolutionary similarity5. Kinases differ by acceptor amino acid and substrate specificity. 

Broadly, they can be divided into serine-, threonine-, serine/threonine- and tyrosine-

directed kinases. They commonly phosphorylate multiple substrates, with 

serine/threonine kinases having more than 200, and tyrosine kinases more than 1000 

target phospho-sites on average6. Substrate specificity is commonly determined by a short 

patch of amino acids around the phosphorylated residue called a substrate motif or a 

phospho-motif. Phospho-motif averaging of all known substrates of a particular kinase 

produces a consensus motif, which helps to identify critical residues important for kinase 

specificity. Based on the substrate specificity, kinases can be divided into groups such as 

proline-directed (P at +1 position), basophilic (positively charged amino acids around, 

usually ahead of, the phospho-site), acidophilic (negatively charged amino acids around 

the phospho-site), glutamine-directed (Q at +1)7 etc. 

1.1.1.2.  Hierarchical phosphorylation 
Phospho-sites are often spaced closely together, enabling coordinated phosphorylation 

by one or more kinases. Such events, where multiple closely spaced sites are 

phosphorylated in a defined order, are called hierarchical phosphorylation8. A well-studied 

example is the CK2 kinase, which can phosphorylate patches of multiple nearby serines 

interspersed with negatively charged amino acids, with crucial phosphoserines at +1 and 

+38. Since CK2 is an acidophilic kinase, the negative charge introduced by the first 

phosphorylation event favors subsequent nearby modifications. 

Multiple kinases can also cooperate in hierarchical phosphorylation. The initial event in 

such cases is called priming, and is performed by a priming kinase. Subsequent 

phosphorylation events are catalysed by a processive kinase9. This stepwise mechanism 

requiring multiple actors enables more elaborate regulation of the substrate function. For 

example, processes that inhibit the processive kinase but enable priming might lead to a 

different functional outcome (mono-phosphorylated substrate) than processes where both 

kinases are active (multi-phosphorylated substrate). On the other hand, by inhibiting the 

priming kinase, any phosphorylation of the substrate is turned off, without requiring 

regulation of the processive kinase. 
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Common priming kinases include DYRK1A and DYRK2, while GSK3 is a common 

processive kinase9. CK1 can act as both a priming and a processive kinase. For the 

purposes of this work, I will introduce DYRK1A as an example of a priming kinase, and 

GSK3Β as a processive kinase, and expand on their functions and biology. 

 

1.1.1.3.  DYRK1A 
DYRK1A is a member of the Dual-specificity tyrosine phosphorylation-regulated kinase 

(DYRK) family of serine/threonine kinases within the CMGC (containing CDK, MK, GSK 

and CDK-like members) kinase superfamily. The defining feature of this family, evident in 

their name, is their dual specificity – DYRK kinases are activated by autophosphorylation 

on tyrosine residues, but phosphorylate other substrates on serines and threonines10. In 

case of the human DYRK1A, the autophosphorylation occurs on the conserved tyrosine 

(Y321) within the activation loop11. DYRK1A shares a high domain similarity with other 

members of the family (DYRK1B, 2, 3 and 4), with DYRK1B being the most similar. Aside 

from domains shared with DYRK1B, DYRK1A contains two additional C-terminal features, 

a histidine repeat (H) and a serine/threonine repeat (S/T), with the former being required 

for its recruitment to RNA polymerase II (RNAPII) condensates12. Accordingly, DYRK1A 

phosphorylates RNAPII at its C-terminal domain (CTD), affecting transcriptional 

elongation13. Unlike the pTEF-b complex, which phosphorylates RNAPII genome-wide14, 

DYRK1A acts on RNAPII only at a subset of promoters containing a highly conserved 

palindromic DNA motif required for DYRK1A recruitment. The target genes 

transcriptionally regulated by DYRK1A are involved in translation, RNA processing and 

the cell cycle regulation13. 

In line with having two nuclear localization signals (NLSs), DYRK1A localizes to the 

nucleus, but is also present in the cytoplasm15, suggesting a wide range of potential 

substrates. Aside from RNAPII, DYRK1A phosphorylates a variety of other substrates 

involved in transcription and signaling (DCAF7, NFAT, STAT3, TRAF3, FOXO1), tyrosine 

kinase regulation (c-met, SPRY2, EGFR), cell cycle regulation (LIN52, Cyclin D1 and D3, 

p27, CDC23), alternative splicing (SRSF1, SRSF2, SRSF6 and SF3B1) and DNA damage 

response (RNF169, SIRT1)10. 

The DYRK1A gene is encoded on chromosome 21. Trisomy 21 (also known as the Down 

syndrome, or DS) is the most common autosomal aneuploidy among newborns16. 
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Accordingly, the DYRK1A gene is amplified in DS, giving rise to the overexpressed 

protein, including in the brain17. DS is characterized by intellectual impairment, early onset 

Alzheimer’s disease, congenital heart disease, hypotonia, and other developmental 

problems18. Multiple studies point to a causative role of DYRK1A disbalance in 

neurological and neurodegenerative phenotypes of DS individuals19,20. Therefore, 

inhibition of DYRK1A is considered a promising therapeutic target to improve cognitive 

deficits in DS18. 
 

Multiple roles have been described for DYRK1A in the cell cycle maintenance. It is 

necessary for assembly of the G0-maintaining DREAM complex through phosphorylation 

of its subunit LIN52, and therefore promotes quiescence and senescence21. Interestingly, 

the DREAM complex reduces somatic DNA repair capacity by repressing DNA repair 

genes, which can be rescued by inhibition of DYRK1A, with positive impacts on C. elegans 

aging. Furthermore, DYRK1A interacts with and phosphorylates the E3 ubiquitin ligase 

RNF169, enhancing its ability to recruit 53BP1 to sites of DNA double-strand breaks 

(DSBs). Additionally, DYRK1A is required for maintaining basal 53BP1 expression22. 

Since 53BP1 favors non-homologous end joining (NHEJ) over homologous recombination 

(HR), depletion of DYRK1A increases HR and resistance to DNA damage23. Altogether, 

this suggests that depletion or inhibition of DYRK1A has positive effects on genome 

stability maintenance. 

1.1.1.4.  GSK3β 
The glycogen synthase kinase (GSK3) is an important factor in the insulin and Wnt 

signalling pathways. It has two isoforms, GSK3α and GSK3β. GSK3β phosphorylates S/T 

residues which were primed at +424. In some cases, negatively charged amino acids can 

mimic phosphorylation at +4, allowing for processive GSK3β activity25. GSK3β activity can 

be primed by different kinases: CK1, CDK5, PKA, ERK2, CK2 and the DYRK family26 (see 

1.1.1.5). There are multiple instances of sequential phosphorylation by GSK3β, at a series 

of serines or phospho-serine mimics separated by 4 residues, leading to hierarchical 

multisite phosphorylation27. 

While functional consequences of GSK3β are varied, I will single out the role of GSK3β in 

protein degradation. Commonly, GSK3β introduces the so-called phospho-degron into 

substrates, allowing for ubiquitin-assisted proteasomal degradation26. There are at least 
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29 targets the stability of which is regulated by GSK3β and the proteasome26. Typically, 

the GSK3β-induced phospho-degron recruits the cullin-RING family E3 ubiquitin ligase 

complex called SCF28. Upon K48-linked ubiquitylation of the substrate, it is directed into 

proteasomal degradation. Among the best studied GSK3β phospho-degron substrates 

are MYC (T58)29 and JUN (S251)30. 

 

1.1.1.5.  Cooperation between DYRK1A and GSK3β 
A well-characterized example of the DYRK1A-GSK3β cooperation is the microtubule 

growth protein Tau. DYRK1A primes Tau, and processive phosphorylation is catalysed by 

GSK3β31. Overproduction of DYRK1A in DS results in more priming and increased 

hyperphosphorylation and aggregation of Tau, which is seen as a causative factor in early 

onset Alzheimer’s disease, a common characteristic of DS19. Interestingly, the same study 

reports that phosphorylation of a translation initiation factor eIF2Bɛ is primed by DYRK1A 

and continued by GSK3β31. These two kinases also cooperate in phosphorylation of 

another microtubule growth factor, MAP1B. MAP1B regulates microtubule dynamics at 

growing axons and growth cones, and DYRK1A depletion compromises neuritogenesis 

and microtubule dynamics in cortical neurons, possibly by alterations in MAP1B 

phosphorylation32. 

Interestingly, DS individuals have a reduced incidence of solid tumors33. This is likely a 

consequence of changes in phosphorylation of the transcription factor called nuclear 

factor of T cells (NFAT). DYRK1A primes NFAT in the nucleus for processive 

phosphorylation by GSK3β and CK1. Fully phosphorylated NFAT is exported from the 

nucleus to the cytoplasm, repressing the tumor angiogenesis transcriptional program34. 

 

1.1.2. Protein ubiquitylation 
Aside from small chemical groups (methyl, acetyl, phosphate) serving as PTMs, whole 

proteins can also be covalently attached to existing proteins. One of the best known 

examples is the 76 amino acid long, 8.6 kDa protein called ubiquitin, as well as a family 

of structurally related proteins, termed ubiquitin-like modifiers (including SUMO, NEDD8, 

UFM1, and others). Ubiquitin typically attaches to the ε-amino group of substrate lysines 

using its C-terminal glycine. Aside from lysines, other amino acids can also get 

ubiquitylated, most prominently the N-terminal methionine35. A defining feature of ubiquitin 



18 
 

signaling is its modularity: ubiquitin not only attaches itself to a substrate, but can also get 

ubiquitylated itself, giving rise to polyubiquitin chains. Moreover, ubiquitin has multiple 

amino acids available for modification, enabling distinct topologies. Sequential 

ubiquitylation using one of the eight ubiquitin residues (M1, K6, K11, K27, K29, K33, K48 

and K63) produces polyubiquitin chains of a particular linkage type (also called homotypic 

chains). Mixed (heterotypic) chains arise if a single chain contains at least two different 

linkage types. If a single ubiquitin within a chain gets modified on two distinct residues 

(eg. K63 and K48), it leads to chain branching. An additional consideration carrying 

potential functional information is the length of chains and branches. Considering the 

number of different branch types, as well as the fact that a substrate can get mono-, homo- 

or heterotypically poly- and branched polyubiquitylated at multiple acceptor amino acids, 

this enables a complex type of modification determining distinct functional outcomes, a 

phenomenon called the ubiquitin code. 

1.1.2.1.  Enzymatic machinery for ubiquitylation 
Ubiquitin is attached to target proteins through a series of enzymatic reactions involving 

ubiquitin-activating enzymes (E1), ubiquitin-conjugating enzymes (E2), and ubiquitin 

ligases (E3). E3 ligases carry out the final step of this process, covalent transfer of 

ubiquitin to a substrate, and are crucial for substrate selectivity36. The versatile nature of 

ubiquitin signaling is primarily realized through a large number of E3 enzymes, more than 

600 of which have been described in humans. They are classified by domain identity into 

RING/U-box, HECT and RING-between-RING (RBR) E3 ligases. While HECT and RBR 

domains have intrinsic catalytic activity, RING and U-box domains function by facilitating 

the transfer of ubiquitin from the E2 enzyme to the substrate. Therefore, in contrast to 

HECT and RBR ligases, which themselves determine the linkage type, it is determined by 

the E2 enzymes in case of RING ligases. Removal of ubiquitin from substrates and 

disassembly of ubiquitin chains and branches are catalysed by specialized proteases 

called deubiquitinases (DUBs). Around 100 DUBs have been described in humans, and 

they are classified by the mode of catalysis into cysteine-based and zinc-binding 

metalloproteases. Based on selectivity, they can be classified into non-selective, chain 

type-selective, and chain type- and chain length type-selective DUBs37. A defining feature 

of DUBs is the presence of various ubiquitin-binding interfaces and domains, which help 
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to recognize and position ubiquitin chains for hydrolysis, enabling particular selectivity 

characteristics of each enzyme37. 

1.1.2.2. The ubiquitin-proteasome system (UPS) 
Similarly to phosphorylation, ubiquitylation can serve a variety of functions, from changing 

a protein conformation, activity, interactions and localization to, most prominently, 

regulating protein stability. Canonically, degradation of proteins is induced by modification 

using the K48-linked ubiquitin chains. Recently, branched ubiquitin chains, typically 

containing K48 linkages, are being recognized as a widespread and high-efficiency 

degradation signal38. Degradation of ubiquitin-modified proteins is carried out by a large 

multi-subunit complex called the proteasome. It consists of two subcomplexes: the 20S 

core particle (CP) and the 19S regulatory particle (RP)39. The CP has a cylindrical 

structure composed of four stacked rings that facilitate entry of substrates into the cylinder 

and their proteolytic degradation. The inner (β) rings of the CP contain the active sites 

with trypsin-like, chymotrypsin-like and caspase-like proteolytic activities. The RP is 

composed of a base and a lid, and caps one or both ends of the CP. It contains receptors 

recognizing 48-linked polyubiquitin chains, acting as the initial bridge between the 

substrate and the proteasome. Additionally, it contains AAA+ ATPase and other 

enzymatic activities necessary for substrate unfolding and translocation into the CP. 

1.2. Replication stress 
1.2.1. DNA replication 

The coordinated steps each somatic cell undertakes before and during cell division is 

called the cell cycle, and can be divided into four distinct phases: G1, S, G2 and M. 

A defining feature of the cell cycle is its ability to precisely duplicate genetic information 

and equally divide it between the daughter cells during division. Genetic information is 

duplicated during DNA replication, taking place in S phase, with G1 phase serving to 

prepare cells for DNA replication.  DNA origins, or origins of replication, are genomic loci 

from which DNA replication is initiated. In G1, they are bound by the Origin Recognition 

Complex (ORC), followed by recruitment of proteins CDC6 and CDT1, which are essential 

for loading of the double-hexameric helicase complex MCM2-7. The pre-Replication 

Complex (pre-RC) is formed upon loading of the inactive MCM2-7 complex, followed by 

phosphorylation-mediated activation driven by S-phase Cyclin-Dependent Kinases (S-



20 
 

CDKs) and the Dbf4-dependent kinase (DDK, containing the catalytic subunit CDC7)40. 

Upon phosphorylation, additional components are recruited, including CDC45 and the 

GINS complex. This gives rise to the active replicative helicase termed the CMG (CDC45-

MCM-GINS), and enables firing of the replication origins, a process in which the CMG 

helicase starts bidirectionally unwinding DNA molecules, enabling the replication 

machinery access to the DNA. Importantly, only a small subset of licensed replication 

origins are actually fired, the others remaining dormant and available for activation during 

S phase if required. 

As DNA replication cannot be primed ab novo with DNA primers, it is initiated by the 

primase, a DNA-dependent RNA polymerase, which produces short RNA primers. Acting 

together with the primase, DNA polymerase α then extends the RNA primers with short 

stretches of DNA. To enable continuous replication, a more processive complex is loaded, 

containing DNA polymerases ε and δ. Both strands of the DNA are duplicated 

simultaneously, but considering that replication takes place in the 5’-3’ direction, synthesis 

of one strand (the leading strand) is continuous, whereas synthesis of the complementary 

strand (the lagging strand) is more complex and involves synthesis of stretches termed 

the Okazaki fragments (OFs). The OF synthesis requires repeated action of polymerase 

α-primase and polymerase δ. Active DNA synthesis takes place at the Y-shaped DNA 

region where the double-stranded parental DNA meets the nascent (newly replicated) 

DNA, called the replication fork (RF). 

The multi-subunit complex containing DNA polymerases and other replication factors 

enabling replication of both the leading (polymerase ε) and the lagging strand (polymerase 

δ) is called the replisome. In addition to DNA polymerases, the replisome includes the 

processivity component called the sliding clamp (PCNA), clamp loader (RFC), the CMG 

helicase, the single-stranded binding factor Replication Protein A (RPA), topoisomerases 

relieving torsional stress, DNA ligases involved in sealing DNA nicks and factors involved 

in RNA primer removal and OF processing (RNase H, FEN1). As replication progresses, 

replisomes fired in opposite directions from adjacent origins move closer to each other. 

Once they converge, the CMG helicase is unloaded and disassembled, and DNA 

polymerases and released. To remove discontinuities in the newly replicated DNA, DNA 

overhangs (flaps) are removed by FEN1, and RNA primers are degraded by RNase H, 
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followed by gap filling and nick ligation. The replisome is highly flexible, and different 

components are recruited through protein-protein interactions (PPIs) depending on 

requirements of the particular replication step. Multiple mechanisms are employed to 

ensure fidelity and processivity of replication, as well as coordination between the leading 

and lagging strand synthesis. 

1.2.2. Definition and sources of replication stress 
Any stalling or slowing down of the replication fork is defined as the replication stress 

(RS)41. It derives from both endogenous (cellular or organismal) and exogenous 

(environmental) sources. Structural perturbations in DNA resulting from damaged DNA 

bases, mis-incorporated ribonucleotides, repetitive DNA sequences, secondary DNA 

structures such as G-quadruplexes or R-loops (see section 1.3) and transcription-

replication conflicts (TRCs)42 can impede with the progress of the fork and therefore lead 

to RS. Procedural sources involve depletion of deoxyribonucleotides (dNTPs) and an 

increase in origin firing rates43,44. The most common environmental sources of RS are UV 

irradiation, products of cellular metabolism such as reactive oxygen species (ROS) or 

aldehydes, and chemical mutagens and cytostatics. UV irradiation leads to formation of 

bulky DNA lesions such as thymidine dimers and 6,4-photoproducts, ROS induces 

oxidation of DNA bases, aldehydes trigger DNA inter-strand crosslinks and DNA-protein 

crosslinks, while other chemical mutagens cause a variety of chemical modifications of 

DNA. Hydroxyurea (HU) and aphidicolin (APH) are the most common RS-inducing 

cytostatics. Mechanistically, HU inhibits the ribonucleotide reductase, thereby depleting 

the dNTP pool. The tetracyclic diterpenoid APH is a natural product isolated from fungi 

such as Cephalosporum aphidicola and Nigrospora oryzae that directly inhibits replicative 

B-family DNA polymerases, including polymerases α, δ and ε45. HU and APH have been 

vital in studying the cellular response to RS, as they enable precise manipulation of 

treatment duration and dosage. In addition, owing to its anti-proliferative properties, HU 

has been used in the clinic for the treatment of clonal myeloproliferative disorders and 

solid tumors, although the treatment is associated with secondary leukemias as a result 

of mutagenicity and induction of chromosome instability46. Finally, replication stress is 

often induced by overexpression of oncogenes such as MYC, RAS or Cyclin E. In case of 

MYC and Cyclin E, RS is induced by premature S-phase entry while the G1 transcriptional 
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program is still taking place, leading to replication-transcription conflicts in highly 

transcribed genes47. 

 

Figure 1: Sources of replication stress. 

A number of different sources cause replication stress. This includes: damaged DNA 
bases; reactive oxygen species (ROS); mis-incorporated ribonucleotides; secondary DNA 
structures such as R-loops and G4s; inter-strand crosslinks; depletion of dNTPs by 
hydroxyurea; inhibition of DNA polymerases by aphidicolin; or transcription-replication 
conflicts, caused by elevated oncogene levels. RNR = ribonucleotide reductase. 

1.2.3. Replication stress signaling 
A defining attribute of RS is the fork-adjacent exposure of single-stranded DNA (ssDNA) 

as a result of decoupling of the stalled DNA polymerases with the CMG helicase48. Being 

more sensitive to DNA damage and nuclease attacks49, such stretches are bound and 

protected by the replisome component RPA. In fact, RPA is essential for protection of 

stalled forks, as extensive exposure of single-stranded DNA leads to depletion of the RPA 

pool and fork breakage50. Stretches of RPA-coated ssDNA and ssDNA-dsDNA junctions 

recruit the Ataxia telangiectasia and Rad3 related (ATR) kinase, the canonical RS 

response kinase. ATR is activated through interaction with its partner ATRIP, as well as 

with either of two proteins containing ATR-activating domains51, TOPBP152 and 

ETAA153,54. ATR belongs to a family of serine/threonine directed Phosphatidylinositol 3-

kinase-related kinases (PIKKs), and as such targets proteins at the S/T-Q motif55. It 

targets a multitude of described nuclear substrates, with the most well-known being the 

checkpoint kinase CHK1. CHK1 helps to spread the ATR-driven phosphorylation signals 

away from replication forks and ssDNA, which leads to several functional consequences. 

CHK1 phosphorylates and inhibits the CDC25A and CDC25C phosphatases, which 
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normally remove the inhibitory phosphorylations on CDKs catalyzed by WEE1 and MYT1 

kinases. By preventing CDC25-mediated dephosphorylation and activation of CDKs like 

CDK1, CHK1 activity stabilizes the inhibitory phosphorylation state of CDKs, thereby 

inducing the cell cycle arrest. Aside from this, the ATR-CHK1 signaling also suppresses 

origin firing, stabilizes the replication forks and promotes fork repair and restart56. 

A particularly perplexing relationship is that of RS and origin firing. While the ATR-

CHK1 pathway inhibits firing of new origins by inhibiting DDK-CDC757 and CDK158, RS 

has also been shown to increase origin firing. Along these lines, the rate of origin firing 

and replication speed seem to be inversely correlated, meaning that dormant origins are 

induced after replication stress, and a fork slowdown ensues upon dormant origin firing44. 

One reason for RS-induced dormant origin firing is to allow completion of replication in a 

timely manner despite reduced fork speed59–61. One proposed explanation for origin firing 

both increasing and decreasing upon RS is that dormant origins in actively replicating 

DNA regions are fired upon RS to rescue adjacent stalled forks, while dormant origins in 

non-replicating regions are suppressed62. Another aspect might be dosage dependency. 

For instance, the ATR-CHK1 pathway is activated to a different extent depending on the 

amount of exposed single-stranded DNA. As such, low doses of replication stress might 

be more permissive for dormant origin firing. In line with this notion, low levels of 

replication stress escape the checkpoint, meaning that ATR-CHK1 pathway is not fully 

activated, and are able to complete replication despite decreased fork speed63. 

1.2.4. Replication fork remodeling and repair pathways 
elicited by replication stress 

The replication forks are highly plastic and amenable to remodeling upon RS64. This 

includes changes in the composition of the replisome and rearrangements of nucleic acid 

structures at and around the forks. Remodeling serves to stabilize forks and enable their 

repair, but can also be a source of DNA damage and genome instability if the machinery 

required for fork protection is mutated or missing. Major pathways of fork remodeling and 

repair include fork reversal, translesion synthesis, template switching and repriming65. 

During fork reversal, the forks are turned into four-way (Holliday) junctions by the activity 

of non-redundant DNA translocases HLTF, ZRANB3, SMARCAL166 and PICH67. Multiple 

proposed scenarios aim to explain the role of fork reversal. If DNA damage or mismatched 
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nucleotides are incorporated into DNA, fork reversal can serve to hybridize the damaged 

DNA with the parental DNA strand, thus enabling repair using template information. On 

the other hand, Holliday junctions are templates for structure-specific DNA nucleases, 

which can turn them into double-strand breaks (DSBs), allowing for rescue of stalled forks 

by break-induced replication (BIR)68. Interestingly, fork reversal can also regulate the rate 

of fork progression. This is evidenced by observations that replication stress not only 

causes reversal of stalled, but also of ongoing forks69, suggesting it might act as a 

genome-wide means to adjust fork speed, possibly to allow extra time for repair or avoid 

encounters of replication machinery with damaged DNA. 

The ends of the reversed forks need to be protected by specialized protein machineries 

to avoid nuclease-mediated resection. Major fork protectors include the tumor suppressor 

proteins BRCA1 and BRCA270, although plenty more have been described. If these 

factors are mutated or missing, they allow nascent DNA degradation by nucleases such 

as MRE11, EXO168 and DNA271. Nascent DNA degradation has been proposed as one 

of the main vulnerabilities of BRCA-mutated tumors, allowing for design of synthetic lethal 

therapies72. 

Translesion synthesis (TLS) utilizes specialized DNA polymerases with relaxed nucleotide 

pairing requirements, such as Polη, Polκ, Polι, Polζ and REV1. It thus allows DNA 

synthesis over damaged DNA, which is however often mutagenic, as the correct template 

is not available73. Template switching (TS) denotes a pathway in which the synthesis of 

nascent DNA is continued on the sister chromatid upon encountering a fork block, such 

as a bulky adduct74. The process entails homologous recombination (HR), requiring the 

RAD51 filament-based homology search, DNA synthesis from the sister chromatid 

template, branch migration and resolution of Holliday junctions. 

Finally, repriming refers to initiation of leading-strand replication immediately past the 

stalled fork using the specialized DNA polymerase PRIMPOL75. Repriming results in 

daughter-strand gaps, regions of ssDNA flanked by dsDNA. Daughter-strand gaps often 

contain lesions that caused fork stalling in the first place, and that need to be repaired 

post-replicatively using TLS or TS76. While this pathway allows for continued replication 

past the lesion without requiring prior repair, daughter-strand gaps are also structures 
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vulnerable to nuclease-mediated expansion and DSB formation, and have been identified 

as the underlying cause of synthetic lethality between PARP1 inhibitors and BRCA1/2 

mutations77,78. In addition, extensive use of repriming increases mutagenicity, as it can 

employ TLS for post-replicative repair. Importantly, different fork remodeling and repair 

pathways are jointly regulated to ensure the choice of the appropriate pathway based on 

the identity of the underlying lesion, duration of fork stalling and the availability of the 

necessary pathway-specific proteins79. 

1.2.5. Replication stress as a source of genome instability 
One of the key features of RS is the increase in genome instability (GI), evident by the 

recurrent changes to the genetic material. A subset of GI is termed chromosome instability 

or CIN, and can be further separated into numerical/whole-chromosome CIN (W-CIN) and 

structural CIN (S-CIN). W-CIN refers to gains or losses of whole chromosomes, while S-

CIN refers to changes in chromosome sequences as a result of indels, substitutions and 

translocations80. Interestingly, RS can induce both W-CIN and S-CIN, although likely 

though distinct mechanisms81. While W-CIN is thought to occur as a result of chromosome 

mis-segregation through processes such as increased microtubule instability82 or defects 

in centrosome integrity83, S-CIN is more associated with mutagenic DNA repair 

processes, such as TLS, repriming84, mitotic DNA synthesis (MiDAS) and resolution of 

DNA bridges85. S-CIN is particularly common at specific genomic locations called the 

common fragile sites (CFSs), which were first described cytogenetically as gaps, breaks 

or constrictions on metaphase chromosomes86. CFSs are a result of under-replication at 

difficult-to-replicate regions, such as secondary DNA structures, tandem repeats or origin-

poor regions with long genes transcribed throughout interphase. They are found in all 

individuals in cells subjected to mild RS. CFSs are causal for neurodegenerative 

syndromes such as the Fragile X syndrome, and are recognized as a driver of GI in cancer 

cells87. 

RS and CIN are tightly linked with tumors, and are thought to promote both tumor induction 

and evolution88. While sources of RS in pre-neoplastic lesions and tumors are often 

difficult to clarify, increased expression of some of the most common oncogenes, such as 

MYC, RAS and Cyclin E, definitely plays a role89. Mutations in tumor suppressors, such 

as BRCA1 and BRCA2, are also associated with inability of cells to repair RS-associated 
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lesions65 and consequent CIN induction. Increasingly, R-loops and G-quadruplexes (G4s) 

are recognized as cancer-relevant sources of RS, for example in hematological tumors 

such as acute myeloid leukemia90. While we often focus on disease-relevant negative 

consequences of RS, it is worth asking whether cells “permit” low levels of RS and 

mutagenicity because they bring a potential advantage. From an evolutionary perspective, 

RS could be an important driver of genome evolution through events such as gene 

duplication91. 

1.3. R-loops 
1.3.1. Transcription 

Aside from serving as a storage of genetic information, DNA fulfills its role by allowing 

transcription of genes into different classes of RNAs, some of which are translated into 

proteins. Transcription is carried out by three classes of DNA-dependent RNA 

polymerases – RNA Pol I, Pol II and Pol III. The majority of protein-coding genes are 

transcribed into pre-mRNA using Pol II, whereas pre-rRNA genes are transcribed in the 

nucleoli using Pol I, and tRNAs and other classes of non-coding RNAs are transcribed by 

Pol III92. Pol II-mediated transcription can be divided into initiation, promoter clearance, 

elongation and termination. During initiation, the pre-initiation complex (PIC) composed of 

RNA Pol II and various transcription factors is assembled at gene promoters, ~30 bp 

upstream of the transcription start site (TSS), by binding to defined DNA sequences, such 

as the TATA box93. PIC assembly and interactions with gene enhancers are modulated 

by a multi-subunit complex called the mediator94. As part of the PIC, transcription factor 

TFIIH, which includes the catalytic subunit CDK7, hyper-phosphorylates the C-terminal 

domain (CTD) of the major Pol II subunit RPB1 at Ser 5 and Ser 795, facilitating transition 

from initiation to promoter-proximal pausing by interrupting interactions with the 

mediator96. Pausing serves as a regulatory step to allow quick changes in gene 

expression in response to stimuli97. It is mediated by the Negative Elongation Factor 

(NELF) complex, and eventually Pol II is released into elongation through phosphorylation 

of NELF and hyper-phosphorylation of the CTD of RPB1 at Ser 2 triggered by the Positive 

Transcription Elongation Factor (p-TEFb), including the catalytic subunit CDK998. 

Termination is accompanied by 3' end cleavage and polyadenylation (polyA tailing), which 

not only enhances termination, but also regulates transcript stability, export to cytoplasm 
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and translation99. During elongation, previously synthesized segments of pre-mRNA are 

already bound by machineries facilitating splicing, modification (for example, m6A), 

secondary structure formation and export (TREX-THO complex), with steps of these 

processes happening either co-transcriptionally or post-transcriptionally. 

1.3.2. Definition and sources of R-loops and RNA-DNA 
hybrids 

R-loops are three-stranded nucleic acid structures consisting of an RNA-DNA hybrid and 

a displaced DNA strand. They are usually formed co-transcriptionally, due to nascent RNA 

hybridizing with the complementary template DNA100. This is favored by negative 

supercoiling behind the transcribing RNA polymerases and is thought to occur 

stochastically. Since the nascent RNA hybridizes with the locus from which it has been 

synthesized, this type of an RNA-DNA hybrid is called in cis. The level of transcription at 

a gene locus strongly positively correlates with the amount of R-loops101. Transcribed GC-

rich regions are particularly prone to R-loop formation because the displaced DNA strand 

can form G-quadruplexes (G4s), which stabilizes RNA-DNA hybrid opposite the G4102. 

Additionally, Pol II pausing also favors R-loop formation, as it increases the chance of 

nascent RNA hybridizing with complementary DNA103. Within transcribed genomic 

regions, R-loops are most common at promoters, transcription start sites and termination 

sites104, where they serve important functions. Although we usually consider Pol II to be a 

major source of R-loops, Pol I and Pol III transcriptional activity also results in R-loop 

formation105, in part because of their high transcription rates. 

Direct visualization of R-loops using native electron microscopy revealed that genomic R-

loops range in size from 30 to 3000 base pairs (bp), with the average size around 180 

bp106. The same study estimated that a maximum of 0.009% of the genome or around 290 

kb is occupied by R-loops, which is much more conservative than the genomic 

approaches reporting up to 5% of the R-loop-covered genome101. This discrepancy in 

estimates likely stems from the different methodologies used. In any case, R-loops are 

quite a prevalent secondary DNA structure and, interestingly, do not conform to either the 

B-form of dsDNA, nor the A-form of dsRNA, instead forming a mixed A/B type structure107. 

Co-transcriptional R-loops have an estimated half-life of 10-20 minutes101. This suggests 

that R-loops are turned over within minutes and their half-life coincides with that of the 
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promoter-proximal-paused Pol II108, suggesting that their existence is compatible with 

dynamics or a regular transcription cycle. 

RNA-DNA hybrids per se do not necessarily need to form at dsDNA. In other words, 

ssDNA is also a common template for hybrid formation. For instance, one of the most 

common genomic sources of hybrids is the replication cycle, in particular Okazaki 

fragment formation, which includes RNA-primed DNA templates109. Moreover, mis-

incorporation of ribonucleotide triphosphates (rNTPs), most commonly by polymerase ε, 

results in “mini-hybrids”104, and is one of the most common sources of genomic DNA 

damage110. Finally, multiple sources report RNA-DNA hybrids at DSBs111. Resection was 

found to be required for hybrid formation, suggesting the existence of DNA damage-

induced long non-coding RNAs (dilncRNAs) paired with resected DNA ends, forming a 

hybrid rather than an R-loop, and influencing repair of damaged DNA112. 

1.3.3. Physiological roles of R-loops 
1.3.3.1.  R-loops at repetitive DNA sequences 

R-loops are not mere byproducts of transcription, but take on important functions. They 

are enriched at repetitive genomic regions, such as telomeres, centromeres, 

retrotransposons and ribosomal DNA (rDNA)104. At chromosome ends called telomeres, 

which are in vertebrates characterized by tandem repeats of the 5’-TTAGGG-3’ sequence, 

R-loops are formed by a class of long lon-coding RNAs (lncRNAs) called telomere repeat-

containing RNAs (TERRA). TERRA hybridizes with the C-rich telomeric DNA strand, 

which is likely potentiated by G4 formation at the displaced G-rich strand113. Similarly to 

hybrids formed at DSBs, TERRA drives homologous recombination in a telomere 

maintenance pathway termed alternative lengthening of telomeres (ALT)114. Centromeric 

loci also express lncRNAs that hybridize with centromeric DNA in cis. Centromeric R-

loops are particularly enriched in mitosis and enable accurate chromosome segregation 

through an ATR- and Aurora B-driven pathway115. Mechanistically, the displaced DNA 

strand of centromeric R-loops recruits RPA and subsequently activates ATR in an Aurora 

A-dependent manner. ATR in turn facilitates Aurora B activation, which suppresses 

lagging chromosomes. 

Detection of R-loops by immunofluorescence using multiple strategies reveals that 

nucleoli, regions where Pol I-mediated transcription of pre-rRNA from rDNA repeats takes 
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place, are nuclear regions most enriched in R-loops116. The rDNA loci are interspersed by 

intergenic spacers (IGSs), with both regions being prone to R-loop formation. At rDNA 

promoters, characterized by G-rich CpG islands, R-loop formation prevents DNA 

methylation and locus silencing, thus supporting production of rDNA117. This is a good 

example of positive roles of promoter-bound R-loops on transcription, which has also been 

observed across other genomic CpG islands117. On the other hand, at IGSs, which are 

transcribed in the antisense direction by Pol II, persistent R-loops form a shield preventing 

Pol I-mediated sense transcription. Thus, through restricting Pol I activity to rDNA only, R-

loops at IGSs ensure appropriate nucleolar morphology and ribosome biogenesis118. 

1.3.3.2.  R-loops at transcription termination sites 
Aside from roles at promoters, R-loops are also abundant and functionally relevant at 

termination sites101. Faulty termination can lead to transcription past the TTS, a 

phenomenon called read-through transcription. Read-through is particularly dangerous in 

gene-dense regions, as it can affect downstream gene expression by transcriptional 

interference119. A common strategy of termination is RNA polymerase stalling at a G-rich 

sequence downstream of the polyA sequence120. A genome-wide mapping analysis found 

that around 2000 G-rich termination sites are occupied by R-loops121. Although the exact 

mechanisms by which R-loops aid termination are still discussed, they include triggering 

Pol II backtracking, Pol II arrest due to torsional stress and recruitment of termination-

promoting factors, such as BRCA1, SETX, DDX5, DHX9 and XRN2104. 

1.3.3.3.  R-loops in antisense transcription 
LncRNAs generated by antisense transcription can form R-loops and often recruit 

transcription activators or repressors. For instance, lncRNA ANRASSF1 is produced from 

the 3’-end of the RASSF1 locus in the antisense direction and recruits the Polycomb 

repressive complex 2 (PRC2) to silence the RASSF1A promoter through H3K27 

trimethylation122. An example of an R-loop acting in trans and resulting in deposition of 

activating histone marks is the GATA3-AS1 lncRNA. It is expressed from the GATA3 locus 

and forms an R-loop 3 kb upstream. It upregulates GATA3 expression by recruiting 

MLL/KMT2A to the locus, resulting in deposition of an activating mark – H3K4 

timethylation123. Additionally, R-loops can promote DNA demethylation at CpG islands 

through antisense RNAs. The lncRNA TARID, produced in the antisense direction from 
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the TCF21 locus, forms a promoter R-loop that recruits the direct R-loop binder 

GADD45A. Through direct protein-protein interactions, GADD45A recruits the DNA 

demethylase TET, which removes DNMT3-mediated CpG promoter methylation, thereby 

enabling expression from the TFC21 locus124. 

1.3.3.4.  R-loops and RNA-DNA hybrids in DNA repair 
Multiple labs have detected RNA-DNA hybrids at DSBs and have shown they have direct 

roles in DSB repair. It is, however, less clear whether three-stranded R-loop structures 

are also formed at DSBs104. Multiple non-mutually exclusive models of hybrid production 

at breaks were proposed. Increased pausing of Pol II, a decrease in elongation rates and 

premature transcriptional termination at DSBs could result in co-transcriptional 

stabilization of hybrids111. Along these lines, genome-wide mapping of RNA-DNA hybrids 

following induction of DSBs revealed their accumulation primarily in regions occupied by 

Pol II before break induction, arguing for a model in which pre-existing RNAs hybridize 

with DNA at breaks125,126. On the other hand, de novo transcription from 3’-ends of 

resected DSBs is evidenced by recruitment of the PIC, the mediator complex, CDK9 and 

Pol II to DSBs127. This results in production of dilncRNAs112 that favor repair by 

homologous recombination. 

Regardless of the source of RNA-DNA hybrids at DSBs, they can contribute to repair in 

multiple ways. RNA-DNA hybrids were shown to both prevent128 and favor129 nuclease-

mediated resection at DSBs. Downstream of resection, hybrids seem to favor RAD51 

nucleofilament formation130,131, a step essential for strand invasion part of the HR132. 

However, RNA-DNA hybrids need to be removed prior to RAD51 loading125,129, 

highlighting their transient nature and tight regulation at DSBs. Aside from classical views 

of HR, alternative pathways of DSB repair are emerging, such as the RNA-templated 

repair. Such repair is based on the following premises: (1) mRNA produced from the DSB 

locus before the DSB induction can span both sides of the DSB, providing a possible 

template for repair133; (2) the translesion synthesis polymerase Polζ is an RNA-templated 

DNA polymerase134; (3) RAD52 and RPA favor annealing of mRNA with complementary 

DNA at DSBs. Therefore, DNA synthesis from the minimally resected 3’-end of the DSB 

can be initiated by Polζ in a RAD52-dependent manner, using hybridized RNA as the 
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template134. This type of repair is particularly suitable for G0/G1 phase, when sister 

chromatids are not available for classical HR-mediated repair135. 

1.3.4. Role in genome instability 
So far, I have highlighted functional roles of R-loops. However, a recurring theme in R-

loop biology is the transient nature of R-loops and RNA-DNA hybrids, and the need for 

their regulation and removal. Accordingly, R-loops can impede major DNA- and RNA-

related processes that happen on chromatin, such as DNA replication and repair, and 

transcription136. In cases when R-loop levels are elevated and associated with negative 

functional outcomes, we consider R-loops aberrant, unscheduled, or even pathological136. 

Many of the negative effects attributed to R-loops stem from the fact that they increase 

replication stress and replication-associated DNA damage137. In addition, even in non-

dividing cells, where replication-associated processes should not play a major role, R-

loops can cause transcription-associated DNA damage138. 

It is widely recognized that ssDNA is more vulnerable than dsDNA to DNA damage139. 

Stabilization of R-loops can thus increase DNA damage by leaving the displaced ssDNA 

exposed, rendering it more prone to spontaneous chemical modifications, and more 

accessible to chemical mutagens, oxidative damage, base-modifying enzymes or 

nucleases137. Aside from that, conflicts between the replication and transcription 

machineries have lately garnered a lot of attention140. As both machineries share the same 

template, they are normally temporally and spatially well separated. Circumstances like 

oncogene-induced premature S-phase entry and dormant origin firing increase the 

likelihood of these conflicts47. Mechanistically, this is thought to occur through replication 

taking place on genes that are still actively transcribing. There are two main possible 

scenarios: the replication and transcription machineries travelling in the opposite direction 

towards each other (head-on collisions), and both machineries traveling in the same 

direction (co-directional conflicts). Head-on collisions were shown to be much more 

dangerous, as they lead to R-loop accumulation, activation of the ATR pathway, and an 

increase in DSBs141. On the other hand, co-directional conflicts activate ATM, and 

decrease R-loop levels, possibly by the action of the replicative helicase MCM2-7, which 

can unwind RNA-DNA hybrids142. Alternatively, PrimPol could reprime replication 
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downstream of the R-loop in case of co-directional transcription-replication conflicts 

(TRCs), as is the case at the GAA repeats143. 

Importantly, R-loops are necessary for induction of DSBs upon head-on TRCs. Activation 

of ATR by R-loops requires fork reversal and the structure-specific endonuclease 

MUS81144, suggesting that forks reverse upon the TRC, and are cleaved by MUS81 to 

produce a single-ended DSB. Another pathway connecting R-loops to DSB induction is 

the transcription-coupled nuclear excision repair (TC-NER). R-loops can be processed by 

the TC-NER endonucleases XPG and XPF, which were shown to create adjacent single-

strand breaks, helping to excise the R-loop from the genome, and thereby creating a 

DSB145. Moreover, a recent surprising report found that XPG/XPF-processed nuclear R-

loops are a source of cytoplasmic RNA-DNA hybrids, suggesting that they are exported 

or diffuse from the nucleus to the cytoplasm. In line with cytoplasmic nucleic acid species 

being immunogenic, these hybrids activate the cGAS-STING pathway, leading to cell 

death through the innate immune response146, a mechanism that likely contributes to R-

loop-related diseases. 

1.3.5. R-loop removing enzymes 
Considering the deleterious potential of R-loops and RNA-DNA hybrids, it is not surprising 

that they are tightly regulated by multiple specialized machineries. Main enzyme classes 

involved in suppression of RNA-DNA hybrids are helicases, nucleases, topoisomerases 

and translocases. Many additional factors that do not possess these enzymatic activities 

can also suppress R-loops, as will be described below. 

1.3.5.1. R-loop helicases 
Among helicases, a large family called the DEAD-box (DDX) and the DEAH-box (DHX) 

contains several members known to unwind R-loops. For instance, DHX9 binds RNA-

DNA hybrids and unwinds R-loops147,148. Along with a couple of other DDX helicases, it 

associates with the PCNA unloader ATAD5 to suppress R-loops during replication149. 

DDX5128, DDX19A150, DDX21151 and DDX39B152 were also implicated in the R-loop 

resolution. Our group has demonstrated that another DEAD-box helicase, DDX41, 

suppresses aberrant R-loops and consequent DSBs at gene promoters. Depletion of 

DDX41 leads to increased replication stress, dependency of cancer cells on ATR and 

inflammatory signaling. Considering that DDX41 mutations are implicated in acute 
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myeloid leukemia (AML), we proposed that R-loop accumulation might be involved in the 

etiology of AML153. Accordingly, using zebrafish models, Weinreb et al. found that Ddx41 

regulates the number of hematopoietic stem progenitor cells (HSPCs) and constrains R-

loop levels. Moreover, Ddx41 insufficiency led to increased cGAS-STING inflammatory 

signaling, which is associated with hyperproliferation of HSPCs154. These findings 

substantiate previously discussed roles of R-loops in replication stress, DNA damage 

induction, inflammatory signaling and disease. 

A well-recognized and well-conserved RNA:DNA hybrid helicase is Senataxin (SETX in 

humans, or Sen1 in yeast155). SETX removes R-loops at transcription termination sites, 

thereby promoting release of nascent transcripts in a manner that depends on the RNA 

exonuclease XRN2156. SETX is also recruited to DSBs that form in transcriptionally active 

loci, favoring recruitment of RAD51, preventing aberrant joining of DNA ends and thereby 

translocations125,157. Notably, SETX is also present in the nucleoli, where it binds IGS 

regions, sites of Pol II-mediated R-loop production. SETX regulates levels of R-loop-

forming lncRNAs at IGSs, thereby contributing to nucleolar morphology118. SETX is 

particularly important from a disease perspective, as its gain or loss of function mutations 

contribute to two neurological disorders: Type 2 ataxia with oculomotor apraxia (AOA2) 

and juvenile amyotrophic lateral sclerosis (ALS4)158. Changes in R-loop homeostasis 

were observed in AOA2 and ALS4 patients and likely contribute to disorder phenotypes. 

1.3.5.2. R-loop nucleases 
Two bone fide nucleases of the Ribonuclease H (RNase H) family have the ability to 

specifically bind RNA-DNA hybrids and degrade their RNA moiety: RNase H1 and H2. As 

RNase H1 is discussed in detail in the section 1.4, I will here focus on RNase H2. It is a 

trimeric nuclear complex containing the catalytic subunit RNase H2A, and two accessory 

subunits, RNase H2B and H2C. The catalysis takes place via a two-metal ion mechanism 

using the active site situated on the H2A subunit159. The H2B subunit is thought to have a 

role in protein-protein interactions, evidenced by its PCNA interacting protein-box (PIP-

box) region160. The H2C is thought to have a largely structural role, as it is connecting 

H2A and H2B159. RNase H2 associates with the replisome through PIP-box-mediated 

interactions with PCNA. This might be relevant for its contribution to removing RNA 

primers during Okazaki fragment maturation161, as well as its role in ribonucleotide 
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excision repair (RER)162. Its essential role in removal of mis-incorporated ribonucleotides 

is substantiated by the fact that, in the absence of RNase H2 function, topoisomerase 

Top1 can aberrantly process rNMPs, leading to deletions and DSBs163–165. In yeast, 

RNase H2 expression is cell cycle-regulated and peaks in late S and G2 phase, in line 

with its post-replicative requirements in RER and R-loop removal166. RNase H2 loss 

results in a stronger genome instability phenotype in yeast than RNase H1 loss167, likely 

because RNase H2 is thought to have a broader role in RNA-DNA hybrid removal, and is 

additionally indispensable for RER. Mutations in RNase H2 cause the Aicardi–Goutières 

syndrome (AGS), a rare inflammatory neurodevelopmental disorder168. Additionally, the 

autoimmune disease systemic lupus erythematosus is also characterized by recurrent 

RNase H2 mutations169, and shares disease features with AGS170. Disease pathology of 

both of these disorders involves inflammatory interferon signaling, which likely occurs as 

a result of aberrant sensing or accumulation of self-derived immunogenic nucleic acids 

species171. 

1.3.5.3. R-loop-suppressing topoisomerases and translocases 
Topoisomerases are cellular enzymes that regulate the topological state of DNA and 

RNA172, and are able to resolve topological stress that results from nucleic acid 

transactions. Topoisomerase 1 (TOP1) introduces DNA nicks, allowing the DNA duplex 

to untwist173, thereby relieving both positive and negative supercoils during replication and 

transcription174. As previously mentioned, transcription leads to negative supercoiling 

behind the RNA polymerases, which favors R-loop formation. Furthermore, R-loops are 

especially problematic at head-on TRCs. Accordingly, TOP1 prevents TRCs and 

replication stress at R-loop-enriched transcription termination sites of highly expressed 

genes175. Moreover, loss of yeast Top1 leads to R-loop stabilization within Pol I-

transcribed rDNA repeats, which is exacerbated by the loss of RNase H activity105. 

A recent study implicated another class of enzymes, translocases, in R-loop resolution176. 

Translocases use ATP to anneal strands at DNA junctions, thereby moving the 

branchpoint between the dsDNA and an alternative DNA structure. Such junctions are 

found at stalled replication forks or transcription bubbles. Three different translocases, 

FANCM, ZRANB3 and SMARCAL1, were found to displace R-loops in vitro and suppress 

them in vivo in human cells. This suggests that, in addition to triggering fork reversal, fork 
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remodelers also remove R-loops, perhaps in similar situations when fork reversal is 

necessary (eg. at TRCs)176. 

1.3.5.4. Other R-loop-suppressing proteins 
Productive transcriptional elongation and efficient RNA processing help to keep R-loop 

levels low137,177. Conversely, defects in RNA splicing lead to aberrant R-loop 

accumulation. This is likely because defects in splicing expose the free 5’-RNA end 

necessary for R-loop formation178. Additionally, excision of introns reduces 

complementarity of RNA with the DNA template, decreasing the likelihood of R-loop 

formation. Aquarius (AQR) is an RNA helicase/ATPase and an essential component of 

the pentameric intron-binding complex179. The activity of this complex leads to the 

activation of the B spliceosome180. Depletion of AQR causes strong R-loop accumulation 

and a consequent increase in DSBs145. It is, however, not clear if AQR is a direct RNA-

DNA hybrid helicase, whether its splicing role or yet another activity cause the R-loop 

increase observed after its depletion. Mutations in general splicing factors SRSF2 and 

U2AF1 are commonly found in the myelodysplastic syndrome (MDS) and also lead to R-

loop accumulation, DNA damage and ATR activation. Elevated R-loops have therefore 

emerged as a unifying mechanism in MDS associated with splicing factor mutations181. 

Even before the discovery of the role of splicing in R-loop homeostasis, it became clear 

that RNA processing proteins contribute to R-loop regulation. The THO/TREX complex, 

which directs the export of mRNA from the nucleus to the cytoplasm, prevents R-loop 

accumulation and enables efficient transcriptional elongation in both yeast and human 

cells182,183. Mechanistically, THO promotes the recruitment of the histone deacetylase 

Sin3a, leading to transient histone deacetylation, which likely disables R-loop formation 

behind the RNA polymerase184. 

Finally, two tumor suppressors, core DNA damage and fork stability factors, BRCA1 and 

BRCA2, have a role in R-loop homeostasis. This role likely contributes to their canonical 

functions in both DSB repair and fork protection. BRCA1 antagonizes 53BP1 at DSBs and 

thereby opposes non-homologous end joining (NHEJ) and favors HR185. Recent results 

by multiple groups suggest that BRCA1 is a direct RNA-DNA hybrid binder and is recruited 

to DSBs by hybrids131. BRCA1 is known to favor BRCA2 recruitment to resected DSBs186, 

which in turn results in RAD51 loading187 and homology search. Importantly, BRCA2 
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seems to recruit RNase H2 to DSBs131, helping to remove the hybrids, presumably to 

enable RAD51 loading. Therefore, recent models suggest that BRCA1 is recruited to 

DSBs by hybrids, and that the hybrids are in turn removed in a BRCA2-dependent 

manner188. Additionally, BRCA1 recruits the helicase SETX to transcription termination 

sites to resolve R-loops and prevent R-loop-associated single-strand breaks189. Whether 

BRCA1 also recruits SETX to sites of DSBs is less clear. BRCA1 also seems to suppress 

R-loops at promoter-proximal sites190. In neuroblastoma cells, where the oncogenic 

transcription factor MYCN is expressed, BRCA1 is recruited to sites of promoter-proximal 

pausing in a MYCN-dependent manner to aid R-loop removal and enable transition into 

elongation191. Altogether, these and many other factors lacking enzymatic activities 

necessary for R-loop removal maintain R-loop levels through more indirect mechanisms. 

 

Figure 2: R-loop-removing enzymes. 

1.4. RNase H1 
1.4.1. Domain composition, localization and conservation 

The RNase H enzymes were discovered and isolated from calf thymus samples in the 

laboratory of Peter Hausen in Tübingen (1969), and given the name indicating the RNA-

DNA hybrid specificity192. RNase H was found in crude isolates of RNA polymerase, 

decreasing its ability to synthesize RNA from denatured DNA templates five-fold. Along 

with RNase H2, RNase H1 is the main nuclease able to degrade the RNA strand of the 

RNA-DNA hybrids in both eukaryotes and prokaryotes. Members of the RNase H family 

can be found in essentially all organisms, including bacteria and archaea193. Human 
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RNase H1 consists of the N-terminal mitochondrial localization signal (MLS), followed by 

the hybrid-binding domain (HBD). The catalytic domain (also called the H-domain) is 

located at the C-terminus, with the unstructured linker connecting the HBD and the 

catalytic domain194. The relatively long linker (around 60 amino acids) allows the catalytic 

domain to access the hybrid substrates at multiple sites, which may increase enzyme 

processivity195. The full length enzyme is a 286-amino acid protein (32 kDa) expressed 

ubiquitously in human cells and tissues. Two isoforms of RNase H1 are present in human, 

both expressed from the same mRNA, the shorter one lacking the MLS. Synthesis of the 

shorter isoform occurs by alternative translation initiation site at M27, the initial methionine 

of the HBD196. In line with the domain composition, the longer isoform localizes to the 

mitochondria (mtRNase H1), whereas the shorter localizes to the nucleus (nucRNase H1 

or M27-RNase H1). The latter is expressed 7-fold higher than the former, which was 

explained by the more efficient translational initiation from M27 than from M1. The low 

expression of mtRNase H1 might be an evolutionary feature essential to avoid toxicity 

resulting from mitochondrial overexpression196. Strong nucleolar enrichment of the 

nuclear isoform is mediated by the HBD197. The truncated version containing only the 

linker and the catalytic domain localizes to the nucleoplasm, but is excluded from the 

nucleoli, suggesting that these two domains are sufficient for nuclear localization, although 

a typical nuclear localization signal (NLS) is missing. Interestingly, RNase H1 is very well 

conserved. The human version has considerable sequence similarity (33.6% amino acid 

identity) even with the E. coli RNase H1198. As expected, the structured domains (HBD 

and the catalytic domain) are better conserved than the linker. 

1.4.2. HBD – the hybrid-binding function of RNase H1 
The architecture of RNase H1 is well suited for recognition and removal of RNA-DNA 

hybrids. The human HBD comprises around 50 amino acids and enhances the 

processivity of RNase H1199. Based on the mutational analysis and biochemical binding 

assays, three amino acids (W43, K59 and K60) of the HBD have emerged as the critical 

determinants of the heteroduplex positioning200. While K59 and K60 bind the 

heteroduplex, W43 is responsible for correct positioning of RNase H1 on the substrate for 

catalysis. Structural models of the HBD with a 12-bp hybrid substrate obtained by Cryo-

EM explained HBD’s 25-fold preference for hybrids over other nucleic acid substrates by 
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examining residues critical for binding to either the RNA or the DNA moiety195. The RNA-

binding loop (D51-A56) mediates binding of the ribose 2’-OH groups to main chains of 

R52 and A55. The aromatic patch (W43 and F58) is structurally complementary with the 

DNA strand and critical for hybrid specificity, as substituting deoxyribose with the ribose 

results in a sterical clash. K60 is one of the few residues directly interacting with the DNA 

phosphates. These results further substantiate the critical role of the WKK residues in 

hybrid recognition. 

1.4.3. Catalytic domain – the hybrid-degradation function 
of RNase H1 

The catalytic domain provides the endonuclease function and consists of around 150 

residues, including four conserved carboxylates (D145, E186, D210, and D274) forming 

the active site, the former three being essential for the enzymatic activity201. Similarly to 

RNase H2, catalysis occurs through a two‐metal ion mechanism. Mg2+ is the preferred 

ion, and Mn2+ has an inhibitory effect in the presence of Mg2+198. Unlike RNase H2, which 

can remove single ribonucleotides from dsDNA, RNase H1 requires at least a 6-bp long 

hybrid substrate, but the optimal cleavage position is 8-12 nucleotides from the 5′-RNA-

3′-DNA terminus202. While the HBD specializes in hybrid binding, the catalytic domain also 

contacts both RNA and DNA strands of the hybrid using well-conserved residues in 

multiple binding pockets that primarily contact the minor groove203. 
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Figure 3: Structure of human RNase H1. 

AlphaFold3-modeled structure of human nuclear isoform of RNase H1 in complex with a 
12mer RNA:DNA hybrid rendered in PyMol. The main structural features that enable 
hybrid binding and cleavage are highlighted. Two Mg2+ ions positioned in the active site 
are shown. 

1.4.4. Biological roles and regulation 
The mammalian RNase H1 has been best studied in the mitochondria. It is essential for 

processing of RNA primers during the replication of mitochondrial DNA (mtDNA). 

Likewise, it is involved in the completion of mtDNA replication. In cells lacking RNase H1, 

linear mtDNAs with deletions are formed instead of proper circular mtDNA204. As the 

complete knockouts of the mouse Rnaseh1 gene are embryonic lethal205, conditional 

knockouts in the mouse heart have been developed to study the RNase H1 function in 

vivo204. In the conditional knockout, mitochondrial transcripts are steadily lost during 

development. While this is likely a consequence of the function of RNase H1 in the 

replication of mtDNA, RNase H1 also reportedly functions in mitochondrial transcription 

and translation by regulating mitochondrial mRNAs, rRNAs, and the 7S non-coding 

RNA206. Studying human RNase H1 is disease-relevant, as mutations in the catalytic 

domain lead to the adult-onset mitochondrial encephalomyopathy207, also known as the 
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Autosomal recessive progressive external ophthalmoplegia (PEO) with mitochondrial 

DNA deletions-2. Recently, the first patients with a mutation in the HBD (Y29C) were 

identified, displaying symptoms of PEO. Interestingly, this mutation was shown to increase 

the RNase H1 activity, suggesting that tight coordination of the mtRNase H1 activity is 

necessary for its mitochondrial function204. 

Several studies in yeast offer valuable insights into functions of the RNase H1, and hint 

towards potential function of the nuclear isoform in mammalian cells. Yeast RNase H1 

functions independently of the cell cycle, but seems to only degrade hybrids upon their 

accumulation166. The yeast RNH1 gene can be deleted with modest increases in 

sensitivity to DNA-damaging agents208. Although yeast RNase H1 is able to associate with 

R-loops genome-wide, it removes them only at strong R-loop-forming loci209. These 

include Pol III-transcribed tRNA and 5S rDNA loci210. The fact that RNase H1 degrades 

only a subset of R-loops implies it is somehow restricted from activity, presumably by 

either protein-protein interactions, PTMs209, or both. 

In humans, nuclear RNase H1 is present at telomeres specifically in ALT cells, where it 

regulates TERRA. Both depletion and overexpression of RNase H1 have negative 

consequences on telomere integrity in ALT cells211. Furthermore, RNase H1 interacts and 

co-localizes with RPA212, with HBD residues R32, R33 and R52 being important for the 

interaction. However, it is not clear whether this interaction is independent of nucleic acids. 

Along these lines, the interaction of RNase H1 with RPA depends on the presence of DNA 

in yeast210.  In vitro, RPA promotes human RNase H1 association with and activity towards 

hybrids with a DNA overhang or R-loops212. As previously mentioned, the nuclear isoform 

of RNase H1 is present in the nucleoplasm and further enriched in the nucleoli. Upon 

inhibition of RNA Pol I, RNase H1 and hybrids are transported from the nucleoli to the 

perinucleolar ring structures. Moreover, after inhibition of TOP1 with camptothecin, 

RNase H1 is further accumulated in the nucleoli, along with the hybrids. Accordingly, 

depletion of RNase H1 results in the accumulation of Pol I-transcribed R-loops197. This 

mirrors data from yeast showing that, upon Top1 deletion, RNase H enzymes are critical 

for removal of Pol I-derived R-loops105. 



41 
 

Human RNase H1 has been detected at laser-induced microirradiation tracks, 

representing sites of DSBs. This suggests a potential role of RNase H1 in removal of DSB-

associated hybrids. The potential impact of RNase H1 on TRCs is poorly understood, 

although it has recently been reported that overexpression of RNase H1 increases fork 

speed106 and rescues fork degradation upon loss of BRCA2213, suggesting a role at 

replication forks.  

Antisense nucleotides (ASOs) are DNA oligos that can be used to regulate gene 

expression and have therapeutic applications, for example in neurological disorders214. 

They are designed to be complementary to endogenous target cytoplasmic or nuclear 

RNAs, and can thus form RNA:DNA hybrids. Upon hybrid formation, the RNA is cleaved 

in an RNase H1-dependent manner215, thereby reducing the pool of target RNA available 

for translation. Therefore, a better understanding of RNase H1 biology could improve 

therapeutic applications of ASOs. 

1.4.5. A tool in R-loop biology 
RNase H1 is emerging as the gold-standard tool to detect and manipulate R-loops in 

human cells216. The tools for hybrid detection based on RNase H1 are increasingly used 

because the traditional way of detecting R-loops using the S9.6 antibody has been brought 

into question. Namely, in addition to RNA:DNA hybrids, S9.6 seems to also recognize 

other RNA species in immunofluorescence approaches, evident from its sensitivity to 

RNase T1 treatment217. 

Overexpression of RNase H1, either after transient transfection218 or in inducible cell 

lines219, is used to remove R-loops genome-wide. This is often used to argue that the 

observed phenotypes are R-loop-dependent. Expression of fluorophore-tagged D210N-

RNase H1212 or the HBD-GFP220 has been used to detect nuclear R-loops by 

immunofluorescence. A similar approach was developed with purified D210N-RNase H1 

for use in fixed cells221. Additionally, a recent tool called RHINO consists of a GFP-tagged 

triple HBD and enables detection of R-loops in live cells116. Point mutations of the hybrid-

binding WKK residues to alanine offer an additional convenient specificity control, which 

we have exploited in R-loop proximity proteomics (HBD-APEX2)153. A similar approach, 

based on the D210N-RNaseH1 fused to TurboID222, was concomitantly developed. Tools 
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based on RNase H1 are also finding use in genomic approaches to map R-loops, including 

the Cut&Run-based MapR223 and the ChIP-seq-based R-ChIP224. 

 

Figure 4: RNase H1 as a tool in R-loop biology. 

Genetically engineered RNase H1 can be used to remove or visualize R-loops in vivo, to 
map R-loop-proximal proteins or genomic regions containing R-loops.  
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1.5. Aims of this work 
In this project, we aimed to get a deeper understanding of the relationship between 

replication stress and the resolution of R-loops. For this purpose, we decided to 

investigate the phosphorylation response to replication stress, with a focus on R-loop-

resolving enzymes. In the course of the project, phosphorylation of the R-loop-degrading 

nuclease RNase H1 emerged as a promising lead. Considering the ubiquitous use of 

RNase H1 as a gold-standard research tool in R-loop biology (section 1.4.5), surprisingly 

little is known about how it is regulated in human cells. For example, it is not clear whether 

the activity of human RNase H1 is simply determined by its amount, or by additional 

mechanisms, such as post-translational modifications and protein-protein interactions. 

Furthermore, it is not clear whether human RNase H1 can recognize all RNA:DNA hybrids 

or only a subset, and how this specificity is accomplished. Answering these and other 

questions will improve the design of tools based on RNase H1 and inform the users about 

the most appropriate tool for their end goal. From the perspective of kinase signaling, we 

aimed to find novel aspects of DYRK1A signaling, particularly with regards to RNA 

processing and R-loop biology. DYRK1A is dysregulated in disease, for example in Down 

syndrome. We realized that its function in RNA processing is understudied in the context 

of Down syndrome, and might be relevant for some of the pathologies related to this 

syndrome.



 

Chapter 2 
 

Materials and methods 
 

2.1. Reagents 

2.1.1.  Chemicals and kits 

Table 1: List of chemicals and kits used in the study. 

Name Supplier 
Doxycycline Sigma 
Puromycin Invivogen 
Aphidicolin Santa Cruz 
CX-4945 Selleckchem 
Harmine Selleckchem 
INDY MedChem Express 
L41 Selleckchem 
DMSO Sigma 
CHIR99021 Sigma 
Lipofectamine® RNAiMAX Thermo 
QuickStart Bradford 1x Dye Protein Reagent BioRad 
NuPAGE™ LDS Sample Buffer (4X) Thermo 
Dithiothreitol Thermo 
NuPAGE 4-12% BT mini protein gels Thermo 
NuPAGE MOPS SDS Running Buffer (20X) Thermo 
Nitrocellulose blotting membranes Sigma 
Trans-Blot Turbo RTA Transfer Kit, nitrocellulose, mini BioRad 
Trans-Blot Turbo 5x Transfer Buffer BioRad 
Ponceau S AppliChem 
Immobilon® ECL Ultra Western HRP Substrate Sigma 
SuperSignal West Pico Thermo 
Hoechst 33342 Sigma 
Urea Sigma 
Thiourea Sigma 
2-Chloroacetamide Sigma 
Trypsin, MS approved Serva 
Sep-Pak C18 Vac Cartridge Waters 
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C8 solid phase extraction disc CDS 
TiO2 spheres GL Sciences 
C18 Empore 47 mm extraction disks CDS 
Boric acid Sigma 
Phosphoric acid Sigma 
Ammonium hydroxide Sigma 
Protease Inhibitor cocktail Sigma 
Sodium deoxycholate AppliChem 
Sodium fluoride Sigma 
Sodium orthovanadate Sigma 
β-Glycerophosphate disodium salt hydrate Sigma 
hydroxylamine Sigma 
TMT10plex Isobaric Label Reagent Set plus TMT11-131C 
Label Reagent 

Thermo 

TMTPro Isobaric Label Reagent Set Thermo 
Magnesium chloride New England BioLabs 
Acetic Acid Sigma 
Methanol VWR 
TFA Fisher Chemicals 
Acetonitrile Sigma 
BSA Sigma 
Tween-20 Sigma 
Fetal Bovine Serum Thermo 
Penicillin-Streptomycin Thermo 
L-glutamine Thermo 
Trypsin-EDTA (0,05%), phenol-red Thermo 
Dulbecco’s modified Eagle’s medium (DMEM) Thermo 
Roswell Park Memorial Institute media (RPMI) Thermo 
Opti-MEM™ Thermo 
Poly-L-Lysine Sigma 
Dialyzed FBS (10,000 molecular weight cut-off) Thermo  
D-MEM for SILAC without lysine and arginine Thermo 
L-arginine and L-lysine Cambridge Isotope 

Laboratories 
L-arginine [13C6] and L-lysine [2H4] Cambridge Isotope 

Laboratories 
L-arginine [13C615N4] and L-lysine [13C6-15N2] Cambridge Isotope 

Laboratories 
Polybrene Sigma 
Linear polyethylenimine transfection (PEI, HCl Max, 40000) Polysciences 
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2.1.2.  Antibodies 

Table 2: List of primary antibodies used in this study. 

ID Name Species Source Dilution 
- BrdU (BU1/75) Rat Abcam, ab6326 1:500 
- BrdU Mouse BD Bioscience, 

347580 
1:100 

101 Phospho-CHK1 
(S345) 

Rabbit Cell Signaling, 2341 1:1000 

174 CHK1 Mouse Cell Signaling, 2360 1:1000 
102 Phospho-CHK2 Rabbit Cell Signaling, 2661 1:1000 
- CHK2 Mouse Cell Signaling, 3440 1:1000 
147 γH2AX Rabbit Cell Signaling, 2577 1:1000 
159 Vinculin mouse Sigma, V9264 1:10000 
109 HA Rat Roche, 

11867423001 
1:1000 

369 RNase H1 Rabbit Proteintech, 15606-
1-AP 

1:500 

- Phospho-RNase H1 
(S74) 

Rabbit Eurogentec, custom-
made 

1:50 

22 GFP Mouse SCBT, sc-9996 1:500 
417 DYRK1A Rabbit Cell Signaling, 2771 1:1000 
197 MYC Rabbit Abcam, ab32072 1:1000 
- GSK3α/β Mouse Thermo Fisher, 44-

610 
1:1000 

 

Table 3: List of secondary antibodies used in this study. 

ID Name Species Source Dilution 
331 Mouse IgG H&L Cy3.5 Goat Abcam, ab6946

  
1:100 

332 Rat IgG H&L Cy5 Goat Abcam, ab6565 1:100 
- Mouse HRP Goat Agilent, P044701-2 1:10000 
- Rabbit HRP Goat Agilent, P044801-2 1:10000 

 

2.1.3.  Solutions 

Cell lysis buffer for DNA fiber assay: 200 mM Tris-HCl pH 7.4, 50 mM EDTA, 0.5% SDS 

Ponceau S solution:  0.1% (w/v) Ponceau S in 5% (v/v) acetic acid 

RIPA buffer: 50 mM Tris-HCl pH 7.5, 150 mM NaCl, 1% IGEPAL CA-630, 0.5% sodium 

deoxycholate, 0.1% SDS, 2.5 mM MgCl2 
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mRIPA buffer: 50 mM Tris-HCl pH 7.5, 150 mM NaCl, 1% IGEPAL CA-630, 0.5% sodium 

deoxycholate, 2.5 mM MgCl2 

Cell extraction buffer: 10 mM Tris-HCl, pH 7.4, 100 mM NaCl, 1 mM EDTA, 1 mM EGTA, 

1 mM NaF, 20 mM Na4P2O7, 2 mM Na3VO4, 1% Triton X-100, 10% glycerol, 0.1% SDS, 

0.5% deoxycholate 

2x Dilution buffer: 10 mM Tris/Cl pH 7.5, 150 mM NaCl, 0.5 mM EDTA 

Phosphatase inhibitors: 100 mM sodium orthovanadate, 500 mM sodium fluoride, 500 mM 

β-glycerophosphate 

Urea:thiorea solution: 6M urea / 2M thiourea in 10 mM HEPES pH 8.0 

HE200 buffer: 10 mM HEPES, 200 mM NaCl, 0.05% Tween-20, 50 μM EDTA; final pH 7.5 

TE40 buffer: 10 mM Tris-HCl, 40 mM NaCl, 0.05% Tween-20, 50 μM EDTA; final pH 7.5 

Duplex buffer: 100 mM potassium acetate, 30 mM HEPES, pH 7.5 

 

2.2. DNA oligonucleotides 

Table 4: List of DNA oligonucleotides used in this study. 

Name Sequence 
heliX oligo 1 (26mer) GCGCTCGCTCACCCTCCTCTACGGCCTTTATC 

AGTACTTGTCAACACGAGCAGCCCGTATATTCTCCTACAG
CACTA 

heliX oligo 2 (26mer) GGCCGTAGAGGAGGGGAGCGAGCGC 
heliX oligo 1 (12mer) TCCTCTACGGCCTTTATCAGTACTTGTCAACAC 

GAGCAGCCCGTATATTCTCCTACAGCACTA 
RNASEH1-S80A-fwd GCCCCGGAAGTTGCAGAAGGGCATGAAAATCAACA 
RNASEH1-S74A-
S76A-rev 

AACTTCCGGGGCTGCAGCTTTCCTGACAAAGGC 

RNASEH1-S80D-fwd GACCCGGAAGTTGATGAAGGGCATGAAAATCAACA 
RNASEH1-S74D-
S76D-rev 

AACTTCCGGGTCTGCATCTTTCCTGACAAAGGC 
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2.3. RNA oligonucleotides 

Table 5: List of RNA oligonucleotides used in this study. 

For siRNAs, information is provided for the sense (5’-3’) strand of the duplex. 

Name Sequence 5’-3’  Source 
heliX Oligo 2 
(RNA-12mer) 

GGCCGUAGAGGA Sigma 

siCTRL (pool) UGGUUUACAUGUUGUGUGA, 
UGGUUUACAUGUUUUCUGA, 
UGGUUUACAUGUUUUCCUA 

Sigma 

siRNase H1 
(pool) 

UGGUUUACAUGUCGACUAA, 
UGGUUUACAUGUUGUGUGA, 
UGGUUUACAUGUUUUCUGA, 
UGGUUUACAUGUUUUCCUA 

Horizon 

siDYRK1A 
(pool) 

GGGAAUGCCUUAUGACCUU, 
AAAAGUGGAUGGAUCGUUA, 
UAAGGAUGCUUGAUUAUGA, 
GAAUUCAACCUUAUUAUGC 

Horizon 

siAQR CUGAAUAUGGCGGUGUAGU Sigma 
 

2.4. Plasmids 

Table 6: List of plasmids used in this study. 

ID Name Construction  Use 
684 pLIX402-GFP-M27-

RnaseH1 
Created previously Lentiviral 

transduction 
1163 pLIX402-M27-

RnaseH1-S3xA-GFP 
Site-directed mutagenesis using 
p684 and oligos RNASEH1-S80A-
fwd & RNASEH1-S74A-S76A-rev 

Lentiviral 
transduction 

1164 pLIX402-M27-
RnaseH1-S3xD-GFP 

Site-directed mutagenesis using 
p684 and oligos RNASEH1-S80D-
fwd & RNASEH1-S74D-S76D-rev 

Lentiviral 
transduction 

37 psPAX2 Created previously Lentiviral 
transduction 

38 pMD2.G Created previously Lentiviral 
transduction 
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2.5. Cell lines 

Table 7: List of the mammalian cell lines used in this study. 

ID  Cell line Antibiotics Source 
320 HCT116  Holger Bastians, Uni 

Göttingen 
449 HCT116:M27-RNaseH1-GFP Puromycin This study 
450 HCT116:M27-RNaseH1-S3xA-GFP Puromycin This study 
451 HCT116:M27-RNaseH1-S3xD-GFP Puromycin This study 
102 U2OS:CCNE1-HA Puromycin Beli lab 
273 U2OS:RNaseH1-3xFLAG-APEX2 G418 Beli lab 
- MEF  Jim Woodgett, LTRI Toronto 
- MEF GSK3A -/-  Jim Woodgett, LTRI Toronto 
- MEF GSK3B -/-  Jim Woodgett, LTRI Toronto 

 

2.6. Methods for molecular cloning  

2.6.1.  Site-directed mutagenesis 

To produce the phospho-dead (S3xA) and phospho-mimicking (S3xD) mutant of RNase 

H1, site-directed mutagenesis was performed on the p684 vector. Plasmids were 

amplified by PCR using Q5 polymerase (IMB Core Facilities) and mutant-specific primers 

(DNA oligo table). 5′-phosphorylation was done with T4 Polynucleotide Kinase (NEB) for 

30 minutes at 37°C. Subsequent ligation was carried out by T4 DNA ligase (NEB) for 2h 

at RT. Cloning results were validated by sequencing (Eurofins Genomics). 

2.7. Methods for protein analysis 

2.7.1.  SDS-PAGE and Western blotting 

10-20 μg total protein lysate or immunoprecipitate were resolved on 4-12% gradients 

SDS-PAGE gels and transferred onto nitrocellulose membranes using the Trans-Blot 

Turbo system or the XCell II Blot system. Following the transfer, membranes were stained 

with Ponceau S and blocked for 30 min in a 3 % BSA solution in PBS supplemented with 

with 0.1% Tween-20 (PBS-T). Membranes were incubated with primary antibodies 

overnight at 4°C. Following 3× 5 min washes with PBS-T, secondary antibodies coupled 
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to horseradish peroxidase (Agilent) were applied for 1 h at room temperature. Membranes 

were then washed 3× 10 min with PBS-T and developed with Immobilon ECL Ultra 

Western HRP Substrate and SuperSignal West Pico detection reagent. 

Chemiluminescence signal was recorded on ChemiDoc (Bio-Rad).  

2.8. Methods for mammalian cells 

2.8.1.  Mammalian cell culture 

All cells were cultured at 37°C with 5% CO2 and all culture media were supplemented 

with 10% fetal bovine serum, 100 U/mL penicillin-streptomycin and 5mM L-glutamine. 

U2OS cells were maintained in Dulbecco’s modified Eagle’s medium (DMEM) and 

HCT116 cells were maintained in Roswell Park Memorial Institute media (RPMI). Mouse 

embryonic fibroblasts (MEFs) were maintained in DMEM (high glucose with GlutaMAX 

Supplement) with 10% FBS, PenStrep and 1x non-essential amino acids. The three stable 

HCT116 cell lines expressing RNase H1 WT, S3xA or S3xD GFP-tagged under a 

doxycycline (DOX)-inducible promoter were cultured in RPMI supplemented with 2 μg/mL 

puromycin. The stable U2OS cell line expressing Cyclin E1 under a DOX-inducible 

promoter were cultured in DMEM supplemented with 2 μg/mL puromycin. Cells were 

induced with 2 μg/mL DOX. All cells were tested on a regular basis for mycoplasma using 

a PCR-based method. 

2.8.2.  Lentiviral transduction 

All manipulations that included lentiviral particles were conducted in the IMB S2 

laboratory. HEK293T packaging cells were transfected using a PEI:DNA ratio of 3:1 (w:w) 

with a packaging vector (p37), an envelope vector (p38) and either of the three transfer 

vectors (p684, p1163 or p1164). Media was changed from OptiMEM to complete DMEM 

after 7 h transfection. After 24 h, supernatant containing the viral particles was collected 

and filtered through a 0.45 µm PES filter. Polybrene was added to the supernatant and 

the mix was added to HCT116 recipient cells. After the first cell split, cells were cultured 

in RPMI supplemented with 2 µg/ml puromycin. During next 2 weeks, the cells were 

monitored and surviving colonies were downgraded using the lenti-X qPCR kit (QIAGEN). 

Genotype was confirmed by PCR and Western blotting. 
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2.8.3.  Cell treatments and lysis 

Cells were treated with 100-1000 nM APH for 24 h or other duration, as indicated in the 

figures; 5 μM CX-4945, 10 μM Harmine, 10 μM INDY, 10 μM Leucettine-L41 for 1 h; or 

10 μM CHIR99021 for 4 or 24 h. As a negative control an equal volume DMSO was used. 

Knock downs were performed for 48h with siRNase H1, siDYRK1A or siCTRL using 

RNAiMAX according to manufacturer’s protocol. For cell lysis, cells were washed twice 

with PBS and lysed in RIPA buffer containing 50 mM Tris HCl (pH 7.5), 150 mM NaCl, 1 

mM EDTA, 1% NP40, 0.1% Na-deoxycholate, 0.1% SDS supplemented with phosphatase 

inhibitors, protease inhibitor cocktail, 100 U/mL SmNuclease and 2 mM MgCl2 at 4°C for 

30 min on a rotation wheel. Next, samples were supplemented with sodium chloride at 

450 mM and incubated for 15 min. Protein concentrations were measured using the 

Bradford assay and adjusted and the supernatant proteins were mixed with 4x LDS 

Sample Buffer supplemented with 1 mM DTT and boiled for 10 min at 95°C. 

2.8.4.  Cellular fractionation 

The protocol was performed at 4°C. Cells were lysed using the mRIPA buffer 

supplemented with protease and phosphatase inhibitors as described above. They were 

incubated for 20 min rotating, then spun down for 20 min at 10000 xg. The supernatant 

was saved (soluble fraction). The pellet (chromatin fraction) was resuspended in the cell 

extraction buffer supplemented with 100 U/mL SmNuclease and 2 mM MgCl2. Protein 

concentrations were measured using the Bradford assay and adjusted and the 

supernatant proteins were mixed with 4x LDS Sample Buffer supplemented with 1 mM 

DTT and boiled for 10 min at 95°C. 

2.8.5.  GFP-based pulldowns 

Cells were lysed as described in the section “Cell treatments and lysis”. After taking 50 µg 

for inputs, samples were diluted using salt-less RIPA (1:1 V:V) supplemented with 

protease and phosphatase inhibitors. Magnetic GFP binder agarose beads (IMB Protein 

Production) were equilibrated in the ice-cold 2x Dilution buffer. 25 µl of the bead slurry 

was combined with an equal mass of each lysate. Samples were rotated overnight at 4°C, 

then washed 3x with RIPA buffer diluted 1:1 with the 2x Dilution buffer and transferred to 

a new tube during the last wash. Samples were boiled in 40-80 µl of 2x NuPAGE LDS 
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Sample Buffer (Life Technologies) supplemented with 2 mM DTT for 15 min at 70°C. 

Samples were used either for Western blotting, or for interactome analysis. 

2.8.6. Cell cycle analysis by flow cytometry 

HCT116 cells were collected with trypsin, washed with PBS and fixed overnight with 70% 

EtOH at 4°C.  Pelleting post-fixation was performed at 3500 xg. Cells were washed once 

in the wash/permeabilization solution (0.05% Triton-X-100 in PBS), and once in PBS with 

2% BSA. To remove RNA, cells were treated for 30 min with RNase A (1 mg/ml) in PBS 

at RT. They were resuspended in PBS containing 1 mg/ml propidium iodide (PI). 

Acquisition was performed on a BD LSRFortessa flow cytometer and 40 000 cells were 

recorded. The 355 nm laser and 450/50 band pass filter were used for analyzing PI 

fluorescence. Further analysis was done using FloJo. After gating for singlets (FSC/SSC, 

then PI-H/PI-A) cell cycle profile was determined based on PI staining. 

2.8.7. DNA fiber assay 

HCT116 cells were labeled with 5-Chloro-2′-deoxyuridine (CldU, 30 µM) for 30 min, 

washed once with warm PBS, then labeled for 30 min with 5-Iodo-2′-deoxyuridine (IdU, 

340 µM). Cells were treated with APH for 1.5 h, 30 min before labeling, and 2x30 min 

during the labeling pulses. After labeling, cells were washed once with warm and 3× with 

cold PBS, then trypsinized and spun down (300×g, 5 min). They were resuspended in cold 

PBS, counted and diluted to 5 × 105/ml. Labeled cells were diluted with twice the number 

of unlabeled cells. 4 μL of the cell suspension were mixed with 7.5 μl of the lysis buffer for 

fiber assay directly on the SuperFrost Plus microscopy slide (Thermo Scientific) and 

incubated horizontally for 9 min. The slides were then tilted at 30°−45°, allowing DNA 

fibers to spread to the bottom of the slide. DNA spreads were air-dried and fixed with 3:1 

methanol:acetic acid overnight at 4 °C. The fibers were rehydrated 3 × 3 min in PBS, 

dipped once in Milli-Q water and denatured in 2.5 M HCl for 1.5 h at RT, then washed 5 × 

3 min in PBS. The slides were blocked for 40 min in the blocking solution (2% BSA, 0.1% 

Tween-20 in PBS) and incubated with primary antibodies (mouse anti-BrdU, 1:100, BD 

Bioscience and rat anti-BrdU, 1:500, Abcam) at RT for 2.5 h. After 3 × 5 min washes with 

PBS-T, the slides were incubated with secondary antibodies (goat anti-mouse Cy3.5, 

Abcam and goat anti-rat Cy5, Abcam) at RT in the dark for 1 h. The spreads were washed 



53 
 

3 × 5 min with PBS-T, dipped in Milli-Q water, and air-dried completely in the dark. The 

slides were mounted using Prolong Gold AntiFade mountant (Thermo Scientific), imaged 

with Visiscope 5-Elements Spinning Disc Confocal microscope (Visitron Systems, 

Germany) (magnification: ×60 Water immersion objective with ×2 extra magnification; 

laser lines and corresponding emission filters: 640 nm, 692/40 and 561 nm 623/32) and 

quantified using the Fiji/ImageJ software. 

2.8.8. Fluorescent microscopy using Opera Phenix 

Knockdowns in HCT116 cells were performed in 6-well plates and cells were re-plated 

into PhenoPlates (Perkin Elmer) after poly-lysine coating. All washes were performed in 

PBS. Cells were washed 2× and fixed with ice-cold methanol for 5 min at –20°C, washed 

3x, and permeabilized with Triton X-100 (0.3%) for 5 min at room temperature, followed 

by 2x washes. Cells were then blocked for 30 min with 3% BSA in PBS-T. Incubation with 

HBD-AF647 (250 nM) diluted in the blocking buffer supplemented with 1 µg/ml Hoechst 

33342 was performed overnight at 4 °C and followed by 3× washes with PBS-T. Cells 

were kept at 4 °C in PBS until imaging. Imaging was performed with an Opera Phenix 

(PerkinElmer) microscope using a ×40 1.1NA water objective. Image analysis was 

performed by using Harmony High-Content Imaging and Analysis Software (version 4.4, 

PerkinElmer). Standard building blocks allowed for nuclei segmentation based on the 

Hoechst signal and cells on the edges of the field were excluded. Mean intensity 

measurements were performed for maximum projections and spot detection was 

calculated by using algorithm B. The live-cell setup was performed at 37°C with 5% CO2. 

2.9. In vitro methods 

2.9.1. Protein purification 

M27-RNaseH1-D210N (phospho-WT, S3xA and S3xD) fused with a His-MBP-3C tag was 

expressed in BL21 (DE3) E. coli cells using 0.5 mM IPTG at 18°C overnight in LB. Lysis 

was performed using sonication in IMAC buffer with 500 mM NaCl. First round of 

purification was performed on a HisTrap, followed by 3C protease digest overnight, 

heparin column purification to remove nucleic acids and concentration of the elution peak 
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using Amicon spin-concentrator. This was followed by gel filtration (Superdex 75 

16/60 pg). Purified proteins were stored snap-frozen and stored at -80°C. 

The HBD-AF647 was purified by the IMB Protein Purification. Detailed information on its 

design, purification and validation will be described in a PhD thesis by redacted (Petra 

Beli lab). 

2.9.2. HeliX assay 

Lyophilized single-stranded oligos (Oligo 1: ligand strand + target sequence; Oligo 2: 

overhang RNA or DNA complement) were resuspended in the Duplex buffer (IDT) at 

100 µM. Oligo 1 and 2 were annealed (=conjugated ligand strand) in equimolar amounts 

(500 nM final) by mixing for 2 min at 94°C and then cooling at RT. Equal volumes of the 

500-nM conjugated ligand strand and 400-nM Adapter strand 1-Ra were mixed and 

incubated for 20 min at RT at 600 rpm in the dark. Next, pre-incubated ligand-adapter mix 

was further mixed with an equal volume of Adapter strand 2-lfs. Serial dilutions (1/4) of 

500 nM dCat M27-RNaseH1 (phospho-WT, S3xA, S3xD) were prepared in HE200 buffer 

on ice. The heliX device was supplied with reagents as described by the manufacturer 

(regeneration, passivation, test & standby solution, TE40 buffer, running buffer: HE200, 

biochip). Samples were run in a randomized order for each replicate, with chip 

regeneration between each dilution series. KD values were calculated using continuous 

amplitude kinetics (real-time referencing + first blank). 

2.10. Proteomics methods 

2.10.1. Phosphoproteomics 

One 10-cm plate was used per treatment. Until acetone precipitation, all steps were 

performed at 4°C. Cells were collected by washing twice with ice-cold PBS and lysing in 

RIPA supplemented with protease and phosphatase inhibitors. Lysates were incubated 

for 15 min, then 5M NaCl was added (1:10 V:V). Cells were sonicated using the Bioruptor 

Plus (7 cycles, 30s burst, 30s rest, high intensity) to enable chromatin extraction. Lysates 

were centrifuged for 15 min at 16 000 xg and supernatant concentrations measured using 

the Bradford assay. Lysates were purified by adding acetone in excess (80% volume) 
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overnight at -20°C. All subsequent steps were performed at RT. Sampes were peletted at 

1000 xg for 5 min and pellets dried on air. They were resolved in the urea:thiourea solution. 

Samples were reduced with 1 mM DTT for 45 min and alkylated using 5.5 mM 

chloroacetamide for 30 min. Proteins were digested using 1:50 (w:w) MS-grade trypsin 

(Serva) overnight at RT. Samples were incubated in TFA (0.5% V/V) for 1 h at 4°C and 

centrifuged for 10 min at 4,000 g. Peptide supernatants were purified using C18 Sep‐Pak 

columns (Waters), eluted in 50% acetonitrile and dried using SpeedVac. Samples were 

barcoded with 0.1 µg of acetonitrile-dissolved TMTPro or TMT11plex labels (Thermo 

Scientific) for 1 h and quenched with 5% hydroxylamine for 15 min225. An equal aliquot 

(5% vol) of each sample was mixed and the ratio check was performed as described226. 

After the ratio check, masses were adjusted treatment-wise. Samples were diluted with 

0.1% TFA to reach < 3% ACN and purified on SepPak columns, eluted with 50% ACN 

and acidified with 6% TFA. Phosphopeptides were enriched using titanium dioxide resin 

as described227. Samples were fractionated using either micro-SCX or high-pH reversed 

phase chromatography (Thermo Fisher) using manufacturer’s instructions. Samples were 

mixed together and desalted using reversed‐phase C18 StageTips228. 

2.10.2. GFP-based interactomics 

One 15-cm plate was used per treatment. HCT116:M27-RNaseH-GFP (phospho-WT or 

mutant) cells were treated for 24h with Dox and 1h with L41. DMSO was used as a mock 

treatment. Pulldowns were performed as described in “GFP-based pulldowns”. After 

boiling in 2x LDS supplemented with 2 mM DTT, samples were alkylated with 10 mM 

chloroacetamide for 30 min in the dark at RT. To remove detergents, proteins were 

purified on SP3 beads229. Briefly, hydrophilic and hydrophobic Sera-Mag magnetic 

carboxylate modified particles (Sigma) were combined 1:1 (v:v), washed in water and 

resuspended in water at 20 mg/ml. 20 μl of combined beads were added to each sample. 

Absolute ethanol was added to 50% (v/v) and samples were shaken for 5 min at 1000 

rpm. After magnet binding, supernatants were removed and the beads were washed three 

times with 80% ethanol. Proteins were digested on-bead in the digestion buffer (150 mM 

HEPES, pH 8) with 0.5 μg of MS-approved trypsin (Serva) per sample overnight at 37°C 

with shaking. After magnet binding, the supernatants were collected, and the beads were 

washed twice with the digestion buffer. Wash supernatants were combined with 
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respective peptide supernatants. Digestion was stopped by adding formic acid (FA) to 1%, 

and precipitates were removed by centrifugation after a 30 min incubation at 4°C. Samples 

were spun down for 10 min at 4000 xg and purified using StageTips. 

2.10.3. FLAG-based interactomics 

For SILAC labeling, cells were cultured for at least 5 passages in SILAC DMEM 

(Invitrogen) supplemented with dialyzed FBS (Invitrogen) and containing either L-arginine 

and L-lysine (Merck) or L-arginine [13C6] and L-lysine [2H4] (Cambridge Isotope 

Laboratories). Three 15-cm plates were used per treatment. All steps until bead boiling 

were performed on ice. U2OS:RNaseH1-FLAG-APEX2 were washed 2x with ice-cold 

PBS and lysed with mRIPA supplemented with protease inhibitors. To release the 

chromatin fraction, 2 mM MgCl2 and 1:500 SmNuclease (IMB Protein Production) were 

added and incubated for 1 h. NaCl was added (450 mM final) and samples were incubated 

for 15 min. No-salt RIPA was added to reduce NaCl concentration to 150 mM. Samples 

were centrifuged for 15 min at 16 000 xg and supernatant concentrations measured with 

Bradford assay. 40 μl of mRIPA-equilibrated FLAG-M2 affinity gel (Merck) were added to 

equal mass of each sample. Samples were incubated rotating for 1.5 h, then washed 3x 

with mRIPA. Elution was performed by boiling in 2x LDS supplemented with 1 mM DTT 

for 15 min at 75°C. Alkylation was performed with 5.5 mM chloroacetamide for 45 min in 

the dark. Samples were separated by SDS-PAGE on a 4–12% gradient Bis–Tris gel 

(Invitrogen). Proteins were stained using the Colloidal Blue Staining Kit (Life 

Technologies) and digested in-gel using 0.6 µg of MS-approved trypsin (Serva) per gel 

fraction. Peptides were extracted from the gel and desalted using reversed-phase C18 

StageTips. 

2.10.4. LC-MS/MS 

Run parameters for the LC-MS/MS runs are listed in the Table 8. Raw data files were 

analyzed using MaxQuant230. Site localization probabilities were determined by MaxQuant 

using the post‐translational modification scoring algorithm. Parent ion and MS2 spectra 

were searched against a reference proteome database containing human protein 

sequences obtained from UniProtKB using Andromeda search engine231. Spectra were 

searched with a mass tolerance of 6 p.p.m. in MS mode, 20 p.p.m. in HCD MS2 mode, 
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strict trypsin specificity, and allowing up to two miscleavages. Cysteine 

carbamidomethylation was searched as a fixed modification, whereas protein N‐terminal 

acetylation, methionine oxidation, phosphorylation (STY; only for Phosphoproteomics), 

and N‐ethylmaleimide modification of cysteines (mass difference to cysteine 

carbamidomethylation) were searched as variable modifications. The dataset was filtered 

based on posterior error probability (PEP) to arrive at a false discovery rate of below 1% 

estimated using a target‐decoy approach232. GFP-based interactomics was analyzed 

using the MSFragger233. 

Table 8: Instrument settings used for MS-based proteomics. 

Settings Phosphoproteomics FLAG-based 
interactomics 

GFP-based 
interactomics 

LC    
Device name EASY‐nLC 1200 EASY‐nLC 1200 Neo Vanquish 
Column 55 cm length, 75 mm 

inner diameter 
55 cm length, 
75 mm inner 
diameter 

45 cm length, 
75 mm inner 
diameter 

Gradient 2.4 to 33.6% ACN, 
120 min 

2.4 to 33.6% ACN, 
90 min 

1.6  to 32% ACN, 
70 min 

MS – full scan    
m/z range 350-1500 300-1650 325-1300 
Resolution 60000 60000 120000 
Target value (%) 300 300 300 
Max injection time 
(ms) 

40 28 25 

ddMS2 scan    
Dependent scans 15 15 50 
Normalized 
collision energy 
(%) 

33 30 26 

Resolution 15000 15000 - 
Target value (%) 100 100 100 
Max injection time 
(ms) 

40 40 10 

Isolation window 
(m/z) 

0.8 1.4 1.4 

TurboTMT TMTPro - - 
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2.11. Bioinformatics analysis 

2.11.1. Statistical analysis of MS data 

Statistical analysis and MS data visualization were performed using the RStudio software 

environment (version 2024.04.2). Potential contaminants, reverse hits, hits only identified 

by site and hits with no unique peptides were excluded from the analysis. Phospho-sites 

were filtered based on localization probability (>75%). Statistical significance was 

calculated using a moderated t-test (limma package)234. 

2.11.2. Kinase predictions 

Computational prediction of kinase activity based on phosphoproteomics was performed 

using one of the three methods. For Kinase-Substrate Enrichment Analysis, it was based 

on the KSEA algorithm235 and the R implementation of KSEA App236. Kinase-substrate 

annotations were obtained from PhosphoSitePlus (PSP) and the NetworKIN database237. 

The analysis was performed with a minimum NetworKIN score of 5 for upregulated and 

downregulated phosphorylation sites with a p-value ≤ 0.05. For Kinase Library7 method, 

differential expression-based enrichment analysis was performed with a log2-fold change 

threshold of 0.3 and p-value threshold of 0.05. For the KEA2 method238, significantly 

enriched phospho-sites were used as input for the literature-based kinase-substrate 

library (phospho-site level). 

2.11.3. Miscellaneous bioinformatics analysis 

Gene Ontology (GO) enrichment analysis was done using ViSEAGO package239. 

Phospho-motif analysis was performed on significantly upregulated phospho-sites using 

iceLogo240. Multiple alignment of RNase H1 from different species was performed with 

Clustal Omega241 using default parameters. Results were visualized using JalView242 and 

colored according to Percentage Identity. Structure modeling was performed with 

AlphaFold3243 and visualized using PyMol.  
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Chapter 3 
 

Results 
 

3.1. Stratification of replication stress by severity 

Replication stress (RS) affects dividing cells in complex ways. It leads to changes in 

replication timing, origin firing, nuclear architecture, chromatin and replication fork 

remodeling, and activates checkpoint signaling and DNA repair. Importantly, the extent to 

which these processes are modulated, and the precise functional outcomes244, depend 

on RS severity. Traditionally, strong treatments were used to investigate cellular 

responses to RS, as these treatments elicited easily discernible phenotypes and led to 

massive changes in signaling. Recently, mild RS has emerged as a new candidate of 

intense study. This was triggered by the following observations: (1) mild RS allows 

progress through the cell cycle, enabling long-term accumulation of phenotypical 

consequences such as mutations85; (2) by allowing entry into G2 phase and mitosis, mild 

RS allows cell cycle-specific pathways, such as post-replicative repair245 or mitotic DNA 

synthesis (MiDAS)246, to take place; (3) mild RS slows down replication forks, while strong 

RS blocks them, leading to different fork remodeling outcomes247; (4) endogenous RS that 

cells experience as a result of oncogene induction or replication over difficult-to-replicate 

regions is considered mild in nature248; (5) mild RS leads to both numerical and structural 

changes of chromosomes (chromosome instability or CIN)81; (6) mutations and CIN 

experienced by untransformed somatic cells as a result of mild RS are thought to be 

tumor-promoting249. Therefore, an improved understanding of cellular responses to mild 

RS is critical for a better understanding of tumorigenesis and improvement of therapeutic 

outcomes250. With this in mind, we set out to study global phosphorylation signaling upon 

different levels of RS. 

As the first step, we stratified RS by severity using multiple phenotypic readouts. To 

modulate RS levels, we used a naturally occurring organic compound and B-family DNA 

polymerase inhibitor aphidicolin (APH). As the experimental system of choice, we used 
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the chromosomally stable colorectal tumor cells HCT116. These are often utilized to study 

MiDAS and the induction of CIN upon RS251,252. We use them throughout the study, unless 

specified otherwise. Treating cells acutely with increasing doses of APH led to a stepwise 

decrease in the replication fork progression rate, as measured by the DNA fiber assay 

(Figure 5A). Likewise, replication and DNA damage checkpoint signaling, measured by 

the activation of ATR-pCHK1 and ATM-pCHK2 pathways, was triggered in a dose- and 

time-dependent manner upon APH treatment (Figure 5B). Increased phosphorylation of 

the histone variant H2AX at S139 (commonly referred to as γH2AX), an early event upon 

DSB induction and perhaps the most common marker of increased RS and DNA damage, 

was used as an additional readout. Finally, we investigated the influence of chronic APH 

treatment (24 h) on the cell cycle profile (Figure 5C). Interestingly, each of the applied RS 

doses led to a markedly different cell cycle profile. 100 nM APH, the lowest dose tested, 

caused a mild increase in the early S-phase population, but otherwise did not affect the 

cell cycle significantly. 400 nM APH, the medium dose, led to an accumulation of cells in 

G2 phase, likely because it allows replication, albeit at a much slower rate. 1000 nM APH, 

the strongest dose tested, caused a broad accumulation across S and G2 phase, likely 

as a result of the inability of early S-phase cells to finish replication, and delayed entry of 

late S-phase cells into G2. Altogether, these phenotypes allowed us to stratify RS into 

mild (100 nM APH), moderate (400 nM APH) and strong (1000 nM APH) RS (Figure 5D). 
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Figure 5: Stratification of replication stress by severity. 

A) DNA fiber assay representing combined CldU and IdU track length. Both 30 min pulses 
and a 30 min pre-treatment were performed with indicated treatments in HCT116. B) 
Western blot analysis of HCT116 lysates treated for 4h or 24h with indicated APH 
concentrations. Vinculin is used as a loading control. C) Flow cytometry histogram after a 
24h treatment of HCT116 with indicated APH concentrations. PI = propidium iodide. DNA 
content is in arbitrary units. D) A scheme of replication stress stratified by severity.  
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3.2. Phosphoproteomics of the dose-dependent 
response to replication stress 

Previous phosphoproteomics studies have focused on the replication stress (RS) levels 

that strongly activate the checkpoint and do not allow the entry of cells into mitosis253. 

However, it is currently unknown to which extent the various phosphorylation-mediated 

signaling pathways are induced or inactivated upon lower doses of RS. To study the 

signaling events associated with different RS levels, we performed multiplexed mass 

spectrometry-based quantitative phosphoproteomics after a 24-h treatment with the 

benchmarked RS levels in HCT116 (Figure 6A, left). In this experiment, we identified more 

than 18 000 high-quality phospho-sites (Figure 6A, right). As expected, the number of 

consistently regulated phospho-sites rose with the RS dose (Figure 6B). Importantly, mild 

RS led to an increase of 154 phospho-sites and a decrease of 409 sites (Tier 2 sites, fold 

change>1.5 and FDR<0.05). This demonstrates that mild RS is sufficient to induce 

changes in signaling, despite not causing a strong induction of the checkpoint (Figure 5B), 

nor a large perturbation in the cell cycle profile (Figure 5C). Notably, some of the changes 

in phosphorylation upon mild RS might be due to a slight accumulation of cells in early S 

phase. 

GO terms analysis of the proteins with a significant gain of phosphorylation upon different 

RS levels revealed that mild RS was linked with biological processes such as “DNA 

replication” and “histone demethylation” (Figure 6C). This strengthened the notion that 

studying global phosphorylation upon mild perturbations offers valuable insights into 

changes in replication dynamics. Proteins with a phosphorylation loss after mild RS 

mapped to GO terms associated with RNA processing, such as “RNA splicing”. Consistent 

with the cell cycle profile (Figure 5C), GO terms analysis of the phospho-sites gained upon 

moderate RS indicated the G2/M cell cycle arrest (Figure 6D). Phospho-sites gained upon 

strong RS were enriched for processes associated with DSB repair, in line with strong 

induction of the DSB markers γH2AX and phospho-CHK2 (Figure 5B). As moderate and 

strong RS led to considerable perturbation of the cell cycle (Figure 5C), we expect that 

some phospho-sites regulated after these treatments represent genuine response to RS, 

whereas other sites simply reflect changes in the cell cycle profile. 
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Figure 6: Phosphoproteomics of the dose-dependent response to replication 
stress. 

A) (Left) Experimental outline of TMT phosphoproteomics after RS induction. (Right) 
Number of high-quality phosphorylation sites after filtering. B) High-quality sites 
categorized into up-, down- or non-regulated based on the fold change and false discovery 
rate (FDR < 0.05). C) GO biological processes of sites regulated after mild RS (ViseaGO 
package). D) GO biological processes of upregulated sites after moderate and strong RS 
(ViseaGO package). E) Volcano plot with sites significantly regulated after mild RS (Tier 
2 sites). Sites mapping to GO-BP “DNA replication” are highlighted. F) Volcano plot with 
sites significantly regulated after moderate RS (Tier 1 sites). Sites mapping to GO-BP 
“DNA repair” are highlighted. G) Motif analysis of upregulated sites using iceLogo. H) 
Computational prediction of kinase activity using KSEA. 

 

Analysis of individual phospho-sites affected by mild RS revealed increased 

phosphorylation of multiple DNA replication proteins (Figure 6E). This included the 

replicative helicase component MCM2, DNA polymerase α subunit POLA2, single-strand 

break repair ligase LIG3, and origin firing factors CDC6 and Treslin (TICRR). Additionally, 

ribonucleotide reductase subunits RRM1 and RRM2 were affected, possibly reflecting 

changes in dNTP production rates upon RS. Among most strongly phosphorylated 

substrates after moderate RS were the cyclin-dependent kinases CDK1 and CDK2 at 

T14/Y15 (Figure 6F). These phosphorylation events inhibit CDK activity, and are strongly 

indicative of DNA damage-induced cell cycle arrest. Moreover, under moderate RS, 

phosphorylation of multiple DNA repair and fork stability proteins was apparent, such as 

of the Fanconi anemia pathway components FANCI and FANCE, DSB factors BRCA1 

and MDC1, structure specific endonuclease SLX4, and DSB pathway choice regulators 

T53BP1 and RIF1 (Figure 6F). This opens up opportunities for further mechanistic study 

of these phosphorylation events. 

Phosphorylation motif analysis showed enrichment of the S/T-Q motif after moderate and 

strong RS, indicating activation of the PIKK family of kinases, including the DSB kinase 

ATM and the RS response kinase ATR254 (Figure 6G). Strong RS reduced 

phosphorylation at phospho-residues followed by a proline (P at +1 position), which we 

interpret as further indication of the CDK inhibition255. To investigate how the global kinase 

response is affected by different RS levels, we performed computational prediction of 

kinase activity using Kinase-Substrate Enrichment Analysis (KSEA) (Figure 6H). This 
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confirmed the stepwise activation of ATM and ATR, as well as a stepwise reduction of cell 

cycle-promoting CDKs and mitosis-promoting Aurora A/B and PLK1256. Interestingly, 

CDK1 was not predicted as downregulated after mild RS, potentially explaining the lack 

of cell cycle arrest in this condition. 

3.3. Similarities in signaling between Cyclin E- and 
aphidicolin-induced mild replication stress 

Although aphidicolin and hydroxyurea are commonly used as tools to study RS, they are 

not the most physiological source of RS. Cancer-relevant RS occurs as a consequence 

of increased expression of oncogenes such as MYC, KRAS or Cyclin E89. An improved 

overview of the signaling induced by oncogenes would benefit our understanding of the 

pathways relevant for tumorigenesis. We therefore sought to compare APH- and Cyclin 

E1-induced phosphoproteomes. For this, we developed and made use of the U2OS cell 

line expressing the CCNE1 gene in a doxycycline-inducible manner (Figure 7A). TMT-

based phosphoproteomics after a 24-h treatment with doxycycline (Figure 7B) revealed 

over 100 sites each that were either upregulated of downregulated upon CCNE1 

overexpression (p-value <0.01). Phosphorylation of CCNE1 was strongly increased, 

acting as a positive control (Figure 7C). Y19 on CDK1/2/3 was more phosphorylated after 

CCNE1 induction, suggesting changes in CDK activity. Interestingly, APH and doxycycline 

treatment correlated very well (Pearson correlation coefficient = 0.61), revealing 

similarities in signaling (Figure 7D). The overlap was most noticeable among 

downregulated sites, which were enriched for RNA processing factors. 

Kinase predictions after CCNE1 overexpression and APH-induced mild RS revealed 

further similarities at the signaling level (Figure 7E). While it was expected that Cyclin E 

increases CDK activity, in particular CDK2257, we observed a similar response after APH 

treatment. This suggests that after mild RS, CDK activity is in general not diminished, in 

line with the observation that cells do not get arrested in S or G2 (Figure 5C). Kinase 

prediction also retrieved plethora of potential kinases with less activity after RS, allowing 

further exploration. 
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Figure 7: Similarities in signaling between Cyclin E- and aphidicolin-induced mild 
replication stress. 

A) Western blot analysis of the U2OS:Cyclin E1 cell line treated for 24h or 48h with 
indicated doxycycline (dox) concentrations. Ponceau is used as a loading control. B) 
Treatment scheme of TMT phosphoproteomics upon APH-induced mild RS or 
doxycycline-mediated Cycline E1 overexpression. C) Volcano plot with sites significantly 
regulated (p-value < 0.01) after Cyclin E1 overexpression. The number of significantly up- 



67 
 

and downregulated sites is indicated at the bottom. Selected sites are highlighted. D) 
Scatter plot comparing APH treatment and Cyclin E1 overexpression. RNA processing 
factors are highlighted. Pearson correlation coefficient is indicated. E) Scatter plot 
comparing kinase activity predictions using the Kinase Library after indicated treatments. 
Kinases predicted to be commonly regulated are highlighted.  

3.4. Analysis of replication stress-induced changes in 
phosphorylation of R-loop regulators reveals regulation 
of RNase H1 and Senataxin by phosphorylation 

RS has a two-way relationship with R-loops. Namely, aberrant accumulation of R-loops 

increases RS, and vice versa. However, evidence for the latter is mostly based on the 

frequently criticized immunofluorescence using the S9.6 antibody217,258,259. To strengthen 

the notion that APH increases R-loop levels, we used a tool recently developed in our lab 

called the HBD-AF647 (Figure 8A). The tool utilizes purified hybrid binding domain of the 

human RNase H1 covalently linked to a fluorophore (Alexa Fluor 647), enabling 

fluorescent imaging of RNA:DNA hybrids and R-loops in fixed cells without the need for a 

secondary antibody (developed by redacted). Chronic RS (24 h), including mild RS, 

significantly increased the nuclear HBD-AF647 staining (Figure 8B). As expected, 

depletion of the RNA:DNA hybrid nuclease RNase H1, as well as the helicase AQR145, 

also considerably increased nuclear hybrid levels. 

While a large number of R-loop-modulating helicases, nucleases, translocases and other 

R-loop binders have been characterized to date, their regulation by PTMs upon stresses 

that cause R-loop accumulation is just beginning to emerge260. To find out if R-loop factors 

are regulated by phosphorylation upon RS, we overlapped our phosphoproteomics data 

with a dataset of 186 high-confidence R-loop regulators reported in the R-loopBase261 

(Figure 8C). This revealed that phosphorylation of 36 R-loop regulators at 91 sites is 

significantly affected by at least one RS treatment (Figure 8D). Among them, we found 

multiple well-studied DDR proteins with R-loop-related and -unrelated functions, such as 

BRCA1 (13 sites), MDC1 (10 sites), FANCI (4 sites), FANCD2 (1 site), BLM (2 sites) and 

RPA1 (2 sites). We noticed that proteins with a loss of phosphorylation, such as HNRNPD, 

NPM1, NCL, DDX5, ADAR, SAFB2, PAF1 and NONO, were enriched for transcription- 
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and RNA processing-related functions (Figure 8D). Critically, we found increased 

phosphorylation of a bone fide R-loop helicase Senataxin/SETX125,262 at 5 serine residues 

(S947, S950, T952, S956 and S1345), four of which are SQ sites, and decreased 

phosphorylation of one of the major R-loop nucleases RNase H1 at three serine residues 

(S74, S76 and S80). Interestingly, the reported phospho-serines on RNase H1 are located 

in an intrinsically disordered region immediately downstream of its hybrid-binding domain 

(HBD) (Figure 8E), prompting us to investigate their function. 

Sequence comparisons from yeast to humans showed that HBD is universally followed 

by an array of phosphorylatable residues, most often serines, which we termed the 

phospho-cluster region (Figure 8F). Out of the three serines present in humans, S76 and 

S80 were the best conserved. Aiming to find the kinase phosphorylating RNase H1, we 

explored its interactome. To this end, we created a U2OS cell line with endogenously 

tagged RNase H1 fused with APEX and FLAG tags using CRISPR-Cas9. FLAG-based 

affinity purification coupled to LC-MS/MS revealed RNase H1 as the top hit (Figure 8G). 

In line with the role of RNase H1 in RNA processing, subunits of RNA Pol II263, the 

transcription elongation PAF1 complex, multiple histones and different R-loop-related 

DDX/DHX helicases were significantly enriched. Among enriched kinases, we found 

transcription- and splicing-related CDK11B and CDK12, as well as two subunits of the 

CK2 holoenzyme (CSNK2A1 and CSNK2B). S80 of RNase H1 is surrounded by three 

negatively charged residues (E78, E81 and E84) (Figure 8F), which resembles the motif 

necessary for hierarchical phosphorylation by CK28, prompting us to investigate it as a 

candidate kinase. Phosphoproteomics upon chemical inhibition of CK2 using CX-4945264 

revealed that phosphorylation of RNase H1 at S74/S76 is strongly affected, even more so 

than after APH (Figure 8H). However, a closer inspection of the RS- and CX-4945-

dependent substrates showed that two phospho-sites of another kinase, DYRK1A, are 

strongly affected by both treatments (Figure 8I). Additionally, a recent report highlighted 

DYRK1A as an off-target of CX-4945265. 
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Figure 8: Analysis of replication stress-induced changes in phosphorylation of R-
loop regulators reveals modification of RNase H1 and Senataxin by 
phosphorylation. 

A) Scheme of the fluorescence-based RNA:DNA hybrid sensor HBD-AF647. B) 
Representative images of HBD-AF647 staining in fixed HCT116 after the indicated 
treatments. Nuclei are outlined in white. C) Quantification of immunofluorescence from 
the experiment shown in B. Unpaired, two-sided t-test with Bonferroni correction, ***: p ≤ 
0.001. D) Heatmap representing the overlap of the sites from the TMT phosphoproteomics 
(Figure 6) with the R-loopBase. Hits with at least one significantly changing treatment are 
shown. The scale bar represents log2-transformed fold changes. E) AlphaFold3-modeled 
interaction of the M27-RNase H1 with a 12-mer hybrid substrate rendered in PyMol. 
Domains are highlighted and labeled in different colors. Phospho-sites of interest are 
indicated. Two Mg2+ ions positioned in the active site are shown. F) Multiple sequence 
alignment containing the HBD and the phospho-cluster region of RNase H1 in selected 
species. Phosphorylatable residues within the cluster are shown in bold. Sites 
phosphorylated in humans are shown in orange. G) Flag-based immunoprecipitation in 
the U2OS:RNaseH1-FLAG-APEX2 cell line. Selected hits are highlighted in red, enriched 
kinases in yellow. H) Barplot showing regulation of the RNase H1 phospho-site containing 
S74 and S76 in HCT116 after treatment with RS or CX-4945. I) Scatter plot comparing 
moderate RS to the CX-4945 treatment. Selected sites are indicated. 

3.5. Replication stress-mediated reduction in DYRK1A 
signaling leads to a loss of RNase H1 phosphorylation 

We therefore hypothesized that DYRK1A, rather than CK2, phosphorylates RNase H1. 

To facilitate the kinase search and further mechanistic exploration of RNase H1 

phosphorylation, we developed two new tools. Using lentiviral transduction, we stably 

integrated a doxycycline (dox)-inducible construct bearing the GFP-tagged nuclear 

isoform of RNase H1, including the triple phospho-dead (S74A, S76A and S80A; 

abbreviated as S3xA) and the triple phospho-mimicking (S74D, S76D, S80D; abbreviated 

as S3xD) version into the HCT116 cell line (Figure 9A). Furthermore, we developed a 

custom phosphorylation-specific RNase H1 antibody raised against a peptide mono-

phosphorylated at S74. Although the antibody displayed unspecific, knockdown-resistant 

bands at 30 kDa in inputs and pulldowns of endogenous RNase H1 (not shown), the 

phosphorylation was readily detectable in GFP-based pulldowns using the dox-inducible 

RNase H1 cell line (Figure 9B). Critically, the phospho-S74 signal was dox-dependent, 

and not visible upon expression of the S3xA nor the S3xD mutant of RNase H1, indicating 

that the antibody indeed recognizes the phospho-group on one of the three serines of  
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Figure 9: Replication stress-mediated reduction in DYRK1A signaling leads to a 
loss of RNase H1 phosphorylation. 

A) Western blot showing expression of the GFP-tagged RNase H1 phospho-mutants in 
HCT116 after a 24h treatment with 2 µg/ml doxycycline. Ponceau: loading control.  B) 
Western blot validating the antibody specific for pS74 of RNase H1 in GFP-based 
pulldowns. Ponceau: loading control. C) Western blot showing dose-dependent decrease 
of RNase H1 pS74 after a 24h treatment with APH. Ponceau: loading control. D) 
Quantification of results from C in 3 biological replicates (*: p ≤ 0.05, **: p ≤ 0.01; ***, p ≤ 
0.001). E) Western blot of GFP-based pulldowns showing effects of DYRK1A inhibition of 
knockdown on the levels of pS74. Ponceau: loading control. F) Western blot showing the 
effects of different doses of APH after a 24h-treatment on total levels of DYRK1A. 
Ponceau: loading control. 

interest. The antibody-based approach confirmed that RS decreases phosphorylation of 

RNase H1 in a dose-dependent manner, while total levels of GFP-tagged RNase H1 

remain unchanged (Figure 9C,D). 

Strikingly, inhibition of DYRK1A using three different chemical inhibitors (Leucettine 

L41266, INDY267 and harmine268), as well as CX-4945, almost completely reversed 

phosphorylation at S74, while depletion of DYRK1A using siRNA reduced it (Figure 9E). 

Additionally, total levels of DYRK1A decreased with the RS dose, offering an explanation 

for reduced phosphorylation of RNase H1 upon RS (Figure 9F). 

3.6. Reduction in DYRK1A signaling is a driver of the 
replication stress-induced phosphorylation loss on RNA 
processing factors 

Assuming RNase H1 is not the only RS-regulated DYRK1A target, we next asked whether 

its other substrates are decreased in phosphorylation upon RS. To this end, we performed 

phosphoproteomics after strong RS, chemical inhibition of DYRK1A using L41 or INDY, 

or depletion of DYRK1A (Figure 10A). Principal component analysis (PCA) showed a 

clustering of the DYRK1A inhibitors, and their similarity with depletion of DYRK1A (Figure 

10B). As expected, APH treatment displayed a distinct response. Pairwise comparison of 

the strong RS with either INDY or L41 revealed a subset of shared substrates (Figure 

10C,D). Critically, both RS and inhibition of DYRK1A led to a reduction of its auto-

phosphorylated activity-promoting residue S529269, strengthening the observation that RS 
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reduces DYRK1A signaling. Overlapping the downregulated phospho-sites dependent on 

RS, INDY and L41 revealed a subset of 27 substrates (Figure 10E). Among them were 

proteins like the DHX/DDX family RNA helicases DHX38 and DDX21, spliceosome B 

factor SF3B1 and alternative splicing factors RBMX and SAFB (Figure 10F). Kinase 

prediction using KEA2 confirmed that DYRK1A activity is reduced both after RS and 

DYRK1A inhibition (Figure 10G). In addition, it revealed pathways common to DYRK1A 

inhibitors, such as increased CDK2 and GSK3Β activity, which merits further investigation. 

GO terms analysis revealed that targets with a loss of phosphorylation after DYRK1A 

inhibition or depletion are predominantly involved in RNA processing and splicing (Figure 

10H). Finally, by overlapping sites regulated after DYRK1A inhibition or depletion, we 

generated a high-confidence set of DYRK1A targets (Figure 10I). Altogether, our results 

suggest that the reduction in DYRK1A signaling is one of the drivers of the previously 

observed loss of phosphorylation of RNA processing factors upon RS. 

3.7. Functional implications of RNase H1 
phosphorylation 

We hypothesized that DYRK1A-mediated phosphorylation of RNase H1 could impact its 

biological role in the following ways: it could change the propensity of the HBD to bind 

RNA:DNA hybrids, change RNase H1 localization, chromatin binding, activity, 

localization, or protein-protein interactions. To test the first hypothesis, we turned to in 

vitro nucleic acid-protein binding assays (Figure 11A). To this end, we purified phospho-

WT or phospho-substituent catalytically inactive (D210N) RNase H1 lacking the 

mitochondrial localization signal (Figure 11B). Using surface plasmon resonance and a 

12-mer RNA:DNA hybrid substrate, we showed that the S3xD mutant has a dissociation 

constant (KD) 1.8-fold higher than either WT or S3xA mutant, suggesting decreased hybrid 

binding (Figure 11C). Closer inspection of the binding dynamics revealed that S3xD 

associates with hybrids less efficiently, but is more prone to being retained on the hybrid 

upon washout (Figure 11D). As a specificity control, we compared binding of RNase H1 

to dsDNA, confirming that RNase H1 binds to hybrids with much higher efficiency than to  
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Figure 10: Reduction in DYRK1A signaling is a driver of the replication stress-
induced phosphorylation loss on RNA processing factors. 

A) Scheme of the TMT phosphoproteomics after indicated treatments in HCT116. B) 
Principal component analysis (PCA) of the TMT intensities corresponding to replicates of 
different treatments. Replicate number is indicated. C) Scatter plot comparing 
phosphoproteomes after strong RS (APH) and INDY. RNA processing factors are 
highlighted. D) Scatter plot comparing phosphoproteomes after strong RS (APH) and L41. 
RNA processing factors are highlighted. E) Venn diagram showing overlap of the sites 
downregulated (FC < 0.67) after indicated treatments. F) Heatmap showing regulation of 
27 substrates with shared downregulation from E. G) Heatmap showing kinase activity 
predictions (KEA2) after indicated treatments. H) GO terms analysis of phospho-
substrates commonly downregulated after L41, INDY and siDYRK1A. Substrates 
downregulated in at least 2 conditions are shown. I) Heatmap showing phospho-
substrates analyzed in H. 

dsDNA. Interestingly, S3xD also showed reduced binding to dsDNA, likely because 

RNase H1 binds dsDNA and hybrids in a similar way. Next, we used a live-cell fluorescent 

microscopy approach to investigate cellular localization of the phospho-mutants. While 

phospho-WT displayed an overall similar nuclear distribution to S3xA and S3xD, we 

noticed that the S3xA mutant displays a clear separation between the nucleolar and 

nucleoplasmic compartments, whereas this separation is impaired in the S3xD mutant 

(Figure 11E). This was further substantiated by the quantification of the coefficient of 

variation (CV) of nuclear intensity (Figure 11F), a measure which was previously used to 

study the impact of phosphorylation on protein distribution in the nuclear sub-

compartments270. The S3xD mutant had a significantly reduced CV% in comparison to the 

S3xA, with WT being in between, likely because it is a mixture of the non-phosphorylated 

and phosphorylated species. 

To test the impact of phosphorylation on chromatin levels, we monitored the amount of 

RNase H1 on chromatin and in the soluble fraction throughout a timecourse of a strong 

RS treatment (Figure 11G). While the chromatin levels of RNase H1 did not change 

throughout the timecouse, the levels of soluble RNase H1 slightly decreased at later 

timepoints, particularly at 24 h. This was preceded by the appearance of a faint higher-

molecular weight band, possibly corresponding to ubiquitylated RNase H1. Therefore, we 

concluded that phosphorylation of RNase H1 does not influence the total levels of 

RNase H1 on chromatin, but it might be involved in the regulation of its stability. 
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Figure 11: Functional implications of RNase H1 phosphorylation. 

A) Outline of the HeliX+ assay, a surface plasmon resonance approach to measure 
nucleic acid-protein binding. B) Purified catalytically-inactive (D210N) M27-RNase H1 
phospho-mutants loaded at indicated amounts and stained with Colloidal Blue. S3xD 
shows a size shift as a result of phospho-mimics. C) Quantification of the HeliX+ assay 
measuring KD of interaction of indicated M27-RNase H1 mutants with a 12-mer RNA:DNA 
hybrid substrate in triplicates. Unpaired, two-sided Student’s t-test with indicated p-values. 
D) Trace plots showing % change in fluorescence upon addition and washout of the 
dilution series of the M27-RNase H1 mutants. 12-mer hybrid and 26-mer dsDNA 
substrates were used. E) Representative images of live-cell fluorescent microscopy after 
a 24h doxycycline induction in HCT116:M27-RNase H1-GFP. F) Dot plots showing % 
coefficient of variation of GFP intensity from experiment in E. Boxplots show the median 
(central line), first and third quartiles (box limits), and 1.5 times the interquartile range 
(whiskers). Two-sided Mann-Whitney U test (* p ≤ 0.05, ** p ≤ 0.01, *** p ≤ 0.001). G) 
Western blot showing levels of endogenous RNase H1 after RS treatment for specified 
duration and cellular fractionation. 

3.8. Analysis of the phosphorylation-based changes in 
the RNase H1 interactome reveals a role of GSK3Β in 
RNase H1 stability 

To investigate the possibility that phosphorylation of RNase H1 changes its interaction 

profile, we performed the LC/MS-MS-based interactome analysis after GFP-based 

pulldowns in HCT116 cells expressing WT or mutant RNase H1 (Figure 12A). Additionally, 

we treated WT-expressing cells with L41 to trigger the loss of phosphorylation. As 

expected, RNase H1 was by far the most enriched hit after doxycycline induction in WT 

cells (Figure 12B). Pairwise comparisons of S3xA-expressing cells and L41-treated cells 

revealed factors with a preference for binding either phosphorylated or non-

phosphorylated RNase H1 (Figure 12C). Multiple interactors were RNA-binding proteins 

known to reside in the nucleoli, mirroring nucleolar localization of RNase H1. Among them, 

nucleolin (NCL), FUS and SFPQ preferentially interacted with non-phosphorylated 

RNase H1. These proteins are involved in condensate formation (phase separation), 

potentially explaining our observation that S3xA mutant has a better nucleolar-

nucleoplasmic separation than S3xD. On the other hand, phosphorylated RNase H1 

interacted with a subunit of the rDNA-transcribing RNA Pol I subunit POLR1F and, in 
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addition, with two factors involved nucleolar transcription at rDNA and its intergenic 

spacers (IGSs), TOP1271 and RAD51C272. Additionally, among the hits with a preference 

for phosphorylated RNase H1 was the PRMT5 arginine methyltransferase complex, 

including the catalytic subunit PRMT5, the non-catalytic component WDR77 and the 

substrate adaptor RIOK1. This suggests RNase H1 might be methylated in a 

phosphorylation-dependent manner. 

Treatment with L41 led to a strong loss of interaction of RNase H1 with the GSK3β kinase 

(Figure 12D). This caught our interest, as GSK3β is known to phosphorylate substrates 

primed by DYRK1A31. GSK3β-mediated phosphorylation often introduces a phospho-

degron, enabling substrate ubiquitylation by the SCF ubiquitin ligase and subsequent 

degradation by the proteasome28. In line with this, the S3xA mutant showed decreased 

binding to multiple proteasome subunits (Figure 12E), and had higher overall expression 

levels than WT (Figure 9A), indicating a potential defect in its ubiquitin-mediated 

degradation. S3xD mutant interacted with the phospho-degron reader FBXL6 (Figure 

12F), which acts together with the SCF ligase273, offering a possible candidate linking the 

RNase H1 phospho-cluster with the SCF. 

To test if GSK3β regulates total levels of RNase H1, we treated HCT116 cells with a 

selective GSK3β inhibitor CHIR99021274. Prolonged treatment with CHIR99021 led to a 

strong increase in total levels of RNase H1, and a concomitant increase in pS74 (Figure 

12G). This confirmed that GSK3β regulates levels of RNase H1 and that DYRK1A, rather 

than GSK3β, phosphorylates pS74. To exclude cell type-specific or inhibitor off-target 

effects, we used mouse embryonic fibroblasts (MEFs) with a biallelic knockout (KO) of 

GSK3α275 or GSK3β276. While GSK3α KO did not have an effect on RNase H1 stability, 

GSK3β KO led to a 1.5-fold increase in total levels of RNase H1 (Figure 12H,I). In 

summary, our results suggest that phosphorylation of RNase H1 affects its interaction 

landscape and might thus regulate its localization or methylation. Additionally, we find 

strong evidence that DYRK1A-mediated phosphorylation of RNase H1 serves to recruit 

GSK3β, which could introduce a phospho-degron and therefore induce proteasomal 

degradation of RNase H1. 
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Figure 12: Analysis of the phosphorylation-based changes in the RNase H1 
interactome reveals a role of GSK3Β in RNase H1 stability. 

A) Outline of the GFP-based pulldowns followed by LC-MS/MS after indicated treatments 
in HCT116:M27-RNaseH1-GFP. B) Rank plot of proteins from GFP-based pulldowns after 
24h doxycycline or DMSO treatment based on n = 3 biologically independent experiments. 
RNase H1 is highlighted in yellow. C) Scatter plot comparing L41 treatment to DMSO in 
WT-expressing cells, and S3xA to WT expression. Factors belonging to selected terms 
are selected (see legend). D) Volcano plot showing differential binding to phospho-WT 
RNase H1 in L41- or DMSO-treated cells. Selected factors are highlighted. E) Volcano 
plot showing differential binding to WT and S3xA mutant. Proteasomal subunits are 
highlighted. F) Rank plot of proteins differentially binding to S3xA and S3xD mutant. FBXL6 
is highlighted in yellow. G) Western blot showing GFP-based pulldowns in HCT116:M27-
RNaseH1-GFP after a treatment with specified chemical inhibitors. Ponceau: loading 
control. H) Western blot showing total levels of RNase H1 in MEF cells with a GSK3α or 
GSK3β knockout. Ponceau: loading control. I) Quantification of the fold changes based 
on results from H, n = 3. Values are normalized on the protein content (Ponceau). 
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Chapter 4 

Discussion 
 

4.1. Relationship between replication stress and the cell 
cycle 

Our efforts to stratify RS by severity revealed major cell cycle differences between the RS 

treatments in HCT116 (Figure 5C). For example, while mild RS did not significantly affect 

the cell cycle, moderate RS caused a shift towards the G2 phase, and strong RS towards 

the S phase. It would be interesting to explore whether longer treatments with mild RS 

eventually stall the cell cycle, considering that DNA repair processes are carried over into 

the subsequent stages of the cell cycle (G2 in case of post-replicative gap filling277, mitosis 

in case of MiDAS246, or G1 in case of the post-mitotic DNA synthesis278). In particular, 

inheriting DNA lesions into the subsequent cell cycle increases duration of the G1 phase63. 

Interestingly, live-cell imaging using the PCNA chromobody in U2OS cells revealed that 

treatment with moderate RS (400 nM APH) increases the duration of S phase from roughly 

6 h to more than 24 h279. Therefore, the shift towards G2 after moderate RS can be 

explained, at least in part, by the severely prolonged duration of the S phase. In addition, 

multiple lines of evidence (Figure 5B,C; Figure 6D,F,H) suggest DNA damage checkpoint 

activation after moderate RS, likely as a result of unrepaired DNA lesions. Considering 

that strong RS almost completely blocks the progression of the replication forks280, it is 

expected that cells are unable to finish the S phase. The cell cycle effects we observed 

are likely cell-type dependent, as each cell line has a unique cell cycle duration and 

sensitivity to RS can vary depending on the mutational landscape and the expression 

profile of the cell line. 

The interpretation of the aphidicolin-induced changes in phosphorylation is complicated 

by the cell cycle effects. Therefore, to understand which events are a direct result of the 

RS, and which are purely cell-cycle driven, one would need to categorize significantly 
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changing sites after 24-h RS using the database of phosphorylation abundance changes 

across the cell cycle stages281. 

4.2. Comparison of Cyclin E- and APH-induced signaling 

The cell cycle phase transitions are governed by the complexes of cyclins and CDKs282. 

In complex with CDK2, Cyclin E promotes the G1/S transition, which is premature if 

Cyclin E is amplified, leading to replication stress induction47. Comparison of different 

sources of RS revealed that APH unexpectedly mimics Cyclin E induction at the signaling 

level. Namely, phosphorylation of Cyclin E itself was increased after both Cyclin E 

induction and APH. Two of the commonly increased phospho-sites (T352, corresponding 

to T395 on the canonical CCNE1 isoform; and S344, corresponding to S387 on the 

canonical CCNE1 isoform) are CDK2 targets283. This is significant for two reasons. Firstly, 

it validates the expected increase in CDK2 activity after Cyclin E induction, which is further 

evidenced by the kinase predictions (Figure 7E). Secondly, it implies that CDK2 activity is 

also elevated after APH treatment. Of note, CDKs have similar phosphorylation motifs and 

overlapping sets of targets284, making it difficult to tell them apart in kinase prediction 

approaches. Moreover, CCNE1 was also shown to bind to and activate CDK1285. Thus, 

our results provide further evidence that CDK activity is elevated, rather than inhibited, 

after mild RS. This is significant as CDK1 has been reported as the driver of increased 

origin firing after mild RS252,286. 

It is important to note that the comparison between CCNE1- and APH-induced RS was 

performed in the U2OS background, while other experiments were performed in HCT116. 

We noticed that U2OS cells were less overall less affected by RS than HCT116 cells, 

which might stem from their different sensitivities to RS. 

4.3. RNase H1 interactome reveals transcription- and 
RNA processing-related roles 

Despite the ubiquitous use of RNase H1 as a tool in R-loop biology, relatively little is 

known about how its function in human cells is determined by its interactors. Our 
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interaction profiling of RNase H1 revealed that it is largely associated with the transcription 

machinery and RNA processing factors (Figure 8G). For example, we have detected three 

RNA Pol II subunits (POLR2A, POLR2C and POLR2H) interacting with RNase H1. This 

suggests RNase H1 might have a co-transcriptional hybrid removal activity aided by 

interactions with core transcription components. This is supported by recent reports of 

RNase H1 phase-separating into Pol II transcriptional condensates263. Therefore, we 

speculate that the separation in RNase H1 and H2 functions might be determined by the 

fact that RNase H1 is associated with transcription machinery, while RNase H2 

associates with the replication machinery161. RNase H1 also interacted with three subunits 

of the transcription elongation PAF1 complex, PAF1, CTR9 and LEO1 (Figure 8G). 

Interestingly, depletion of the components of the PAF1 complex leads to accumulation of 

R-loops177. We suggest testing whether the ability of the PAF1 complex to suppress R-

loops, at least in part, depends on RNase H1.  

4.4. Unresolved questions about the phosphorylation of 
RNase H1 

Our phosphoproteomics results suggest that RNase H1 is less phosphorylated on all three 

serine residues (S74, S76 and S80) after RS (Figure 8D). However, it was so far difficult 

to discern whether semi-phosphorylated intermediates exist, or whether RNase H1 is 

either non-phosphorylated or triple-phosphorylated. Considering that, unlike S74 and S76, 

phosphorylation at S80 has not been reported on PhosphoSitePlus, this suggests it might 

be a rarer event that happens sub-stoichiometrically in comparison to phosphorylation at 

S74 and S76. One possibility is that phosphorylation at S80 introduces a phospho-degron, 

which will be discussed below. This would explain why it is more difficult to detect. In that 

case, treatment with proteasome inhibitors, such as MG132, should stabilize such 

phosphorylation and enable its easier detection, which we plan to test. Experiments with 

CX-4945 showed that DYRK1A might phosphorylate both S74 and S76 (Figure 8H). We 

consider this likely for the following reason. Although we have convincingly shown S74 is 

the substrate of DYRK1A, S76 better fits its consensus phosphorylation motif. Namely, 

DYRK1A has a preference for positively charged residues ahead of the serine/threonine, 
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particularly for arginine (R) at -3, and for proline (P) at +1287. The amino acid environment 

of S76 thus slightly better supports its phosphorylation (VRKS74AS76PEVS80). An 

additional aspect is the phosphorylation occupancy, which can be tested in stringent 

pulldowns of GFP-tagged RNase H1288. Including inhibitor treatments in this setup will 

hopefully enable discerning the contribution of DYRK1A and GSK3β to phosphorylation 

of the three residues of interest. This can be further confirmed by in vitro kinase assays. 

While our initial phosphoproteomics results do not distinguish the two isoforms (Figure 

8D), the results using the M27-RNase H1-GFP suggest that DYRK1A phosphorylates the 

nuclear isoform (Figure 9C). Since DYRK1A was also found to phosphorylate 

mitochondrial proteins289, it is possible that it acts on mitochondrial RNase H1 in a similar 

way. Alternatively, if RNase H1 is phosphorylated in the mitochondria or the cytoplasm, 

this could be mediated by another kinase. 

4.5. Functions of RNase H1 phosphorylation 

Our functional analyses suggest that phosphorylation of RNase H1 might regulate multiple 

biological roles, and that there might indeed be functional differences between semi- or 

fully-phosphorylated RNase H1. While we have started studying the effects of 

phosphorylation on hybrid binding, this should be further expanded. For example, we have 

so far shown that the S3xD mutant has reduced binding to hybrids in comparison to the 

S3xA mutant (Figure 11C,D). However, it is not clear whether S3xD functionally mimics 

phosphorylation of RNase H1. Therefore, another approach would be to test binding to 

hybrids upon in vitro phosphorylation using purified DYRK1A and phospho-WT or S3xA 

dCat RNase H1. Furthermore, the impact of phosphorylation on R-loop/hybrid 

degradation should be tested in vitro212 and in vivo. To test this in vivo, we are planning 

to perform immunofluorescence experiments using the RHINO probe116, as well as 

genomic mapping of R-loops using MapR223. 

Previous research had demonstrated that the HBD is critical for the nucleolar localization 

of RNase H1197. Our results demonstrate that the phospho-cluster regulates the degree 

of nucleolar-nucleoplasmic separation, likely either through interactions of RNase H1 with 

nucleic acid species, or with other proteins. This should be further tested, using treatments 
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expected to perturb RNase H1 phosphorylation, such as APH or DYRK1Ai. Considering 

that APH treatment reduces phosphorylation at all 3 serine residues (Figure 8D), we 

expect it would behave similarly like the S3xA mutant, although the effects would likely 

not be as striking. Treatment with DYRK1Ai would be less straightforward to interpret, as 

we are not sure it would perturb phosphorylation of all three serines. On the other hand, 

we are not sure if phosphorylation on all 3 sites is necessary for the change in localization. 

This could be tested by expressing GFP-tagged semi-phosphorylated phospho-mutants 

of RNase H1. 

4.6. DYRK1A – a new R-loop regulator? 

The phosphoproteome we performed after inhibition or depletion of DYRK1A offers 

valuable insights into DYRK1A signaling. For example, kinase prediction analysis 

revealed that DYRK1A inhibition increases activity of GSK3β and CDK2. Critically, 

DYRK1A inhibits GSK3β by phosphorylation at T356290, providing an explanation for why 

GSK3β activity would be elevated upon DYRK1A inhibition. That CDK2 activity is 

increased is in agreement with previous phosphoprotemics experiments287. 

Mechanistically, DYRK1A inhibition might boost CDK activity by promoting the 

accumulation of cyclins291. Therefore, our results suggest that an increase in CDK activity 

observed after APH-induced mild RS (Figure 7E) might be due to lower DYRK1A activity 

(Figure 9F). This could be tested by overexpressing DYRK1A under conditions of mild RS 

and measuring CDK activity. 

Although we did not manage to quantify sites on RNase H1 in the DYRK1Ai 

phosphoproteomics (Figure 10), likely due to the nature of data-dependent acquisition292, 

we found a loss of phosphorylation at a double-phosphorylated RNase H1 peptide 

(S74/S76) upon chemical inhibition of DYRK1A in a previously published 

phosphoproteome287.  

Considering the intimate relationship between transcription, RNA processing and R-loop 

levels, as well as the large number of RNA processing factors affected by inhibition of 

DYRK1A, we speculate that it might have a role in R-loop homeostasis. For example, we 

found that inhibition of DYRK1A lowers phosphorylation of the DDX/DHX-box proteins 
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DDX21 and DHX38 (Figure 10F), which have been associated with R-loop 

resolution151,293. This role might be disease-relevant, considering that DYRK1A imbalance 

is implicated in neurological disorders and cancer10. Interestingly, Down syndrome is 

characterized by early-onset hematological cancers294, which often occur due to R-loop 

mis-regulation90,153,154,181. Moreover, dose imbalance of DYRK1A in Down syndrome is 

associated with premature aging and unrepaired DNA damage295, phenotypes that R-

loops could also contribute to. We therefore plan to test R-loop levels after DYRK1A 

depletion or inhibition. 

4.7. GSK3β – stabilization of RNase H1 through a 
ubiquitin-dependent mechanism? 

The interactome of RNase H1 revealed that it interacts with GSK3β in a DYRK1A-

dependent manner (Figure 12D). Based on this, we hypothesized that DYRK1A primes 

RNase H1 for GSK3β-mediated phosphorylation, as has previously been demonstrated 

for multiple substrates32. Although we did not experimentally test this, we find it likely that 

GSK3β would phosphorylate S80 of pre-phosphorylated RNase H1. Using AlphaFold3, 

we modeled GSK3β interaction with an RNase H1 peptide pre-phosphorylated at S74 and 

S76 (Figure 13A). The model with the highest iPTM score (0.8) showed an interaction of 

the GSK3β positively charged pocket, comprised of the residues R96, R180 and K205, 

with pS74 of RNase H1 (Figure 13B). This pocket is known to bind phosphorylated 

residues on primed GSK3β substrates296. Interestingly, 4 out of 5 models predicted 

interaction of the positively charged pocket with pS74, while one showed the interaction 

with pS76. Only the interaction with pS74 would allow the ATP to be placed proximally to 

S80 of RNase H1, and thereby enable its phosphorylation (Figure 13C). It is important to 

note that GSK3β usually phosphorylates substrates primed downstream of the phospho-

site, at the +4 position296. In the case of RNase H1, we predict GSK3β would bind the 

priming residue at the -6 position, which, if experimentally validated, would reveal a new 

class of GSK3β priming preferences. 

We plan to further investigate the possibility that GSK3β introduces a phospho-degron 

into RNase H1. This will consist of testing whether: (1) S80 of RNase H1 is responsive to 
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GSK3β inhibition; (2) DYRK1A is necessary for GSK3β-mediated phosphorylation; (3) the 

S3xA mutant loses sensitivity to GSK3β inhibition for its stabilization; (4) RNase H1 is 

ubiquitylated in a manner dependent on GSK3β, a phospho-degron binder (eg. FBXL6 - 

Figure 12F), the SCF E3 ligase26 and NEDD8297; (5) the S3xA mutant loses GSK3β-

dependent ubiquitylation. 

 

Figure 13: Modeling the interaction of GSK3β with the RNase H1 phospho-cluster 
region. 

A) AlphaFold3-modeled interaction of the GSK3β with the double-phosphorylated (pS74-
pS76) RNase H1 phosphopeptide rendered in PyMol. ATP and Mg2+ ions are also shown. 
B) Zoomed-in view of RNase H1 pS74 interacting with the positively charged pocket of 
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GSK3β. C) Zoomed-in view of the active site of GSK3β occupied by ATP and Mg2+ ions, 
positioned proximally to S80 of RNase H1. 

4.8. Conclusions 

Based on the presented results, we propose a model of regulation of RNase H1 

phosphorylation and its function under replication stress (Figure 14A). In unchallenged 

conditions, RNase H1 is phosphorylated by DYRK1A at S74 (Figure 9E) and (likely) S76. 

DYRK1A also inhibits GSK3β activity by phosphorylating it at T356290. Under prolonged 

replication stress, DYRK1A levels are decreased (Figure 9F) and GSK3β is therefore 

activated. GSK3β then phosphorylates S80 of RNase H1 (Figure 12D,G-I; Figure 13), 

introducing a phospho-degron. The phosphorylated pool of RNase H1 is therefore 

degraded in a proteasome-dependent manner (Figure 12E). Because the non-

phosphorylated pool is continuously synthesized, this increases its relative amount after 

replication stress (Figure 9C,D). Since non-phosphorylated version has a higher affinity 

towards RNA:DNA hybrids (Figure 11C,D), this should increase the degradation of R-

loops. Importantly, this model does not require the activity of a phosphatase on RNase H1, 

as phosphorylation is lost through degradation. Alternatively, if effects of GSK3β on the 

levels of RNase H1 are more indirect, the loss of DYRK1A activity is sufficient to decrease 

the pool of phosphorylated RNase H1 upon replication stress. 

We also propose that the semi-phosphorylated RNase H1 might affect the distribution of 

RNase H1 in the nucleoli and the nucleoplasm, its protein-protein interactions and the 

RNA:DNA hybrid binding (Figure 14B). Fully phosphorylated RNase H1 should, on the 

other hand, drive the degradation of RNase H1. The reader should keep in mind that parts 

of this model are preliminary and require further study. 
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Figure 14: Model – regulation of RNase H1 by phosphorylation. 

A) DYRK1A-, RS- and GSK3β- mediated regulation of RNase H1 phosphorylation and 
stability. See section 4.8 for explanation.  B) Proposed functions of RNase H1 
phosphorylation and its loss. Evidence for each functional effect collected in this study is 
presented in the table. 
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Chapter 5 

Appendix 
 

5.1 Abbreviations 
 

AOA2   Type 2 ataxia with oculomotor apraxia 

AGS   Aicardi–Goutières syndrome 

AML   Acute myeloid leukemia 

APH   Aphidicolin 

AQR   Aquarius 

ALS4   juvenile amyotrophic lateral sclerosis 

ALT   Alternative telomere lengthening 

ATM   Ataxia-telangiectasia mutated 

ATP    Adenosine-5’-diphosphate 

ATR   Ataxia telangiectasia and Rad3 related 

BER   Base excision repair 

BIR   Break-induced replication 

bp   Base pair 

BRCA   Breast cancer 

BrdU   5-Bromo-2'-deoxyuridine 

BSA   Bovine serum albumin 

CDK   Cyclin-dependent kinase 

CFS   Common fragile site 
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ChIP   Chromatin immunoprecipitation 

CIN   Chromosome instability 

CldU   5-Chloro-2′-deoxyuridine 

CP   Core particle 

CTD   C-terminal domain 

DDK   Dbf4-dependent kinase 

DDX   DEAD-box 

DHX   DEAH-box 

dilncRNA  DNA damage-induced long non-coding RNA 

DMEM  Dulbecco's Modified Eagle Medium 

DNA   Deoxyribonucleic acid 

dNTP   Deoxynucleotide triphosphate 

Dox   Doxycycline 

DS   Down syndrome 

DSB   Double-strand break 

dsDNA  Double-stranded deoxyribonucleic acid 

DTT   dithiothreitol 

DUB   Deubiquitylating enzyme 

DYRK   Dual-specificity tyrosine phosphorylation-regulated kinase 

E1   Ubiquitin-activating enzyme 

E2   Ubiquitin-conjugating enzyme 

E3   Ubiquitin ligase 

EDTA   Ethylenediaminetetraacetic acid 
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G4   G-quadruplex 

GI   Genome instability 

GSK3   Glycogen synthase kinase 

HBD   Hybrid-binding domain 

HSPC   Hematopoietic stem progenitor cell 

HR   Homologous recombination 

HU   Hydroxyurea 

IdU   5-Iodo-2′-deoxyuridine 

IF   Immunofluorescence 

IGS   Intergenic spacer 

lncRNA  Long non-coding RNA 

MCM   Minichromosome maintenance protein complex 

MDS   Myelodysplastic syndrome 

MiDAS  Mitotic DNA synthesis 

MLS   Mitochondrial localization signal 

NELF   Negative elongation factor 

NER   Nucleotide excision repair 

NFAT   Nuclear factor of T cells 

NLS   Nuclear localization signal 

NHEJ   Non-homologous end joining 

nt   Nucleotide 

OF   Okazaki fragment 

ORC   Origin recognition complex 
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p-TEFb  Positive transcription elongation factor 

PARP   Poly (ADP-Ribose) Polymerase 

PBS   Phosphate-buffered saline 

PCNA   Proliferating cell nuclear antigen 

PEI   Polyethyleneimine 

PEO   Progressive external ophthalmoplegia 

Phospho  Phosphorylation 

PIC   Pre-initiation complex 

PIKK   Phosphatidylinositol 3-kinase-related kinase 

PIP-box  PCNA interacting protein-box 

PRC2   Polycomb repressive complex 2 

pre-RC  pre-Replication Complex 

PRIMPOL  Primase and DNA directed polymerase 

PTM   Post-translational modification 

rDNA   Ribosomal DNA 

RBR   RING-between-RING 

RER   Ribonucleotide excision repair 

RF   Replication fork 

RNA   Ribonucleic acid 

RNR   Ribonucleotide reductase 

RNAPII / Pol II RNA polymerase II 

rNTP   Ribonucleotide triphosphate 

ROS   Reactive oxygen species 
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RP   Regulatory particle 

RPA   Replication protein A 

RS   Replication stress 

S-CIN   Structural chromosome instability 

ssDNA  Single-stranded DNA 

TC-NER  Transcription-coupled nucleotide excision repair 

TERRA  Telomere repeat-containing RNA 

TLS   Translesion synthesis 

TOP1   Topoisomerase 1 

TRC   Transcription-replication conflict 

TS   Template switching 

TSS   Transcription start site 

UPS   Ubiquitin-proteasome system 

W-CIN  Whole-chromosome instability 
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