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ABSTRACT

The extracellular matrix (ECM) is the natural scaffold of all soft tissues in tissue engineering. Of special interest is the use of ECM
as a hydrogel, which can be used to enclose cells and to be molded into any form by 3D bioprinting. Protocols for the preparation of
ECM vary in the use of physical and chemical processing steps, the use of different detergents for decellularization, and the removal
of DNA and RNA residues and show a different use of solvents and wash buffers. We have, therefore, compared seven different
variations for the decellularization of a primary porcine isolate to manufacture decellularized adipose tissue (DAT) for their use in
adipose tissue engineering and as a hydrogel in particular. Decellularization efficacy was assessed by DNA quantification while re-
tention of ECM components was evaluated by measuring the content of hydroxyproline and glycosaminoglycan (GAGs). Depending
on the decellularization protocol, the composition and DNA content of the resulting DAT were different. All DAT samples were
processed into hydrogels to assess their mechanical properties as well as their influence on cellular metabolic activity and cell differ-
entiation. The different compositions of the DAT and the resulting hydrogels had an effect on the stability and printability of the gels.
Some DAT that were digested with hydrochloric acid (HCI) were more stable than those that were digested with acetic acid (AA). In
addition, depending on the protocol, there was a clear effect on adipose-derived stem cells (ASC), endothelial cells and fibroblasts,
cultured with the hydrogels. The differentiation of ASC to adipocytes could be achieved on most of the hydrogels. Human dermal mi-
crovascular endothelial cells (HDMEC) showed significantly better metabolic activity on hydrogels digested with HCI than digested
with AA. HDMEC cultured on hydrogel #2 digested with HCI showed a 40% higher metabolic activity compared to collagen as a
positive control, whereas culturing HDMEC on hydrogel #2 digested with A A resulted in a cellular metabolic activity loss of 60%. In
a triculture of all three cell types, the formation of first tubular networks by HDMEC was achieved depending on the hydrogel used.

1 | Introduction in regenerative medicine [1, 2]. Particularly in breast recon-
struction, standard care practices consisting of autologous ad-
The reconstruction of soft tissue defects caused by tumors, ipose tissue transfers or implants are associated with a variety

trauma, or malformations, continues to make up a major hurdle of disadvantages. Donor site morbidity, flap failure, capsular
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contracture, and implant rupture may occur leading to reop-
eration rates as high as 70% within the first 10years [3]. Even
though it is effective for small volumes and the correction of con-
tour defects, autologous fat grafting is limited by poor volume
retention [4]. This is due to necrosis, calcifications, and oil cyst
formation of the highly oxygen-dependent adipose tissue with-
out adequate vascularization [5].

Tissue engineering of adipose tissue has emerged as a promis-
ing alternative to address these disadvantages [1, 6]. Typically, a
suitable scaffold material is seeded with autologous cells to sup-
port the body in its regeneration of the tissue while avoiding for-
eign body reactions [1, 7, 8]. Multipotent adipose-derived stem
cells are used as the primary cellular component, due to their
high abundance, simple extraction with low donor site morbid-
ity, and their adipogenic, angiogenetic, and highly regenerative
properties [9-14].

The extracellular matrix (ECM) is the natural scaffold of all
tissues. Its complex composition serves as structural support
while mediating site-specific cellular growth, differentiation,
and function in the dynamic coexistence of the cells [15-17]. It
is mainly comprised of collagen, fibronectin, laminin, elastin,
and glycosaminoglycans (GAGs) and in addition contains var-
ious growth factors and cytokines [16, 18]. To date, no univer-
sally applicable scaffold material has been described, that can
fully recapitulate the complex composition and function of the
ECM [19].

This has led to approaches where the native ECM itself is re-
used as a scaffold material that inherently possesses the re-
quired features [16, 17, 20]. Extracellular matrix scaffolds have
been successfully employed for almost every tissue of the body
[21]. They can be used in a variety of forms such as sheets, pow-
ders, foams, and microcarriers [16, 17, 22]. Of special interest is
the use of ECM as a hydrogel, which can be used to enclose cells
and to be molded into any form by 3D bioprinting [23, 24]. To
avoid unwanted immunogenicity and inflammatory response,
the ECM must be freed of resident cells and immunogenic com-
ponents, such as remaining nucleic acids and cellular debris
[25, 26]. This decellularization typically uses a combination of
physical, chemical, and enzymatic treatments [20, 27]. These
aggressive treatments can damage the ECM. This is why the
process needs to be carefully balanced to ensure adequate de-
cellularization while preserving the ECM as much as possible.
There is no universally applicable method since every tissue is
unique in its composition and requires individually adapted pro-
tocols [20, 21, 27, 28].

Since the first description by Flynn [29], various groups have
developed protocols to obtain decellularized extracellular ma-
trix from adipose tissue for soft tissue engineering (Reviewed by
[30]). Favorable outcomes regarding viability and proliferation
[31-33], adipogenesis [29, 31, 33-37], angiogenesis 35, 38, 39] and
wound healing [40, 41] have been reported using decellularized
adipose tissue (DAT), particularly in combination with human
adipose-derived mesenchymal stem cells (ASC). However, de-
cellularization protocols vary widely with no consensus regard-
ing the most appropriate method, and only limited comparisons
have been reported [42-44].

We, therefore, set out to compare different variations for the
decellularization of the primary isolate to manufacture decellu-
larized adipose tissue (DAT). We were guided by the protocols
described in the literature for use in adipose tissue engineer-
ing and, in particular, as a hydrogel for future 3D bioprinting.
Porcine adipose tissue was chosen as donor material since it
can be easily obtained from the meat industry to allow for an
off-the-shelf product. Autologous or discarded human adipose
tissue is also often considered, but donor differences such as age
and obesity status may lead to higher variability than a xeno-
genic product from a controlled environment [45]. Even though
xenoantigens such as the a-1,3-galactose disaccharide (a-Gal)
epitope could potentially induce undesirable immune responses,
this can be avoided by complete decellularization as can be seen
by the wide clinical application of decellularized xenografts
[46-49]. In our work, decellularization efficacy was assessed
by DNA quantification, and retention of ECM components was
evaluated by measuring the protein or rather the content of hy-
droxyproline and glycosaminoglycans (GAGs). All DAT mate-
rials were processed into hydrogels to assess their mechanical
properties and cellular reactions. In addition to the behavior of
ASC, compatibility with human dermal microvascular endo-
thelial cells (HDMEC) was investigated. The compatibility and
use of endothelial cells in tissue engineering are necessary to
vascularize the hydrogels, which are provided with adipocytes
in vitro [50]. The long-term goal is a triculture of autologous
ASC, endothelial cells and fibroblasts, which additionally sup-
port the formation of the ECM [51], in a suitable printable hydro-
gel for adipose tissue reconstruction.

2 | Materials & Methods

2.1 | Extraction of Extracellular Matrix From
Porcine Adipose Tissue

Protocols in literature use different tissues with varying prop-
erties and thus differ in their pre-processing before the actual
decellularization. We therefore developed a pre-processing pro-
tocol to obtain a “primary isolate”, that was adequate even for
protocols developed for much softer tissue samples or lipoaspi-
rate. Porcine dorsal fat was obtained from a local slaughterhouse
(Hofgut Acker, Bodenheim, Germany) on the day of slaughter
and immediately processed. The fat was cooled down for about
20min at —20°C to firm up and ease processing. After removing
the dermis and any remaining muscular tissue, the fat was cut
into 2 X 2x2cm pieces, and the surface was decontaminated by
a 70% ethanol wash, followed by two doubly distilled (dd)H,O
washes. Afterward, the tissue was finely minced using a com-
mercial meat grinder. 500g of minced fat was homogenized in
1L of 37°C ddH,0, and the resulting slurry was strained through
a 1mm sieve. The resulting white fibrous tissue was washed in
37°C tap water until the fatty parts were removed. The tissue
was decontaminated again for 10min in 70% ethanol, centri-
fuged at 1000 g for 5min, and washed 3 times in ddH,O or until
no more lipids were visible after centrifugation (1500g, 5min).
After the last washing step, the resulting fibrous tissue (primary
isolate) was centrifuged for 10min at 4000g to remove excess
moisture, weighted, distributed equally across decellularization
protocols, and frozen at —80°C until use (Figure 1).
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FIGURE1 | Schematic illustration of the processing steps to obtain primary isolate from native adipose tissue.

2.2 | Decellularization of Extracellular Matrix

Different methods for decellularization of the obtained pri-
mary isolate were performed to be compared with each other
(Table 1). Various protocols from seven different publications
[29, 31, 35, 36, 42, 52, 53] were used as a basis with modifications
for this purpose. All isolation steps were carried out in 50mL con-
ical tubes on a shaker at 37°C to soften the tissue. 5g of primary
isolate was used per tube and solutions filled up to the 50 mL mark.
To change liquids, samples were centrifuged (1500g for 5min). If
the solid tissue could not be separated by centrifugation, the liquid
was removed using a 100 um cell strainer (Greiner Bio-One). After
the decellularization protocols, samples were frozen at —80°C until
freeze-drying (Alpha 2-4 LDplus, Christ). Freeze-dried samples
were snap-frozen in liquid nitrogen and milled using an electric
spice grinder, taking care not to overheat samples. Static charges
from lyophilization could be countered by using an anti-static gun
(Zerostat 3, Milty). The pulverized samples were weighted to cal-
culate yield in reference to the primary isolate (wet weight) and
stored at —80°C until further use. In the following, all steps were
carried out at room temperature unless otherwise specified.

2.2.1 | Decellularization Protocol #1

The method for preparing decellularized adipose tissue (DAT)
#1 is based on the isolation protocol of Brown et al. “Method
A” [42]. The described pre-processing of freezing at —80°C and
cutting into thin slices using a rotary blade described by Brown
et al. was replaced by the primary isolate isolation described
above in order to standardize the starting procedure. After thaw-
ing, the tissue was washed in water before treatment with 0.25%
trypsin/EDTA (T4049, Sigma-Aldrich), 3% Triton-X 100 (9002-
93-1, Sigma-Aldrich) and 4% sodium deoxycholate (3484.1, Carl
Roth) solutions for 1 h each and water washes in between. After
storage in water at 4°C overnight, the tissue was disinfected for
2h in a 4% ethanol 0.1% peracetic acid (257,750,250, Thermo
Fisher Scientific) solution. After DPBS and water washes, the
intermediate lyophilization step was omitted and the lipids were
removed for 1h in n-propanol. After thorough washing with
water, the tissue was frozen at —80°C before lyophilization.

2.2.2 | Decellularization Protocol #2
Processing of DAT #2 is based on the protocol of Edri et al. [52].

The publication describes a method to generate hydrogel from
porcine and human omentum tissues and was included due to

the fatty composition of the tissue. Samples were lysed in hy-
potonic Tris-EDTA buffer (10mM Tris, 5mM EDTA, pH 8) sup-
plemented with 1mM phenylmethylsulfonyl fluoride (PMSF,
P7626-16, Sigma-Aldrich) followed by three freeze-thaw cycles
(—80°C to room temperature) in the same buffer, with buffer
changes after each cycle. Afterward, the tissue was washed in
70% ethanol and 100% ethanol for 30 min each, before lipid ex-
traction by 3 x 30 min acetone washes, followed by 24 hin a 60/40
(v/v) mixture of hexane (3907.1, Roth) and acetone (131007.1212,
AppliChem) with one change. The tissue was washed again in
100% ethanol for 30 min followed by 70% ethanol at 4°C over-
night. After 4xDPBS washes, the tissue was incubated over-
night with 0.25% trypsin/EDTA solution. The tissue was washed
again in DPBS before 24h hyperosmolar treatment with 1.5M
NaCl solution with three changes. After a DPBS washing step,
the tissue was treated with a 5mM Tris/1% Triton-X 100 (pH 8)
solution for 1h before extensive washing in DPBS and ddH,O.
The tissue was disinfected in 70% ethanol, thoroughly washed
in water, and frozen at —80°C before lyophilization.

2.2.3 | Decellularization Protocol #3

Processing of DAT #3 is based on the protocol of Wang et al.
[53]. They described the decellularization of excised human
adipose tissue blocks. In their application, the decellular-
ized matrices were not turned into a hydrogel but rather ly-
ophilized, crushed and the microparticles mixed with saline
for injection. The tissue was subjected to 3 X freeze-thaw cy-
cles (—80°C to room temperature), followed by a 48 h wash in
ddH,O with changes every 12h. 1% penicillin/streptomycin
solution (P0781, Sigma-Aldrich) was added to prevent micro-
bial growth at 37°C. Samples were treated with 0.5M NaCl
solution for 4h and then again with 1 M NacCl solution for 4h,
followed by an overnight water wash twice in a row. After
incubation with 0.25% trypsin/EDTA solution for 1 and a 1h
water wash, lipids were removed by isopropanol treatment
overnight. The tissue was then treated with 1% Triton-X 100
for 3days with daily change, followed by a 48 h water wash,
again supplemented by 1% penicillin/streptomycin. Again, the
tissue was disinfected in 70% ethanol, thoroughly washed in
water, and frozen at —80°C before lyophilization.

2.2.4 | Decellularization Protocol #4

Processing of DAT #4 is based on the protocol of Pati et al. [35].
The publication describes the use of human lipoaspirate for
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the generation of a hydrogel. After 3 X DPBS washes, the tissue
was subjected to 48 h decellularization by 0.5% sodium dodecyl
sulfate (SDS, A3942, AppliChem) with solution changes every
12h. A brief DPBS washing step was introduced to the origi-
nal protocol to ensure that a large part of the SDS had already
been removed before lipid extraction by 48h isopropanol,
with changes every 12h, was carried out. After further DPBS
washes, the tissue was sterilized for 4h in a 4% ethanol and
0.1% peracetic acid solution. After thorough DPBS and ddH,0O
washes, the tissue was frozen at —80°C before lyophilization.

2.2.5 | Decellularization Protocol #5

Processing of DAT #5 is based on the protocol of Tan et al.
[36]. They describe the generation of a hydrogel from por-
cine adipose tissue. During pre-processing, homogenization
and collection of tissue by centrifugation was performed.
Additionally, the tissue was cryo-milled before the extraction
to increase surface area and speed up the process. Since the
decellularization agents are very similar to the Pati protocol,
this mechanical pre-processing was included to compare the
impact on decellularization. The primary isolate was fro-
zen in liquid nitrogen and cryo-milled by impact crushing
(Cellcrusher). The pulverized samples were washed in DPBS
and subjected to 4h of 0.5% SDS treatment, whereby the SDS
solution was exchanged once. After a brief wash in DPBS, the
lipids were removed by soaking for 2h in isopropanol with
one change of solution. The tissue was washed again in DPBS,
disinfected in 70% ethanol, thoroughly washed in water, and
frozen at —80°C before lyophilization.

2.2.6 | Decellularization Protocol #6

Processing of DAT #6 is based on the protocol of Choi et al.
[31]. They describe a method to decellularize porcine adipose
tissue to generate a porous scaffold without a solvent-based
lipid removal step. Similar to the mechanical pre-processing
described here, the tissue is chopped and homogenized, and
a majority of fat is removed by centrifugation before decel-
lularization. The tissue was then subjected to 1.5M NacCl
solution for 24 h with one change of solution. A ddH,0 wash
step was introduced to reduce salt levels, and the tissue was
treated with 0.5% SDS for 24 h, with one change of solution.
After additional ddH,O washes, DNA and RNA remains were
removed by combined DNase (DNase I, 66.67 U/mL, D4527,
Sigma-Aldrich) and RNase (RNase A, 62.5ug/mL, R5125,
Sigma-Aldrich) treatment. Since enzymes and a buffer were
not clearly specified by Choi et al. [31] concentrations, and
buffers were adapted from Flynn et al. [29, 54]. After three
washes in ddH,0, the tissue was disinfected in 70% ethanol,
again thoroughly washed in ddH,0, and frozen at —80°C be-
fore lyophilization.

2.2.7 | Decellularization Protocol #7
Processing of DAT #7 is based on the protocol of Flynn et al. [29].

A detailed description of the detergent-free method can be found
in Morisette Martin et al. [54] and includes further processing

into hydrogels, microbeads, and foams from DAT. In the original
publication, the excised tissue was cut into 20-25 g pieces, which
was replaced by primary isolate isolation, as described above.
The tissue was subjected to 3 Xxfreeze-thaw cycles in 10mM
Tris/5SmM EDTA buffer (pH8) and supplemented with 14 uM of
the protease inhibitor phenylmethylsulfonyl fluoride (PMSF) and
antibiotic/antimycotic solution (ABAM, A5955, Sigma-Aldrich)
with solution changes after each cycle. A brief DPBS/PMSF wash
was introduced before digesting the tissue with 0.25% trypsin/
EDTA with 1% ABAM for 16 h. After another DPBS/PMSF wash,
lipids were removed by isopropanol (supplemented with ABAM
and PMSF) treatment for 48h, changing the solution twice a
day. The isopropanol was removed by three Sorensen's phos-
phate buffers (SPB: 8g/L NaCl, 200mg/L KCI, 1g/L Na2HPO4,
200mg/L KH,PO,, 1% ABAM, 14uM PMSF) washes and di-
gested again for 6h in trypsin/EDTA. The tissue was rinsed in
SPB before enzymatic removal of DNA, RNA, and lipids by in-
cubation with 66.67 U/mL DNase I, 62.5ug/mL RNase A, 20U/
mL lipase type VI-S (L0382, Sigma-Aldrich) in 55mM Na,HPO,,
17mM KH,PO,, 4.9mM MgSO,, 1% ABAM and 14 uM PMSF for
16h. After additional washes in SPB, the tissue was treated with
isopropanol for another 8 h and rinsed again. The tissue was then
disinfected in 70% ethanol, thoroughly washed in ddH,0, and
frozen at —80°C before lyophilization.

2.3 | Papain Digestion

DAT samples were papain digested to analyze total DNA, hy-
droxyproline and glycosaminoglycan content. 25mg/mL per
sample were digested with 250ug/mL papain in papain buf-
fer (0.1M sodium phosphate, 5mM EDTA, 5mM Cysteine-
Hydrochloric acid, pH6.5) for 72h at 65°C in a heated shaker.
Undigested remains were removed by centrifugation at 10,000g
for 10min and supernatants (or middle layer when lipids were
present) were collected and stored at 4°C until analysis. Primary
isolate was used as a non-decellularized control. Papain solution
without samples was incubated in parallel to use as a standard
in the assays.

2.4 | DNA Quantification

The extent of decellularization was verified by DNA quantifi-
cation. The amount of remaining DNA in papain-digested sam-
ples was measured using a Qubit fluorometer with dsDNA Kit
(Q32850, Invitrogen) following the manufacturer's instructions.
Individual samples were measured in triplicates, and DNA con-
tent was calculated as ng/mg of dried samples.

2.5 | Hydroxyproline Assay

A modified hydroxyproline assay [55] was used to determine
the amount of collagen remaining after decellularization as
the major ECM protein component. A hydroxyproline stan-
dard series (0.25 to 8 mg/mL) was prepared in papain solution
and digested in parallel with the samples. After digestion, the
samples and standards were diluted 1:10 in water. 100 uL 4N
NaOH was added to 100 uL of each dilution and autoclaved
at 120°C and 15psi above atmospheric pressure for 15min to
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hydrolyze the proteins. After allowing them to return to room
temperature, the samples were neutralized by slowly adding
100 uL of 4N hydrochloric acid (HCI). Chloramine-T solution
(0.05M Chloramine-T in 74% v/v H,O, 26% v/v 2-propanol,
0.629M NaOH, 0.140M citric acid, 0.453M sodium acetate,
and 0.112M acetic acid) was added, and samples were incu-
bated for 20 min at room temperature. 625 uL Ehrlich's solu-
tion (1M dimethylaminobenzaldehyde (DMAB) in 30% v/v
HCI [conc. 32%]| and 70% v/v 2-propanol) was added, and
samples were incubated for 20min in a 65°C water bath.
After stopping the reaction in a cold-water bath, samples and
standards were added in triplicates to a 96-well plate, and ab-
sorption was measured immediately at 560nm using a plate
reader. Absorption values from triplicates were averaged and
corrected for background, and hydroxyproline content was
calculated from the standards.

2.6 | Sulfated Glycosaminoglycan Content

Sulfated (S-) glycosaminoglycan content was measured as an
estimate of total retained glycosaminoglycans as a major ECM
component [56]. Sulfated glycosaminoglycan content in papain-
digested samples was measured using the Blyscan sulfated
glycosaminoglycan Assay Kit (Biocolor) according to the man-
ufacturer's instructions.

2.7 | Total Protein Quantification

The total protein content of the DAT extracts was determined
by a conventional bicinchoninic acid (BCA) assay kit (Pierce
BCA Protein Assay Kit, Thermo Fisher Scientific) from pepsin-
digested DAT samples. 1.25% DAT and bovine serum albumin
standards in pepsin solution were diluted 1:20 in water and sub-
jected to the assay according to the manufacturer's instructions.

2.8 | Hydrogel Preparation

For the generation of hydrogels, two different digestion meth-
ods were described in the referred protocols. Therefore, both
methods were tested and compared for all DAT. The lyophilized
DAT powders (12.5mg/mL) were digested in 0.5M acetic acid
(AA) (“Voytik-Harbin method”) [24] or 0.1M HCI [52] with
1.25mg/mL Pepsin (10 mg pepsin per 100mg DAT) for 48h at
room temperature with slow rotation (1rpm). Salt levels were
adjusted by adding 10X DMEM or 10X DPBS and the pre-gel
neutralized with 10M/1M NaOH, as indicated by phenol red.
After neutralization, the solution was kept below 4°C to prevent
premature gelation. Gelation could be induced by incubation at
37°C and occurred after ~15min. A positive displacement pi-
pette was required to evenly disperse the high-viscosity hydro-
gels. No NaHCO, was added to the 10X DMEM concentrate, as
its reaction with AA seemed to interfere with gelation.

2.9 | Turbidity Measurement

Turbidity differences of pepsin-digested hydrogel samples were
quantified by measuring absorption using a spectrophotometer

(BioMate 3, Thermo Fisher Scientific). 1 mL of each hydrogel
was transferred to a cuvette and absorption was measured at
860 nm.

2.10 | Rheological Characterization of Hydrogels

The viscosity of the seven hydrogels and collagen gel (con-
trol) was determined using a rotational oscillation-rheometer
(Malvern Kinexus lab4+m NETZSCH, Selb, Germany). The load-
ing and the measurement were carried out at 15°C. The shear
viscosity was measured using a 1° cone-plate geometry with a
diameter of 40 mm for shear rates from 0.1 to 1000s7!, taking 10
measurement points per decade.

2.11 | Investigation of Hydrogel Printability

Bioprinting experiments were conducted on a microvalve-
based 3D-bioprinting system (SuperFill-Custom, Black Drop
Biodrucker GmbH, Aachen, Germany) with a microvalve di-
ameter of 300 um. The print head temperature was set to 5°C
and varied between 10°C and 15°C. The print pressure was set
to 0.2bar to 1.5bar depending on the hydrogel sample viscos-
ity. Three cylinders with a diameter of 14 mm were selected
as the printing model. Each of the cylinders was created in a
droplet-based print, consisting of three layers placed on top of
each other.

2.12 | Isolation of Primary Cells

The primary cells were processed strictly anonymously without
recording patient-related data. The study was conducted in ac-
cordance with the Declaration of Helsinki and approved by the
local ethics committee (Landesidrztekammer Rheinland-Pfalz,
No. 2021-15794_1).

2.12.1 | Isolation of Human Adipose-Derived
Mesenchymal Stem Cells

Human adipose-derived mesenchymal stem cells (ASC) were
derived from human adipose breast tissue samples from
gynecological procedures (Department of Obstetrics and
Gynecology, University Medical Center Mainz). The fresh tis-
sue samples (~10-20g) were transported in DMEM and im-
mediately processed. The solid samples were washed twice
in 70% ethanol and DPBS before transferring them to a plas-
tic petri dish. The tissue was finely minced using sterile for-
ceps and a surgical blade while removing any larger pieces of
connective tissue or blood vessels. 10 mL of collagenase NB4
(1.5U/mL in a buffer containing 66.7mM NacCl, 6.7 mM KClI,
10mM HEPES, 4.76 mM CaCl,, pH 7.2) was added, the mix-
ture transferred to a 50 mL conical tube and incubated for 1h
in a 37°C water bath, inverting the tube every 5min. Digestion
was stopped by adding 20 mL of fetal calf serum (FCS) con-
taining culture medium (DMEM with high glucose, 10% FCS,
and 1% penicillin/streptomycin solution), and the slurry was
sieved through a 100 um cell strainer to remove the remain-
ing particles. After centrifugation (5min, 400g) the upper
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fat layer and supernatant were removed. The pelleted cells
were washed twice in DPBS, resuspended in 5mL medium,
and transferred to a T25 flask. The cells were incubated at
37°C and 5% CO, overnight. Non-adherent cell populations
were removed by DPBS washes for the next 2 days. Cells were
sub-cultured at 70% confluence and used until passage five
for experiments. To induce adipogenic differentiation, ASC
were cultured in induction medium consisting of DMEM
culture medium containing 5% human platelet lysate (hPL)
(HPCHXCRL10, PELO Biotech), supplemented with 1 ug/mL
insulin (19278, Sigma-Aldrich), 1 uM dexamethasone (D4902,
Sigma-Aldrich), 500uM 3-Isobutyl-1-methylxanthin (IBMX,
15879, Sigma-Aldrich), 1uM rosiglitazone (R2408, Sigma-
Aldrich) 33 uM biotin (B4639, Sigma-Aldrich) and 17 uM pan-
tothenate (P5155, Sigma-Aldrich) for 14 days.

2.12.2 | Isolation of Human Dermal Microvascular
Endothelial Cells

Human dermal microvascular endothelial cells (HDMEC) were
isolated from juvenile foreskins (Department of Urology and
Pediatric Urology, University Medical Center Mainz). Tissue
samples were transported in DMEM supplemented with peni-
cillin/streptomycin, kept at 4°C upon arrival and cells were iso-
lated within 24 h. Cell isolation and cultivation were performed
as described by Heller et al. [57].

2.12.3 | Isolation of Human Fibroblasts

Fibroblasts were isolated from human oral mucosa from biopsy
samples (Department of Oral and Maxillofacial and Plastic
Surgery, University Medical Center Mainz) by mechanical tissue
processing [58]. DMEM (Sigma-Aldrich, St. Louis, MO, USA)
supplemented with 10% Gibco FCS (Thermo Fisher Scientific,
Waltham, MA, USA) and 100U/100mg/mL Penicillin/
Streptomycin (Sigma-Aldrich, St. Louis, MO, USA) was used for
fibroblast cultivation.

2.13 | Cellular Metabolic Activity Assay

Cellular metabolic activity of ASC and HDMEC on the hydro-
gels was assessed by an alamarBlue assay (DAL1025, Invitrogen)
according to the manufacturer's instructions. 200 uL of neutral-
ized hydrogels were plated in triplicates on 48 well plates and
allowed to solidify for 15min at 37°C. 2mg/mL bovine colla-
gen type I gels were prepared from a 5mg/mL stock solution
(500060635, Viscofan Bioengineering) by adding pre-chilled
water, 10X DPBS, 1M NaOH to adjust salt levels and to neu-
tralize the acidic buffer. 200 uL of solution per well were plated
in triplicates and allowed to solidify at 37°C for 15min in an
incubator.

For this assay, DAT from all isolation protocols was digested
with 0.5M AA or 0.1M HCI, as previously described for hy-
drogel preparation. 200uL of the two different neutralized
hydrogels were plated in triplicates on 48-well plates and al-
lowed to solidify. Alginate, known for poor support of both
cell types was included as a negative control while collagen

was included as a positive control [59]. Alginate gel discs were
prepared by freezing 200 uL 1% sodium alginate solution with
10X DPBS adjusted salt levels for 30min at —80°C. 200 uL
0.2M CacCl, solution was added to the frozen alginate discs to
induce crosslinking of the gels. After cross-linking, the gels
were washed twice with DPBS including calcium before seed-
ing the cells. ASC and HDMEC were seeded at a density of
20% (ASC: 4x 103 cells/cm?, HDMEC: 2x 10* cells/cm?) and
allowed to attach and proliferate 48 h before conducting the
experiments. For the alamarBlue assay, cell culture media
were replaced by 200 uL medium containing 10% alamarBlue,
and cells were incubated for 24 h. Fluorescence was measured
using a plate reader (Ex: 525nm, Em: 580-640 nm). For mor-
phology assessment, cells were washed twice with DPBS and
stained with 2uM calcein AM (L3224, Invitrogen) in DPBS
for 30 min. Hydrogels were then imaged using a fluorescence
microscope (Leica, Germany) with a GFP/FITC filter set.

2.14 | InVitro Differentiation of Human
Adipose-Derived Mesenchymal Stem Cells

To assess the influence on differentiation, ASC were encap-
sulated in the different hydrogels and compared to collagen.
Hydrogels were mixed with 9:1 with 10X ASC solution (2x 107
cells/mL), resulting in final concentrations of 2x 10° cells/mL.
The collagen gel control was prepared as described before and
the same number of cells was added. 150 uL of each cell/gel mix
was plated on a 24-well plate in duplicates. One of each gel was
cultured for 14days with the induction medium containing 5%
hPL. The cells were cultured as described before with medium
changes every 2-3days. The samples were imaged using bright
field microscopy and stained with Oil Red O.

2.15 | Tube Formation Assay

The hydrogels were neutralized and 45 uL of the corresponding
gel was pipetted in one well of an 8-well cell culture chamber
on glass slides. Before sol-gel transition, 45,000 differentiated
ASC and fibroblast at a final concentration of 2 X 10° cells/mL
each were homogenized in the hydrogels. The hydrogels were
then cured for at least 15min at 37°C in an incubator. 100 uL
triculture medium (PB-C-BH-895-0099-d, PELO Biotech)
containing 5% hPL was added per well, and the cells were in-
cubated overnight at 37°C. 4x 10* HDMEC/100 uL triculture
medium were added per well on the hydrogels. After 4h, the
cells were stained with calcein AM (1 L calcein AM per well,
10 min), and the formation of first tubular networks was as-
sessed microscopically.

2.16 | Statistical Analysis

Statistical analyses were performed using GraphPad Prism
8.4.3. Statistical significance of DAT characteristics (protein-,
DNA-, hydroxyproline, and (s)-glycosaminoglycan content) in
comparison to primary isolate was tested by repeated measure
one-way ANOVA with Geisser-Greenhouse correction and
Dunnett's correction for multiple comparisons of matched data
(individual isolation rounds). Statistical differences in cellular
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metabolic activity on hydrogels in comparison to collagen con-
trol were assessed by ordinary one-way ANOVA with Dunnett's
correction for multiple comparisons.

3 | Results

3.1 | Manufacturing and Analyzing
of Decellularized Adipose Tissue

Decellularized adipose tissue (DAT) extraction yielded a
white material of similar weight and volume for all protocols
(Figure 2A,B). DAT from protocols #4 and #5 had a granular,
brittle structure while all other protocols resulted in fibrous
materials. As a result, DAT from protocols #4 and #5 could be
cryo-milled into a fine powder, while this was much more diffi-
cult with all other protocols. The apparent density, as estimated
by the volume of samples of the same weight, was similar for
most extracts, except for non-decellularized primary isolate
and DAT #6, which had a much higher density in comparison
(Figure 2A). The final yield after lyophilization in reference to
the used amount of primary isolate (wet weight) was compara-
ble for all protocols. Lyophilization of primary isolate without
any further decellularization resulted in a yield of 43.2% +3.1%
due to the high amount of retained fat. In accordance with the
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higher density, protocol #6 resulted in the second-highest yield
of 16.3% + 3.4%. Protocol #3 (7.5% +3.7%) and #4 (8.3% +1.2%)
resulted in the lowest yield while protocol #1 (13.3% £2.7%), #2
(10.8% +1.9%), #5 (10.9% +0.3%), and #7 (12.0% +0.6%) yielded
similar amounts of around 10% (Figure 2B). To minimize differ-
ences from density differences in later experiments, the protein
content of the DAT materials was measured by a conventional
BCA Assay to be able to normalize by total protein. The pro-
tein content was very similar for most samples with ~40% pro-
tein in reference to dry weight (#1: 38% = 2%, #2: 38% =+ 2%, #3:
38% 2%, #4: 41% +2%, #5: 44% +2%, #7: 40%+2%). In con-
trast, the higher-density samples showed a much lower content
of 22%+1% (primary isolate) and 24%+3% (#6), respectively
(Figure 2C).

The DAT samples were further characterized by measuring re-
maining DNA as an indication of decellularization, as well as
hydroxyproline and glycosaminoglycan content to estimate the
retention of ECM components.

In contrast to the protein content, the DNA content of the dif-
ferent DAT samples showed a higher variation (Figure 3A).
The decellularization protocols #1 and #3 resulted in poor
DNA reductions to 542 +256 and 301 + 211 ng/mg dry weight of
DAT, compared to 856+119ng/mg in the primary isolate (not

#1 #2 #3 #4 #5 #6 #7 primary isolate
ns
#1 #2 #3 #4 #5 #6 #7 primary isolate

FIGURE2 | Grossmorphology and yield of decellularized adipose tissue (DAT) obtained from different protocols. (A) 200 mg of each DAT powder
after lyophilization and milling. (B) Yield by weight after lyophilization (dry) in reference to the unprocessed primary isolate (wet). (C) Protein content

of each sample was measured by BCA Assay. Data expressed as mean and standard deviation; **p <0.01; *p <0.05; not significant (ns) versus primary

isolate; three individually sourced primary isolates were distributed across seven protocols for decellularization in three separate isolation rounds.
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FIGURE 3 | Decellularized adipose tissue (DAT) characterization.
(A) dsDNA content of DAT samples. (B) Hydroxyproline content of DAT
samples. (C) sulfated glycosaminoglycan content of DAT samples. Data
expressed as mean and standard deviation; *p < 0.05; not significant (ns)
versus primary isolate; the experiments were carried out three times
independently of each other with DAT samples from three different iso-
lation rounds.

significant). The #4 and #5 protocols also resulted in similar lev-
els of remaining DNA (#4140 + 32; #5162 + 34ng/mg) while the
lowest concentration was achieved by protocols #6 and #7 that
includes a DNase digestion step (37 +11; 85+23ng/mg).

The hydroxyproline content as an estimate of collagen content
reflected the protein concentration distribution, although with
higher variability (Figure 3B). DAT #6 and primary isolate
showed the lowest hydroxyproline concentration per mg dry
(primary isolate: 33.6 + 9.0 ug/mg dry; #6: 44.9+ 5.0 ug/mg dry)

while #1 (105.9+44.1pg/mg dry), #2 (86.9=+38.5ug/mg dry),
#3 (87.8+29.5ug/mg dry) and #4 (91.6+45.7ug/mg dry) all
showed similar average hydroxyproline concentrations, with #5
(66.4+10.1 ug/mg dry) and #7 (71.6.8 £3.6 ug/mg dry) extracts
slightly lower.

In general, all isolation protocols reduced the glycosaminoglycan
content compared to untreated primary isolate (2.41 +0.31 pg/mg)
(Figure 3C), although with high variance between individual iso-
lation runs. The lowest content of glycosaminoglycans was mea-
sured in DAT #7 (0.39+0.03pg/mg) and #2 (0.33+0.20pug/mg)
samples, while the other samples showed values around 1ug/mg
(#1:1.10£0.39 ug/mg, #3: 1.21 £0.95 ug/mg; #4: 0.88 £ 0.54 ug/meg,
#5:1.09 +£0.25ug/mg, #6: 1.35+0.95 ug/mg).

3.2 | Manufacturing and Analyzing
of Decellularized Hydrogels

Even though not all protocols were developed to produce hy-
drogels in literature, all DAT samples could be solubilized into
homogenous hydrogels by pepsin digestion with 0.5M AA or
0.1M HCI (Figures 4A and 5A). However, some differences in
turbidity and grade of digestion were observed. Hydrogels from
DAT #3 and #4 still contained some residual particles that could
be removed by centrifugation. Otherwise, these hydrogels had
a clear appearance, the same as hydrogels from DAT #2 and #7.
The hydrogel from DAT #5 showed some slight turbidity, while
hydrogels from DAT #1, #6, and the primary isolate were very
turbid. This observation could be seen for hydrogels derived
from digest with AA and HCI. The subjective appearance was
verified by measuring the turbidity as absorption at 860nm
(Figures 4B and 5B).

A concentration of 1.25% (w/v) DAT in the hydrogels was the
highest concentration possible, where all gels remained rea-
sonably viscous and could still be mixed by slow inversion.
The liquid hydrogel (“pre-gel”, Figures 4C and 5C) could be
turned into a solid gel by neutralization and incubation at
37°C (Figures 4D and 5D) for both variations of digest (AA
and HCI). Hydrogels from the primary isolate and DAT #6
with 1.25% (w/v) DAT (digested with 0.5M AA) did not so-
lidify. Raising the concentration further was not possible for
all gels as some turned so viscous that they could not be pi-
petted anymore. Therefore, the concentration of #6 and pri-
mary isolate gels was raised to 2.15% (w/v) DAT in subsequent
experiments in an approximation of normalization by protein
content. The resulting hydrogels showed pronounced differ-
ences in gel stability. While AA digested #1, #2, #3, and #7
hydrogels with 1.25% (~1.07% after neutralization) DAT were
stable and easy to manipulate/transfer using forceps, #4, #5,
#6 gels, and gels from primary isolate (the latter with adjusted
gel concentrations) showed poor gel stability (Figure 4D).

HCI digested hydrogels #1, #2, #3, #5, and #7 were stable to
manipulate and transfer. In contrast, hydrogels #4, #6, and
the primary isolate formed no stable gel (Figure 5D). To ad-
dress concerns regarding possible contamination due to the
semi-sterile isolation process, the gels were incubated with a
standard culture medium for an extended period of time. After
4weeks of incubation under standard cell culture conditions, no
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FIGURE4 | Decellularized adipose tissue hydrogels, digested using AA. (A) Pepsin digestion (0.5M AA) of DAT resulted in hydrogels of varying
turbidity. (B) Quantification of turbidity by absorption at 860nm. Data expressed as mean and standard deviation; the experiment was carried out
three times independently of each other with DAT samples from three different isolation rounds. (C) Hydrogels remained liquid after digestion and

(D) formed semi- solid gels after neutralization and 15min incubation at 37°C.

contamination could be detected microscopically or by medium
color change (not shown).

3.3 | Cellular Metabolic Activity and Morphology
on Hydrogels

The cellular response to the hydrogels is the most important
criterion to assess their suitability for tissue engineering. The
hydrogels were assessed for their support of HDMEC and ASC
metabolic activity in monoculture by an alamarBlue assay and
compared to collagen as positive control and alginate as nega-
tive control [59, 60]. All samples were normalized to collagen as
100% cellular metabolic activity. In addition, the influence of the
concentration of the used acids for pepsin digest while hydrogel
preparation on the metabolic activity of HDMEC and ASC was
tested. For both cell types, ASC and HDMEC, the use of HCI
instead of AA or digestion showed a positive effect on the meta-
bolic activity of the cells (Figure 6).

The metabolic activity of ASC on hydrogels was generally lower
than that of HDMEC and lower in comparison to collagen (pos-
itive control). The ASC showed an increased metabolic activity
with the replacement of 0.5M AA to 0.1 M HCI on all hydrogels
(Figure 6A). The use of 0.1 M HCI for digestion has the highest

benefit for ASC metabolic activity, especially for hydrogel #2.
For hydrogel #6, the data is to be considered with reservations,
since with this concentration of HCI, no stable hydrogel was
formed.

The hydrogel generated from the #2 protocol supported ASC al-
most as good as collagen (81% +12%) when 0.1 M HCI was used.
#1, #3, #4, #5 and #7 hydrogels resulted in a comparable cellular
metabolic activity of 50% +17%, 47% + 4%, 49% +12%, 48% +4%
and 48% + 5% with the use of 0.1M HCI. 0.5M AA led to results
comparable to alginate (negative control) (15% = 7%) (Figure 6A).

The metabolic activity of HDMEC showed similar effects
to the ASC (Figure 6B). For all hydrogels, the digest with
0.1M HCI led to the highest cellular metabolic activity
with #1 (143% +16%), #2 (139% +22%), #3 (140% +24%),
#4 (146% +36%), #5 (125%+14%), #6 (152%+5%) and #7
(135% =+ 23%). For hydrogel #6, again, the data is to be consid-
ered with reservations since with this concentration of HCI no
stable hydrogel was formed. 0.5M AA led to the lowest cel-
lular metabolic activity, especially for hydrogel #4 (15% + 5%)
and #7 20% + 1%).

Calcein staining was used to compare cellular morphology on
the different hydrogels. Analyses of cell morphology on a cell
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FIGURES5 | Decellularized adipose tissue hydrogels, digested using HCI. (A) Pepsin digestion (0.1 M HCI) of DAT resulted in hydrogels of varying
turbidity. (B) Quantification of turbidity by absorption at 860nm. Data expressed as mean and standard deviation; the experiment was carried out
three times independently of each other with DAT samples from three different isolation rounds. (C) Hydrogels remained liquid after digestion and
(D) formed semi-solid gels after neutralization and 15min incubation at 37°C.

culture plate and on collagen were used as positive controls. The
primary isolate was not included since it was too unstable and
did not withstand the medium changes.

Calcein stains generally confirmed the results of the cellular
metabolic activity experiments. Hydrogels #4, #5, and #6 di-
gested with AA had a lower number of calcein stained and thus
living ASC. In hydrogels #1, #2, #3, and #7 digested with AA
ASC showed similar cell number and cell morphology as in the
collagen positive control (Figure 7A). In comparison, ACS on all
hydrogels #1 - #7 digested with HCl were very viable (Figure 7B).

HDMEC did not tolerate #4 and #5 hydrogels which were digested
with 0.5M AA and did not spread on the gel, with only very few
cells visible. However, the cells did attach and survived on #1, #2,
#3, and #7 hydrogels and, to a lesser extent, on the #6 hydrogel
(Figure 8A). In comparison, HDMEC on all hydrogels #1-#7 di-
gested with HC] were viable. The highest cell survival of HDMEC
was seen on hydrogels #2 and #3. The cells were also viable on
hydrogels #1, #5, #6, and #7 (in some samples, difficult to recog-
nize, as the hydrogels tended to be self-fluorescent). The weakest
survival of HDMEC was observed on hydrogel #4, although it was
higher than on the hydrogels digested with AA (Figure 8B).

3.4 | Differentiation of Adipose-Derived
Mesenchymal Stem Cells on Hydrogels

To assess the benefit of hydrogels for adipocyte differentiation,
cells were seeded on hydrogels and subjected to DMEM/hPL-
based differentiation medium (Figure 9) for 14days. The cells
were imaged Oil Red O stained using a bright field microscope.
On collagen as a positive control, just like on the various hydro-
gels, ASC differentiated detectably. The highest lipid accumula-
tion could be seen in cells cultured on collagen and, to a lesser
extent in cells cultured on all hydrogels. For hydrogel #6 and #7
digested with AA (Figure 9A) and hydrogel #3, #5, and #7 di-
gested with HCI (Figure 9B), only small lipid droplets could be
observed, but were clearly visible at higher magnifications of ob-
jective lens.

3.5 | Rheological Characterization of Hydrogels
for 3D-Bioprinting

The viscosity and 3D-printability of the various hydrogels di-
gested with HCl were analyzed to ensure their usability as a ma-
terial in 3D-bioprinting.
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FIGURE 6 | Metabolic activity of ASC (A) and HDMEC (B) on hydrogels after 2days. For preparation of hydrogels, DAT #1 - #7 was digested with
two different acids. For AA the concentration of 0.5 M was used; HCl was tested in the concentration of 0.1 M. Cellular metabolic activity is expressed
in reference to collagen as positive control. Alginate was used as a negative control. The experiments were carried out three times independently

with cells from different donors.

The viscosity was measured as a function of the shear rate.
All hydrogels, as well as the collagen control, showed a de-
crease in viscosity with increasing shear rate, which can be
described as approximately linear for the hydrogels. Collagen
shows an initially steep, then flatter decreasing curve with
increasing shear rate. The different hydrogels have different
viscosities. They can be listed from highest viscosity to lowest
viscosity as follows: #1>#3>#2>#7>4#> 5#> 6# > colla-
gen (Figure 10).

To test the printability, the hydrogels were printed as cylinders
consisting of three layers. To assess the stability, the inner diam-
eter of the cylinders was measured. The more unstable a cylin-
der and, therefore, a hydrogel is, the more the shape runs, and
the inner diameter is reduced compared to the initial value of
14 mm.

The hydrogels were ejected through the nozzle of the printer
using compressed air. Especially hydrogels previously deter-
mined to be more viscous were found to be segregated during
printing. This manifested itself in the fact that parts of the liquid
phase were pressed out of the sol-gel, while parts of the DAT
fibrils remained adhered to the valve internals. With the less
viscous hydrogels, this behavior was much less pronounced,
and from which it can be assumed that the composition of the
gel changed only minimally, if at all. This observation was also
reflected in the fact that the actual hydrogels did not harden
completely even after incubation at 37°C. Instead, they retained
their watery consistency. Therefore, the result of the pressure
test must be viewed with caution. Hydrogel #4 was printable
into the most stable cylinders. Compared to the cylinders of the
other hydrogels and the collagen control, the rings were signifi-
cantly thinner, and after curing the printed cylinders clearly
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FIGURE 7 | ASC (4x10%/mm?) were seeded on different hydrogels #1-#7 and collagen as positive control and were cultivated for 48h. (A)
Hydrogels #1-#7 digested with AA (0.5M) or (B) hydrogels digested with HCI (0.1 M). The experiments were carried out three times independently

with cells from different donors. Scale Bar =200 um.

showed a stable shape. For the cylinders of hydrogels #3, #5, #6,
and #7, the surface of the structure showed wavy extensions,
which can be attributed to the individually printed dots. This
was also observed for the collagen control in an attenuated form.
All four gels could be cured by incubation into a mostly solid
gel. In the case of hydrogels #1 and #2, the pressure resulted in
strongly flowing cylinders with a largely smooth shape. Since
both gels also did not solidify after incubation at 37°C, it can
be assumed that only the aqueous component of the hydrogel
could be printed, particularly in the case of these hydrogels
(Figure 11A).

The visual impressions of the cylinders were confirmed by mea-
suring the inner diameters of the printed cylinders (Figure 11B).
The cylinders of hydrogel #4 had the largest inner diameter
(11.42+0.15mm). This confirmed the assumption that the most
stable cylinders could be printed with hydrogel #4, which had the
least warping due to their dimensional stability. The cylinders
of hydrogels #3 (10.53+0.31 mm), #6 (10.97 +£0.51mm) and #7
(10.88 £0.59 mm) confirmed the moderate stability of the printed
cylinders, while the printing of hydrogels #1 (9.75+0.09 mm), #2
(9.84+0.12mm) and the collagen control (9.93 +0.09 mm) led to
a significantly smaller inner diameter (Figure 11B).
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FIGURE 8 | HDMEC (2x10°*/mm?) were cultured for 48h on hydrogels #1-#7 or collagen as positive control. (A) Hydrogels digested with AA
(0.5M) or (B) hydrogels digested with HCI (0.1 M). The experiments were carried out three times independently with cells from different donors.

Scale Bar=200um.

3.6 | Endothelial Vascularization on Hydrogels as
Triculture

The hydrogels used for the tube formation assay represent a tri-
culture with ASC, fibroblasts, and endothelial cells. The ASC
and fibroblasts were added to the hydrogels, and the endothelial

cells were seeded on top. The assessment of tubes that are formed
serves to evaluate the possible vascularization in the triculture
system in the hydrogels. More and better-defined tubes were
formed on all hydrogels #1-#7 than on collagen as positive con-
trol. The formation of first tubular networks is weakest on hy-
drogel #5 compared to the remaining samples (Figure 12).
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could not be
imaged

FIGURE9 | ASC differentiation (2x 10° cells/ml) on hydrogels #1-#7 digested with (A) 0.5M AA and (B) 0.1 M HCl as well as on collagen as posi-
tive control. ASC were cultivated for 14 days. The hydrogel #4 digested with 0.1 M HCI could not be imaged due to insufficient stability of the gel. The

cell differentiation was detected by Oil Red O staining of lipid droplets. Arrows point to the lipid droplets. The experiments were carried out three

times independently with cells from different donors. Scale Bar =200 um.

4 | Discussion

To generate hydrogels suitable for adipose tissue engineer-
ing, decellularized adipose tissue (DAT) was produced from
porcine adipose tissue using seven different protocols. There
were noticeable differences in the production of DAT depend-
ing on the protocol. The DAT differed on the one hand in their
consistency and turbidity and on the other hand in their DNA

content and the content of ECM components. A high level of
residual DNA in the DAT is a sign of incomplete decellulariza-
tion of the porcine fat samples [27]. The DAT samples of pro-
tocols #1 and #3 showed a comparatively high residual DNA
content. This leads to the conclusion that these two are less
suitable for further utilization as scaffolds for tissue engineer-
ing than the other DAT samples. Since these two protocols use
Triton-X100, it can be assumed that poorer DNA removal is
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FIGURE 10 | Viscosity of the various hydrogels digested with 0.1 M HCL. The viscosity in mPa X s is plotted against the shear rate in s~! used in
the examination. The viscosity of the seven different hydrogels (#1-#7) and collagen as control are shown. The experiment was carried out once.

achieved with this detergent. In comparison to this, the use
of SDS or additional DNAse treatments, utilized for the other
hydrogels, led to a more efficient DNA removal. Standards for
safe levels of residual DNA in the hydrogels from the ECM
still need to be determined. This is an aspect that needs to be
considered in further experiments when using hydrogels that
have residual DNA.

When decellularizing porcine fat samples, it is important to pre-
serve the ECM components so that the resulting scaffold is as
close as possible to the physiological ECM of adipose tissue in its
composition. Thus, the highest possible levels of hydroxyproline
and glycosaminoglycans (GAGs) indicate good preservation of
the ECM components in the DAT samples. While the use of SDS
has a positive effect on DNA removal, the detergent seems to
have a negative effect on the hydroxyproline content. In partic-
ular protocols #5 and #6, which include SDS treatment, show a
reduced hydroxyproline content. The use of triton-X100 appears
to have less of an effect on hydroxyproline. The content of GAGs
varies strongly between the individual protocols. It should be
mentioned that the analysis of the content of GAGs could be
influenced by residual reagents in the decellularization pro-
cess [61]. Residual reagents should be largely avoided by proper
washing steps at the end of the decellularization process.

Hydrogels were generated from the different DAT samples.
Since this method is described in literature in some proto-
cols with AA and in other protocols with HCI for the diges-
tion of DAT, we discuss the comparison between the use of
these two acids. Reference was made to the most commonly
used acid solutions for the preparation of ECM hydrogels, in-
cluding 0.5M AA (Voytik-Harbin method) [62] and 0.1 M HCl
(Freytes method) [63]. There were clear differences depending
on whether the DAT was digested with AA or HCI. In particu-
lar, the compatibility of the hydrogels with the cells that were
used showed that the metabolic activity of ASC and HDMEC
were better on hydrogels digested with HCI. The results of the
analysis of adipocyte differentiation must be related to their
respective collagen control and cannot simply be compared
between the gels with AA or HCI digestion. This is because

the experiments took place at different times with different cell
donors. This resulted in different appearances of the respective
collagen controls. Therefore, these results must be considered
with reservations. The key message of the result is that adi-
pocyte differentiation is possible on all hydrogels. The poorer
metabolic activity of the cells on hydrogels prepared with AA
could be due to the hyperosmotic state within the hydrogel.
While gels digested with HCI could be adjusted to a physio-
logical osmolarity by neutralization, it was shown that the os-
molarity of 0.5M AA could not be reduced to a physiological
state [64]. Since increased osmolar stress can lead to numerous
disturbances within the cells due to the hypertonic effect, the
reduced metabolic activity of the cells on the AA hydrogels can
probably be explained by the non-optimal conditions within
the hydrogel [65].

The handling of the hydrogels revealed clear differences in the
stability and printability of the hydrogels. Pouring of the hydro-
gels and a viscosity measurement confirmed these observations
and showed that DAT #1, #2, #3, and #7 could be converted to
dimensionally stable hydrogels, while the hydrogels from DAT
#4, #5, and #6 resulted in more unstable hydrogels. The 3D
printing of the hydrogels into cylindrical molds contradictorily
demonstrated that the hydrogels #4, #6, and #7 allowed the sta-
ble formation of cylinders and that the printed cylinders out of
hydrogel #1, #2, #3, and #5 did not. However, this result must
be viewed critically because the hydrogels dissolved into their
components during the printing process. This can presumably
be attributed to the fact that the gels with higher collagen con-
tent tended to deposit fibrils on the inside of the valve (e.g., cor-
responding spring elements). This led to a phase separation in
which only the aqueous solution was pressed through the valve,
while the fibrous collagen components remained in the valve. It
can be recommended to either use a different bioprinting mo-
dality (e.g., microextrusion instead of drop-on-demand) or to
switch to a hybrid printing/casting process.

The appropriate tissue engineering material should have suf-
ficient stability to hold the manufactured tissue together and
withstand the transplantation process, but at the same time,
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FIGURE11l | 3D-printability of the various hydrogels digested with 0.1 M HCI. (A) For each hydrogel (#1-#7) and collagen control, three cylinders
consisting of three layers upwards were printed. A scale of 1cm is displayed. (B) The inner diameter of the cylinders was determined and presented

graphically. The experiment was carried out once in a triplet.

ensure sufficient flexibility to allow the cellular components
to proliferate, differentiate and also support angiogenesis. The
results lead to the conclusion that the mechanical properties
of the hydrogels are significantly influenced by the decellular-
ization method used. The protocols tested differ, for example
in the choice of detergents used. Protocols #1, #2 and #3 use
Triton-X100 for decellularization, while protocols #4, #5, and
#6 use SDS. The choice of detergent can influence the stability
of the resulting hydrogel. The use of SDS can lead to the deg-
radation of collagen from the ECM [66]. The stiff properties of
collagen fibers contribute to the shape stability of the ECM [67].
The influence of the decellularization method on the collagen
content in the respective DAT or hydrogels can be assumed from

the hydroxyproline content [68]. Therefore, SDS-induced degra-
dation of collagen fibers in the DAT hydrogels could explain the
reduced stability of hydrogels #4, #5, and #6, while the use of
Triton-X100 and physical methods for decellularization did not
lead to increased degradation of collagen fibers and thus stabil-
ity is not as severely affected [29].

The compatibility of the hydrogels with ASC and HDMEC, as
important cellular components, is crucial for the successful gen-
eration of adipose tissue equivalents. For both ASC and HDMEC,
the use of HCl in hydrogel production resulted in improved cellu-
lar metabolic activity compared to AA. A comparison of the hy-
drogels digested with HCI showed that the metabolic activity and
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FIGURE 12 | Formation of first tubular networks of human dermal microvascular cells after 4h on the various hydrogels #1-#7 digested with

0.1M HCI. Collagen was used as a positive control. The gels contained ASC and fibroblasts, while endothelial cells were seeded on top (triculture

model). The endothelial cells were visualized with calcein staining. Scale Bar =200 um. The experiment was carried out three times independently

with cells from different donors.

morphology of the ASC and HDMEC were most pronounced on
hydrogel #2. A possible reason for the differences in cellular met-
abolic activity and morphology lies in the different effects of the
decellularization detergents used, such as SDS, and thus the cyto-
compatibility of the hydrogels. The differentiation of the ASC has
taken place on all hydrogels. It has already been described in var-
ious publications that hydrogels from DAT support adipogenic
differentiation in vitro [36, 38, 69]. The differences that occurred
between the hydrogels tested may be due to numerous factors.
An important factor in the differentiation of ASC to adipocytes
is the presence of growth and differentiation factors within the
hydrogel structure [70]. The use of SDS can significantly reduce
the growth factor content of the ECM and the ability of the ECM
to support in vitro cell growth. The use of trypsin or Triton-X100
also results in a reduction in growth factors, but to a lesser ex-
tent, and factors such as basic fibroblast growth factor (bFGF) are
largely retained, resulting in better support for cell growth [71].

Finally, the angiogenesis-promoting effect of the hydrogels was
investigated using a tube formation assay. The formation of be-
ginning tubular networks of endothelial cells was shown on all
hydrogels, even better than on the collagen positive control. This
effect could be due to the remnants of angiogenic growth fac-
tors in the native ECM, which are not present in pure collagen.
If so, this effect appears to be less sensitive than ASC differen-
tiation in terms of the amount of growth factors, as there was
no difference between the formation of the tubular networks
on the hydrogels treated with SDS or with Triton-X-100 during
preparation.

5 | Conclusions

We showed that different approaches for decellularization of
adipose tissue and subsequent acid digestion have significant
effects on the production of a suitable scaffold for adipose
tissue reconstruction. In our work, hydrogel #2 [52] digested
with HCI proved to be the best option for scaffold generation,

as the production of decellularized ECM worked efficiently,
allowing to produce hydrogels that are very cell-compatible,
promote cellular metabolic activity, and promote ASC differ-
entiation as well as endothelial cell vascularization. The use
of Triton-X100 in combination with physical methods for de-
cellularization led to significant DNA removal. At the same
time, the detergent has a positive effect on the preservation of
hydroxyproline and, thus, ECM components such as collagen
and on compatibility with cells. The tested hydrogel is, there-
fore, suitable for a wide range of procedures within the tissue
engineering of vascularized fatty tissue. The hydrogel of the
second choice is #7 digested with HCI. The method avoids the
use of detergents and is based on physical decellularization
steps, which also led to an efficient decellularization of the
DAT. Additionally, the use of DNase resulted in the effective
removal of DNA residues. The resulting hydrogel was cell-
compatible and promoted the analyzed cellular properties.
The drop-based bioprinting method carried out on the hydro-
gels did not allow a definitive statement on the printability of
the hydrogel. To get a better impression, further 3D printing
trials must follow. The generation of an in vitro prevascular-
ized fatty tissue equivalent could largely replace conventional
breast reconstruction strategies such as silicone implants
or autologous fat transplants. By using autologous cells, an
immunological reaction to the inserted implant should be
avoided as far as possible, and at the same time, optimal in-
tegration of the implant should be made possible through its
similarity to physiological tissue.
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