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Abstract 

Biological processes such as cellular differentiation or response to environmental 

stimuli require gene expression adaptations. Such plastic remodeling is achieved by the 

application of diverse mechanisms that involve transcriptional and epigenetic 

modulations. In order to gain deeper insights into the molecular changes, the 

expression and chromatin alterations occurring in response to UV irradiation, circadian 

rhythm and neuronal cell fate commitment were investigated in this thesis. To this end, 

molecular experiments and high-throughput sequencing techniques were applied 

along with bioinformatics and mathematical modeling analyses. These comprehensive 

investigations have revealed multiple, interconnected processes that regulate diverse 

gene expression variations upon exposure to stimuli. As a consequence of UV 

irradiation, the chromatin in fibroblasts underwent drastic alterations. This included a 

genome-wide loss of chromatin accessibility as well as a reorganization of the histone 

modification H3K27ac. These epigenetic variations could explain the observed 

expression changes of numerous genes. In the context of circadian rhythm, 

transcription factors and epigenetic regulators with a circadian expression pattern were 

identified. These factors represent putative regulators of the core clock network (e.g., 

ZFP28) or other genes that display a circadian expression (e.g., ZFP28 and LEO1). 

Furthermore, this thesis highlights a fate commitment role of PAX6 in neural progenitor 

cells, where it acts as a gatekeeper by directly or indirectly activating ectodermal genes 

and repressing genes that are important for other linages. Additionally, a novel PAX6 

target, Ift74, was demonstrated to be required for in vivo neurogenesis. In summary, 

this thesis revealed diverse, especially chromatin-mediated mechanisms, which cells 

utilize to respond to stimuli. Moreover, it contributes towards the understanding of the 

underlying gene regulatory networks.  
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Zusammenfassung 

Biologische Prozesse, wie beispielsweise zelluläre Differenzierung oder Reaktion auf 

Umgebungsreize, erfordern Anpassungen der Genexpression. Solche plastischen 

Veränderungen werden mithilfe verschiedener Mechanismen einschließlich 

transkriptioneller oder epigenetischer Regulierung erzielt. Um tiefere Einblicke in die 

zugrunde liegenden molekularen Vorgänge zu gewinnen, wurden im Rahmen dieser 

Dissertation Expressions- und Chromatinveränderungen untersucht, die in Folge von 

UV-Bestrahlung, zirkadianer Rhythmik oder Festlegung des neuronalen Zellschicksals 

auftreten. Hierzu wurden sowohl molekularbiologische Methoden als auch 

Hochdurchsatz-Sequenziertechniken in Kombination mit bioinformatischen Analysen 

und mathematischen Modellierungen angewendet. Diese Untersuchungen offenbarten 

viele miteinander verbundene Prozesse, die reiz-induzierte Expressionsanpassungen 

regulieren. Als eine Folge von UV Bestrahlung veränderte sich das Chromatin in 

Fibroblasten drastisch. Dies umfasste eine genom-weite Verringerung der 

Chromatinzugänglichkeit und eine Umorganisation der Histonmodifizierung H3K27ac. 

Diese epigenetischen Veränderungen konnten auch die Genexpressionsvariationen, die 

aus der UV Bestrahlung resultierten, für zahlreiche Gene erklären. Im Rahmen der 

zirkadianen Rhythmik wurden Transkriptionsfaktoren und epigenetische Regulatoren 

mit zirkadianer Expression identifiziert. Diese Faktoren repräsentieren mögliche 

Regulatoren des zugrundeliegenden genetischen Netzwerk der zirkadianen Rhythmik 

(z.B. ZFP28) oder von anderen zirkadian exprimierten Genen (z.B. ZFP28 und LEO1). 

Ferner wurde die Rolle von PAX6 auf die Zellschicksalsveränderung von neuralen 

Vorläuferzellen aufgezeigt. PAX6 übernimmt hierbei eine Weichensteller-Funktion, 

indem dieser Transkriptionsfaktor direkt oder indirekt ektodermale Gene aktiviert und 

Gene, die wichtig für andere Entwicklungslinien sind, unterdrückt. Zusätzlich wurde 

gezeigt, dass Ift74, eines der neu identifizierten PAX6 regulierten Gene, für die in vivo 

Neurogenese wichtig ist. Zusammenfassend zeigt diese Dissertation die Vielfalt der 

insbesondere Chromatin-basierten Mechanismen, die Zellen nutzen, um auf 

Umgebungsreize zu reagieren. Zudem trägt sie zum Verständnis der zugrunde 

liegenden genregulierenden Netzwerke bei.  
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1 Introduction 

1.1 Gene regulatory mechanisms 

1.1.1 The organization of the mammalian genome 

Since the formation of the earth around 4.5 billion years ago, living organisms have 

emerged and gained more and more complexity over time. For instance, multicellular 

organisms have evolved several times such as the first multicellular eukaryote around 

one billion years ago [1, 2]. Mammals like humans are very complex, multicellular 

organisms consisting of more than 200 different cell types [3]. These cluster together to 

form organs, which fulfill different functions in the body. Even though the cell types and 

their functions are highly diverse, each cell contains nearly the same genetic 

information. This is stored in the sequence of the deoxyribonucleic acid (DNA), which 

represents the heritable material encoding the composition of an organism. 

DNA was first isolated from the nuclei of eukaryotic cells by Friedrich Miescher in 1869, 

but proven to represent the genetic material only in the next century [4-6]. 

Deoxyribonucleic acid is composed of four nucleotides containing the nucleobases 

adenine (A), cytosine (C), guanine (G) and thymine (T), which are chemically connected 

to build a polymer. This chain forms a complex with an inverted, complementary strand 

of nucleotides, whereby the nucleobases project towards inside and form hydrogen 

bonds (A with T, C with G). These two nucleotide chains are twisted around each other 

to create a double helix [7]. This structure enables the replication of DNA in a 

semiconservative manner [8]. 

To fit the human genome containing around 3.2 x 109 base pairs (bp) or the mouse 

genome with around 2.6 x 109 bp (~ 1.7 m of DNA) in a 5 µm nucleus, the DNA is 

compacted with the help of specialized proteins called histones (Figure 1) [9]. The core 

unit, a nucleosome, is a wedge-shaped histone octamer surrounded by approximately 

1.7 turns of 146 bp DNA [10, 11]. Each nucleosome consists of two copies of the four 

core histones: H2A, H2B, H3 and H4. The length of the linker DNA between the 

nucleosomes can vary (around 10-100 bp [12], the mean in vertebrates is around 35 bp 

[13]). DNA wrapped around nucleosomes leads to the so-called ‚beads-on-a-string‛ 
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structure. The DNA is further compacted with the help of other proteins, including 

histone H1 that binds to the linker DNA. This complex of DNA, proteins and associated 

ribonucleic acid (RNA) molecules is termed as chromatin. The three-dimensional 

folding of chromatin is largely determined by its primary structure (DNA sequence and 

nucleosome composition (see sections 1.1.3.2 and 1.1.3.3)) and is mainly a result of 

polymer physics, but also influenced by biochemical mechanisms such as local 

compaction, long-range interactions and anchoring to the nuclear scaffold (see 

sections 1.1.3.4, 1.1.3.6 and 1.1.3.7) [14, 15]. 

Chromatin undergoes 

large structural changes 

throughout the cell cycle 

with its strongest 

compaction (~10,000- to 

20,000-fold) during the 

metaphase of the mitosis 

and meiosis [13]. In 1928, 

Emil Heitz observed that 

chromatin occurs in 

different forms and 

introduced the binary 

division of chromatin into 

hetero- and euchromatin 

[17]. Euchromatin decon-

denses during interphase 

and contains regions that 

accommodate most trans-

criptional activity (see 

section 1.1.2). The latter is 

minimal in the compacted 

DNA of heterochromatic regions. Two types of heterochromatin have been described. 

Constitutive heterochromatin, mainly occurring at telomeres and centromeres, is 

condensed throughout the cell cycle and replicates usually later than euchromatin [18-

21]. Facultative heterochromatin can decondense temporarily to allow the transcription 

Figure 1: Organization of the mammalian genome 

The DNA wraps around nucleosomes, which are composed of two copies of the histone 

H2A, H2B, H3 and H4. Histone H1 and other proteins regulate the further compaction of 

the genome in the nucleus. Chromatin can occur open (euchromatin) or closed 

(heterochromatin). Epigenetic features that modulate chromatin structure and function are 

indicated (see section 1.1.3).   Source: adapted from [16]  
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of genes, for example during certain developmental stages [22]. With the progress of 

chromatin research and the genome-wide mapping of chromatin features, more 

insights into the complex chromatin composition have been attained. These analyses 

have deciphered that there exist more fine structures and types of chromatin, since 

certain chromatin features cluster together in different combinations [23-25]. Their 

exact compositions and functions are currently explored. 

 

1.1.2 The regulation of gene expression 

In 1958, Francis Crick proposed the central dogma of molecular biology that describes 

the flow of the genetic information [26]. It states that DNA is transcribed into RNA, 

which is then translated into proteins that accomplish the majority of cellular functions 

[26]. As each cell contains nearly the same genetic information, the cellular identity is 

given by its set of genes being expressed or turned off at a given time. This expression 

status has not only to be established during development, but also needs to be 

maintained. Therefore, a tightly controlled temporal and spatial regulation of gene 

expression is essential for the proper development and physiology of different cell 

types. Furthermore, the gene expression needs to be flexible and reversible to allow the 

cell to react to stimuli such as environmental changes or stress exposure.  

The DNA segments that encode functional RNAs or proteins are called genes. A gene 

consists of the coding regions (exons) mostly separated by non-coding regions 

(introns) and is flanked by regulatory sequences. Latter are named the 5’ and 3’ 

untranslated regions (UTR), which harbor information regulating the messenger RNA 

(mRNA) stability, localization and translation into proteins [27, 28]. Usually around the 

transcription start site (TSS) is the promoter region with specific sequence elements to 

which regulatory proteins such as transcription factors and RNA polymerases, the 

enzymes transcribing the genes, bind to control and initiate the transcription of the 

genes [29]. Furthermore, there are genomic regions distal from the genes that can 

influence the expression of a gene (see section 1.1.3.6). 
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Internal and external signals enable gene expression programs that regulate which 

genetically encoded information is used to give rise to the cellular phenotypes. As the 

expression of a certain set of 

genes is essential for the cellular 

identity including proper 

structure and function, gene 

expression is a tightly controlled 

multilayer process (Figure 2). 

Initially, specific as well as 

general transcription factors 

bind to the DNA by recognizing 

specific DNA sequence motives 

[29]. Binding of so-called pioneer 

transcription factors, which are 

able to bind to their target 

sequences on nucleosome, can 

precede the binding of the other 

transcription factors (TFs) to 

mediate the accessibility of the 

regions for the other factors [30, 

31]. The transcription factors 

recruit the RNA polymerases as 

well as other regulatory proteins 

to the promoter of the genes 

and build the transcription 

initiation complex (Figure 3) [29]. 

RNA polymerase II transcribes the 

protein-coding as well as some 

non-coding genes (see section 

1.1.3.5), while the structurally different RNA polymerases I and III are transcribing non-

coding genes [32]. 

 

 

Figure 2: The multistep process of gene expression 
Chromatin undergoes certain modifications (1.) to allow the transcription of the 

genes by RNA polymerases, which is coordinated by the binding of transcription 

factors (2). The primary transcript (pre-mRNA) is then further processed (3.) and 

translocated to the cytoplasm, where the transcript is translated into an amino 

acid chain that folds into a protein (5.). The functionality of proteins can further 

be modulated by post-translational modifications, which can influence their 

activity or degradation (6.).   Source: 

http://www.uic.edu/classes/bios/bios100/lectures/18_01_gene_expression-L.jpg  
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Figure 3: Establishment of the RNA polymerase II preinitiation complex 

Transcription factors (blue) bind to distal regulatory regions and can recruit further cofactors such as chromatin modifiers (purple). TFIID 

bind to the TATA element in the promoter and initiates the binding of the other general transcription factors and the RNA polymerase II 

that results in the formation of the preinitiation complex (PIC). Source: [33] 

 

When the paused RNA polymerase is released, the transcription elongation process 

starts, whereby the gene is transcribed into a complementary RNA molecule by the 

RNA polymerase [34]. This pre-mRNA is further processed by removing intron 

sequences and ligating exons together [35]. This process can result in different 

transcript isoforms when different splice sites are utilized (alternative splicing). 

Furthermore, the ends of eukaryotic transcripts are modified by capping the 5’-end and 

in many cases by adding a poly-A tail at the 3’-end [36]. In case of protein-coding 

genes, this mature mRNA is transported to the cytoplasm. The coding region of the 

mRNA is then translated into a protein. This is based on the genetic code, where triplets 

of nucleotides (called codons) code either for an amino acid or for a signal of 

translation initiation or termination [37, 38]. Ribosomes with the aid of transfer RNAs 

(tRNAs) execute this conversion of the nucleotide sequence into an amino acid 

sequence [39]. The amino acid sequences fold into functional proteins, which can 

further be chemically modified in order to influence their function and stability.  
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1.1.3 Epigenetic mechanisms regulate gene expression 

In 1942, Conrad Hal Waddington introduced the term ‚epigenetics‛ for the ‚branch of 

biology which studies the causal interactions between genes and their products which 

bring the phenotype into being‛ [40-42]. As with time more insights into the 

mechanisms were achieved, the definition of epigenetics was adjusted. In 1958, David 

Nanney suggested that the expression potential of the genes could persist through cell 

divisions by some stable epigenetic mechanisms and Robin Holliday later on included 

heritability as a defining feature of epigenetics in 1994 [43, 44]. The currently most 

widely used definition of epigenetics describes the study of mechanisms that cause, 

independent of alterations in the DNA sequence, mitotically and/or meiotically 

heritable changes, which introduce variations in the gene expression or function and 

thereby the phenotype [41, 45, 46]. Nevertheless, the term epigenetics is often also 

applied to chromatin changes influencing gene expression, which are not necessarily 

inherited.  

Many epigenetic mechanisms have evolved to modulate chromatin, which will be 

further described in the following sections (Figures 1 and 4). These mechanisms 

influence in a combinatorial manner the spatial, temporal and quantitative control of 

the gene expression and consequently the cellular phenotype. These ‚epigenetic‛ 

mechanisms can, however, also be subjected to genetic variations. Several studies have 

indicated that genetic variations impact on transcription factor binding, which in turn 

alters histone modifications (see section 1.1.3.3) and enhancer choice (see section 

1.1.3.6) and can (not necessarily) lead to gene expression and phenotypic changes [47-

52]. The importance of epigenetic mechanisms is also visible considering that many 

diseases are induced, for example, by mutations in epigenetic control regions or genes 

encoding for epigenetic regulators [53, 54].  
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Figure 4: Possible epigenetic mechanisms that influence the transcriptional status of a gene 

Chromatin is a complex structure whose composition and functional state can be modified on multiple layers: DNA modifications, histone 

variants and post-translational modifications, chromatin remodeling, binding of RNA and proteins and three-dimensional organization. 

These alterations influence if a gene is transcriptionally inactive (off) or active (on). Source: [55] 

 

 

 

1.1.3.1 DNA modifications 

DNA consists of only four bases; however, they can be chemically modified to influence 

diverse biological processes including heritable gene expression changes. One such 

abundant modification in mammals is the methylation at the fifth carbon position of 

cytosine (5-methylcytosine, 5mC) (Figures 1 and 5) [56, 57]. The modification is 
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especially enriched at CpG dinucleotides, where the methylation on both strands offers 

a mechanism for semiconservative propagation through the DNA replication [58-61]. 

The DNA (cytosine-5)-methyltransferase 1 (DNMT1) recognizes hemi-methylated DNA 

and methylates the cytosine on the newly synthesized strand [62]. While DNMT1 is 

important for the propagation and maintenance of DNA methylation, de novo 

methylation is established by the DNA (cytosine-5)-methyltransferases 3A and 3B 

(DNMT3A and DNMT3B) [62, 63]. CpGs are usually found methylated with the 

exception of specific CpG-rich regions, named CpG islands, that occur in active 

regulatory regions [64, 65]. 5mC is mainly known for repressing gene expression, 

especially when it occurs at promoters or enhancers, while in certain contexts (e.g., 5mC 

in gene bodies) it is also associated with active transcription [66, 67]. The effect of 5mC 

might result from its interference on transcription factor binding or the recruitment of 

factors that mediate modulations of chromatin features [57, 65, 68, 69]. Besides the 

influence of DNA methylation on gene regulation or as a consequence, DNA 

methylation has been shown to play a role in development and cell fate specification, 

genomic imprinting, X-chromosome inactivation and transposon control; furthermore, 

missregulated methylation patterns have been ascribed to cancer [57, 70-76]. 

5mC has been considered as a stable epigenetic mark until the discovery of the 

Methylcytosine dioxygenase TET (TET, Ten-Eleven Translocation) that can actively 

demethylate DNA (Figure 5) [77]. The first metabolic product of the demethylation 

process is 5-hydroxymethylcytosine (5hmC), which itself is relatively stable and might 

also be considered as an epigenetic mark [78, 79]. 5hmC might play a role in 

transcription regulation at promoters, gene bodies or enhancers [80, 81]. For example, 

the levels of 5hmC increase during neuronal differentiation and 5hmC is enriched at 

intragenic regions of many active neuron-specific genes [82-85]. 5hmC has been found 

in diverse cell types with higher enrichment in neuronal cells [83, 86, 87]. 5hmC can be 

further oxidized by TET enzymes to 5-formylcytosine (5fC) and 5-carboxycytosine 

(5caC) [88, 89]. These modifications are very low abundant, but have been shown to 

influence gene expression and the DNA damage response [57, 90].  

Also other DNA modifications can occur and may accomplish specific functions. For 

example, TET proteins can also oxidize thymine to 5-hydroxymethyluracil (5hmU) and 

furthermore, N6-methyladenine (6mA) has been found in eukaryotes (Figure 5) [57].  
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Figure 5: Chemical modifications of DNA 

DNA methyltransferases (DNMT) can methylate cytosine (C) at the 5
th

 carbon position (5mC), which can then be further oxidized to 5hmC, 

5fC and 5caC by methylcytosine dioxygenases (TET). TET can also oxidize thymine (T) to 5-hydroxyuracil (5hmU). N6 of adenine (A) can be 

methylated by DNA N6-methyl methyltransferase (DAMT-1) to 6mA, which can be reverted by the demethylases DNA 6mA demethylase 

(DMAD) or N6-methyl adenine demethylase 1 (NMAD). Source: [57] 

 

1.1.3.2 Histone variants 

There is a high demand of histones when DNA is replicating during the S-phase of the 

cell cycle. In order to accomplish the synthesis of around 108 molecules of each of the 

core histone proteins during this short period, several genes encode for the canonical 

histones and are organized in one large and two smaller clusters [91]. The canonical 

histones are primarily synthesized and deposited into chromatin during the S-phase of 

the cell cycle and encode RNAs that contain a short 3’ stem-loop instead of a poly-A 

tail and no introns, probably to achieve their fast expression [91, 92].  

Non-allelic isoforms of the canonical histone proteins exist and are named non-

canonical histones or histone variants. These histone variants are synthesized 

throughout the cell cycle in smaller amounts and often incorporated independent of 

the replication into chromatin with the help of chaperones and ATP-dependent 

chromatin remodeling factors (see section 1.1.3.4) to substitute their canonical 

counterpart or to fill their places after histone eviction [93, 94]. The mRNAs of histone 

variants contain mostly the conventional poly-A tails and often introns; the latter 

increase the variety of histones due to possible different isoforms by alternative splicing 

[12].  

Histone variants contain sequence variations and can therefore change the properties 

of nucleosomes and consequently of the chromatin structure [12, 95]. They also extend 
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the variability of nucleosome composition by increasing the number of possible 

combinations of canonical and non-canonical histones inside one nucleosome.  

Many histone variants are highly conserved (e.g., H2A.Z and CenH3), which might 

reflect their important cellular functions, while others evolve rapidly in order to adapt 

fast and to fulfill tissue-/cell-specific transcriptional roles [15]. Furthermore, the 

replication independent synthesis of histone variants allows their incorporation into 

chromatin in response to environmental stimuli [96].  

Histone variants are shown to play critical roles in diverse biological processes including 

transcription regulation, chromosome segregation, DNA repair and recombination, 

meiotic recombination, chromatin remodeling, germline-specific DNA packaging and 

activation, extra-nuclear acrosomal function and regulation of cellular/ developmental 

plasticity [97, 98]. 

H2A.Z is an essential and relatively conserved histone variant with ~60% similarity to 

H2A (Figure 6) [99]. The functions of this variant are versatile [94, 96]. For example, it 

has been described in gene activation as well as in heterochromatic silencing [100-103]. 

H2A.X can be expressed with the properties of a canonical histone during S-phase and 

polyadenylated during G1 phase, ensuring an even expression throughout the cell cycle 

[104]. It represents around 2-25% of the total H2A in mammalian cells [105]. H2A.X has 

diverse biological functions, but is mainly known for its role in the DNA damage 

response, when its distinctive C-terminal sequence becomes phosphorylated around 

the sites of DNA double-strand breaks (therefore it is also named the ‚histone guardian 

of the genome‛) (see sections 1.1.3.3 and  1.2.3) [106-109].   

MacroH2A is a large histone variant due to an additional fold domain in its C-terminal 

tail (Figure 6) [110]. It has been implicated in transcription regulation and is found to be 

concentrated in the mammalian inactive X chromosome [111, 112]. 

The two most studied H3 variants are H3.3 and CenH3. H3.3 has only four amino acid 

substitutions compared to the canonical H3, nevertheless, this leads to crucial changes 

in its properties [113-115]. H3.3 is often found in nucleosomes of actively transcribed 

genes as well as in active regulatory regions associated with H2A.Z containing 

nucleosomes (Figure 6) [116, 117]. CenH3 (CENPA) is a histone H3 variant occurring at 

centromeric regions and is, for example, essential for the assembly of the kinetochore 

complex (Figure 6) [118].  The  DNA around nucleosomes containing CenH3 is wrapped 
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right-handed instead of the usual left-handed orientation [119].  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 6: The influence of histone variants on nucleosome structure and gene expression 

A) Properties of different histone variants and their influence on nucleosome structure. B) Models illustrating the deposition of certain 

histone variants into chromatin and their impact on transcriptional regulation (-/+: negative/positive influence on expression).  

Source: adapted from [95, 120] 

 

1.1.3.3 Post-translational histone modifications 

The variety of nucleosome composition is not only increased by the incorporation of 

histone variants, but also by post-translational modifications of specific amino acids of 

the histones. These chemical modifications are so far mostly described at the N-

terminal tail of histones, which protrude outside of the nucleosome octamer resulting 

in high flexibility and accessibility, but can also occur at the globular histone core [15, 

121]. Specific amino acids can, for example, be acetylated, phosphorylated, methylated, 

ubiquitinylated or sumoylated [121]. 

Histone modifications have not only been shown to be implicated in the regulation of 

transcription, but also in many other biological processes such as DNA repair or 

replication [122]. Some modifications influence the chromatin structure directly due to 

altered electrostatic or hydrophobic interactions with the DNA or chromatin-associated 

proteins [123]. On the other hand, different combinations of histone modifications at 

A B 
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one or several histones can recruit specific regulatory effector molecules that change 

the functional state of the surrounding chromatin and consequently influence cellular 

processes [124, 125]. This ‚histone code‛ postulated by Brian D. Strahl and C. David Allis 

constitutes another epigenetic mechanism regulating gene expression.  

The occurrence and effect of histone modifications is controlled by the combinatorial 

activity of proteins termed histone ‚writers‛, ‚readers‛ or ‚erasers‛ [126]. ‚Writers‛ or 

‚erasers‛ modify the histones by adding chemical modifications or by removing them. 

These histone-modifying enzymes are recruited via diverse molecules such as site-

specific DNA-binding factors, co-activators and co-repressors, RNA polymerase II, 

preceding histone modifications (called histone crosstalk) or long non-coding RNAs 

[15, 127-139]. ‚Readers‛ recognize the occurrence or absence of specific modifications 

at distinct amino acids with special binding domains, whereby neighboring post-

translational modifications on the same or a different nucleosome can impact on the 

binding [140-142]. Readers mostly recruit further regulatory factors, which mediate the 

biological outcome of the epigenetic mark such as gene expression modulation. The 

recruited factors can be chromatin remodelers, chromatin modifiers, architectural 

proteins or components of machineries that mediate biological processes such as 

transcription, DNA damage repair or replication (Figure 7) [141].  

 

 

Figure 7: The reading of modified histones can result in different functional outcomes 

Readers interact with different kind of proteins such as architectural proteins (1), chromatin remodelers (2), chromatin modifiers (3) and 

other adaptor proteins that coordinate different biological processes (4). Readers mediate via these interaction partners the functional 

outcomes of the histone modification. For example, they can influence the transcriptional output of a gene.  Source: [141] 
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Mono-, di- or trimethylation of lysine residues is mediated by Lysine methyltransferases 

(KTMs), while Arginine methyltransferases (PRMTs) lead to mono- and symmetric or 

asymmetric dimethylation of arginine residues [143, 144]. S-adenosyl-methionine often 

serves as the methyl donor [143, 144]. Methylation is removed by Lysine specific 

demethylases (LSDs) or Jumonji domain containing proteins (JMJDs) (KDMs) [145, 146]. 

Histone methylation does not change the charge of the residue in contrast to histone 

acetylation or phosphorylation [122]. Histone methylation can result, dependent on the 

methylated histone residue, in active or inactive chromatin. For example, in the absence 

of repression-associated histone modifications are trimethylation of H3 lysine 4 

(H3K4me3) at the transcriptions start site or of H3 lysine 36 (H3K36me3) within gene 

bodies associated with active gene transcription [147, 148]. Trimethylation of lysine 27 

of H3 (H3K27me3), lysine 9 of H3 (H3K9me3) or lysine 20 of H4 (H4K20me3) denote 

inactive, heterochromatic chromatin regions [148, 149]. H3K27me3, deposited by the 

Polycomb group (PcG) proteins, marks facultative heterochromatin [150-152]. 

H3K9me3 and the catalyzing Histone-lysine N-methyltransferase Suv39h lead to the 

binding of the Heterochromatin protein 1 (HP1), which might then recruit the Histone-

lysine N-methyltransferase Suv420H enzymes that catalyze the trimethylation of H4K20 

to establish constitutive heterochromatin [153-155].  

Histone acetylation, mediated by Histone acetyltransferases (HATs), causes the loss of 

the positive charge of the lysines and thereby weakens the interactions of the histones 

with the negatively charged DNA in their surrounding [122, 156]. Consequently, histone 

acetylation of the different lysine residues at regulatory regions is usually associated 

with active transcription [156, 157]. Histone acetylation is usually recognized by readers 

containing a bromodomain and erased by Histone deacetylases (HDACs), which are 

often part of a bigger repression complex [141, 158, 159]. Lysine 27 of histone H3 is 

acetylated by the HAT family CREB-binding protein (CREBBP, CBP)/ Histone 

acetyltransferase p300 (Ep300) and marks active promotors and active enhancers (see 

section 1.1.3.6) [160-162]. 

Histone phosphorylation of serine, threonine and tyrosine residues is mediated by 

kinases and removed by phosphatases [126]. For example, the histone variant H2A.X is 

phosphorylated rapidly in response to DNA double-strand breaks at serine 139 by 

Phosphoinositide 3-kinase-related protein kinases (PIKK), a kinase family which includes 
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the Serine-protein kinase ATM (ATM, Ataxia telangiectasia mutated), the 

Serine/threonine-protein kinase ATR (ATR, Ataxia telangiectasia and Rad3-related 

protein) and the DNA protein kinase catalytic subunit (DNA-PKcs) [105, 163, 164]. The 

phosphorylation of H2A.X, referred to as γH2A.X, is an early event after DNA damage 

and is responsible for the recruitment of DNA damage response factors to the 

breakage [163, 165].    

These examples illustrate the spectrum of histone modifications, which increase 

together with the histone variants the variety of nucleosome composition immensely. 

The chromatin modifications are possibly important for the storage and integration of 

different signals induced by diverse stimuli [166]. Their combinatorial and cumulative 

action (histone crosstalk) regulates the transcriptional output based on all inputs and is 

an important regulatory mechanism during the cellular processes (Figure 8) [166, 167].   

 

 

Figure 8: Chromatin modifications serve as a signal integrator and storage 

Different signals lead via ‚writer‛, ‚eraser‛ and remodeling enzymes to alterations in the chromatin such as post-translational histone 

modifications. ‚Readers‛ recognize these modifications and recruit additional proteins that mediate further changes. These influence the 

transcriptional output based on the integrated signals.  Source: [166] 
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1.1.3.4 Chromatin remodeling 

DNA is highly packed into chromatin in order to fit inside the nucleus. This compaction 

influences all DNA-dependent processes as it can reduce the access of DNA for 

regulatory proteins. The exact positioning of nucleosomes can hereby have an immense 

impact, as many regulatory factors can only bind if the DNA is accessible, i.e. depleted 

of nucleosomes [168, 169]. For instance, free linker DNA can be bound by a DNA-

binding factor more easily than DNA, which is wrapped around a histone octamer [170-

172]. Exceptions are pioneer transcription factors that can bind to DNA on nucleosome 

[30, 31]. 

Nucleosome rearrangements can actively be catalyzed by adenosine triphosphate 

(ATP)-dependent nucleosome remodeling complexes. They utilize the energy released 

from the hydrolysis of ATP to slide nucleosomes along the DNA and to evict, insert or 

exchange nucleosomes or parts of it, respectively (Figure 9) [173-176]. 

 

Figure 9: Possible actions of ATP-dependent chromatin remodeling complexes 

ATP-dependent chromatin remodeling complexes (green) can modify chromatin by insertion, eviction or moving nucleosomes or 

nucleosome components. This can result in the assembly of chromatin (A), alterations of DNA accessibility to DNA-binding factors (e. g., 

the DNA-binding protein (DBP)) (B) or changed chromatin composition (C).  Source: [176] 

 

Up to date, many different chromatin remodeling complexes have been discovered that 

are classified into four major classes: SWI/SNF (switch/sucrose non-fermentable), INO80 

(inositol requiring 80), ISWI (imitation switch) and CHD (chromodomain, helicase, DNA 

binding) [174, 176, 177]. They are involved in a wide range of biological processes, 
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whereby the chromatin remodelers of the different classes might have partly 

specialized functions and mechanisms (Table 1) [178]. 

Table 1: Families of the ATP-dependent chromatin remodelers   

The illustrations show the ATPase domain structure of the respective family: ATPase domain = DExx + HELICc, HSA = helicase-SANT, 

Bromo = bromodomain, tandem chromo = tandem chromodomain, SANT + SLIDE = nucleosome recognition module 

Source: [176, 177, 179-188] 

Family ATPase Biological function 

SWI/SNF; 

BAF; 

PBAF; 

SMARC 

BRM, BRG1 

 

- Transcription regulation 

- Development/ differentiation 

- Chromatin organization 

- DNA damage response/repair 

CHD; 

NuRD 

 

CHD1-9 

 

- Transcription regulation  

- Development 

- DNA damage response/ repair 

- Tumor suppressor 

ISWI; 

NURF; 

CHRAC; 

ACF 

 

SNF2H, SNF2L 

 

- Transcription regulation  

- Chromatin assembly 

- Heterochromatin formation 

- Replication  

- ES cell pluripotency 

- DNA damage response/ repair 

INO80; 

SRCAP; 

TRRAP/ 

Tip60 

 

INO80, Domino, SRCAP 

 

- Transcription regulation 

- Replication  

- DNA damage response/ repair 

- Insertion of histone variants  

- Cell cycle checkpoint recovery 

- Regulation of telomere length 

 

Chromatin remodelers are important for the integrity and composition of the 

chromatin by regulating nucleosome assembly and spacing as well as the exchange of 

histone variants [189]. Their action at regulatory elements further influences gene 

expression [189]. Chromatin remodeler can be recruited to their target genes by 

transcription factors, RNA polymerases, transcription elongation factors or chromatin 

modifications and can influence the transcription initiation, elongation and termination 

positively or negatively [182, 189]. The catalyzed reaction depends on the type of 

chromatin remodeler, the complex composition, post-translational modifications and 

the chromatin composition [190, 191]. Thus, chromatin remodeling displays another 

important regulatory layer in the control of transcription.  
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1.1.3.5 Non-coding RNAs 

Against the classical dogma, where genes are encoding proteins and RNA is only an 

intermediate to produce functional proteins, there is increasing evidence that RNAs 

also fulfill additional critical cellular functions. While only around 2 % of the genome is 

encoding proteins, most of the genome is transcribed [192-196]. The transcripts, which 

are not translated into proteins, are named non-coding RNAs (ncRNAs). The ncRNAs 

can occur as separate genes or overlap in sense or antisense direction with protein-

coding genes [197-199]. The relative amount of ncRNAs is increasing the higher an 

organism is developed [200]. This suggests that ncRNAs may contribute to their gain in 

complexity and functionality.  

Classical examples for non-coding RNAs are tRNAs or ribosomal RNAs (rRNAs) that are 

essential for the translation of mRNAs. These ncRNAs accomplish housekeeping 

function and are therefore expressed at higher levels. However, there have been many 

more ncRNAs identified with often low and tissue-specific expression, which fulfill 

diverse and essential functions in various cellular processes [201-205]. Their importance 

is reflected in the fact that mutations or a deregulation of these ncRNAs can lead to 

various types of diseases such as neurological diseases, cardiovascular diseases and 

cancer [206-209].   

Many different kinds of ncRNAs exist and a broad classification is based on the length 

of ncRNAs: small/short non-coding RNAs are shorter than 200 nucleotides, while long 

non-coding RNAs (lncRNAs) are longer than 200 nucleotides [210, 211].  

Several families of small non-coding RNAs exist such as tRNA, micro RNA (miRNA), 

small nuclear RNA (snRNA), small nucleolar RNA (snoRNA) and Piwi-interacting RNA 

(piRNA) [204, 212]. They control many biological processes often by regulating gene 

expression post-transcriptionally [204]. For instance, miRNAs recognize their target 

mRNAs by base pairing and can repress the mRNA expression by different mechanisms 

such as mRNA degradation or translation inhibition [213, 214]. 

The lncRNAs are involved in diverse biological processes like development, X-

chromosome inactivation, genomic imprinting or transcription regulation [199, 215-

218]. In order to achieve the latter, lncRNAs mediate changes in chromatin or in the 

activity of transcription factors [199, 217]. For example, many long non-coding RNAs, 

which are transcribed from intergenic regions (long intergenic non-coding RNAs, 
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lincRNAs), interact with chromatin-modifying complexes and ultimately influence gene 

expression [219]. These lncRNAs can apply different mechanisms: They can tether the 

chromatin-modifying complex in cis (e.g., ANRIL [220]) or in trans (e.g., HOTAIR [221, 

222]) to specific genomic regions, they can mediate intrachromosomal looping (e.g., 

HOTTIP RNA [223]) or, for example, mediate the binding of chromatin modifiers by 

forming a triple helix with 

specific DNA sequences (e.g., 

rDNA-pRNA triplexes [224]) 

(Figure 10). Moreover, lncRNA 

could allosterically regulate the 

activity of the protein they bind 

to by inducing a conformation 

change (e.g., G1/S-specific 

cyclin-D1 (CCND1) promoter 

RNA [225]) or act as a scaffold to 

link proteins together (e.g., 

HOTAIR [226]). Furthermore, 

lncRNA can regulate 

transcription factors or the 

transcription machinery directly, 

for example, by preventing their 

binding to DNA or influencing 

their post-transcriptional 

modifications [217, 227, 228]. In 

general, the RNA secondary 

structure and/or the RNA 

sequence specificity to pair with 

DNA may mediate these 

processes [229].  

Many more types of ncRNAs have 

been proposed and also post-transcriptional modifications have been described for 

RNAs, which increase the variety of these regulatory molecules immensely [231, 232]. 

Their relevance and functional mechanisms are currently under investigation.  

Figure 10: LncRNAs apply diverse mechanisms to regulate 
gene expression 

(a-c) lncRNA can act by eviction or recruitment of proteins, such as chromatin 

modifiers, to DNA. (d) They can also act as scaffolds to bring different proteins 

together or by allosterically modifying their activity or DNA binding capacity. (e) 

Furthermore, they can influence chromatin looping, for example, between 

promoters and enhancers (see section 1.1.3.6).           Source: adapted from [230] 
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1.1.3.6 Distal regulatory regions  

Promotors have long been known to be essential for the regulation of gene expression. 

However, increasing evidence 

has been obtained that also 

distal regulatory regions can 

silence or enhance gene 

expression (Figure 11) [234]. 

Enhancers have originally 

been defined as genomic 

elements, which act over a 

long distance (in average 

over ~20kb) to positively 

regulate the transcription of 

their target genes [235, 236]. 

The spatiotemporal activities 

of enhancers have been 

shown to be essential for the 

development, including the 

linage commitment and the cell type specific transcription control, and the response to 

stimuli [237-246].  

Enhancers contain binding sites for sequence-specific transcriptions factors, which in 

turn can recruit co-activators and co-repressors to define the activity of the enhancer 

[247]. Thereby the composition as well as the sequential binding of the factors can be 

crucial [50, 248-250]. How this is controlled in a spatial and temporally organized 

manner during development is not yet fully understood.  

Closed or poised enhancers are marked with monomethylated H3K4 (H3K4me1) and/or 

H3K27me3, while active enhancers are characterized to be accessible as well as marked 

by H3K27ac and H3K4me1 (Figure 12) [160, 244, 251]. Enhancers can also be 

transcribed by RNA polymerase II resulting in the expression of enhancer RNAs (eRNAs) 

[252]. Some studies suggest a functional role for the eRNAs [250, 253, 254]. For 

instance, there are hints that eRNAs might be involved in the formation or stabilization 

of chromatin loops between enhancers and their target genes or mediate chromatin 

remodeling [255-259]. A recent publication suggests that eRNAs may build a positive-

Figure 11: Gene regulatory regions  

Besides promoters, distal regulatory regions, such as enhancers, silencers or insulators, 

impact on the transcriptional outcome of a gene.  Source: [233] 
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feedback loop by stabilizing the transcription factor occupancy at the gene regulatory 

elements [260].  

 

 

Figure 12: Properties of different enhancer states 

Active enhancers are accessible for transcription factors (TFs) and RNA polymerase II and marked by H3K4me1 and 

H3K27ac, while closed or poised enhancers are marked by H3K4me1 and H3K27me3.  Source: [247] 

 

Mechanistically, experimental data suggest that enhancers are brought in close 

proximity to the genes they activate by chromatin looping (Figure 13) [261-263]. Latter 

seems to be mediated by transcription factors, the Transcriptional repressor CTCF 

(CTCF, CCCTC-binding factor), Cohesin, Mediator and the transcription machinery [258, 

264-266]. The long-range enhancer-promoter interactions enable the enhancers to 

influence transcription initiation or elongation [258, 267]. Promotors as well as 

enhancers can be engaged in several long-range interactions suggesting a potential 

combinatorial or cumulative regulatory mechanism [268-270]. Moreover, the promoter-

enhancer pairs may vary from cell-to-cell as there is a variability in the chromosomal 

structure between cells [271].  
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Figure 13: Schematic model of promoter-enhancer looping 

Transcription factors and chromatin modifiers bind to enhancers and complex with the preinitiation complex (PIC) and RNA polymerase II 

that bind to the promoter of a gene. To allow this complexation, chromatin undergoes looping so that a promoter and an enhancer are in 

close proximity. This structure can be stabilized by Cohesin. Enhancers can also be transcribed resulting in the production of enhancer 

RNAs (eRNAs).  Source: [272] 

 

Special types of enhancers have been reported. For example, locus control regions 

(LCRs) are defined ‚by their ability to enhance the expression of linked genes to 

physiological levels in a tissue-specific and copy number-dependent manner at ectopic 

chromatin sites‛ [273]. They can strongly enhance the transcription of its targets as 

shown for the β-globin LCR [274]. Super-enhancers are large clusters of enhancers 

occupied by key transcription factors and Mediator [275, 276]. They are controlling the 

expression of cell identity genes and are enriched at oncogenes in cancer cells [275, 

277, 278]. Furthermore, super-enhancers also respond to stimuli and are therefore 

important for the cellular reactions to environmental changes [279-281].  

1.1.3.7 Chromatin organization 

Evidences are increasing that also the dynamic spatial organization and the 

compartmentalization of the genome play an important role in the regulation of gene 

expression [13, 25, 282].  

Interphase chromosomes occupy distinct regions in the nucleus that are called 

chromosome territories (Figure 14) [283-285]. The chromosomes are not freely 

arranged in the genome, as major nuclear structural elements constrain some 

interactions and different domains within the chromosome territories are likely 

occupied by active or inactive chromatin, respectively [13]. For instance, centromeres, 
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telomeres and genes encoding ribosomal RNA are located at particular regions in the 

nucleus [286-288]. In addition, large, evolutionarily conserved transcriptionally inactive 

chromatin regions have been described to interact with the nuclear lamina (lamina 

associated domains, LADs) or with the nucleolus (nucleolus associated domains, NADs) 

[289-292]. These regions can be dynamically rearranged according to the expression 

change of the genes, for example during the differentiation of a cell [293-295]. 

Furthermore, transcribed genes were observed to cluster together in so-called 

transcription factories [296-298]. A recently developed model for the nuclear landscape 

proposes that the active and inactive nuclear compartments are spatially co-aligned 

[299].  

Not only more intra-chromosomal than inter-chromosomal interactions occur, but also 

certain regions within the chromosome show higher contract frequencies compared to 

inter-domain interactions [300, 301]. For instance, the promoter-enhancer looping 

mostly occurs within these topologically associating domains (TAD) [258, 302-304]. The 

borders of the TADs are enriched for CTCF, Cohesin and the Mediator complex as well 

as for highly transcribed housekeeping genes [302, 305].  

 

 

Figure 14: Three-dimensional organization of the mammalian genome 

The DNA is wrapped around nucleosomes (nucleosomal scale). Due to chromatin interactions between different regions, for example by 

chromatin looping, the chromatin is further folded. These interactions mainly occur within topologically associating domains (TADs). 

Furthermore, transcriptionally active regions (A) can cluster together and transcriptionally inactive regions have been found to interact 

with nuclear compartments such as the nuclear laminar or the nucleolus (B). Chromosomes occupy distinct regions in the nucleus called 

chromosome territories (nuclear scale).  Source: [305] 
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1.2 The effect of ultraviolet light on cells 

1.2.1 UV light induces DNA damage 

Cellular DNA is continuously confronted by endogenous or exogenous stimuli, which 

could directly or indirectly induce DNA damage. Endogenous DNA damage agents are, 

for example, reactive oxygen species (ROS) or other reactive molecules produced by 

biochemical reactions like metabolic processes inside the cell [307]. In addition, 

environmental cues can damage DNA such as ionizing or ultraviolet (UV) radiation. 

These damages range from base 

modifications to DNA double-strand 

breaks [308]. UV-induced DNA damages 

are primarily cyclobutane pyrimidine 

dimers (CPDs), pyrimidine 6-4 pyrimidone 

photoproducts (6-4PPs), and their Dewar 

isomers, but also DNA double-strand 

breaks (Figure 15) [306]. UV light can also 

damage the DNA indirectly by the 

generation of reactive oxygen species 

[309]. The solar UV light that is not absorbed by the ozone layer can induce under 

strong sunlight conditions around 100,000 lesions per hour in an exposed cell [310]. 

DNA damages pose an enormous risk for the cell as they can have profound 

consequences on the cellular function. The damaged DNA may lead, for example, to 

aberrant or even non-functional gene products, which would consequently affect the 

cellular processes they are involved in. Thus, preserving the genome integrity is 

essential for the function and viability of cells. In order to reverse the damages, several 

DNA repair pathways have evolved, each of them specialized for specific DNA lesions. 

The UV-induced mutagenic photodimers or other helix-distorting base lesions are 

repaired by the nucleotide excision repair (NER) (Figure 16) [311, 312]. The NER system 

is variable, but contains common steps including the recognition of the DNA damage, 

unwinding of the DNA, cleavage and excision of the damaged sites and finally the new 

synthesis of the removed parts with ligation of the cut sites [313, 314]. The global-

genome NER (GG-NER) is able to repair DNA lesions throughout the genome 

independent of its structural and functional status and prevents mutagenesis [311, 315]. 

Figure 15: Structure of DNA duplexes with 

common UV-induced DNA lesions 

Structures of CPD, 6-4PP and 6-4 Dewar dimer lesions are shown in 

green. Hydrogen atoms are not shown. Used PDBs: 1TTD, 1CFL, 1QKG. 

Source: [306] 
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Transcription-coupled NER (TC-NER, TCR) is instead specialized for an efficient repair of 

DNA lesions that occur in the template DNA strand of actively transcribed genes [314, 

316-320]. The DNA lesion leads to a stalling of the RNA polymerase II during the 

transcription elongation, which triggers the repair of the damage and then allows a fast 

resumption of the transcription after the successful repair [315]. The stalled RNA 

polymerase can not only activates TC-NER, but also DNA damage signaling or, if the 

blockage persists, the Cellular tumor antigen p53 (TP53) dependent apoptosis [318, 

321, 322]. DNA double-strand breaks are mainly repaired by non-homologous end-

joining (NHEJ), homologous 

recombination (HR) or 

alternatively by more error-prone 

repair pathways [323, 324].  

 

 

 
 

 

 

 

 

 

 

Figure 16: Nucleotide excision repair 

A schematic illustration of the global-genome NER 

(GG-NER, left) and the transcription-coupled NER 

(TC-NER, right). A complex containing the damage 

sensor XPC (DNA repair protein complementing XP-

C cells homolog) and the UV-DDB (ultraviolet (UV) 

radiation- DNA damage-binding protein) complex 

are recognizing the damages induced by UV 

irradiation and initiate the GG-NER (1-3 left). TC-NER 

is started by the indirect recognition of the DNA 

damage by a stalled RNA polymerase II (RNA Pol II) 

at a lesion during transcription elongation (1-3 

right). Following the damage recognition, the 

transcription initiation factor IIH (TFIIH) complex is 

recruited to the DNA lesion in both pathways and its 

helicase activity helps unwinding the DNA around 

the lesion (4). The Replication protein A (RPA) is 

recruited to coat the undamaged strand. Recruited 

endonucleases induce incisions 5’ to the lesion (5) 

and 3’ to the lesion (6), which leads to the excision of 

a 22-30 nucleotide-long DNA strand including the 

DNA lesion (6). The 5’ endonucleases recruit the 

Proliferating cell nuclear antigen (PCNA) that in turn 

recruits DNA polymerases. The DNA polymerase fills 

the gap by synthesizing DNA using the non-

damaged strand as a template (7). The nicks are 

finally sealed by DNA ligases (8).  Source: [311] 
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If the cells fail to repair the damages, mutations in the cells will arise and increase the 

risk for malignant transformation towards carcinogenesis [325-327]. For example, the 

risk for skin cancer is 2,000- to 10,000-fold higher in xeroderma pigmentosum (XP) 

patients with defective NER compared to the general population and the cancer also 

occurs at a significantly younger age in these patients [328].  

The DNA damage response (DDR) comprises the recognition of the damage that lead 

via mediators and signaling cascades to the activation of effector molecules, which 

induce cellular responses such as DNA repair, chromatin remodeling and control of 

transcription, cell cycle progression and cell fate (Figure 17) [310, 329]. For example, the 

cells might arrest in their cell cycle to protect the propagation of damaged or incorrect 

genetic information and induce expression and chromatin changes [329]. UV irradiation 

can also induce programmed cell death, which is important to prevent mutagenesis 

and the establishment of disease [330]. 

 

Figure 17: A scheme of the DNA damage response 

Different intrinsic and extrinsic cues lead to various types of DNA lesions. The process of DNA damage response 

comprises transcription modulation, cell cycle regulation and DNA damage repair. In case the damage is too severe, cells 

will undergo cell death or the mutations may lead to malignant transformations.  Source: [331] 
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1.2.2 Influence of UV exposure on gene expression 

Gene expression is widely affected in cells, which have been exposed to UV light. For 

example, bulky DNA lesions are able to hinder RNA polymerase elongation leading to 

transcription arrest and induction of TC-NER [315, 332, 333]. However, the RNA 

polymerase can sometimes also bypass the lesions causing transcriptional mutagenesis 

(translesion bypass synthesis) [334-336]. During nucleotide excision repair, the complex 

of the general transcription initiation factor IIH (TFIIH) is recruited to the DNA damage 

site [337]. Furthermore, the basal transcription factor TFIID/TATA-box-binding protein 

(TBP) can bind to DNA lesions caused by cisplatin treatment or UV irradiation due to 

their structural similarity with the TATA boxes [338, 339]. The recruitment of basal 

transcription factors to damaged DNA may contribute, at least locally, in transcription 

inhibition of non-damaged genes by reducting the pool of available transcription 

factors [337, 338].  

Besides the DNA damage mediated transcription changes, many genes are de-

regulated as part of the UV-induced DNA damage response. For example, the so-called 

primary response genes are rapidly induced in their expression after cellular stimulation 

by pre-existing transcription factors [340, 341]. Among the UV-induced immediate early 

genes are the transcription factors Proto-oncogene c-Fos (c-Fos, Fos) and Transcription 

factor AP-1 (c-Jun, Jun), which dimerize to the activator protein 1 (AP1) complex that 

activate the transcription of other genes [342, 343]. The importance of the AP1 complex 

in cellular protection and survival rather than DNA repair in response to UVC irradiation 

has been demonstrated in mouse 3T3 fibroblasts lacking c-Fos [344]. After UV 

irradiation, these cells strongly reduced transcriptional induction of the tested AP1 

target genes and, while still being able to repair UV-damaged DNA, exhibited increased 

cell death and delayed re-entering into the cell cycle of the UV-arrested cells [344]. 

The transcriptional or post-transcriptional activation of UV-induced transcription factors 

can be mediated via signaling cascades initiated by the UV light [345-347]. For 

example, UV irradiation induces different Mitogen-activated protein kinases (MAPKs) 

and Nuclear factor NF-kappa-B (NFκB) signaling pathways (Figure 18) [348-351]. These 

MAPK signaling pathways, especially the c-Jun N-terminal kinase (JNK1-3, MAPK8-10) 

activating pathway, can result into the transcription activation of AP1 components and 

furthermore increase the activity of AP1 by post-translational phosphorylation of the 

newly synthesized as well as the pre-existing AP1 components [342, 345, 347, 351-361]. 
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The MAPKs are important for the regulation of cell growth, chromatin remodeling and 

cell death [309]. 

 

 

Figure 18: UV light induces MAPK and NFκB signaling cascades 

UV light induces signaling cascades in the cells. The signal is transferred by kinases that sequentially phosphorylate each other and finally 

result in the activation of certain transcription factors. These regulate the expression of genes important for the stress response.  

Source: [362] 

 

Different kinases, such as JNK1 (MAPK8), p38 (MAPK14), ERK1/2 (MAPK3/Mapk1), and 

ATR, can phosphorylate the Cellular tumor antigen p53 in response to UV radiation, 

which increases the activity of the transcription factor [363-366]. TP53 protein levels are 

also increased in response to UV exposure [367, 368]. TP53 is a tumor-suppressor that 

can mediate in response to cellular stress G1 and G2 cell cycle arrest [369-373]. The G1 

cell cycle arrest allows DNA repair before the DNA replicates. However, UV-induced G1 

arrest can occur even independent of TP53 [374]. TP53 can further induce apoptosis to 

eliminate damaged cells that might become carcinogenic [375-377]. Whether TP53 

mediates cell cycle arrest or cell death depends on many factors such as the cellular 

properties, the intensity of the stress signal and the molecular regulation of the TP53 

target choice [309, 371, 378]. Furthermore, TP53 might contribute to the NER [309]. UV 

irradiation can also induce mutations in the Tp53 gene, which can lead to skin cancer; 
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this further underlines the protective function of TP53 in response to UV irradiation 

[309, 379-381]. 

TP53 can also regulate the expression of large intergenic non-coding RNAs [382]. One 

of them, lincRNA-p21, has been 

shown to associate with the 

Heterogeneous nuclear ribonucleo-

protein K (hnRNP-K) and to localize 

the repressive complex to its targets 

(Figure 19) [382]. The function of 

the lincRNA-p21 is required for 

TP53-dependent apoptosis [382]. 

Also other non-coding RNAs have 

been reported to be modulated in 

their expression in response to DNA 

damage and to fulfill important 

functions during the DDR [383-389]. 

The lncRNAs can mediate their 

response by interaction with 

transcription regulators or chromatin modifiers [382-385]. Recently, a significant 

deregulation of the expression of many long non-coding RNAs in UVB-irradiated 

melanocytes has also been reported [390]. 

  

1.2.3 Chromatin changes following UV radiation 

UV exposure and the induced DNA damage lead to a wide range of chromatin 

modulations. For example, nucleosome rearrangement following UV treatment have 

been reported which resulted in the access/prime-repair-restore model (Figure 20) 

[391-393]. This implies that the damaged DNA becomes accessible and thereby primed 

for the binding of repair factors and after successful repair, the chromatin is restored. 

ATP-dependent chromatin remodeling factors are important for mediating these 

chromatin changes as it has been shown that these alterations require ATP hydrolysis 

and members of all four families of ATP-dependent chromatin remodelers can be 

recruited to the damaged sites [394, 395]. For instance, it has been demonstrated that 

members of the INO80 or SWI/SNF families catalyze the chromatin relaxation required 

Figure 19: TP53-induced lincRNA-p21 mediates gene 
repression required for apoptosis 

TP53 induces the expression of the large intergenic non-coding RNA 

lincRNA-p21, which interacts with hnRNP-K. The lincRNA-p21 helps recruiting 

the repressive complex to its targets. This process is involved in TP53-

induced apoptosis during the DDR.  Source: [382]            
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for the initial steps of the nucleotide excision repair (Figure 20) [396-398]. The 

chromatin remodelers contribute to efficient DNA repair and can thereby reduce the 

risk for apoptosis [399].  

 

Figure 20: Epigenetic mechanisms involved during the repair of UV-induced DNA damage 

To allow DNA repair, e.g. by GG-NER (left) or TC-NER (right), the chromatin is opened with the help of histone modifiers, histone 

chaperones and chromatin remodelers. This allows DNA repair factors to bind and to efficiently repair the damage. Afterwards, the 

chromatin is restored (‚access, repair, restore‛ model). Source: [311] 

 

The chromatin changes during the DDR include the exchange of histone variants 

(Figure 21) [392, 400]. For instance, the histone chaperone histone regulator A (HIRA) 

deposits H3.3 at the UV-damaged sites, which seems to prime the chromatin for 

transcription restart after the DNA repair and to be essential for the replication fork 

progression after UV damage [401, 402]. The histone chaperone Chromatin assembly 

factor 1 (CAF-1, CNOT7, CCR4-NOT transcription complex subunit 7), which is recruited 

in a NER-dependent manner to the damaged sites, incorporates the histone variant 

H3.1 after the repair of UV-induced DNA damage [403, 404]. Also the histone variants 

H2A.X and H2A.Z show enhanced dynamics following UV microirradiation [405, 406]. 

The histone chaperone FACT (facilitates chromatin transcription) mediates H2A and 

H2B exchange at UV-induced DNA damage sites, which is important for the 

transcription restart of the stalled RNA Polymerase II [407]. These examples show the 
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dynamics of histone exchange in response to UV and illustrate that the histone variants 

can fulfill different roles during the DNA damage response.  

 

Figure 21: Dynamics of H2A and H3 variants in response to DNA damage 

DNA damage response kinases phosphorylate H2A.X in response to DNA double-strand breaks. This initiates a bidirectional spreading of 

the γH2A.X and inhibits the H2A.X/H2A exchange by the histone chaperone FACT. The nucleosomal organization becomes restored after 

the repair with the help of histone chaperones (purple) and chromatin remodelers (blue). For instance, new H3.1 is deposited by the 

Chromatin assembly factor 1 (CAF-1).  Source:  [392]   

 

Also post-translational histone modifications are crucial players in the spatiotemporal 

regulation of the DDR [408]. The most well-known example for a DNA damage induced 

histone modification is the phosphorylation of H2A.X by kinases of the 

phosphoinositide 3-kinase-like kinase family [409]. The establishment of γH2A.X around 

DNA double-strand breaks is an early and important step in the DNA damage response 

and leads to checkpoint activation, cell cycle arrest, recruitment of repair proteins and 

DNA repair [409]. The Mediator of DNA-damage checkpoint protein 1 (MDC1) binds to 

γH2A.X and recruits important DNA damage response proteins to the damage sites 

such as the MRN (Mre11-Rad50-Nbs1) complex or the ATM kinase [410-414]. γH2A.X 

can spread up to around 1.7 x 106 bp around the break and can be induced by UV 

irradiation [415-419]. 

Besides the phosphorylation of H2A.X, many histone modifications are modulated upon 

DNA damage and mediate important DNA damage responses [420-422]. For instance, 
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the histone marks H3K9ac and H3K56ac have been reported to be reversibly reduced in 

response to DNA damage [420]. H3S28 phosphorylation has been found to occur at 

50% of all stress-induced genes in 3T3 fibroblast cells [422]. The phosphorylation of 

H3S28 contributes to the dissociation of histone deacetylases, which results in an 

enhanced transcription of the respective genes [422]. The histone acetyltransferase 

KAT2A (KAT2A, GCN5) and p300 are implicated in mediating acetylation changes in 

response to UV irradiation [423]. Also further post-translational modifications such as 

methylation, ubiquitylation, SUMOylation, neddylation, poly(ADP-ribosyl)ation are 

important for the DNA damage response [408, 423]. 

The changes in histone modifications, histone 

variants and chromatin remodeling are occurring 

highly interconnected. For instance, phosphorylation 

of H2A.X facilitates the FACT-mediated exchange of 

H2A.X [424]. In response to ionizing radiation, γH2A.X 

stimulates the acetylation of H3 on the γH2A.X 

nucleosome to which the SWI/SNF chromatin 

remodeler binds with its bromodomain [425]. The 

SWI/SNF chromatin remodeler is further required for 

the phosphorylation of H2A.X and the DNA repair, 

establishing a feedback loop between these features 

to promote the DNA double-strand repair (Figure 22) 

[425]. 

Distal regulatory regions might also play a role in the 

DDR as genome-wide analyses of TP53 occupancy in 

human and mouse cells revealed a predominant 

binding of TP53 to enhancer regions [387]. 

Furthermore, spatial chromatin reorganization has 

been observed in response to DNA damage [185, 

427, 428]. The role of distal regulatory elements and 

of potential chromatin movements during UV-

induced DDR need to be further explored in 

mammalian cells. 

Figure 22: The interplay of 
chromatin modifications to promote 

DNA repair 

Histone acetylation by GCN5 and the SWI/SNF 

chromatin remodeler (Transcription activator 

BRG1 (Smarca4)) promote H2A.X phosphorylation 

by ATM in a feedback loop. γH2A.X and MOF1-

catalzyed H4K16ac recruit MDC1. MDC1 mediated 

recruitment of factors important for the DNA 

damage response and histone deacetylation by 

HDACs promote DNA repair. Source: [426] 
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1.3 Circadian rhythm  

1.3.1 Adaptation of organisms to circadian rhythm 

Many organisms, from prokaryotes to eukaryotes, have evolved an endogenous clock 

to conform their behavior and physiological processes to the 24 h day-night cycle 

caused by the rotation of the earth on its axis [429-432]. This not only allows these 

processes to occur at the appropriate time of the day, but also entails the organism to 

foresee and react in accordance with environmental changes [433, 434]. For example, 

the circadian rhythm plays a role in the regulation of the cardiovascular system, the 

renal system, the metabolism, the endocrine system, the immune system, the body 

temperature and the reproductive system and is connected with the cell cycle 

regulation and the DNA damage response [435-438]. These diverse functions also 

become visible in the variety of diseases, including sleep disorders, metabolic 

syndromes, cardiovascular as well as psychiatric diseases and cancer, which are linked 

to disruptions of this timekeeping mechanism (Figure 23) [435, 439-441].  

 

 
 

Figure 23: Schematic view on the input and output signals of circadian oscillations 

The central oscillator (masterclock) receives its input signals (Zeitgeber) from the environment, which are mainly light, 

but also temperature. After integrating them, the masterclock in turn sends signals to the peripheral tissues (peripheral 

clocks) to synchronize their cell-autonomous oscillations. Furthermore, the oscillations of the peripheral clocks are also 

influenced by the metabolism. The cellular oscillations are based on transcription-translation feedback loops and 

additional regulatory mechanisms. A disruption of these oscillations can result in deregulation of normally circadianly 

occurring physiological processes and ultimately in a large variety of diseases.   Source: [442] 

 

The cellular circadian rhythms are self-sustainable, but synchronized to and entrainable 

by the environment. Therefore, the organisms recognize external cues that are termed 

‚Zeitgeber‛. The main stimuli are photic cues that are recognized by the eyes and are 

transmitted mainly by the retinohypothalamic tract (RHT) to the suprachiasmatic 
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nucleus (SCN), which is located in the anterior hypothalamus of the central nervous 

system. The SCN is the master circadian peacemaker in mammals, which entrains the 

intrinsic circadian rhythm of the other cells/tissues in the body via neuronal or 

hormonal pathways (Figure 24) [443, 444]. These peripheral clocks can furthermore be 

influenced by food intake or temperature [444-448]. 

 

 

Figure 24: The SCN entrains the peripheral clocks to the day-night cycle 

The SCN integrates external stimuli and coordinate via neural and humoral signals the circadian rhythm of the peripheral tissues. Essential 

biological processes of the different tissues are under circadian regulation.   Source: adapted from [449] 
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1.3.2 Transcription-translation feedback loops establish the cellular circadian 

rhythm 

The cell intrinsic circadian rhythm is regulated by the core clock factors, which act in 

interlocking transcriptional feedback loops with post-transcriptional and post-

translational regulation (Figure 25) [450]. The helix-loop-helix transcription factors 

Circadian locomoter output cycles protein kaput (CLOCK) and Aryl hydrocarbon 

receptor nuclear translocator-like (ARNTL, BMAL1) heterodimerize, bind mainly to E-

box DNA motifs and activate the transcription of a high number of genes, called the 

clock-controlled genes (CCGs) [451-453]. They also activate the transcription of Period 

circadian protein homolog 1-3 (Per1, Per2, Per3) and Cryptochrome (Cry1, Cry2) genes, 

which build the repressive components of one transcription-translation feedback loop 

[454-459]. PER and CRY proteins build a heterodimer, translocate from the cytoplasm 

into the nucleus, where they interact with the CLOCK-BMAL1 dimer to inhibit its 

transcription activation ability [458].  Ubiquitin-dependent degradation of PER and CRY  

 

 

Figure 25: Molecular regulation of the mammalian circadian clock 

The circadian rhythmicity is established by two cell-intrinsic autoregulatory transcription-translation feedback loops. One 

feedback loop is composed of the activating dimer CLOCK-BMAL1 and their target genes Per and Cry, whose products 

close the negative feedback loop. PER and CRY stability are regulated post-translationally by the E3 ubiquitin ligase SCF 

(Skp1-Cullin-F-box protein) and the kinases CK1 (Casein kinase 1) and AMPK (AMP kinase). Another feedback loop 

contains the CLOCK-BMAL1 targets Ror and Rev-erb. Furthermore, the CLOCK-BMAL1 dimer activates more target 

genes that are referred to as clock-controlled genes (CCGs).  Source: [460] 
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lead to the derepression of the CLOCK-BMAL1 complex, so that the cycle with a  

periodicity of around 24 h can proceed [461-464]. This feedback loop is strongly post-

translationally regulated. For example, kinases/phosphates, (de)acetylases or E3 

ubiquitin ligases target PER and CRY proteins to control their cellular localization and 

stability [464-469]. Also post-translational regulated proteosomal degradation of 

CLOCK-BMAL1 seems to impact on robust circadian transcription of their downstream 

targets [470]. In a second interlocked feedback loop, the CLOCK-BMAL1 targets Nuclear 

receptor ROR (Retinoid-related orphan receptor, RORα, β, γ; activators) and Nuclear 

receptor subfamily 1 group D members (NR1D1 (REV-ERBα), NR1D2 (REV-ERBβ); 

repressors) assure the rhythmic expression of BMAL1 [471-476].   

These transcription-translation feedback loops are 

required for the maintenance of the cell intrinsic 

circadian rhythm. CLOCK-BMAL1 as well as the other 

components of the core clock network further 

control the transcription of other genes [479-481]. 

The down-stream targets can themselves be 

transcription factors inducing rhythmic expression of 

their targets or be involved in diverse cellular 

processes, thereby establishing the circadian 

phenotype of the cells (Figure 26). While the 

expression of nearly half of all protein-coding genes 

have been observed to oscillate in some tissue of the 

body, the set of clock controlled genes in a cell are 

largely cell-type specific [482-485].  

Genome-wide binding studies for the core clock components and for the RNA 

polymerase II during circadian rhythm suggest a global circadian regulation of 

thousands of expressed genes, independent of a detectable cycling transcript, with 

temporally separated phases along the day [479]. The cycle contains a transcriptionally 

poised state around the circadian time (CT) 23 h to 4 h with the initiation form of RNA 

polymerase II and CRY1 binding at the promoters, an activation phase at CT 5 h to 10 h 

with CLOCK and BMAL1 binding, which then activates transcription peaking at CT 15 h 

and a final repression phase at around CT 15 h to 22 h with decreased CLOCK-BMAL1 

Figure 26: Circadian transcriptional 
cascades 

CLOCK-BMAL1 induce circadian expression of the 

transcription factors DBP (D site-binding protein) 

and TEF (Thyrotroph embryonic factor), which 

themselves regulate the circadian transcription of 

the Constitutive androstane receptor (Car, Nr1i3); 

CAR controls circadian xenobiotic metabolism via 

its downstream targets [477].  Source: [478] 
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binding and highest PER1, PER2 and CRY2 occupancy (Figure 27) [479]. While these 

results were obtained for the internal clock, the authors of another study reported 

bimodal transcription phases of RNA polymerase II in mice kept under 12 h light and  

12 h darkness conditions [486]. More studies regarding polymerase II activity will be 

required to fully understand the transcriptional regulation during diurnal cycles. 

 

 

Figure 27: Circadian transcriptional cycle 

Core clock factors, RNA polymerase II, some chromatin modifiers as well as some histone modifications occur at the 

DNA at specific times during the day and thereby lead to circadian transcriptional cycles.   Source: [479] 

 

In line with many other reports, both studies further point to the importance of RNA 

half-lives and post-transcriptional mechanisms in the establishment of the circadian 

expression variety that includes cycling of mature RNAs distributed across all phases 

[479, 486-489]. These post-transcriptional mechanisms can modulate the expression 

patterns during the day so that circadian transcribed genes may finally not oscillate on 

mRNA or protein level or that a constantly transcribed gene is cyclically expressed on 

mRNA or protein level [490]. Non-transcriptional mechanisms have been shown to be 

sufficient to sustain circadian rhythm for a certain time and circadian post-translational 
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modifications also occur in red blood cells, in which no transcription is performed due 

to the lack of DNA [491, 492].  

In summary, these results indicate that transcription is widely circadianly regulated, 

while rhythmic gene expression is regulated on top via additional mechanisms.  

1.3.3 Epigenetic modulations can occur in a circadian pattern 

Associated with the observed circadian transcriptional cycles are rhythmic chromatin 

alterations. Similar to pioneer 

transcription factors, CLOCK-BMAL1 

can bind to its targets sites within 

nucleosomes and then stimulates 

nucleosome removal to further allow 

binding of other transcription factors 

that influence the transcriptional 

output and contribute likely to the 

tissue specificity of the circadian 

expression (Figure 28) [493].  As the 

TSS are in general more nucleosome 

depleted, these changes are especially 

predominant if CLOCK-BMAL1 

binding occurs in gene bodies or 

intergenic regions [493]. These 

rhythmic changes in chromatin 

accessibility are associated with 

chromatin modulations such as 

oscillating occurrence of H2A.Z and histone modifications at the CLOCK-BMAL1 

binding sites [493].  

For example, the presence of the histone modifications H3K9ac, H3K4me3 and 

H3K27ac at the transcription start site of most expressed genes shows robust cycles 

with highest enrichment at the activation or transcription/repression phase [479]. The 

occupancy of the transcription factors, histone modifications and the RNA polymerase 

II at intergenic enhancers was observed to be circadian modulated like for promoters, 

but may differ for some histone modifications in phase [479, 493]. The occurrence of 

Figure 28: CLOCK-BMAL1 binding induces rhythmic 

chromatin changes 

CLOCK-BMAL1 binding to E-box elements results in rhythmic chromatin 

opening, histone variant exchange and post-translational modifications. 

Source: [493] 
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other histone marks, such as the enhancer mark H3K4me1, the with inactive chromatin 

associated mark H3K9me3 or the transcription elongation marks H3K36me3 and 

H3K79me2, are barely or less pronounced circadianly affected [479, 486, 494].  

The establishment of the circadian histone modification occurrence is regulated by 

various mechanisms, as it can be exemplified for H3K4me3. Two histone 

methyltransferases, Mixed lineage leukemia 1 and 3 (MLL1 and MLL3; also named 

Histone-lysine N-methyltransferase 2A and 2C (KMT2A and KMT2C)) have been 

connected to the ability to establish circadian H3K4me3 patterns; however, they 

function in different manners. Both methyltransferases require an intact clock network, 

but only MLL3 is circadian expressed [494, 495]. Recruitments of both enzymes to 

promoters are circadian, but only MLL1 is co-recruited with the CLOCK-BMAL1 complex 

and consequently directly associated to histone acetylation, since the transcription 

factor CLOCK itself is a histone acetyltransferase [494-496]. The activity of MLL1 relies 

on its acetylation level, which is controlled in a circadian fashion by the NAD+-

dependent protein deacetylase sirtuin-1 (SIRT1), providing a link of circadian histone 

modifications to the energy metabolism [497]. SIRT1 associates with CLOCK and 

deacetylates acetylated BMAL1, H3K9 and H3K14 in a circadian manner [498].  

Post-translational histone modifications seem also to be involved in the proper process 

of the transcription-translation feedback loops underlying circadian rhythm. It has been 

described that during the negative feedback loop, Per proteins recruit first the histone 

deacetylase HDAC1 and 4 h later the HP1γ-associated Histone-lysine N-

methyltransferase SUV39H1 (SUV39H1), which catalyzes the methylation of H3K9, to 

the Per1 and Per2 promoters to repress the transcription of these genes [129, 499]. 

Furthermore, CLOCK-BMAL1 mediated H2B mono-ubiquitinylation may link the positive 

and negative feedback loops by establishing chromatin changes that promote PER 

complex association and CLOCK-BMAL1 complex dissociation [500].  

The acetyltransferase CBP/Ep300 has been reported to co-occur with Clock and to 

contribute to the CLOCK-BMAL1 mediated transcription of Period and Cryptochrome 

genes [501]. Furthermore, Ep300-mediated modulation of the CLOCK-BMAL1 

transcriptional activity might occur in a cell-type specific manner based on its 

interaction with different co-factors [502]. 
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Also the histone deacetylase HDAC3 has been shown to be critical for circadian rhythm. 

The circadian HDAC3 occupancy is regulated by REV-ERBα and is phase-shifted with 

the RNA polymerase II recruitment to the respective sites [503]. HDAC3 contributes 

independent of its enzymatic activity to the robustness of circadian gene expression by 

modulating the function of key core clock factors during the repression as well as 

activation phase of the circadian rhythm [504].  

Studies of the clock-controlled gene D site-binding protein (Dbp) illustrate the interplay 

of transcriptional mechanisms with epigenetic regulation and furthermore exemplify 

that besides post-translational histone modifications, also other epigenetic mechanisms 

are involved in the regulation of circadian rhythm. The binding of CLOCK-BMAL1 to the 

E-box elements of Dbp is accompanied by H3K9 acetylation, H3K4 trimethylation and a 

gain of chromatin accessibility, while during the repressive phase H3K9 is dimethylated, 

Heterochromatin protein 1α (HP1α) binds and the nucleosome density increases [505, 

506]. Moreover, not only local chromatin remodeling has been described at the Dbp 

locus, but also changes in its long-range interactome during the circadian rhythm [507]. 

This indicates that the nuclear topological organization may undergo diurnal 

alterations. 

DBP is a D-box binding transcription factor that acts mainly downstream of the core 

clock network and can induce cyclical transcription of its target genes likely by its 

cyclical occupancy at promoters and distal regulatory elements [481, 505, 508-510]. The 

impact of enhancers in circadian transcription regulation have been highlighted in a 

study analyzing rhythmic enhancer RNA expression during circadian rhythm in mouse 

liver and comparing it to nearby gene transcription [481]. They revealed six enhancer 

groups whose activities are controlled by distinct transcription factors enriched in the 

particular phase such as the binding of D-box binding transcription factors between ZT 

9 and ZT 15 or Rev-erbα between ZT 18 and ZT 24 (Figure 29) [481]. The enrichment of 

the E-box motif between ZT 6 and ZT 9 is moreover in line with a previous report of 

BMAL1 occupancy at enhancer around CT 8 [479, 481]. 
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Figure 29: Phase-specific transcription factors activate enhancers resulting in circadian transcription 

of nearby genes 

A) Oscillating eRNAs in mouse liver are grouped based on their phase and the relative gene transcription of the closest genes are 

illustrated (within 200 kb of TSS). B) Motifs that are specifically enriched in certain eRNA groups are highlighted in a clock diagram.  

Source: [481] 

 

Besides eRNAs, other non-coding RNAs are also involved in circadian rhythm. For 

example, miRNAs can adjust the rhythmic transcriptome post-transcriptionally, also of 

core clock members [511-513]. Also long non-coding RNAs with circadian expression 

have been reported, among them are also antisense transcripts of the core clock genes 

Per1, Per2 and Per3 [479, 482, 514-516]. In Neurospora, the sense and antisense 

transcription of a core clock component establishes a regulatory mechanism 

influencing the core clock network [516-519]. However, the role of lncRNAs in the 

regulation of circadian gene expression in mammals is so far not explored in detail. 

DNA methylation has been implicated in the entrainment of the circadian rhythm. The 

promoter DNA methylation as well as the transcription has been found to reversibly 

change in the SCN under altered environmental conditions, indicating that DNA 

methylation might be involved in regulating circadian clock plasticity in the SCN [520].  

The provided examples elucidate that epigenetic regulators themselves are often 

regulated in a circadian manner and that the sustainment of circadian rhythm is 

regulated by several feedback-loops encompassing transcriptional, epigenetic and 

post-transcriptional mechanisms. 
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1.4 Embryonic neurogenesis 

1.4.1 Development of the central nervous system 

The life of a multicellular organism starts with the fertilization of an egg cell by a sperm. 

This diploid zygote undergoes multiple divisions to form the blastula. The inner cell 

mass of the blastula contains pluripotent cells, which can self-renew and can also give 

rise to the different cell types of the body. During gastrulation, the cells are arranged 

into distinct cell layers, which will give rise to the three different germ layers, namely 

ecto-, meso- and endoderm [521]. Under the control of certain stimuli, the cells of the 

different layers will then differentiate spatiotemporally tightly organized into distinct 

cell types. The ectoderm undergoes neurulation and results into three major parts, the 

epidermal ectoderm, the neural crest cells that are precursors of the peripheral nervous 

system and the neural tube cells that will become the central nervous system (CNS) 

[522]. The neural tube develops into distinct regions of the CNS, namely the pros-, mes- 

and rhombencephalon, which will give rise to the brain and the spinal cord [523]. The 

neocortex, which fulfills sensory, motoric and cognitive functions, emerges from the 

telencephalon, a part of the prosencephalon, and forms histologically a six-layered 

structure in mammals [524]. The neocortex consists of two major classes of neurons 

originating from different regions of the telencephalon [525-527]. The inhibitory, 

GABAergic interneurons are largely generated in the subpallial (ventral) proliferative 

zone of the telencephalon (ganglionic eminences) and then migrate tangential into the 

neocortex, where they regulate local circuits [528-530]. The excitatory, glutamatergic 

projection neurons are instead derived from the cortical, pallial (dorsal) 

neuroepithelium, migrate radial towards the pial (basal) surface and project to cortical 

and subcortical brain regions [531, 532].  

The cortical neurogenesis in a mouse starts at E10.5, when neuroepithelial (progenitor) 

cells (NE, NPE; neural stem cells, NSCs) not only proliferate to expand the 

neuroepithelial layer, but also give rise to radial glial cells (Figure 30) [524, 533, 534]. 

These cells exhibit, like the neuroepithelial cells, apical-basal polarity with processes to 

the apical (ventricular) and basal (pial) surface, but also additional astroglial properties 

[534, 535]. Radial glial cells further divide most of the time asymmetrically to give rise 

to another radial glial cell and to a more committed neural progenitor cell or directly to 

a neuron [536-538]. Radial glial cells, for example, generate basal (outer) radial glial 
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cells or intermediate progenitors that can further proliferate and differentiate into 

neurons [539-547]. 

 

Figure 30: A schematic illustration of cortical neurogenesis 

Radial glial cells and their derivates differentiate into neurons, which migrate along the processes of radial glial cells to 

the outer layer. This process results into the six-layered structure of the cortex with an ‚inside-out‛ fashion. The 

embryonic day is mentioned below (e.g., E11 for embryonic day 11). 

Source: [548], adjust according to [549] 

 

These processes are not only temporally, but also spatially well defined. The 

neuroepithelial and apical radial glial cells build the lowest layer, which is named the 

ventricular zone (VZ). The progenitors emerged from radial glial cells such as basal 

radial glial cells and intermediate progenitors, which have retracted their processes, 

move dorsal of the VZ and build the subventricular zone (SVZ) (Figure  31). Neurons 

finally migrate along the processes of the radial glial cells to the cortical plate (CP), 

whereby the newer neurons are always moving on the top layer of the cortical plate 

(‚inside-out fashion‛) [533, 550]. Furthermore, different subtypes of neurons are 

produced at different developmental stages, whereby the molecular mechanisms of 

defined linage commitments remain widely unclear [524, 544]. Also spatial information 

introduced by morphogen and signaling molecule gradients contributes to differential 

transcription factor expression in progenitors from different regions, which is important 

for regionalization of the cortex and may also influence neuron type specification [524, 

551, 552]. After the embryonic neurogenesis process is accomplished at around E17.5, 

radial glial cells will give rise to glial cell types like astrocytes or oligodendrocytes to 
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finally complete the complex network of the CNS [532, 533, 536, 539, 553, 554]. The 

development of the brain in terms of cell number and cell types is therefore highly 

dependent on the controlled proliferation and differentiation of neural stem cells and 

progenitor cells [534, 544].   

  
Figure 31: Neural progenitor types of the developing neocortex in rodents and primates 

The graphics shows different progenitor types that occur during development in the diverse layers of the neocortex in 

rodents (lissencephalic cortex) and in primates (gyrencephalic cortex).   Source: [544]  

1.4.2 Commitment of neural progenitors to neurogenesis 

During the embryonic development 

pluripotent stem cells first limit their 

differentiation potential towards the different 

linages and then undergo further stepwise 

restrictions in their potencies to differentiate 

into other cell types likely by long-term 

repression of developmental genes required 

for other linages and cell types (Figure 32) 

[555]. For example, they generate 

neuroepithelial cells, which give rise to 

progenitor cells of neurons, astrocytes and 

oligodendrocytes. These neural progenitor 

Figure 32: Stepwise restriction of the differentiation potential of stem cells during development 

Pluripotent stem cells commit first to the different linages, namely endo-, meso- and ectoderm and then further 

differentiate in the different cell types. For example, ectodermal stem cells differentiate into epidermal cells or into 

neural progenitor cells (NPCs). These give first rise to neurons and then later on to oligodendrocytes and astrocytes.    

Source: [555] 
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cells proliferate further, in order to be able to produce the large amount of brain cells. 

However, at distinct time points these progenitors commit to neural cell fate and 

differentiate directly or via a more committed progenitor cell into functional, post-

mitotic neurons. In order to coordinate the proliferation, cell cycle exit and 

differentiation of neural progenitors in a spatiotemporal manner to produce the 

appropriate number of neurons and glial cells, the gene expression needs to be tightly 

controlled by signaling, transcriptional and epigenetic mechanisms (Figure 33).  

 

Figure 33: Extra- and intracellular factors regulate the balance between neural progenitor 

proliferation and differentiation 

Signals from the environment as well as internal factors regulate the fate of neural progenitor cells. Among them are 

different signaling pathways, epigenetic mechanisms and transcription factors (TF). They determine if the progenitor 

cells keep proliferating or differentiate into neurons. Source: [550]  

 

1.4.3 Transcriptional control of neural progenitor fate 

The precise transcriptional gene regulation in neural progenitor cells is essential for 

controlling the coordinated expansion of the cortex together with the timely onset of 

differentiation. Several transcription factors fulfill key functions in the regulation of cell 

cycle, self-renewal and neuronal differentiation of neural progenitor cells.  

The Paired box protein Pax-6 (Pax6) is one essential transcription factor that controls 

among other functions the balance between self-renewal and differentiation of neural 

progenitors [556]. This factor comprises two contradictory functions: on the one hand it 

promotes the proliferation of neural progenitor cells and on the other hand it induces 

neurogenesis [557]. It has been suggested that this dual function of Pax6 is achieved by 

distinct subdomain activity, interaction of PAX6 with varying transcription factors or by 
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induction of different target genes based on the expression level of PAX6 [557-560]. 

For instance, PAX6 targets genes promoting neural progenitor self-renewal (e.g., Cyclin-

dependent kinase 4 (Cdk4), High mobility group protein HMGI-C (Hmga2)); however, at 

high concentration, Pax6 induces genes driving neurogenesis such as the proneural 

gene Neurogenin 2 (Ngn2) (Figure 34) [558, 559]. Murine cortical progenitors depleted 

for PAX6 or for other factors like LIM/homeobox protein Lhx2 (LHX2), Homeobox 

protein ARX (ARX), Homebox protein EMX1 and EMX2 (EMX1, EMX2), Forkhead box 

protein G1 (FOXG1, BF-1) and Nuclear receptor subfamily 2 group E member 1 (NR2E1, 

TLX) exhibit defects in progenitor propagation and brain growth [561-569]. Therefore, 

these factors seem to be important for neural progenitor proliferation.  

Also the initiation of the transition from radial glial cells to more committed progenitor 

cells or to neurons needs to be coordinated. Basic helix-loop-helix (bHLH) proneural 

factors like Neurogenin (NGN, NEUROG) and Achaete-scute homolog 1 (ASCL1, 

MASH1) are essential for the neuronal fate decision as well as neurogenesis and start to 

be expressed around the time of radial glia generation [570-573]. These transcription 

factors are even sufficient to induce neuron formation by ectopic overexpression and 

have further been shown to exhibit the potential to transdifferentiate or reprogram 

non-neuronal cells into neurons [574-580]. While ASCL1 is especially required for the 

induction of GABAergic interneurons in the ventral telencephalon, NGN2 drives 

neurogenesis of glutamatergic projection neurons in the dorsal telencephalon and 

suppresses the differentiation into GABAergic neurons [573, 581-583]. Similar to PAX6, 

also the bHLH factors can fulfill different functions regulated via post-translational 

modifications and expression patterns [573]. For example, oscillating NGN2 or ASCL1 

expression promote the cell cycle progression of neural precursor cells and sustained 

expression goes along with cell cycle exit and neuronal differentiation [584-587].  

Radial glial cells express the transcription factor PAX6, which induces Ngn2 expression 

that in turn activates the expression of the T-box brain protein 2 (Tbr2, Eomes; 

Eomesodermin homolog) [558, 588]. The up-regulation of TBR2 is associated with the 

transition of radial glial cells to intermediate progenitors or basal progenitors [541, 589, 

590]. Also the Insulinoma-associated protein 1 (Insm1) and the Transcription factor AP-

2 gamma (Tfap2c, AP2γ) induce the expression of Tbr2 and thereby regulate the 

generation and the cell fate of basal progenitors (Figure 34E) [591, 592]. NGN1 and 
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NGN2 further stimulate the expression of genes that promote cell cycle exit and 

neuronal differentiation; among them are bHLH differentiation factors such as Neurod 

transcription factors [582, 583, 593, 594]. These factors and T-box brain protein 1 (TBR1) 

are critical regulators during the generation of post-mitotic neurons [589, 595-597]. 

 

 

Figure 34: Illustration of the molecular regulation of the onset, progression and termination of 

neurogenesis in the rodent cerebral cortex 

During cortical neurogenesis neuroepithelial progenitors (A) give rise to radial glial cells (C), which are, for example, 

strongly regulated by the transcription factor PAX6 and the Notch signaling pathway (B). Radial glial cells then generate 

neurons either directly (D) or indirectly via another more committed progenitor cell (E). Here, the proneural factor NGN2 

plays an essential role. After the termination of neurogenesis, radial glial cells produce glial cells (F, G). Each of these 

steps is regulated via signaling pathways, transcription factors and epigenetic mechanisms of which some crucial factors 

are depicted in the illustration. Source: [567] 

 

Another layer constitutes signaling pathways that regulate the identity and fate of 

neural progenitor cells. Among these are, for example, Notch, Sonic hedgehog (SHH), 

Wnt/β-catenin, bone morphogenic protein (BMP), fibroblast growth factor (FGF) and 

retinoic acid (RA) signaling [550, 567]. Gradients of morphogens from these signaling 
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pathways lead to regional specific expression patterns in the neuronal precursor cells 

and furthermore influence the production of specific neuron types [567, 598, 599]. 

The Notch signaling pathway (Figure 35A) is induced at the time of the transition from 

neuroepithelial cells to radial glial cells (Figure 34B) [567]. It is important for the 

maintenance of radial glial cells and its repression promotes proneural genes and 

consequently direct or indirect neurogenesis (Figure 33 and 34C) [600-608]. The Notch 

signaling activates Hes factors, which in turn repress the expression of proneural genes 

such as Ascl1 and Ngn2, thereby inhibiting neurogenesis and promoting the radial glia 

maintenance [606, 609, 610]. Furthermore, it has been shown that the Notch target 

gene Transcription factor HES-1 (Hes1) exhibits an oscillating expression due to a 

negative feedback loop leading to an anti-phase oscillation with respect to the Notch 

ligand Delta-like protein 1 (Dll1), Ngn2 and Ascl1 [584-586, 611]. At the onset of 

neurogenesis, the oscillations stop due to still unknown reasons and while Hes1 keeps 

repressed, Ngn2 and Dll1 show constant high expression levels [585]. During the 

asymmetric division of radial glial cells, the daughter cell with the high Notch signaling 

remains a radial glial cell, while the other one with the low Notch signaling has high 

expression levels of Dll1 and proneural genes and starts to differentiate (Figure 35B) 

[550, 585, 588, 612]. The lateral inhibition of the cell adjacent to the differentiating cell 

ensures that an appropriate number of progenitors is maintained throughout the 

embryonic development [613] .  

These as well as several other factors and signaling pathways build a complex network 

regulating the identity and cell fate change of neural progenitor cells, which need to 

integrate all these signals to the proper response that will ultimately lead to the 

formation of the complex cortex structure. Nevertheless, more research is necessary to 

completely understand the regulatory relationships between the involved factors.  

 



1 Introduction 

 

48 

 

A              B 

 

Figure 35: The Notch signaling pathway is important for neural progenitor proliferation 

A) Notch ligands (green, e.g., Delta-like protein 1 (DLL1) or Protein jagged-1 (JAG1)) are endocytosed from the 

membrane of the ‘signal-sending cell’ (a). After re-establishing of the ligand at the membrane (c), it can bind to Notch 

(blue, heterodimer) that is in the cell membrane of the signal-receiving cell (b). According to one model, the ligand and 

the Notch extracellular domain (NECD) are endocytosed by the ‘signal-sending cell’ (d). The Notch intracellular domain 

(NICD) is cleaved in the ‘signal-receiving cell’ by Disintegrin and metalloproteinase domain-containing protein (ADAM) 

and γ-secretase (e). The cleaved NICD translocates to the nucleus (f), where it leads to the dissociation of the repressor 

complex from the Recombining binding protein suppressor of hairless (RBPJ). NICD becomes stabilized to RBPJ by the 

Mastermind-like proteins (MAML) and recruits co-activator complexes to initiate the transcription of the Notch target 

genes (e.g., Transcription factor HES-1 (Hes1) or HES-5 (Hes5)) (g). Notch signaling can also act via non-canonical 

pathways (h). B) During asymmetric division of radial glial cells, the daughter cell with high Notch signaling expresses 

Hes1 and remains a radial glial cells, while the daughter cell with low Notch signaling expresses the proneural gene 

Ngn2 and becomes a more committed progenitor cell or a neuron. Source: A adapted from [614], B [550] 

 

1.4.4 Epigenetic control of the onset of neurogenesis 

Epigenetic regulators also fulfill, besides and in cooperation with transcription factors, 

essential functions in the regulation of neural progenitor identity and during 

neurogenesis.  

A number of genes are essential for the development and lineage specification of a cell 

and their expression is known to be epigenetically regulated. Many of these genes have 

been reported to occur in an epigenetically poised state in embryonic stem cells. This 

so-called bivalent state is characterized by the occurrence of H3K4me3 and H3K27me3 

at the promoter of these genes, resulting in repression or only low expression of the 

genes [615, 616]. During in vitro neurogenesis, it was observed that new bivalent states 
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were obtained while others are lost at the transition from embryonic stem cells to 

neuronal progenitors as well as from neuronal progenitors to neurons (Figure 36) [617]. 

Examples for an activation of bivalent genes during neurogenesis are, for example, 

Pax6, Ascl1 and Ngn1 [148, 555]. Genes important for other lineages lose H3K4me3 

during neurogenesis and become repressed [618]. 

 

 

Figure 36: Post-translational histone modification status of cell state specific genes during in vitro 

neurogenesis 

H3K4me3 and H3K27me3 occurrence at cell state specific genes in embryonic stem cells (ESC), in neuronal precursor 

cells (NPC) and in neurons. Gray arrow: transition from bivalent to active state, blue arrow: acquirement of bivalent state. 

Source: [619], based on data from [617] (Note: [617] measured H3K4me2 and not H3K4me3 as shown in the figure, but 

they showed that H3K4me2 positive promoters highly overlap with H3K4me3 positive promoters in stem cells.) 

 

The importance of H3K27me3 for the regulation of the transition from neural precursor 

state towards neurogenesis has also been demonstrated in vivo by depleting the 

Histone-lysine N-methyltransferase EZH2 (Enhancer of zeste homolog 2, EZH2), which 

is part of the Polycomb repressive complex 2 (PRC2) and catalyzes the methylation of 

H3K27, in cortical progenitor cells from embryonic day 9.5 (E9.5) onwards [620]. The 

absence of the repressive mark causes an up-regulation of many transcripts and leads 

to a premature initiation of neurogenesis [620]. Also the Lysine-specific demethylase 6B 

(Kdm6b, Jmjd3), which is the demethylase of H3K27, seems to play a role in neuronal 

fate decision [621, 622].  

The poised state of developmental genes in stem or progenitor cells maintains their 

capacity for future activation and thereby determines the differentiation potential of 

the cell [555]. With the progression of differentiation and fate restriction, the 

pluripotency, developmental and tissue-specific genes undergo long-term or 

permanent silencing, for example by methylation of H3K27, H3K9 and DNA [555, 623-

627].  

DNA methyltransferases seem to be critical regulators of neural cell fate commitment. 

For example, DNMT1 and DNMT3A seem to be important in neural progenitor cells to 

suppress astroglial differentiation during the neurogenic period [628, 629]. DNMT3A 
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knock-out neural stem cells derived from mouse embryonic stem cells furthermore 

exhibit increased cell proliferation [629]. DNMT3B is transiently expressed during 

embryonic development and its expression in neural progenitor cells might be 

important during early neurogenesis for the timing of neuronal differentiation and 

maturation [71, 630-632]. On the other hand, DNA demethylation of the Notch 

signaling target Hes5 has been shown to be required for the transition from 

neuroepithelial cells to neural precursor cells [633]. The expression of the 

Methylcytosine dioxygenase TET3 in neural progenitor cells seems to be important for 

their maintenance as well as for their differentiation into neurons and is controlled by 

the microRNA-15b [634, 635].   

Also many other studies have implicated non-coding RNAs such as miRNAs and 

lncRNAs in the regulation of neurogenic commitment as well as brain development and 

function [636-647]. For example, the Let-7 miRNAs were described to regulate 

proliferation and differentiation of neural precursor cells [648-651]. The lncRNA Pnky, in 

cooperation with the splicing regulator Polypyrimidine Tract-Binding Protein 1 (PTBP1), 

promotes the proliferative state of neural stem cells by regulating the expression and 

alternative splicing of transcripts that are key for the differentiation [652].  

Furthermore, local and global chromatin rearrangements have been observed to occur 

during the differentiation of cells. For example, changes in the chromatin three-

dimensional structure such as reorganization of higher-order domains (metaTADs) and 

of the chromatin regions that interact with the nuclear lamina contribute to the 

expression changes during cellular differentiation [295, 653-655]. Also chromatin 

accessibility changes, especially at distal regulatory regions such as enhancers, have 

been demonstrated to play an essential role in the gene expression regulation during 

linage commitment and neurogenesis [239, 655, 656]. Dynamic enhancer utilization 

during neurogenesis is essential for the process and the brain development [238, 239, 

242-244]. 

It has been described that different subunits of the BAF (mSWI/SNF) chromatin 

remodeling complexes are assembled in a cell-type specific fashion in embryonic stem 

cells, neural progenitors and neurons, which seems to be crucial for the transition of the 

different cell stages during neurogenesis and for fulfilling stage specific functions [657-

661]. The BAF complex of neuronal progenitors (npBAF) contributes to the proliferation 
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of progenitor cells, possibly by enhancing the Notch signaling pathway and/or 

interaction with PAX6, and thus to the regulation of the size and thickness of the 

neocortex [657, 661-664]. The catalytic subunit of the BAF complexes BRG1 has also 

been shown to mediate the transcriptional activities of the proneural bHLH genes [665]. 

The switch from npBAF to neuron-specific BAF (nBAF) is accompanied by the subunit 

switch from BAF53a to BAF53b, which is mediated by the derepression of the 

microRNAs mi-R9* and miR-124 due to reduced activity of the Repressor-element-1-

silencing transcription factor (REST, NRSF) in neurons [666]. REST forms complexes with 

chromatin-binding proteins (e.g., Methyl-CpG-binding protein 2 (MeCP2)) and 

chromatin modifiers (e.g., histone deacetylases) to repress neuronal genes in non-

neuronal cells and it regulates neurogenesis by the subsequent repression of its 

expression from stem cells to neuronal progenitor cells to neurons [555, 667-671].  

Not only the expression of Pax6 is epigenetically regulated, for example by post-

translational histone modifications, chromatin remodeling or by the lncRNA Paupar, but 

also PAX6 functions in cooperation with epigenetic players [555, 556, 672, 673]. In this 

connection, PAX6 binds several chromatin modifiers such as the histone 

acetyltransferase Ep300 and subunits of the BAF complexes [556]. 

A recent report demonstrated a link between the transcription factor action and the 

epigenetic regulation. This study shows that epigenetic silenced neuronal genes can be 

activated by the transcription factor Neurod1 thereby initiating neurogenesis [674]. 

Neurod1 induces reprogramming of the chromatin landscape of these genes from an 

inactive into an active status and these features are maintained even after the 

expression of Neurod1 is reduced again [674].  

These provided examples of epigenetic mechanisms and their connections between 

each other and to transcription factors as well as signaling pathways show the 

complexity of the gene expression regulation during neurogenesis. They further 

illustrate that multiple mechanisms act together to ensure gene expression patterns 

during development necessary for proper cell differentiation. 
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1.5 Aims of the study 

The aims of this thesis were to elucidate the gene expression control during three 

fundamental biological processes:  

 To reveal the influence of UV exposure on chromatin accessibility and on histone 

acetylation, especially at regulatory regions and in relation to gene expression 

(chapter 1).   

 To identify novel transcription factors and epigenetic regulators with circadian 

expression patterns and to reveal their potential gene regulatory function on 

circadian rhythm and on other cyclically expressed genes (chapter 2). 

 To uncover the genomic targets and gene regulatory mechanisms underlying Pax6 

function during neurogenesis (chapter 3). 

The implications of the observed findings and perspectives for further studies were also 

discussed (discussion). 
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ABSTRACT 

Epigenetic mechanisms determine the access of regulatory factors to DNA during 

events such as transcription and the DNA damage response. However, the global 

response of histone modifications and chromatin accessibility to UV exposure remains 

poorly understood. Here, we report that UV exposure results in a genome-wide 

reduction in chromatin accessibility, while the distribution of the active regulatory mark 

H3K27ac undergoes massive reorganization. Genomic loci subjected to epigenetic 

reprogramming upon UV exposure represent target sites for sequence-specific 

transcription factors. Most of these are distal regulatory regions, highlighting their 

importance in the cellular response to UV exposure. Furthermore, UV exposure results 

in an extensive reorganization of super-enhancers, accompanied by expression changes 

of associated genes, which may in part contribute to the stress response. Taken 

together, our study provides the first comprehensive resource for genome-wide 

chromatin changes upon UV irradiation in relation to gene expression and elucidates 

new aspects of this relationship.  
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INTRODUCTION 

Maintenance of genome integrity is essential for cell survival and reproduction as DNA 

is continuously challenged, for example, by environmental factors like solar UV light. UV 

light primarily induces DNA lesions, such as cyclobutane pyrimidine dimers (CPDs), 

pyrimidine 6-4 pyrimidone photoproducts (6-4PPs) and their Dewar isomers, but it can 

also cause DNA double-strand breaks [1]. Many DNA repair pathways have evolved to 

correct these diverse types of damages in order to prevent DNA lesions causing 

pathologies such as skin cancer [2, 3]. The DNA damage response involves recognition 

of damaged sites and transduction of the signal to effector molecules, which further 

regulate transcriptional changes, DNA repair, cell-cycle arrest or, if the damages are too 

severe, cell death [4].  

Consequences of DNA lesions, either as a result of UV irradiation or other genotoxic 

agents, to cell physiology are widely governed by changes in gene expression 

regulated on various levels [5-8]. UVB has been shown to inhibit initiation of 

transcription by impeding the binding of RNA polymerase II to the promoters of many 

transcribed genes [9]. UV can further modulate the action of polymerases through 

activation of transcription factors such as the tumor suppressor protein TP53 and 

activator protein 1 (AP1) resulting in gene expression changes [10, 11]. Recent studies 

have revealed that epigenetic mechanisms also play a role in the transcriptional 

response following UV irradiation. For example, the components of the ATP-dependent 

SWI-SNF chromatin remodeling complex BRG1 and BRM (also known as SMARCA4 and 

SMARCA2, respectively) have been implicated in the transcriptional regulation of UV-

induced genes [12, 13]. Furthermore, many posttranslational histone modifications have 

been shown to be modulated during the cellular response to DNA damage [14-17]. For 

example, following UV exposure, the histone acetyltransferase p300 (also known as 

EP300) is recruited close to the MMP-1 promoter, regulating MMP-1 transcription by its 

catalytic activity [18]. UV exposure induces phosphorylation of histone H3 serine 28 

(H3S28p) at promoters of stress-response genes and causes dissociation of histone 

deacetylase (HDAC) co-repressor complexes that further accompanies enhanced levels 

of histone acetylation and transcriptional induction of these genes [19, 20]. H3S28 

phosphorylation is furthermore involved in the regulation of RNA-polymerase-III-

dependent transcription [21]. Given that many long non-coding RNAs (lncRNAs) are 
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deregulated upon X-ray irradiation and doxorubicin treatment in mammalian 

fibroblasts, and several lncRNAs have been implicated in the DNA damage response 

[22-27], it is likely that lncRNAs also play a crucial role in modulating gene expression 

upon UV irradiation.  

In addition to promoters, the importance of distal regulatory regions in regulating gene 

expression is increasingly being appreciated. Enhancers are among such distal 

regulatory regions that function to augment the transcription of associated genes [28]. 

Their active state is characterized by high levels of histone 3 acetylated at lysine 27 

(H3K27ac) and chromatin accessibility [29-31]. Recent findings suggest that enhancer 

regions might also play an essential role in the DNA damage response by recruiting 

factors such as TP53 [23]. Recently, clusters of putative enhancers (named ‘super-

enhancers’) have been shown to regulate the expression of genes defining cell identity 

[32]. They have also been found to be deregulated in diseases such as cancer and 

inflammation [33-38], but have not yet been studied in context of UV exposure. 

Chromatin dynamics constitute a critical part of the DNA damage response and many 

studies have shown recruitment of several ATP-dependent chromatin-remodeling 

complexes as well as histone-modifying enzymes to damage sites [14, 39, 40]. An early 

and transient nucleosome destabilization at the site of damage has been shown [41-

44], which allows binding of the repair machinery to DNA lesions before chromatin 

architecture is restored after the repair (the ’prime-repair-restore model‘) [45]. In this 

direction, a recent study has shown that, upon UV irradiation, chromatin transiently 

undergoes de-condensation to allow binding of several repressive factors such as the 

polycomb complex component (BMI1), the nucleosome-remodeling deacetylase 

complex (NuRD) as well as the heterochromatin proteins HP1 and HP1-binding protein 

3 (HP1BP3) [46]. Another study proposes that during the response to UV irradiation, 

recruitment of repressive complexes induces condensation of chromatin to protect 

DNA from further potential damage [47]. Until now, the function and the resultant 

chromatin changes following recruitment of these complexes remains controversial 

[48]. Therefore, there is a need to perform a comprehensive investigation into the 

dynamics of chromatin state following UV irradiation.  

Here, we have generated genome-wide datasets to study transcriptome and 

epigenome changes in response to UV irradiation. We assessed genome-wide changes 
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in the transcriptome by performing RNA-seq, chromatin accessibility by performing 

formaldehyde-assisted isolation of regulatory elements (FAIRE)-seq and epigenetic 

landscape by performing H3K27ac chromatin immunoprecipitation (ChIP)-seq at 6 h 

after UV irradiation of murine fibroblast cells (NIH3T3). Strikingly, we observed a 

genome-wide loss of chromatin accessibility affecting all genomic regions. The active 

histone mark H3K27ac also showed massive reorganization throughout the genome. 

Many potential regulatory regions harboring open chromatin and H3K27ac undergo 

changes upon UV exposure and serve as binding sites for sequence-specific 

transcription factors. Importantly, we also observed a dramatic remodeling of super-

enhancers that often accompanied expression changes of associated genes. In general, 

a large fraction of the UV-induced gene expression changes could be explained by the 

observed chromatin changes. Our observations also reveal that the chromatin status 

prior to UV damage might influence the expression and epigenetic changes following 

UV exposure. Overall, these findings provide the first comprehensive resource revealing 

global changes in the epigenetic state as well as chromatin accessibility following UV 

damage and their relation to the UV-induced expression changes. 
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RESULTS  

UV-induced gene expression changes primarily occur at expressed genes 

exhibiting active chromatin 

To identify global transcriptome changes in response to UV, we irradiated murine 

fibroblast cells (NIH3T3) with UVC and performed genome-wide expression profiling 

(RNA-seq) on RNA collected after 6 h (Fig. S1A,B). Computational analysis revealed 832 

and 1236 genes that were significantly up- or down-regulated in response to UV, 

respectively (Fig. 1A). Interestingly, both the up- and down-regulated genes were 

expressed in the untreated condition indicating that active genes are prime responders 

to UV irradiation (Fig. 1A, inset, Fig. S1C). Importantly, not only the count of down-

regulated genes, but also the magnitude of down-regulation was significantly greater 

compared to that of the up-regulation (Fig. 1B). Gene ontology (GO) enrichment 

analysis of the down-regulated genes showed a strong enrichment for terms such as 

regulation of transcription (including genes encoding general transcription factors, 

mediators and zinc finger proteins) and chromatin organization (Fig. 1C; Table S1). In 

contrast, the up-regulated genes were involved, for example, in oxidation reduction, 

cell death and the stress response (Fig. 1C; Table S1). Furthermore, genes in pathways 

related to translation were found to be up-regulated as exemplified by the up-

regulation of ribosomal proteins (e.g. Rpl18 and Rpl17), translation initiation factors 

(e.g. Eif5b and Eif3g) and elongation factors (e.g. Eef1g and Eef1b2). To further 

consolidate our findings we also performed Gene Set Enrichment Analysis (GSEA) [49] 

and cellular component enrichment analysis for up- and down-regulated genes. These 

results supported the indication of an enhanced translation process in response to UV 

irradiation (Fig. S1D,E; Table S1). Although we did not observe any increase in the total 

protein amount 6 h after UV (Fig. S1F), the potential increase in translation of certain 

proteins might until that time be employed to compensate for the observed 

transcriptional down-regulation. A number of genes from the AP1 complex (e.g. Atf3, 

Fosb and Junb), which is involved in cellular stress response, were found to be strongly 

up-regulated in response to UV irradiation, whereas, for example, Cbx2, a component 

of the polycomb multiprotein complex involved in chromatin organization, was down-

regulated (Fig. 1D) [50-52]. 
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Although long intergenic non-coding RNAs (lincRNA) are crucial regulators of gene 

expression, to our knowledge there have not been any genome-wide studies exploring 

the role of lincRNAs in response to UV. Therefore, we decided to explore differentially 

expressed lincRNAs from our RNA-seq data. Surprisingly, in contrast to the coding 

genes, differentially expressed lincRNAs were predominantly up-regulated (n=86) and 

only a small proportion showed down-regulation (n=12) (Fig. S1G). Interestingly, unlike 

coding genes, up-regulated lincRNAs were mostly either not expressed or only 

expressed at low levels in the untreated condition. Previous studies have linked 

lincRNAs to the transcriptional regulation of nearby genes [53-55]. Correlating the 

expression changes of lincRNAs to the expression change of the closest gene revealed 

that genes near to down-regulated lincRNAs were almost exclusively reduced in 

expression, whereas genes next to up-regulated lincRNAs were also often differentially 

expressed, but were either up- or down-regulated (Fig. S1H). Interestingly, some up-

regulated lincRNAs occurred next to established stress response genes such as Btg2, 

Egr3, Ier2 and Ier3 (Fig. S1I) [56-59].  

We next investigated whether the chromatin state of gene promoters and the distal 

regulatory elements could predict the transcriptional behavior of genes in response to 

UV irradiation. H3K27ac is an established mark of active promoters and enhancers. 

Therefore, we performed ChIP assays in NIH3T3 cells using H3K27ac-specific antibody 

followed by next-generation sequencing (ChIP-seq) of recovered genomic DNA. To 

further assess whether chromatin accessibility predicts changes in gene expression, we 

also performed a FAIRE assay and sequenced the isolated genomic DNA (FAIRE-seq) 

[60]. Computational  analysis revealed that the genes that changed expression after UV 

exposure were mainly expressed genes whose promoters harbored H3K27ac and/or 

that were accessible [denoted double-positive (promoters enriched for both H3K27ac 

and FAIRE), or as H3K27ac-positive or FAIRE-positive] compared to genes whose 

promoters had none of these features (denoted double-negative) (Fig. 1E). In general, 

as expected, genes that showed neither H3K27ac nor were accessible were mostly not 

expressed; however, genes in this category who changed their expression upon UV 

were expressed in the untreated condition (Fig. 1E, left panel). This finding is consistent 

with our above observation that active genes are primarily differentially expressed upon 

UV irradiation (Fig. 1A). Taken together, these observations suggest that gene 
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expression status and the prior chromatin state at promoters determine the UV-

induced gene expression response.  

 

 

Figure 1: Active genes are prime responders to UV exposure. 

(A) MA plot showing expression changes of protein-coding genes 6 h after UV treatment of NIH3T3 cells revealed by RNA-seq analysis 

(n=3). The inset shows the number of differentially expressed genes (y-axis) in four bins of log2 expression (x-axis). (B) Box plots showing 

distribution of the absolute values of the log2 expression ratio of differentially expressed genes. The box represents the 25–75th 

percentiles, and the median is indicated. The whiskers show 1.5 times the interquartile range (IQR) added to the 75th percentile (upper 

whisker) or subtracted from the 25th percentile (lower whisker). The notches represent median±1.57×IQR/(n
0.5

). **P<2.2×10
-6

 (Wilcoxon 

rank-sum test). (C) Bar plot showing enrichment of biological processes for up-regulated (right panel) and down-regulated (left panel) 

genes. Bar length represents the number of genes (primary x-axis), and the P-value is shown by line graph (upper x-axis). (D) Independent 

validation of detected gene expression changes 6 h after UV treatment in NIH3T3 cells by RT-qPCR analysis. Mean±s.e.m. expression 

levels detected by RNA sequencing are plotted as normalized read counts (left y-axis; n=3) and mean±s.e.m. mRNA abundance measured 

by RT-qPCR are plotted normalized to Ctcf (ΔCT) (right y-axis; n=4). ***P<0.001; ****P<0.0001 (unpaired t-test for RT-qPCR results and as 

determined by DESeq for the RNA-seq data). (E) Scatterplots showing gene expression changes for genes harboring different epigenetic 

features at their promoters in the untreated condition with highlighted differential expressed genes identified by DESeq (blue, up-

regulated; red, down-regulated). Genes whose promoters show no enrichment for FAIRE or H3K27ac (double negative, first panel), only 

enrichment for H3K27ac (H3K27ac positive, second panel), only enrichment for FAIRE (FAIRE positive, third panel) and enrichment for 

FAIRE and H3K27ac (double positive, fourth panel) are displayed. The table provides the total number of genes and the percentage of 

differentially expressed genes in each category. 
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UV irradiation results in a genome-wide reduction of chromatin accessibility 

We next investigated whether UV treatment influences chromatin accessibility. Towards 

this, we performed FAIRE-seq 6 h after UV treatment in biological duplicates and 

compared it to FAIRE-seq performed on untreated cells to reveal genome-wide 

changes in chromatin accessibility following UV irradiation. Quality control analyses 

revealed a good correlation between replicates and also confirmed that analysis with 

individual replicates showed the same biological interpretations (Fig. S2A-H).  

Analyzing the total accessible genome showed an approximately one-third reduction 

upon UV irradiation (Fig. 2A). The distribution of accessible sites in the genome 

revealed a loss in accessibility following UV treatment at all genomic features; however, 

the reduction was much stronger in non-promoter regions (Fig. 2B; Fig. S2I). 

Furthermore, enrichments normalized to the genomic feature size revealed that 

promoters were more enriched for accessible sites compared to other genomic regions 

(Fig. S2J,K). Our analysis revealed that 16,782 genomic regions lost accessibility 

following UV treatment (denoted untreated unique), whereas only 2206 acquired open 

chromatin (denoted UV unique) (Fig. 2C). To further investigate the chromatin 

compaction, we next analyzed the FAIRE peak width in both conditions, as this may 

reflect the size of the accessible DNA available for the binding of proteins such as 

transcription factors. Interestingly, regions that gained accessibility were of relatively 

smaller width compared to accessible sites that were lost following UV treatment, with 

the exception of exonic sites (Fig. 2C,D). We found ~40-fold more regions losing 

accessibility compared to regions gaining accessibility, reflecting the finding that 

chromatin compaction was much more pronounced upon UV exposure (Fig. 2E, left 

panel). Similar observations were made when analyzing promoters and intergenic 

regions separately (Fig. 2E, right panels). In order to validate FAIRE-seq detected 

chromatin accessibility changes at promoters as well as intergenic regions, we used 

independent methods to assess chromatin accessibility changes. First, accessibility 

changes measured by FAIRE-quantitative PCR (FAIRE-qPCR) at earlier time points after 

UV irradiation revealed dynamic changes of chromatin accessibility over time arguing 

against any technical bias due to UV induced crosslinking or that DNA damage is 

preventing effective isolation of open regions (Fig. S2L). Furthermore, we also 

employed an assay for transposase-accessible chromatin (ATAC) on untreated and UV-
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irradiated cells as an independent measure of chromatin accessibility, revealing that the 

FAIRE-seq results were largely reproducible (Fig. S2M) [61-63]. To further augment 

these results, nucleosome occupancy was investigated by assessing total H3 

enrichments at such sites by ChIP-qPCR. As expected, the results showed the opposite 

dynamics to the accessibility changes at the same loci (Fig. 2F; Fig. S2L). This argues 

that indeed the observed global loss of accessibility upon UV treatment led to 

chromatin condensation at these loci with an increased amount of nucleosomes.   

Intrigued by the largely reproducible chromatin accessibility response upon UV 

treatment, we next asked whether these changes were caused by the DNA-damage 

response occurring at these loci. Because it has been reported that UV damage induces 

γH2AX at damaged sites within 6 h in human fibroblasts [64] and we also observed a 

global gain of γH2AX 6 h following UV treatment (Fig. S2N), we monitored damaged 

DNA regions by performing γH2AX ChIP in untreated and UV irradiated NIH3T3 cells. 

We measured γH2AX enrichments at regions that were non-accessible or accessible in 

the untreated condition and either changed or did not change their accessibility at 6 h 

after UV exposure. These results indicate that UV-induced γH2AX occurrence is 

independent of the accessibility status of the regions before UV treatment and, 

furthermore, chromatin accessibility changes seem to be independent from the γH2AX 

occurrence (Fig. S2O,P). We also investigated whether the sites responding or non-

responding in accessibility upon UV irradiation had different chromatin features prior to 

the treatment by using published ChIP-seq datasets for different histone modifications, 

histone variants and phosphorylated RNA polymerase generated from ChIP 

experiments performed on untreated NIH3T3 cells. The analyses revealed that certain 

chromatin features are significantly different between these classes indicating that the 

chromatin status prior to UV irradiation impacts on the chromatin response to UV with 

respect to changes in accessibility (Fig. S2Q). 

The observation of a major chromatin accessibility loss is further consistent with our 

findings that UV-induced transcriptional down-regulation is much more pronounced 

compared to up-regulation (Fig. 1B). Prompted by these findings, we next investigated 

the correlation of chromatin accessibility at promoters with the expression level of the 

genes in the untreated and UV conditions and observed a good positive correlation 

(Fig. S2R).  We then asked  whether changes in the accessibility of promoters  and distal  
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Figure 2: UV irradiation results in a genome-wide chromatin compaction. 

(A) Bar plot showing total open genome size in Mbp of untreated and UV-treated NIH3T3 cells. Total open genome size was calculated as 

the sum of the widths of all enriched FAIRE peaks. The percentage displays the loss of accessible chromatin upon UV. (B) Same as in A, 

but for individual genome features. (C) Box plots showing distribution of peak width for unique open regions in untreated and UV-treated 

cells. The box represents the 25–75th percentiles, and the median is indicated. The whiskers show 1.5 times the interquartile range (IQR) 

added to the 75th percentile (upper whisker) or subtracted from the 25th percentile (lower whisker). The notches represent 

median±1.57×IQR/(n
0.5

). The numbers above each box plot display the counts of unique peaks for each condition. **P<2.2×10
−16

 

(between peak width in untreated and UV condition; Wilcoxon rank-sum test with a cut-off of 0.01). (D) Same as in C, but for different 

genomic regions. Significant changes upon UV are indicated above the blue box plots. **P<0.01 (promoters, 1.581×10
-9

; exons, 0.774; 

introns, 1.762×10
-15

; intergenic regions, 8.188×10
-7

). (E) Scatter plot showing the dynamics of FAIRE enrichment changes between 

untreated and UV conditions for all genomic regions together (left panel), promoter regions (right, upper panel) and intergenic regions 
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(right, lower panel). Peaks with at least 1.5-fold enrichment change following UV irradiation are highlighted (gain in blue, loss in red). The 

numbers of up- and down-regulated peaks are displayed in the plots. (F) H3 ChIP-qPCR results for promoter (left) and intergenic (right) 

regions that showed gain or loss in the FAIRE-seq analysis (indicated below). The results are plotted as immunoprecipitated DNA/input 

DNA (IP/input) (n=4, mean±s.e.m.). *P<0.05; **P<0.01; ***P<0.001; ****P<0.0001 (unpaired t-test). (G) Scatter plot showing relationship 

between chromatin accessibility at promoters and expression of the corresponding genes. Quadrants indicated by dashed lines show 

changes in expression (y-axis) and accessibility (x-axis) greater than 1.5-fold and numbers indicate the amount of genes falling in each 

quadrant. (H) Boxplots summarizing the absolute values of expression changes for genes belonging to the green and red categories in G. 

Significance was determined using a Wilcoxon rank-sum test for non-normal distributions with a cut-off of 0.01. Up and down indicate 

up- or down-regulation of the gene expression 6 h following UV exposure, FAIRE− indicates loss of FAIRE-seq enrichment 6 h after UV 

treatment. (I) Genome browser plots for genes showing either concomitant increase or decrease in expression and FAIRE enrichment at 

their promoters. Each track is shown from 0 to the indicated height. (J) Validation of RNA-seq and FAIRE-seq results by independent RT-

qPCR and FAIRE-qPCR for genes selected from the red and blue categories in G (indicated by arrows). Mean±s.e.m. expression measured 

by RNA-seq analysis is plotted as normalized read counts on the left y-axis (n=3) and the mean±s.e.m. mRNA abundance determined by 

RT-qPCR is plotted as ΔCT on the right y-axis, normalized to Ctcf (n=3). As determined by qPCR, FAIRE enrichment above input is plotted 

normalized to FAIRE enrichment at the Ctcf promoter at the right y-axis (n=4, error bars represent s.e.m.), whereas FAIRE-seq enrichment 

normalized to input is plotted at the left y-axis (n=2). *P<0.05; **P<0.01; ***P<0.001; ****P<0.0001 (unpaired t-test for RT-qPCR, FAIRE-

qPCR and FAIRE-seq, and as determined by DESeq for RNA-seq data). (K) Relative expression determined by RT-qPCR is plotted as the 

fold change for NIH3T3 cells 30 min and 6 h after UV treatment relative to the untreated condition (ΔΔCT normalized to Ctcf, n=3, error 

bars represent s.e.m.). FAIRE enrichment above input determined by FAIRE-qPCR at same time points was normalized to FAIRE 

enrichment at the Ctcf promoter and then plotted as fold change to untreated condition (n=4, error bars represent s.e.m.). *P<0.05; 

**P<0.01; ***P<0.001; ****P<0.0001 (unpaired t-test). (L) Same plot as in G, but FAIRE enrichments are shown for peaks falling in 

intergenic regions and plotted against the expression changes of the closest gene. (M) Same plot as in H, but for the red and green 

quadrants in L. 

 

regions are in accordance with alterations in expression of the associated genes 

following UV treatment. This analysis showed that the majority of genes whose 

promoter lost accessibility were also down-regulated (n=513, red) (Fig. 2G-I). These 

genes were predominantly those involved in regulation of transcription and chromatin 

organization (Fig. S2S; Table S1). We observed another set of genes that lost 

accessibility at promoters but slightly gained transcription (n=295, green) (Fig. 2G,H). 

There were four genes found to gain accessibility as well as expression (Cdkn1a, Fosl1, 

Marcksl1 and Olfr1226). Among them were typical DNA-damage response genes like 

the proliferation inhibitor Cdkn1a and the AP1 component Fosl1, whose changes in 

expression and promoter accessibility were validated by independent reverse 

transcription quantitative real-time PCR (RT-qPCR) and FAIRE-qPCR (Fig. 2G,J). 

Moreover, analysis of expression and accessibility changes that had occurred by 30 min 

after UV irradiation revealed that accessibility changes either precede expression 

changes or occur at the same time (Fig. 2K). A comparison of accessibility changes at 

potential distal regulatory regions with the expression changes of the closest gene 

revealed patterns comparable to those seen for promoters. Most genes whose distal 

regions lost accessibility were down-regulated (n=339, red) following UV treatment 

(Fig. 2L,M). Another set lost accessibility at intergenic regions but showed a minor gain 

in expression (n=212, green) (Fig. 2L,M).  

Overall, these findings suggest that UV exposure causes a genome-wide loss of 

chromatin accessibility that largely accompanies transcriptional down-regulation of the 
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associated genes. However, despite a genome-wide reduction in transcriptional 

competence, distinct genomic loci associated with the stress response are selectively 

kept accessible to allow their expression. 

 

UV exposure causes a global reprogramming of the H3K27ac mark 

Following our observations of a global change in chromatin accessibility, we next 

investigated the effect of UV on a specific histone modification that defines distinct 

transcriptional states. To this end, we selected H3K27ac, an established marker of active 

promoters and enhancers, and performed ChIP-seq for H3K27ac in untreated and UV 

treated NIH3T3 cells. Quality control analyses with respect to antibody specificity, 

chromatin shearing, alignment statistics and replicate correlation were performed (Fig. 

S3A-I). Whereas the total fraction of the genome and of various genomic regions 

enriched for H3K27ac stayed largely unchanged following UV treatment (Fig. 3A,B; Fig. 

S3J), the enrichment for H3K27ac at these genomic loci underwent a dramatic 

reorganization. Sites that gained H3K27ac (n=12,241) showed a significantly higher 

peak width compared to regions that lost H3K27ac following UV irradiation (n=11,441) 

(Fig. 3C). Furthermore, this observation pertains also to regions distributed throughout 

various genomic locations (Fig. S3K). The enrichment for H3K27ac at different genomic 

regions mainly showed an increase in H3K27ac enrichment after UV (Fig. 3D; Fig. S3L). 

We observed massive changes with respect to H3K27ac enrichment after UV treatment 

with nearly equal numbers of up- and down-regulated sites in response to UV 

irradiation (22,869 up and 20,103 down) (Fig. 3E, left panel). This observation further 

holds true when looking at the enrichment level changes either at promoters or at 

peaks falling in intergenic regions (Fig. 3E, right panels).  

Given that H3K27ac enrichment levels at promoters showed a high correlation to the 

expression status of a gene in untreated as well as in UV irradiated cells (Fig. S3M), we 

next compared UV-induced alterations in H3K27ac levels at promoters to changes in 

gene expression. This revealed that most promoters losing H3K27ac also showed 

transcriptional down-regulation (n=390, red) (Fig. 3F-H). These genes were mainly 

enriched for processes such as regulation of transcription, chromatin organization or 

regulation of kinase activity (Fig. S3N; Table S1). Furthermore, a large number of genes 

whose  promoters  gained H3K27ac  were also  associated  with  increased transcription 
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Figure 3: UV exposure causes massive remodeling of H3K27ac landscape. 

(A) Bar plot showing total genome size in Mbp for the genome occupied by H3K27ac in untreated and UV-treated NIH3T3 cells calculated 

as the sum of the widths of all enriched H3K27ac peaks. The percentage displays the change of total genome size occupied by H3K27ac 

between UV-irradiated and untreated cells. (B) Same as in A, but for different genomic regions. (C) Box plot showing distribution of peak 

width for unique H3K27ac regions in untreated and UV-treated cells. The numbers of unique peaks for each condition are indicated on 

top. The box represents the 25–75th percentiles, and the median is indicated. The whiskers show 1.5 times the interquartile range (IQR) 

added to the 75th percentile (upper whisker) or subtracted from the 25th percentile (lower whisker). The notches represent 

median±1.57×IQR/(n
0.5

). **P<2.2×10
-16

 (Wilcoxon rank-sum test for non-normal distributions). (D) Distribution of H3K27ac peak 

enrichment in four genomic regions for untreated and UV-treated cells at unique sites (i.e. H3K27ac is at least 1.5-fold enriched above 
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background either in the untreated or UV condition). Numbers above box plots indicate counts of unique peaks for this condition. 

**P<0.01 (Wilcoxon rank-sum tests for non-normal distribution; promoters, 0.7776; exons, 1.281×10
-6

; introns, <2.2×10
-16

; intergenic 

regions, <2.2×10
-16

). (E) Scatter plot showing dynamics of H3K27ac enrichment changes between untreated and UV conditions for all 

genomic regions together (left panel), for promoter regions (right, upper panel) and for intergenic regions (right, lower panel). Peaks with 

at least 1.5-fold enrichment change upon UV treatment are highlighted (gain in blue, loss in red). The numbers of peaks falling in each of 

these two categories are displayed on the plots. (F) Scatter plot showing relationship between H3K27ac enrichment changes at promoters 

(x-axis) and gene expression changes (y-axis). Quadrants indicated by dashed lines show changes in expression and H3K27ac enrichment 

greater than 1.5-fold, and numbers indicate the counts of genes falling in each category. (G) Boxplots summarizing the absolute values of 

expression changes for genes highlighted with the respective color in the four categories in F. Up/down indicates up-/down-regulation of 

the gene expression, H3K27ac−/+ indicates H3K27ac enrichment loss/ gain 6 h following UV treatment. Significance was determined 

using a Wilcoxon rank-sum test for non-normal distributions with a cut-off of 0.01. **P<0.01 (blue versus green, 6.477×10
-10

; blue versus 

red, 4.718×10
-12

; green versus orange, 1.261×10
-11

; green versus red, <2.2×10
-16

; orange versus red, 1.059×10
-13

). (H) Genome browser 

plots of genes showing either concomitant increase or decrease in expression as well as H3K27ac enrichment at their promoters. Each 

track is shown from 0 to the indicated height. (I) Validation of RNA-seq and H3K27ac ChIP-seq results by independent RT-qPCR and ChIP-

qPCR for genes selected from the red and blue categories of F (indicated by arrows). Mean±s.e.m. expression from RNA-seq is plotted as 

normalized read counts (n=3) on the left y-axis and mean±s.e.m. mRNA abundance determined by RT-qPCR is plotted as ΔCT, normalized 

to Ctcf on the right y-axis (n=3). ChIP-seq enrichments normalized to the input are plotted on the left y-axis (n=2), whereas ChIP-qPCR 

enrichment is plotted as immunoprecipitated DNA/input DNA (IP/input) on the right y-axis (n=4). *P<0.05; **P<0.01; ***P<0.001; 

****P<0.0001 (unpaired t-test for RT-qPCR, ChIP-qPCR and ChIP-seq, and as determined by DESeq for RNA-seq data). (J) Relative 

expression determined by RT-qPCR is plotted as fold change for NIH3T3 cells 30 min and 6 h after UV treatment relative to the untreated 

condition (ΔCT normalized to Ctcf, n=3, error bars represent s.e.m.). H3K27ac enrichments for the promoter of these genes were 

determined at the same stages by ChIP-qPCR. These results are normalized to input and then plotted as fold change to untreated 

condition (n=3, error bars represent s.e.m.). *P<0.05; **P<0.01; ***P<0.001; ****P<0.0001 (unpaired t-test). (K) Same as in F, but H3K27ac 

enrichments at intergenic sites are plotted against the expression changes of the closest gene. (L) Boxplots summarize the absolute values 

of changes in expression associated with each of the four categories highlighted in K (similar to G). Significance was determined using a 

Wilcoxon rank-sum test for non-normal distributions with a cut-off of 0.01. *P<0.05; **P<0.01 (blue versus green, 1.4×10
-4

; blue versus 

red, 3.6×10
-2

; green versus orange, 2.464×10
-6

; green versus red, 1.942×10
-9

). 

 

(n=286, blue) (Fig. 3F-H) and they had GO terms such as oxidation reduction, cell death, 

regulation of transcription and response to DNA damage stimulus (Fig. S3O; Table S1). 

For the genes that showed gain of H3K27ac but loss of expression and vice versa, the 

magnitudes of expression changes were less or similar to the other two classes of 

genes (Fig. 3G). We further validated several of these changes by independent RT-

qPCRs and ChIP-qPCRs (Fig. 3F,I). Similar analysis at an earlier time point indicates that 

changes in H3K27ac enrichment either precede or correlate with the timing of 

expression changes (Fig. 3J). 

Distal regions marked with H3K27ac are known to often represent active enhancers 

[29]. To investigate whether UV-induced transcriptional changes also involve 

reprogramming of the enhancer landscape, we performed a comparative analysis of 

changes in distal H3K27ac sites with changes in expression for the nearest gene 

following UV treatment. A large fraction of the distal regions that showed loss of 

H3K27ac was associated with significant transcriptional down-regulation of the nearest 

gene (n=245, red) (Fig. 3K,L). This class was enriched for genes, for example, involved in 

regulation of transcription, chromatin organization and phosphorylation (Fig. S3P; Table 

S1). Similarly, in many distal regions, gain of H3K27ac was associated with an increase 

in expression of the nearest gene (n=180, blue) (Fig. 3K,L). This fraction contains many 

genes associated with the cellular response to stress, regulation of cell cycle, circulatory 
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system process and regulation of cell death (Fig. S3Q; Table S1) and includes well-

known UV-induced genes like Fosb or Egr1. For a minor fraction of distal regions, loss 

of H3K27ac was also associated with an increase in expression (n=132, green) (Fig. 

3K,L). Surprisingly, we also observed a fraction that showed gain of H3K27ac in 

intergenic regions but down-regulation in the expression of the nearest gene (n=224, 

yellow) (Fig. 3K,L). These contradicting associations of expression and H3K27ac might 

be due to a limitation in assigning enhancers to their target genes. This goes along with 

previous suggestions that enhancer-nearest gene pairing only holds true for ~40% of 

genes [65-67]. However, as such contradictory findings were also observed when 

correlating H3K27ac enrichment changes at promoters to gene expression changes, it is 

likely that other chromatin features and regulatory mechanisms might be more 

important in determining the transcriptional state of these genes that we are unable to 

capture here or that the expression status of these genes is influenced by post-

transcriptional mechanisms.  

Overall, our observations suggest that UV exposure causes a genome-wide 

reorganization of the H3K27ac mark at regulatory elements such as promoters and 

enhancers, which underlie expression changes of crucial genes during the stress 

response.  

 

Accessible distal enhancers are remodeled following UV treatment 

We next investigated the dynamics of H3K27ac-enriched sites that also exhibited 

accessible chromatin (i.e. double-positive for FAIRE and H3K27ac), assuming that such 

regions represent sites of intense gene-regulatory activity and harbor a plethora of 

regulatory elements including transcription-factor-binding sites. The total count of 

these regions was drastically reduced following UV treatment (Fig. 4A; Fig. S4A). 

Overlap of untreated and UV double-positive sites revealed that 12,414 of such regions 

were lost following UV irradiation, whereas only 1912 were gained (Fig. 4B). This 

substantial loss of double-positive regulatory elements is in line with the loss of 

chromatin accessibility (Fig. 2A-E). We observed that these sites showed overall loss of 

accessibility while acquiring H3K27ac following UV treatment (Fig. S4B). The loss of 

FAIRE enrichment is observed at the uniquely occurring (i.e. enriched only in the 

untreated sample or the UV-treated sample) as well as the double-positive sites shared 
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in both the untreated and UV-treated cells (‘common’ sites) upon UV treatment (Fig. 

S4C), whereas the overall gain of H3K27ac enrichment after UV arose from the double-

positive sites common between the untreated and UV-treated cells (Fig. S4D). It is 

interesting to note that although the common sites lost FAIRE enrichment, they 

displayed a substantial gain in H3K27ac enrichment. Untreated-only double-positive 

sites mostly showed loss of H3K27ac enrichment following UV exposure, whereas UV-

only double-positive sites showed a nearly exclusive gain of H3K27ac enrichment (Fig. 

S4E,F). Such loss and gain was even more prominent for peaks falling in double-positive 

intergenic regions (Fig. S4G,H). The untreated-only, double-positive peaks did not gain 

accessibility, whereas a majority of UV-only double-positive peaks gained chromatin 

openness (Fig. S4I-L).  

Analysis of the genomic distribution of double-positive sites revealed, interestingly, that 

most of the common double-positive sites occurred at promoters, whereas the unique 

sites were mainly enriched at introns or intergenic regions (Fig. 4C). Inspection of the 

genes nearest to common, untreated-only and UV-only peaks revealed a substantial 

number of genes that uniquely gained or lost double-positive sites (Fig. S4M). Genes 

next to common peaks were mainly enriched in GO terms for housekeeping functions 

like RNA processing, protein localization, cell cycle regulation, chromatin organization, 

ribosome biogenesis, regulation of transcription and DNA repair (Fig. 4D; Table S1). 

Genes harboring double-positive sites only in the untreated condition include those 

involved in transport of metabolites and chromatin organization (Fig. 4E; Fig. S4N; 

Table S1). Genes close to double-positive UV-only peaks were enriched for GO term 

categories like vitamin metabolic processes, metal ion or protein transport, 

phosphorylation and negative regulation of transcription (Fig. 4F; Table S1). These 

findings are in line with the results of our transcriptome analysis indicating that cells in 

general reduce transcription and attempt to utilize available resources following UV 

exposure.  
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Figure 4: Accessible distal enhancers are remodeled following UV exposure. 

(A) Bar plot showing the number of H3K27ac and FAIRE double-positive sites in untreated and UV treated cells. The FAIRE peak was 

considered to be overlapping with the H3K27ac peak if there was an H3K27ac peak within a 500-bp distance from the FAIRE peak 

summit. (B) Venn diagram showing overlap of double-positive peaks in untreated and UV conditions. (C) Pie charts showing the genomic 

distribution of peaks that were found in both conditions (common peaks), uniquely in untreated cells (unique untreated peaks) or only in 

UV-treated cells (unique UV peaks). For comparison, a pie chart is shown displaying the partitioning of the NIH3T3 genome. (D) Bar plot 

showing enrichment of biological processes for genes near to common peaks. The bars length represent the number of genes (lower x-

axis), whereas the P-value is shown as a line graph with respect to the upper x-axis. (E) Same as in D but for genes near to unique 

untreated peaks. (F). Same as D, but for genes near to unique UV peaks. (G) The table shows the percentage of double-positive regions 

found in each set of sites (unt., unique untreated peaks; UV, unique UV peaks; NR, not responding, double-positive peaks at least 1.5-fold 

enriched in untreated and UV samples and not changing more than 1.25-fold after UV exposure) containing the AP1, KLF4, TP53 or CTCF 

motif (upper panel). The conditions in which the motif was predicted to be enriched by Pscan with respect to the local and global 

background are highlighted in gray. The density plot shows the average distribution of the motif position relative to the center of FAIRE 

peaks at the double-positive sites (lower panel). (H) ChIP-qPCR for TP53 in untreated and NIH3T3 cells 6 h after UV treatment for non-

target genes as well as potential target genes identified in the UV unique double-positive class. The results are plotted as 

immunoprecipitated DNA/input DNA (IP/input) (n=3; error bars represent s.e.m.). (I) ChIP-qPCR for CTCF in untreated and NIH3T3 cells    

6 h after UV exposure for non-target genes as well as potential target genes identified in the common double-positive class (NR). The 

results are plotted as IP/input (n=3; error bars represent s.e.m.). 
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We next investigated whether untreated-only and UV-only double-positive regions 

were enriched for transcription-factor-binding motifs. Together with these two sets, we 

also used a control set of double-positive regions that are enriched in H3K27ac and 

accessibility in untreated and UV-irradiated cells. Motif analysis led to two levels of 

motif enrichment information: motifs enriched with respect to the local background 

(local enrichment, mainly reflecting motifs enriched near peak centers) and motifs 

enriched with respect to the global background (global enrichment, representing 

motifs found in surrounding regions). Interestingly, the motif enrichment analysis 

revealed sites for the same set of factors (FOSL2, FOS, JUNB; all AP1 components), 

which were found to be up-regulated in their expression upon UV treatment, upstream 

of the peak center in all three investigated sets of peaks (Fig. 4G; Table S2). However, 

there were small positional differences with respect to the peak center of the double-

positive sites (Table S2). Regions downstream of the untreated-only peaks contained 

motifs for factors such as TFAP2A, KLF4, SP2 and EGR1 (Table S2). These factors are 

related to histone deacetylation (SP2) [68], repression of TP53 (KLF4) [69], cell growth, 

apoptosis and DNA damage (SP1) and repression of apoptosis (EGR1) [70-72]. The 

regions downstream of the UV-unique motifs showed a high enrichment for the TP53 

motif (Table S2). TP53 has been shown to mediate UV-induced global chromatin 

changes [44]. These UV-unique double-positive regions harboring TP53 motifs were 

further validated using ChIP-qPCR (Fig. 4H). Interestingly, these results showed that 

these sites might already be targeted by TP53 in untreated conditions. These findings 

are in line with a recent genome-wide analysis of TP53 binding, revealing TP53 to be 

found predominantly within enhancers and showing that these sites are already poised 

in the untreated conditions by binding of TP53, which then becomes functional upon 

phosphorylation in response to DNA damage signals [23]. The control set of non-

changing peaks showed high local enrichment for CTCF and such CTCF binding at 

target sites in the non-changing class was validated by ChIP-qPCRs (Fig. 4I). 

Interestingly, these CTCF target sites did not show any changes in CTCF enrichment 

following UV, suggesting that binding of CTCF at these sites might protect them from 

UV-induced chromatin changes. Taken together, these results suggest that there is 

epigenetic remodeling of regulatory elements upon UV exposure, possibly involving 

the action of sequence-specific transcription factors, to either mediate or prevent 

changes following UV treatment. 
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UV exposure results in a dramatic reorganization of super-enhancers 

Prompted by our observations that UV treatment results in genome-wide epigenetic 

reprogramming of regulatory elements, we next investigated whether the UV response 

also involves the reorganization of H3K27ac clusters called super-enhancers. Using our 

H3K27ac ChIP-seq data, we first identified such clusters of super-enhancers and then, 

using a publically available ChIP-seq dataset generated from ChIP performed on 

untreated NIH3T3 cells for histone 3 mono-methylated at lysine 4 (H3K4me1), 

confirmed their enrichment for H3K4me1 (Fig. S4O-Q) [73]. Interestingly, whereas the 

total number of super-enhancers hardly changed, UV treatment led to dramatic 

reorganization of these elements in which 360 genes lost and 337 genes gained super-

enhancers (Fig. 5A,B). Furthermore, the gained super-enhancers were located closer to 

transcription start sites than those that were lost following UV treatment (Fig. 5C). 

Super-enhancers were found more frequently in introns and less frequently in 

intergenic regions after UV treatment (Fig. 5D,E). GO analysis of the nearest genes to 

untreated-only super-enhancers revealed that these genes were mainly related to cell 

morphogenesis, cell motion and cell proliferation (Fig. 5F; Table S1). Super-enhancers 

occurring uniquely in UV-treated cells were in vicinity of genes involved in cell cycle, 

apoptosis and macromolecule catabolic processes (Fig. 5G; Table S1). Furthermore, they 

were linked to kinase activity (Fig. 5G) as well as to various signaling pathways (Fig. 5H; 

Table S1). Further analyses revealed that unique genes near to untreated-unique super-

enhancers significantly lost their expression upon UV irradiation, indicating that these 

super-enhancers contribute towards their higher expression in the untreated condition 

(Fig. 5I, left panel; Fig. S4R, left panel). Genes only occurring near UV-unique super-

enhancers showed a slight trend towards gain in expression after UV irradiation (Fig. 5I, 

middle panel; Fig. S4R, middle panel). Moreover, the genes that retained super-

enhancers, on average, did not show any changes in expression (Fig. 5I, right panel; Fig. 

S4R, right panel). These findings suggest that UV exposure results in a dramatic 

reorganization of the super-enhancer landscape, which possibly determines gene 

expression changes likely to be important for the UV-induced stress response.  
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Figure 5: UV exposure causes a dramatic reorganization of super-enhancers. 

(A) Bar plot showing total count of super-enhancers in untreated and UV conditions. (B) Venn diagram showing overlap of genes near to 

super-enhancers in untreated and UV conditions. (C) Box plot showing the absolute distance of super-enhancers to nearest transcription 

start site (TSS). The box represents the 25–75th percentiles, and the median is indicated. The whiskers show 1.5 times the interquartile 

range (IQR) added to the 75th percentile (upper whisker) or subtracted from the 25th percentile (lower whisker). The notches represent 

median±1.57×IQR/(n
0.5

). P-values are calculated using a Wilcoxon test. (D,E) Pie charts showing genomic distribution of super-enhancers 

detected in untreated NIH3T3 cells (D) or UV-irradiated cells (E). (F,G) Bar plot showing GO term enrichment for biological processes of 

genes near to super-enhancers unique to the untreated condition (F) or unique to the UV condition (G). Bar lengths represent the count 

of genes (primary x-axis), whereas the P-value is shown as a line graph with respect to the upper x-axis. (H). Same as in G, but GO term 

enrichment is calculated for pathways. (I) Boxplots showing expression of genes near to untreated unique super-enhancers (left), UV 

unique super-enhancers (middle), and common super-enhancers (right) in untreated (red) and UV conditions (blue). P-values are 

calculated using Wilcoxon signed-rank test. 
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DISCUSSION 

It has been known for a long time that there is nucleosome rearrangement in response 

to UV [41] and several studies have followed to investigate how chromatin changes are 

involved in the UV response, mainly by applying microscopy approaches, biochemical 

assays or single loci studies [74-77]. Recent evidence has suggested that chromatin 

plays a major role in the UV-induced cellular response including regulation of gene 

expression changes [5, 6, 8, 12, 13, 15, 46, 78, 79]. However, a detailed genome-wide 

analysis to investigate the relationship of chromatin and gene expression changes was 

still missing. It is well established that distal regulatory elements play a crucial role in 

regulating gene expression; however, until now, no studies had described the changes 

in the distal regulatory landscape and its relationship to gene expression changes upon 

UV irradiation [29, 30]. Therefore, for the first time, in this study we comprehensively 

delineate the genome-wide interplay between chromatin accessibility, H3K27 

acetylation and gene expression in mouse fibroblasts 6 h after UV irradiation using 

several high-throughput sequencing methods. In-depth computational analyses 

revealed a global chromatin compaction in response to UV, which was accompanied by 

a massive reorganization of the active histone mark H3K27ac at promoters as well as 

distal sites. Our data therefore highlight a hitherto unknown role of distal regulatory 

elements in modulating gene expression in response to UV irradiation. Furthermore, 

our results show that these chromatin changes often reflect expression changes 

occurring following UV treatment. Overall, our combinatorial analysis of these 

comprehensive datasets not only provides new insights into UV-induced chromatin 

remodeling regulating the expression response but also serves as a highly refined 

resource for the scientific community. 

Our results revealed a preferential down-regulation of gene expression accompanied 

by an up-regulation of translation machinery components. These results might indicate 

a stress response mechanism in which cells employ alternative mechanisms to keep the 

relative protein levels constant by avoiding transcription of damaged DNA that might 

give rise to aberrant transcripts and non-functional proteins. It is also in line with recent 

findings, that transcription initiation of a majority of transcribed gene promoters is 

inhibited following UVB exposure [9]. In the recent past, lincRNAs have been shown to 

play a role in gene regulation and in a plethora of other biological processes [80-82]. 
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However, until now only a few lincRNAs have been implicated in the DNA damage 

response [22-24]. Our transcriptome analysis enabled us to reveal many lincRNAs that 

are differentially expressed upon UV irradiation, which might be crucial regulators of 

the stress response and be interesting candidates for further mechanistic analysis. 

These lincRNAs might act in a similar manner to lncRNAs upstream of the CCND1 

promoter, which have been reported to respond to DNA damage signals and to 

regulate the transcription of CCND1 through recruitment of the histone 

acetyltransferase (HAT) inhibitor TLS (also known as FUS) to the CCND1 promoter [83].  

Previous studies have shown a global chromatin relaxation followed by either 

restoration or further compaction upon UV irradiation [44, 45, 47]. Our findings show a 

genome-wide loss of chromatin accessibility at 6 h after UV exposure, irrespective of 

the genomic location, which consolidates our previous observation indicating a 

potential cellular mechanism to protect genome and transcriptome integrity. The loss 

of accessibility is accompanied by a gain of H3, indicating that the progressively 

occurring chromatin compaction is achieved either by active chromatin remodeling or 

incorporation of new nucleosomes. Although previous studies have suggested that 

heterochromatic regions are less prone to DNA damage in response to ionizing 

irradiation, γ-rays or chemical agents [84-87], our and other published data indicate 

that UV-induced DNA damage might occur both in eu- and hetero-chromatic regions 

[86, 88].  

Interestingly, loss of accessibility was less pronounced at promoters compared to other 

genomic regions. It is possible that some promoters are actively kept more accessible 

to maintain transcription or to be able to rapidly reactivate transcription following 

restoration of a normal cellular state. It is further conceivable that the compaction of 

promoters requires more energy and time given their occupancy by regulatory proteins 

as well as transcription machinery and their highly active chromatin status [89]. Despite 

a genome-wide reduction in chromatin accessibility, a few promoters, including those 

for genes implicated in the DNA damage response, gain accessibility to allow 

transcription of the respective genes. 

H3K27ac is a histone modification known to mark active promoters and enhancers, and 

found in our analysis to be drastically reorganized genome-wide following UV exposure 

[28-31]. Furthermore, time-dependent acquisition of active chromatin status along with 
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following expression changes argues that UV irradiation modulates chromatin in order 

to achieve required transcriptome changes. These observations are in line with previous 

studies that showed changes in active chromatin status along with transcriptional 

modulation [90, 91]. Strikingly, our data also hint that the epigenetic status prior to UV 

exposure influences expression as well as chromatin accessibility changes upon UV 

irradiation, indicating that a repertoire of epigenetic players cooperate to establish the 

cellular response to UV exposure. 

In line with the global loss of chromatin accessibility, we also observed a dramatic loss 

of accessible (as determined by FAIRE) and H3K27ac-marked (double-positive) 

regulatory elements. Motif analysis at untreated-unique double-positive sites indicates 

that, for example, TFAP2A, KLF4, SP2 and EGR1 might be targeted to these sites to 

support normal cellular functions. Identification of TP53 at UV-unique double-positive 

sites is further in line with previous observations showing that TP53 acts as a chromatin 

accessibility regulating factor mediating UV-induced chromatin relaxation as well as a 

factor that directly binds to enhancers [23, 44]. Moreover, the presence of CTCF, which 

has previously been shown to protect cells from UV-induced apoptosis [92], at the non-

changing double-positive sites might confer protection against UV-induced alterations 

of the chromatin status.  

Among regulatory regions, we also found that super-enhancers underwent a dramatic 

reorganization following UV treatment. They further seem to play an important role in 

transcriptional regulation of nearby genes, following the observation made previously 

that super-enhancers induce expression of proximal genes [32]. Many genes near to 

UV-induced super-enhancers have previously been shown to be important for the 

stress response, such as cell cycle, apoptosis and cell survival genes (e.g. Zfp36l1, Tgif, 

Ctgf, Cyr61) [93]. The super-enhancers might be gained next to them to mainly prevent 

their down-regulation upon UV exposure or even lead to an up-regulation of their 

expression. Moreover, UV-induced super-enhancers might be involved in the regulation 

of many signaling pathways of which some are shown to be activated in response to 

UV [10, 94, 95]. These findings further suggest that in response to stress, cells rearrange 

their regulatory landscape to allow desired gene expression programs. This expands 

our knowledge of the gene regulatory networks induced by UV irradiation. 
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Taken together, our study serves as a comprehensive resource of how chromatin 

remodeling of promoters and distal regulatory regions relate to expression changes 

upon UV exposure and provides new insights into the epigenetic responses to UV 

damage. Further work should involve investigating the functional role of new target 

genes, including lincRNAs, in UV-induced DNA damage response. In addition, given our 

findings showing that the genomic regions undergoing epigenetic reprogramming 

might serve as target sites for sequence-specific transcription factors, future work 

should aim to unravel their functional impact at these sites in response to UV 

irradiation.   
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METHODS 

Cell culture and UV treatment 

NIH3T3 cells (NIH/3T3; ATCC® CRL-1658™, ATCC) were cultured at 37°C under 7% CO2 

and 88% relative humidity. The culture medium contained Dulbecco’s modified Eagle’s 

medium (DMEM) supplemented with 10% fetal bovine serum, 2 mM L-glutamine and 

1× non-essential amino acids. At 2 days before the experiment, cells were seeded at a 

density of 3000 cells/cm2. Then, the culture medium was removed and the cells were 

washed twice with Dulbecco’s phosphate-buffered saline (D-PBS). Any residual solution 

was carefully removed, and the uncovered cells were irradiated with 80 J/m2
 UVC (254 

nm) in a CL-1000 Ultraviolet Crosslinker (UVP). Fresh culture medium containing DMSO 

(1:2000) was added to the cells, which were cultured again for 6 h or as indicated. 

ChIP assay and FAIRE assays 

ChIP and FAIRE assay was performed as previously described with small adaptations 

[96].  

ATAC 

50,000 untreated and UV treated NIH3T3 cells were applied to the ATAC assay 

according to Buenrostro et al., 2015 [62]. Transposed DNA was amplified for 11 cycles 

and purified using AMPure XP beads according to the manufacturer’s protocol. The 

DNA was eluted in 15 µl elution buffer (EB, 10 mM Tris-Cl, pH 8.5) and 0.01 µl was used 

per qPCR measurement.  

RNA isolation, cDNA synthesis and quantitative RT-qPCR 

Total RNA was prepared using Trizol and reverse transcribed with the First Strand cDNA 

Synthesis Kit (Thermo Scientific). Transcripts were quantified by PCR using SYBR Green 

PCR MasterMix on a ViiA7 PCR machine (Life Technologies). The sequences of all 

primers used in this study are provided in Table S3. 

Histone isolation and western blot analysis 

Histones were isolated according to Abcam’s protocol (Abcam Inc., Cambridge, MA).  

10 µg of proteins were run on 15% polyacrylamide gels, transferred to a PVDF 

membrane and probed with respective antibodies.  
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Dot blot 

Human H3.3 peptide containing H3K27ac and H3S28p modification (JPT, SP-His_0679; 

aa1.42) were spotted on a 0.45 µM AmershamTM ProtranTM nitrocellulose membrane,  

blocked in 5% BSA in TBST (0.1% Tween) and then probed with respective antibodies.  

Reagents and antibodies 

Please refer to Table S4.  

RNA-seq  

RNA was isolated in biological triplicates with Purelink RNA Mini Kit and ribosomal RNA 

was removed using Ribo-Zero rRNA removal kit. 50-bp reads and single-end 

sequencing of the RNA-seq libraries, prepared with a TruSeq RNA Library Prep kit, were 

performed on an Illumina Hi-Seq 2000 platform. Fastq files generated from sequencing 

were processed using TopHat (version 2.0.9) with default parameters for alignment to 

mouse genome mm9 (available from UCSC) resulting in 14x106-22x106 reads per 

sample [97]. FastQC was used for quality control and HTSeq (version 0.5.4p1) to 

calculate number of mapped reads on protein-coding genes (n=19,069) or lincRNAs 

(n=15,694). The normalized expression and differentially expressed genes between the 

two conditions were identified using DESeq with FDR of 0.1 [98]. Values showing no tag 

counts in either condition were excluded from the analysis (resulted in 18,784 protein-

coding genes and 8857 lincRNAs).  

ChIP-seq and FAIRE-seq 

ChIP- and FAIRE-seq experiments were performed in biological duplicates. Fastq files 

generated by the sequencing platform were processed using Bowtie (version 0.12.7) 

with default parameters for alignment to mouse genome mm9 (available from UCSC) 

[99]. A master bam file was generated by merging the bam files from the replicates in 

both the untreated and UV conditions. MACS2 was used to call the peaks from the 

merged bam file without input [100]. Peak enrichments for any peak given by MACS2 

or for specific genomic regions (promoters, exons, introns or intergenic regions) were 

then calculated using the QuasR package [101]. Peaks that were enriched at least 1.5-

fold above input were considered for further analysis. Genomic regions (promoters, 

introns, exons and intergenic regions) were defined using information from UCSC by 
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applying a hierarchical approach. Promoters were defined first at -800 to +200 bp 

around the transcription start site (TSS), then exons and intron information was 

extracted from the UCSC gene annotation file and all remaining regions were 

considered as intergenic. To build the correlation plots, an overlap of 20% was required 

for two peaks to be at the same site. 

Public datasets from the NCBI GEO database used were: SRR1014989, SRR1015026, 

SRR1015028, SRR1015029, SRR1015032, SRR1187052, SRR1187056, SRR1187061, 

SRR118706-4-5, SRR1187064, SRR350001. 

Gene Ontology analysis 

DAVID was used to perform functional annotation clustering using biological process 

and cellular compartments [102]. From each DAVID cluster, the sub-categories showing 

the highest number of genes and corresponding P-value were chosen as the 

representing values. Pathway analysis was performed using ToppGene [103]. Gene Set 

Enrichment analysis on differentially expressed genes was performed using GSEA 

package from GenePattern [49]. 

Motif analysis 

Motif analysis was performed using the Pscan-ChIP tool applying mouse (mm9) 

genome assembly while using a mixed background set against JASPAR [104]. To 

identify the exact genomic locations of the motifs predicted by Pscan, we applied 

findMotifs.pl of Homer package [105].  

Super-enhancer identification 

Super-enhancers were identified using the Homer package [105], which applies a 

similar approach as described in the first paper reporting super-enhancers [32]. In brief, 

peak calling was performed using default options and then peaks within 6 kb were 

stitched together. A score for super-enhancers was calculated using the total 

normalized read count in the ChIP sample compared to the input sample. These 

regions were then sorted and normalized based on the highest super-enhancer score.  
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Accession numbers 

All the next-generation sequencing datasets used in this study have been submitted to 

GEO and will be publically available under accession number GSE66286. 
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SUPPLEMENTARY FIGURES 

 

Supplementary Figure 1 

(A). Bar plot showing total number of mapped reads for each RNA-seq sample. (B). Correlation matrix of gene expression values between 

RNA-seq replicates using normalized tag counts. Values displayed are Spearman coefficients. (C). Density plots showing distribution of 

normalized tag counts in untreated (red lines) and UV condition (blues lines). Left panel: density plot for protein-coding genes (n=19,069). 

Middle panel: density plot for differentially expressed genes only (n=2068). Right panel: density plot for genes not differentially expressed 

(n=17,001). (D). Bar plot showing enrichment of GO terms associated to cellular component for up- and down-regulated genes upon UV 

treatment. Bar length shows the count of genes (primary x-axis), while p-value is shown as line graph with respect to alternate x-axis. (E). 

Gene ontology analysis performed using ‚GSEA preranked (v1)‛ module from GenePattern for differentially expressed genes. GO-terms 

associated to biological processes with the best enrichment values are displayed. GSEA was used with the default parameters and top 10 

GO terms are displayed sorted by their FDR q-value. Bar length represents the gene counts (primary x-axis), while FDR p-value is shown as 

line graph with respect to upper x-axis. (F). Bar plot representing the protein concentration of a defined number of untreated and UV 

treated cells lysed in the same volume (n=4, error bars represent s.e.m.; upper panel). An unpaired t-test did not reveal a significant 

change upon UV treatment. The same amount of lysate from each sample was separated on an acrylamide gel and Coomassie Blue 

stained (M = marker, R = replicate, - : untreated, +: UV treated; lower panel). (G). MA-plot showing the changes in expression of lincRNA 

genes six hours after UV treatment in NIH3T3 cells. The log2 ratio of change in gene expression for each lincRNA (y-axis) is plotted 

against log2 mean expression value in untreated cells (x-axis). Differentially expressed lincRNAs are highlighted (blue: up-regulated, n=86; 

red: down-regulated, n=12). (H). Scatter plot showing the relationship between log2 ratio of change in lincRNA expression (x-axis) and the 

log2 ratio of expression change of the nearest gene (y-axis). LincRNAs found significantly changing following UV in figure S1G are 

displayed. The nearest genes that are significantly up-regulated are displayed in blue and the down-regulated genes are displayed in red. 

Dotted lines mark the cut-off of 1.5 fold expression change. (I). Browser track showing an up-regulated lincRNA, whose nearest gene also 

showed an increased in expression upon UV irradiation (Btg2). Tracks for expression, FAIRE and H3K27ac are shown for untreated (red) 

and UV (blue) conditions. Input for untreated and UV conditions are shown for comparison.  
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Supplementary Figure 2 

(A). Replicates of each condition of the FAIRE-seq experiments have been merged and number of total mapped reads per condition are 

shown. (B). Scatterplots showing correlation between peak enrichments from replicate 1 and 2 called independently (left panel: untreated 

condition, right panel: UV condition). Values displayed are Spearman correlation coefficients. (C). Browser track showing reproducible 

patterns of peaks between replicates of the same condition. Red tracks show replicates for untreated and blue tracks for UV condition. 

The black box shows an example of peaks visible in all replicates, the red boxes show peaks visible for both untreated replicates only and 

the blue box shows an example of peaks only found in UV condition. Input tracks are displayed for untreated and UV conditions for 

comparison. (D). Venn diagrams showing the number of overlapping enriched peaks between independently called peaks from replicate 1 

and replicate 2. Top diagram shows the overlap in untreated situation and bottom diagram the overlap of replicates in UV condition. (E). 
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Bar plot showing total open genome size in Mbp in untreated and UV treated NIH3T3 cells calculated from the peaks detected in both 

replicates. Total open genome size was calculated as the sum of the widths of all FAIRE peaks found to be enriched above background in 

each condition. (F). Box plots showing distribution of peak width for unique accessible regions in untreated and UV-treated cells 

calculated with the peaks found in both replicates. Significance between peak width in untreated and UV condition is indicated by 

asterisks (**: p-value <0.01, Wilcoxon rank-sum test for non-normal distributions; Promoters: p-value = 1.2x10
-11

; exons: p-value = 0.3887; 

introns: p-value = 7.6x10
-10

; intergenic regions: p-value = 1.8x10
-8

). The number above each box plot displays the number of unique peaks 

for each condition. (G). Scatter plot showing dynamics of FAIRE enrichment changes between untreated and UV conditions for peaks 

found in both replicates using independent peak calling. Regions showing more than 1.5-fold gain of enrichment 6h following UV 

exposure are depicted in blue, while the regions showing a decrease after UV treatment of more than 1.5-fold are depicted in red. (H). 

Box plots showing the enrichment values in individual replicates of FAIRE sites found to be enriched 1.5-fold above input only in the 

merged approach. (I). Density plot representing the reads falling around TSS for untreated condition, UV condition and input in merged 

samples. (J). Bar plot showing the total amount of open genome in different genomic regions (promoter, intron, exon and intergenic 

regions) normalized by the size of the regions they occupy in the genome. (K). Distribution of FAIRE peak enrichments in different 

genomic regions for peaks only enriched in untreated (red) or UV-treated (blue) cells. Wilcoxon rank-sum tests for non-normal 

distribution were performed to test the equality of distribution between the untreated and UV conditions (**: p-value<0.01; promoters: p-

value = 1.581x10
-9

; exons: p-value = 0.774; introns: p-value = 1.762x10
-15

; intergenic regions: p-value = 8.188x10
-7

). (L). FAIRE-qPCR for 

promoter (upper panel) and intergenic regions (lower panel) detected by FAIRE-seq to change accessibility 6h after UV irradiation 

(indicated below). FAIRE-qPCR was performed in untreated cells and at different time points after UV irradiation (immediately, 30 minutes, 

6h). The results were normalized to input and Ctcf and plotted as fold change to the respective untreated sample (n=3; error bars 

represent s.e.m.). Furthermore, H3 occupancy at these loci has been measured by ChIP-qPCR, normalized to input and plotted as fold 

change (n=3, error bars represent s.e.m.). Statistical significance for FAIRE- and ChIP-qPCR results were calculated with an unpaired t-test 

(*: p-value < 0.05; **: p-value < 0.01; ***: p-value < 0.001; ****: p-value < 0.0001). (M). ATAC-qPCR for promoter (upper panel) and 

intergenic (lower panel) regions detected by FAIRE-seq to change accessibility by 6h after UV (indicated below). The results are plotted as 

fold change between UV and untreated condition (n=4; error bars represent s.e.m.). Statistical significance for ATAC-qPCR results were 

calculated with an unpaired t-test (*: p-value < 0.05; **: p-value < 0.01; ***: p-value < 0.001; ****: p-value < 0.0001). (N). Western Blot 

analysis of ƔH2AX in untreated NIH3T3 cells as well as 30 minutes or 6h after UV irradiation. Two independent replicates (R1 and R2) are 

shown with H3 as a loading control. (O). γH2AX ChIP-qPCR results for promoters (upper panel) and intergenic (lower panel) regions, 

which are either accessible (acc) or not (nacc) in untreated condition and change (up or down) or do not change (nc) their accessibility 6h 

after UV treatment. The data are normalized to input and fold changed between UV and untreated condition is plotted (n=3; error bars 

represent s.e.m.). Statistical significance for ChIP-qPCR results were calculated with an unpaired t-test (*: p-value < 0.05; **: p-value < 0.01; 

***: p-value < 0.001; ****: p-value < 0.0001). (P). Same as in figure S2O, but the data was additionally normalized to H3 enrichment and 

fold changes are shown (n=3; error bars represent s.e.m.). Statistical significance for ChIP-qPCR results were calculated with an unpaired t-

test (*: p-value < 0.05; **: p-value < 0.01; ***: p-value < 0.001; ****: p-value < 0.0001). (Q). Distribution of enrichment values of various 

chromatin features for sites of different accessibility change patterns. In red, sites found accessible in untreated cells and going down 

upon UV. In blue, sites accessible in untreated cells but not showing significant change upon UV. In yellow, sites gaining accessibility upon 

UV. In green, inaccessible sites whose status does not change upon UV. Eventual significant differences between regions belonging to red 

and blue categories on one hand, yellow and green categories on the other hand are displayed. Statistical significance were calculated 

with Wilcoxon rank-sum test (*: p-value < 0.05; **: p-value < 0.01). (R). Scatter plots showing correlation between gene expression and 

accessibility for untreated (upper panel) and UV condition (lower panel). Expression levels have been divided into 100 bins of equal size 

and expression mean of each bin has been plotted against mean of FAIRE-seq enrichments at promoters of the corresponding genes. 

Spearman correlation coefficients are displayed inside the graph. (S). Bar plot showing enrichment of biological processes for down-

regulated genes showing a loss of accessibility at their promoters (red quadrant of figure 2F). Bar length shows the number of genes 

(primary x-axis), while p-values are shown as a line graph with respect to alternate x-axis.  
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Supplementary Figure 3 

(A). Dot plot analysis of H3, H3K27ac and H3S28p antibody binding to a human H3.3 peptide (aa 1-42) containing acetylated K27 and 

phosphorylated S28. The H3 antibody recognizes only the first 20 amino acids of an unmodified H3. (B). Replicates of each condition of 

the H3K27ac ChIP-seq experiments have been merged and number of total mapped reads per condition are shown. (C). Bioanalyzer 

profiles for both replicates of the untreated and UV irradiated sonicated samples used for ChIP-seq experiments. (D). Scatterplots showing 

correlation between peak enrichments from replicate 1 and 2 called independently (left panel: untreated condition, right panel: UV 

condition). Values displayed are Spearman’s coefficients of correlation. (E). Browser track showing reproducible patterns of peaks between 

replicates of the same condition for H3K27ac ChIP-seq and input samples. The red tracks show replicates for the untreated condition and 

blue tracks for UV condition. The black box shows an example of peaks visible in all conditions, the red box marks peaks higher enriched 

in untreated replicates compared to UV replicates, and the blue boxes show two examples of peaks only present in UV condition. (F). 

Venn diagrams showing the number of overlapping peaks for replicate 1 and 2 of the ChIP-seq experiment using independent peak 

calling. Top diagram shows the overlap in untreated situation and bottom diagram for UV condition. (G). Bar plot showing total size of the 

genome marked with H3K27ac, calculated by summing the widths of all H3K27ac peaks found to be enriched above input in both 

replicates. (H). Scatter plot showing dynamics of H3K27ac enrichment changes between untreated and UV conditions for peaks found in 

both replicates using independent peak calling. Regions showing more than 1.5-fold gain in enrichment in UV condition compared to 

untreated condition are depicted in blue, while the regions showing a decrease after UV treatment of more than 1.5-fold are depicted in 

red. (I). Box plots showing the enrichment values in individual replicates of H3K27ac sites found to be enriched 1.5-fold above input only 

in the merged approach. (J). Bar plot showing total size of H3K27ac enriched regions found in each of four genomic regions (promoter, 

intron, exon and intergenic regions) normalized by the size of the regions they occupy in the genome. (K). Peak-width distribution across 
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different genomic regions for H3K27ac-enriched regions uniquely found in untreated or UV-treated cells. Wilcoxon rank-sum tests for 

non-normal distribution were performed to test the equality of distribution between untreated and UV conditions (**: p-value<0.01; 

promoters: p-value = 0.7776; exons: p-value: 1.281x10
-6

; introns: p-value < 2.2x10
-16

; intergenic: p-value < 2.2x10
-16

). (L). Density plot 

representing the reads falling around TSS for untreated condition, UV condition and input in merged samples. (M). Scatter plots showing 

correlation between gene expression and H3K27ac enrichment for untreated (left panel) and UV (right panel) condition. Expression levels 

have been divided into 100 bins of equal size and expression mean of each bin has been plotted against mean of H3K27ac enrichments at 

promoters of the corresponding genes. Spearman correlation coefficients are displayed inside the graph. (N). Gene ontologies associated 

with down-regulated genes showing a loss of H3K27ac enrichments at their promoters following UV exposure (red quadrant in figure 3F). 

Bar lengths show the count of genes (primary x-axis), while p-values are shown as a line graph with respect to alternate x-axis. (O). Gene 

ontologies associated with up-regulated genes showing increase in H3K27ac enrichments at their promoters following UV exposure (blue 

quadrant in figure 3F). Bar lengths show the count of genes (primary x-axis), while p-values are shown as a line graph with respect to 

alternate x-axis. (P). Gene ontologies associated to genes falling in the red quadrant in figure 3K. Bar lengths show the count of genes 

(primary x-axis), while p-values are shown as a line graph with respect to alternate x-axis. (Q). Gene ontologies associated to genes falling 

in the blue quadrant in figure 3K. Bar lengths show the count of genes (primary x-axis), while p-values are shown as a line graph with 

respect to alternate x-axis. 
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Supplementary Figure 4 

(A). Bar plots showing number of H3K27ac and FAIRE double-positive sites in untreated (red) and UV (blue) conditions. Overlapping peaks 

were decided based on minimal 20% overlap of FAIRE and H3K27ac peaks. (B). Box plots showing changes in FAIRE and H3K27ac 

enrichments at double-positive sites in untreated (red) and UV (blue) conditions. The y-axis shows normalized enrichment in log2. P-

values are calculated using a paired Wilcoxon test. (C). Box plots showing FAIRE enrichments at double-positive regions either specific to 

untreated condition (red), specific to UV condition (blue), or present in both (orange). In the latter case, the values of peak enrichments 

are shown for untreated condition (‚untreated common‛) and UV condition (‚UV common‛). The y-axis shows normalized FAIRE 

enrichment in log2 scale. P-values are calculated using a paired Wilcoxon test. (D). Same as in C but showing enrichment for H3K27ac. P-

values are calculated using a paired Wilcoxon test. (E-H). Scatter plot showing changes in H3K27ac enrichments at unique double positive 

sites found in the untreated condition (E, G) or UV condition (F, H) at promoter (E, F) or intergenic regions (G, H). The x-axis shows log2 of 

H3K27ac enrichment in the untreated condition, while the y-axis represents log2 of H3K27ac enrichment in the UV condition. (I-L) Same 

as in E-H, but for FAIRE enrichment. (M). Venn diagram showing overlap of genes that are near to double-positive sites unique to 
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untreated (untreated) or UV (UV) condition, or enriched for FAIRE and H3K27ac in untreated and UV condition (common). (N). Heat map 

for genes associated with the GO term category 'chromatin organization' from figure 4E. The heatmap illustrates the direction of gene 

expression changes 6h after UV irradiation. (O). Browser track showing a super-enhancer induced upon UV irradiation. Tracks showing 

H3K27ac signal in untreated (red track) and UV (blue track) condition are displayed, along with the corresponding inputs. (P). Boxplots 

showing the distribution of H3K4me1 enrichment above input for super-enhancers and random genomic intervals selected based on the 

average super-enhancer size (published H3K4me1 ChIP-seq dataset performed in untreated 3T3 fibroblast cells was used: SRR349993). 

(Q). Boxplots showing H3K4me1 enrichment in untreated 3T3 cells at super-enhancers regions unique to untreated condition, common to 

untreated and UV conditions, and unique to UV condition (dataset used: SRR349993). Wilcoxon rank-sum tests for non-normal 

distribution were performed to test the equality of distribution between two of three groups (*: p-value<0.05; untreated only versus 

common: p-value = 1.34x10
-2

; untreated only versus UV only: p-value = 2.64x10
-6

; common versus UV only: p-value = 8.19x10
-15

). (R). 

Scatter plots showing gene expression changes of genes near to untreated unique super-enhancers (left panel), UV unique super-

enhancers (middle panel) and common super-enhancers (right panel). The x-axis shows log2 expression in the untreated condition, while 

the y-axis represents log2 expression in the UV condition. Differentially expressed genes are highlighted (down-regulated genes in red, 

up-regulated genes in blue).  
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ABSTRACT 

Organisms adapt their physiology and behavior to the 24-h day-night cycle to which 

they are exposed. On a cellular level, this is regulated by intrinsic transcriptional-

translational feedback loops that are important for maintaining the circadian rhythm. 

These loops are organized by members of the core clock network, which further 

regulate transcription of downstream genes, resulting in their circadian expression. 

Despite progress in understanding circadian gene expression, only a few players 

involved in circadian transcriptional regulation, including transcription factors, 

epigenetic regulators, and long noncoding RNAs, are known. Aiming to discover such 

genes, we performed a high-coverage transcriptome analysis of a circadian time course 

in murine fibroblast cells. In combination with a newly developed algorithm, we 

identified many transcription factors, epigenetic regulators, and long intergenic 

noncoding RNAs that are cyclically expressed. In addition, a number of these genes also 

showed circadian expression in mouse tissues. Furthermore, the knockdown of one 

such factor, Zfp28, influenced the core clock network. Mathematical modeling was able 

to predict putative regulator-effector interactions between the identified circadian 

genes and may help for investigations into the gene regulatory networks underlying 

circadian rhythms. 
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INTRODUCTION 

Organisms adapt to the 24-h day-night cycle, which leads to oscillations in physiology 

and behavior. This is coordinated by an intrinsic molecular clock originating from the 

interplay of two transcriptional-translational feedback loops [1]. In mammals, the core 

loop consists of the transcriptional activators Clock and Bmal1 and the repressors 

Period (Per) and cryptochrome (Cry). In a second loop, retinoid-related orphan 

receptors (ROR) activate transcription while Rev-Erb factors (Nr1d1 and Nr1d2) repress 

transcription [2]. These core clock components also regulate the expression of 

additional genes, possibly resulting in an oscillating transcription of these so-called 

clock-controlled genes and finally in the circadian phenotype. 

Recent genome-wide studies of circadian time courses in various mouse tissues 

indicated that each tissue expresses its own particular set of cyclical genes, which only 

partly overlap each other [3-7]. Nearly half of all genes in the mouse genome show 

circadian oscillation in at least one tissue [7]. The basic mechanisms causing 

transcriptional rhythms of the core clock components are similar among all tissues, but 

how tissue-specific circadian output is achieved remains unknown, although several 

mechanisms have been proposed [2]. Among these are the use of tissue-specific 

transcription factors (TFs) or co-regulators [6, 8], and different temporal control of RNA 

polymerase II recruitment [9, 10], as well as defined rhythms in histone modifications 

accompanied by differential gene regulation [9-19]. 

To gain further insight into the transcriptional control of the circadian rhythm, we 

aimed to identify novel factors, particularly transcription factors and epigenetic 

regulators, which are under circadian control and might either feed back into the core 

clock network or are involved in establishing the circadian phenotype via downstream 

target regulation. Another set of genes with an emerging role in the regulation of 

transcription are long intergenic noncoding RNAs (lincRNAs). It is not yet fully 

understood how lincRNAs control gene expression, but case-specific studies suggest 

that they might act as a scaffold to target chromatin-modifying complexes and 

transcriptional regulatory proteins to the genome [20]. Recently, circadian expression of 

long noncoding RNAs was reported [7, 21]. 

To identify and investigate cyclically expressed factors, we synchronized NIH3T3 cells, a 

commonly used murine model system, in their circadian rhythm. We performed RNA-
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sequencing (RNA-seq) to derive an extensive time course data set and applied three 

established as well as one novel computational approach to identify a number of 

transcription factors, epigenetic regulators, and lincRNAs that show cyclical expression. 

Among the identified TFs, we further investigated a cyclically expressed transcription 

factor, Zfp28, which influences the core clock network. Proposed interactions between 

transcriptional regulators and selected downstream targets could be tested using 

mathematical modeling based on ordinary differential equations, which we 

subsequently evaluated experimentally. Overall, the study revealed potential novel 

candidates involved in circadian rhythm control as well as possible interactions between 

them. Furthermore, the obtained data set provides an extensive resource for further 

circadian research.  
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RESULTS 

Identification of genes with circadian expression in NIH 3T3 cells 

To study transcriptional regulation during circadian rhythm in a mammalian system, we 

employed NIH 3T3 cells synchronized with dexamethasone. This cell line has been 

routinely used as a model system for circadian rhythmicity [22-29]. NIH 3T3 Per2:luc 

cells showed a cyclical luminescence signal over time, thereby validating the 

synchronization protocol (see Fig. S1a in the supplemental material). Furthermore, we 

confirmed the cyclical expression pattern of known core clock genes in NIH 3T3 cells by 

using RT-quantitative PCR over two 24-h cycles. Consistent with previous studies [30], 

Clock showed nearly stable expression, whereas Cry and Per mRNAs showed cyclical 

expression peaking around 4 h, 28 h, and again at 52 h (Fig. 1a; see also Fig. S1b). 

Bmal1 (Arntl) expression peaked in between the Per and Cry maxima, at approximately 

12 h and 36 h (Fig. 1a). We further performed genome-wide RNA expression analysis 

over a 32-h time course with 4-h resolution via high-throughput RNA sequencing (for 

the total and aligned number of reads, see Table S1 in the supplemental material). 

Previously, similar data sets were generated via microarray analysis [5, 24]; however, 

RNA-sequencing technology enables a deeper coverage and a more extensive analysis 

of the transcriptome [31]. Furthermore, it allows analysis of not-yet-annotated as well 

as noncoding RNAs. The data therefore adds substantially to the published microarray 

data sets.   

Based on our RNA-seq data, half of the genes (50.5%, 11,082 genes) were expressed at 

least at one time point and were included for further analysis. The expression patterns 

of core clock genes (Clock, Cry, Per, and Bmal1 genes) coincided well with the RT-qPCR 

measurements (Fig. 1a). To identify further genes that show cyclical expression with a 

period length between 20 h and 28 h, we applied four different methods. JTK_CYCLE 

identifies oscillating genes in time-resolved gene expression data sets based on a non-

parametric test (JT test) and a measure of rank correlation (Kendall’s tau) combined in a 

Jonckheere-Terpstra-Kendall (JTK) algorithm [32]. By assigning a q value of <0.05, the 

algorithm returned 328 cyclical transcripts (3% of all expressed genes) (see Fig. S1c in 

the supplemental material). Among the found cycling genes were established core 

clock components, such as the Period and cryptochrome genes, as well as the Bmal1, 

Nr1d1, and Nr1d2 genes. The algorithm RAIN, which is an extension of the JTK 



2.2 Identifying Novel Circadian Expressed Transcriptional Regulators 
 

122 

 

algorithm but less stringent regarding the shape of the waveform, identified 4,063 

cyclical genes with a period length between 20 h and 28 h (q value <0.05) [33]. We 

further applied Arser, a combination of autoregressive spectrum analysis and harmonic 

regression, to identify cyclically expressed genes [34]. Arser detected 810 cyclically 

expressed genes (see Fig. S1c). As noted also by others, we found little overlap between 

the oscillating genes detected by Arser, JTK_CYCLE and RAIN [9, 35] (see Fig. S1d). We 

further developed our own approach (classification by nonlinear regression analysis 

[CBNLR]) to identify cyclical genes; this approach uses nonlinear regression to identify 

rhythmically expressed genes with a period length between 20 h and 28 h. In contrast 

to Arser, this method explicitly takes into account the experimental variability between 

biological replicates by using a bootstrapping approach (see Materials and Methods for 

details). In addition, by applying nonlinear regression analysis, the period length for 

identifying cyclical genes is not dependent on the sampling rate of the data set, which 

is the case for JTK_CYCLE or RAIN. All estimators of our approach are fitted freely and 

do not need to be fixed. This approach identified 292 cyclical expressed genes, a 

number similar to that determined with JTK_CYCLE (see Fig. S1c). Again, this approach 

identified most of the core clock components. The overall overlap of identified cyclical 

genes between all four different methods was limited (see Fig. S1d). A comparison of 

CBNLR to JTK_CYCLE and Arser using a benchmark data set showed competitive 

performance (see Text S1 in the supplemental material) and that, considering its 

different approach, it complements the existing methods in identifying cyclically 

expressed genes. 

The common set of genes identified by all four methods consists of 49 genes and 

includes genes for known cyclical core clock components, such as Cry1, Cry2, Nr1d2, 

Per2, and Per3 (see Fig. S1d and e in the supplemental material). For further analysis, 

we selected high-confidence cyclical genes from our data set by considering only genes 

which were classified as cyclical by at least three of the four analysis methods. This 

resulted in a set of 230 genes (see Table S2 in the supplemental material). The 

expression patterns of these genes fall into various oscillation phases, as shown in the 

exemplary time courses (Fig. 1b and 1c).  

When we compared the identified cyclical genes to the results of previous microarray 

studies performed in NIH 3T3 cells [5, 24], we found only minimal overlap between all 

studies,  possibly  due to  differences  in the  synchronization protocols  or classification  
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Figure 1: Characterization of circadian genes in NIH 3T3 cells. 

(a) Expression of core clock components as measured by RNA-seq data (n=2, normalized to average expression) or measured by RT-qPCR 

(n=4, normalized to Hsp90ab1 and to average expression; error bars represent standard errors of the means [SEM]). Dashed lines mark 

the 24-h and 48-h time points. (b) Heat map showing the expression of 230 cyclically expressed genes (detected by at least three 

methods). The expression values per gene were minimum-maximum normalized. Genes are sorted by the phase determined with 

JTK_CYCLE. GO terms associated with each gene are indicated in black on the right. (c) RNA-seq data for exemplary genes with circadian 

expression showing different peak times (n=2, normalized read counts, error bars represent SEM). Colored lines indicate the time point of 

their highest expression during the time course as marked in panel b (early, mid, and late). (d) Enriched sequence motifs in the promoters 

(±1 kb of TSS) of early, middle, and late peaking genes, performed with HOMER. The percentage of target as well as background 

sequences with motif are shown. (e) GO term enrichment for early, middle, and late peaking genes (top 15 are shown, based on P values). 

Grey bars indicate the negative logarithm of the P value (top axis); black bars show fold enrichment (bottom axis).  
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method of cyclical genes (see Fig. S1f in the supplemental material). The total overlap 

between the two microarray studies was restricted to only four core clock genes (Per2, 

Per3, Cry1, and Tef genes). Our data showed greater overlap with each of the 

microarray experiments, and our results also revealed the four above-mentioned genes 

as well as a number of core clock genes not identified by the microarray studies.  

We next investigated, whether there was evidence that our identified cyclically 

expressed genes are under circadian control in other cell or tissue types. CircaDB, a 

database that compiles published transcriptome data of circadian time courses in 

different tissues and cellular systems, is a valuable resource for this purpose [36]. We 

found that 176 out of 230 cyclically expressed genes in our data set also oscillate in at 

least one other cell or tissue type (76 %) (see Fig. S1g. in the supplemental material). 

Moreover, we examined if the promoters of these genes are bound by core clock 

factors in different chromatin immunoprecipitation sequencing (ChIP-seq) studies 

performed in liver cells or macrophages [8, 9, 37-42]. Strikingly, 225 of these genes 

have been determined to be bound by at least one core clock factor (Clock, Per1, Per2, 

Cry1, Cry2, Npas2, Bmal1, Nr1d1, Nr1d2, or Rora; 97.8%, 1.36-fold increase above 

background; P < 0.001) (see Fig. S1h and i in the supplemental material), indicating that 

most of the 230 cyclically expressed genes might be under control of the circadian 

network. These genes include circadian regulators, stress response genes, and cell cycle 

genes (based on GO term enrichment analysis for biological processes), as well as many 

genes that bind to nucleotides and/or are implied to be transcriptional regulators 

(based on GO term enrichment analysis for molecular function) (Fig. 1b; see also Table 

S3 in the supplemental material).  

Groups of genes with common functions may peak at certain phases of the circadian 

cycle. To analyze this, we performed gene set enrichment analysis (GSEA) for all 

cyclically expressed genes, sorted by their circadian phase [43, 44]. Interestingly, some 

GO terms showed enrichment among genes within a certain range of phases, while 

others displayed nearly uniform distribution (see Fig. S1j in the supplemental material). 

For example, genes related to metabolic processes were nearly evenly distributed 

throughout the time course, while genes involved in cell cycle tended to peak late in 

the circadian cycle (see Fig. S1j). To investigate this further, we determined the maximal 

expression of the cycling genes between 4 h and 24 h of the time course and divided 

them in early (maximal peak at 4 h or 8 h), middle (maximal peak at 12 h or 16 h), and 
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late (maximal peak at 20 h or 24 h) cycling genes (Fig. 1b and c). For these three sets of 

genes, we performed GO term analysis [45, 46] as well as motif prediction [47] (Fig. 1d 

and e; see also Tables S3 and S4 in the supplemental material). This revealed that genes 

related to circadian rhythm were mainly enriched in the set of genes showing high 

expression early in the time course. The genes of this class also exhibited enrichment of 

the NF1 motif in their promoter. Genes of the second category, peaking at 12 h or 16 h, 

were enriched for the E2F1, NRF, and E2F7 motifs and GO terms related to processes 

such as DNA metabolic process, DNA repair, cellular response to stress, and DNA 

replication. As observed by the GSEA analysis, the cycling genes peaking late were 

highly enriched for cell cycle related genes and, furthermore, for stress response genes. 

Motif analysis detected enriched HIF-1a, NFY, and the E-box-containing motifs c-MYC, 

USF2, MITF, NPAS2, and bHLHE40 in the promoters of these genes.  

 

Cyclical expression of transcriptional regulators and lincRNAs 

The GO term analysis indicated that in the set of cyclically expressed genes many genes 

are associated to transcriptional regulation (GO:0006355). Since the fate of a cell is 

largely defined by its transcriptome, we investigated the genes grouped under the GO 

terms “DNA binding” and “transcriptional regulation” in more detail. In addition, we 

screened the list of 230 cyclically expressed genes for putative transcription factors and 

epigenetic regulators, based either on prior knowledge from the literature or on the 

functional domains within the proteins. The combination of these genes resulted in a 

list of 70 putative transcriptional regulators with cyclical expression (Fig 2a). The list also 

contained genes previously studied in the context of circadian rhythm (e.g., Tef, Dbp, 

Nono, Mta1, Id1) [48-53]. 

It has been shown that the overlap of genes with circadian expression between 

different tissues is low [3-7]. However, if any of these factors plays a general role in the 

regulation of circadian rhythm, it should be cyclically expressed in most tissues. We 

therefore analyzed which of the 70 putative transcriptional regulators were also 

cyclically expressed in other tissues, again using the data sets provided by CircaDB [36]. 

Indeed, we found all core clock components and well-established players in circadian 

rhythm to be cyclically expressed in nearly all investigated tissues (Fig 2a, right column; 

see also Fig. S2a in the supplemental material). Furthermore, among the 70 potential 

transcriptional regulators, we found additional genes showing cyclical expression in 
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several tissues. This suggests that some of the identified factors might play a general 

role in the regulation of circadian rhythm or in circadian-regulated processes.  

 

 

Figure 2: Cyclically expressed transcription factors and epigenetic regulators can affect the core 

clock network. 

(a) Heat map of transcription factors, epigenetic regulators, and additional DNA-binding genes with circadian expression in NIH 3T3 cells 

(minimum-maximum normalized). Genes were sorted by the estimated phase given by JTK_CYCLE. The right column (TD) indicates in how 

many times out of 29 published time course data sets (obtained from CircaDB) a gene was classified by JTK_CYCLE to be cyclically 

expressed. White, in no data set; gray, in 1 to 15 data sets; black, in >15 data sets. (b) Expression of Leo1 in different mouse tissue time 

course experiments (data obtained from GEO, GSE54651). Data were normalized to average expression of Leo1 per tissue. (c) Expression 

of Leo1 compared to Bmal1 in the NIH 3T3 time course RNA-seq data. Normalized read counts of two replicates were normalized to 

average expression and are plotted with error bars (standard errors of the means [SEM]). (d) Expression of Zfp28 in different mouse tissue 

time course experiments (data obtained from GEO, GSE54651). Data were normalized to average expression of Zfp28 per tissue. (e) 

Expression of the Zfp28 compared to Cry and Per genes in NIH 3T3 time course RNA-seq data. Normalized read counts of two replicates 

were normalized to average expression and are plotted with error bars (SEM). (f) Luminescence measurements of NIH 3T3 Bmal1:luc cells 

under knockdown of Leo1 (siLeo1) and control (NTC) conditions (top). The bar graph shows the calculated period lengths of the 

luminescence signal under siLeo1 and NTC conditions of three independent replicates (bottom). (g) Luminescence measurements of NIH 

3T3 Bmal1:luc cells under knockdown of Zfp28 (siZfp28) and control (NTC) conditions (top). The bar graph shows the calculated period 

lengths of the luminescence signal under siZfp28 and NTC conditions of three independent replicates (bottom). (h) Fold change in period 

length of knockdown cells (siLeo1, siZfp28) compared to control cells (NTC), measured by luminescence in NIH 3T3 Bmal1:luc cells (n=3). 

*, P = 0.0318, Mann-Whitney U test.  
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For a more extensive characterization, we selected 2 candidates out of these 70 factors 

that had not been studied in detail with regard to circadian rhythm. Leo1 is a 

component of the PAF complex, which interacts with RNA polymerase II. Inspecting 

recently published transcriptome data of time courses in different mice tissues covering 

all germ layers, Leo1 showed circadian expression in 10 out of 12 tested mouse tissues 

(Fig. 2b) [7]. Interestingly, Leo1 expression, which we validated by RT-qPCR (see Fig. S2b 

in the supplemental material), is cyclically expressed in phase with Bmal1 in all of the 10 

tissues, as well as in NIH 3T3 cells (Fig. 2c). Anafi et al. [54] provide a ranked list of 1,000 

potential core clock components based on multiple metrics (cycling, phenotype, 

network interaction, ubiquity, and phylogenic conservation) derived from various data 

sets. Leo1 was ranked number 200 on this list of potential core clock factors.  

An additional factor, the zinc finger protein Zfp28, showed cyclical expression in phase 

with downstream targets of Clock and Bmal1 (Fig. 2 d and e; see also Fig. S2b in the 

supplemental material). Although cyclical expression of Zfp28 in several tissues was 

clearly visible (Fig. 2d), CircaDB failed to identify it as such, given the standard 

parameters (q value of <0.05) (see Fig. S2a). Perhaps this was a result of the low fold 

change in Zfp28 expression.  

We performed knockdown experiments of Leo1 and Zfp28 in order to explore their 

impacts on the core clock network. While knockdown of Clock and/or Bmal1 abolished 

the cyclical expression of luciferase in NIH 3T3 Bmal1:luc cells (see Fig. S2c in the 

supplemental material), knockdown of Leo1 and Zfp28 did not suppress circadian 

cycling (Fig. 2f and g; see also Fig. S2d). Hence, Leo1 and Zfp28 are not essential for the 

circadian rhythm. However, Zfp28 knockdown decreased the period length of the 

circadian rhythm of Bmal1 by approximately 1 h (Fig. 2g and h; see also Fig. S2d), 

indicating a possible role of Zfp28 in modulating the core clock network. In contrast, 

Leo1 did not affect the period length of circadian Bmal1 cycling (Fig. 2f and h; see also 

Fig. S2d). 

Recently, lincRNAs have emerged as critical regulators of gene expression [20, 55]. 

Having performed high-coverage RNA sequencing, we were able to investigate the 

expression patterns of lincRNAs (see Table S5 in the supplemental material). Again, we 

performed the analysis using JTK_CYCLE, RAIN, Arser, and our own approach. We 

identified around 130 to 400 cyclically expressed lincRNAs with each method 

(JTK_CYCLE identified 134; RAIN, 392; Arser, 161; CBNLR, 211) (Fig. 3 a and b; see also 



2.2 Identifying Novel Circadian Expressed Transcriptional Regulators 
 

128 

 

Fig. S3a in the supplemental material); among them, 31 lincRNAs were detected by all 

four methods (see Fig. S3a and b).  

 

Figure 3: Cyclically expressed lincRNAs. 

(a) Heat map showing expression of 83 lincRNAs detected to be cyclical by at least three out of four computational methods (minimum-

maximum normalized). lincRNAs were sorted by the phase, determined by JTK_CYCLE. (b) RNA-seq expression data for six cycling 

lincRNAs (n=2; error bars represent standard errors of the means [SEM]). 

 
 

Mathematical modeling can predict putative interactions between circadian genes 

Having identified a number of novel circadian genes, we next investigated by using a 

mathematical modeling approach if they could regulate each other. Previous theoretical 

work on the circadian clock established qualitative networks of clock-controlled genes 

[56, 57], or formulated mechanistic models of the core clock, mainly based on prior 

knowledge [24, 58-61]. In contrast, we focused on a network reconstruction approach, 

in which we asked in an unbiased way whether the cyclical genes identified from the 

RNA-seq data could, in principle, be regulated by one of the core clock factors or any 

other cyclically expressed transcription factor.  

We formulated ordinary differential equation (ODE) models that used the mRNA 

expression time course of a putative regulator as input. The ODE models describe the 

translation of the putative regulator into protein, its nonlinear impact on the 

transcription of a putative target, and also the degradation of these molecular species 

(Fig. 4a; see also equation set 1 in Materials and Methods). For simplicity, we only 

considered one-to-one regulatory interactions between putative regulators and targets. 

The models were calibrated by fitting to the available RNA-seq data of target gene 

expression by minimizing the weighted least-squares measure (Χ2 value) (see Materials 

and Methods), which is a measure of the difference between the data and simulated 

mRNA expression values. By evaluating the empirical distribution of the Χ2 values, via a 
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parametric bootstrap approach we were able to reject models of regulation based on 

their calculated P value.  

Since the transcriptional regulators Zfp28 and Leo1, which we studied in more detail, 

showed distinct phases of oscillation, we first considered regulation of these genes by 

core clock genes. Leo1 shows cyclical expression in phase with Bmal1 in many tissues. 

Similar to the expression of Bmal1, Leo1 could be regulated by ROR factors, since its 

promoter contains a RORE motif (AACTAGGTCA; 66bp upstream). Moreover, in liver of 

Rev-ErbA-/- mice, Leo1 is derepressed [39], suggesting that, additionally, Rev-ErbA 

(Nr1d1) represses the transcription of Leo1. Nr1d1, Nr1d2, and Rora have also been 

found to bind to the Leo1 promoter in liver cells or macrophages (see Table S2 in the 

supplemental material) [39-42]. Another possibility is that Leo1 is regulated by the 

cryptochrome genes, which have been shown to bind to the intron of Leo1 in liver cells 

[9]. Accordingly, we have designed ODE models of these interactions. Analysis of these 

models showed that Leo1 is possibly regulated by Cry1 but not by Cry2 alone (Fig. 4b; 

see also Table S6 in the supplemental material). Based on the P value of <0.05, 

regulation of Leo1 by Rev-ErbA (Nr1d1) without contributions from other factors is 

possible but not likely. Regulation of Leo1 by Rev-ErbB (Nr1d2) or Bmal1 alone was 

rejected. Indeed, in Bmal1 knockdown experiments, Leo1 expression was not affected 

(Fig. 4c). 

Zfp28 is cyclically expressed with typical Bmal1 downstream targets, indicating that it 

might be regulated by Bmal1. Clock and Bmal1 were found to be enriched at the 

promoter of Zfp28 in liver [37, 38]; also, Nr1d1, Nr1d2, and Per2 showed binding to the 

Zfp28 promoter [9, 42]. The models considering regulation of Zfp28 by Bmal1, Cry1, 

Cry2, Nr1d1, or Nr1d2 could indeed not be rejected, implying that one of these core 

clock factors might establish transcriptional activation of Zfp28. Of all tested regulators, 

Bmal1 was considered the most likely (Fig. 4d; see also Table S6 in the supplemental 

material), and Bmal1 knockdown experiments revealed a significant downregulation of 

Zfp28 (Fig. 4e), showing regulation of Zfp28 by the core clock.  

Encouraged by these promising predictions, we wanted to test further if the cyclical 

genes identified from the RNA-seq data could in principle be regulated by core clock 

factors. The transcription factor Bmal1, which is an essential factor that participates in 

both core clock feedback loops, was chosen as the possible input, and cyclical genes 

with a corresponding binding site in their promoter (E-Box; CCGGTCACGTGA) were 
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considered potential targets. Twenty-four of these 28 genes showed Bmal1 binding in 

their promoter in the liver [8, 9, 37, 38]. Also, Nr1d1 (Rev-ErbA), a core clock factor that 

exhibits a phase shift relative to Bmal1 and is part of the ROR/Bmal1/Rev-Erb feedback 

loop, was included as a putative regulator of genes containing a Rev-ErbA motif 

(GTAGGTCACTGGGTCA) in their promoter. Among these 20 genes, 15 have been found 

to be bound by Nr1d1 in liver tissue or macrophages (see Fig. S4a in the supplemental 

material) [40, 42]. Fourteen of 20 potential one-to-one interactions with Nr1d1 as the 

only regulator needed to be rejected (see Fig. S4a and Table S6). All of the remaining 

potential Nr1d1 targets showed Nr1d1 (Rev-ErbA) binding in at least one of the 

considered ChIP-seq studies. 

Out of 28 potential Bmal1 targets, 14 regulator-effector interactions were rejected by 

our analyses with respect to the data and underlying model structure (Fig. 4f; see also 

Table S6 in the supplemental material). We evaluated the performance of the approach 

by performing knockdown of Bmal1, and found that 50% of potential Bmal1 targets 

were differentially downregulated, as predicted by the modeling approach (Fig. 4g; see 

also Fig. S4c in the supplemental material). Forty-five percent of rejected targets were 

also significantly deregulated upon Bmal1 knockdown. However, as this set contained 

mostly core clock genes, this was expected. Bmal1 is widely known as a transcriptional 

activator [2] and, consequently, all but one deregulated gene was downregulated. In 

accordance with an observation in Bmal1-/- mice [8], Cry1 was upregulated upon Bmal1 

knockdown. However, the regulation of Cry1 by Bmal1 was rejected by the modeling 

analysis, reflecting the fact that additional factors cooperate with Bmal1 in regulation of 

Cry1 [27].  

The Usf2 gene was identified as a cyclically expressed gene by three out of four 

methods. Interestingly, the Usf2 binding motif was also enriched in the set of identified 

circadian genes. In total, we found 87 occurrences of the Usf2 motif distributed among 

the promoters of 58 cyclically expressed genes. No preference for a specific phase, fold 

change, or period length was found among these 58 genes compared to genes that did 

not show the Usf2 motif (data not shown). To answer the question whether Usf2 alone 

could explain the expression data of each of the 58 genes containing a Usf2 motif in 

their promoter, we designed regulatory models for these genes with Usf2 as the main 

input.  Following this  analysis, 36 out of the 58 genes with a Usf2 binding motif in their 
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Figure 4: Potential interactions tested by model evaluation. 

(a) Schematic representation of the model used for evaluating if a given target gene can be regulated by only one specific input gene. 

The model includes production of protein by input mRNA, protein decay, protein-dependent regulation of mRNA transcription, and 

mRNA decay. (b) RNA-seq data and simulation of the model considering Leo1 regulation by Cry1. Gray, expression of the input gene; 

orange, expression of the target gene and the corresponding standard deviation (shaded area). Red, the model simulation resulting from 

the best fit. (c) Fold change of Leo1 expression in NIH 3T3 Per2:luc cells treated with siBmal1 for 3 days, compared to control cells (NTC), 

measured by RT-qPCR (n=4, normalized to Hsp90ab1 and NTC control [ΔΔCT]). Error bars represent standard errors of the means (SEM). 

No significant change was observed (Mann-Whitney U-test). (d) RNA-seq data and simulation of the model considering Zfp28 regulation 

by Bmal1 (Arntl). Gray, expression of the input gene; orange, expression of the target gene and the corresponding standard deviation 

(shaded area). Red, the model simulation resulting from the best fit. (e) Fold change of Zfp28 expression in NIH 3T3 Per2:luc cells treated 

with siBmal1 for 3 days compared to control cells (NTC), measured by RT-qPCR (n=4, normalized to Hsp90ab1 and NTC control [ΔΔCT]). 

Error bars represent the SEM. A significant change was observed (Mann-Whitney U-test, P=0.011). (f) Heat map of potential Bmal1 targets 

(genes identified by three out of four methods as cyclical and containing an E-Box motif in their promoter, minimum-maximum 

normalized, sorted by the estimated phase given by JTK_CYCLE). The middle panel indicates whether the regulation of the gene by Bmal1 
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alone was rejected (black) or not (red/green). Red represents inhibition of the target gene by Bmal1, whereas green indicates activation. 

Columns on the right show binding of core clock factors to target genes (black) in at least one of the analyzed ChIP-seq data sets of the 

respective factor. (g) Fold change in expression of putative Bmal1 target genes in NIH 3T3 Per2:luc cells treated with siBmal1 for 3 days 

compared to control cells (NTC), measured by RT-qPCR (n=4, normalized to Hsp90ab1 and NTC control [ΔΔCT]). Error bars represent the 

SEM. Black bars indicate rejected targets, while green and red bars indicate inhibited or activated potential Bmal1 target genes, 

respectively. The fraction of deregulated genes in rejected (black) and potential target group (red and green) are given above the 

respective bars. Significance was assessed by a Mann-Whitney U-test; *, P < 0.05. (h) Heat map of potential Zfp28 or Leo1 targets (genes 

identified by all four methods as cyclical, minimum-maximum normalized, sorted by estimated phase given by JTK_CYCLE). The middle 

panels indicate whether the regulation of the target gene by Zfp28 or Leo1 alone was rejected (black) or not (red/green). Red represents 

inhibition of the target gene by the input factor, whereas green indicates activation. Grey indicates the model was not evaluated. Columns 

on the right show binding of core clock factors to target genes (black) in at least one of the analyzed ChIP-seq data sets of the respective 

factor. (i) Fold change in expression of putative Zfp28 (top) or Leo1 (bottom) target genes in NIH 3T3 Per2:luc cells treated with the 

respective siRNA for 3 days compared to control cells (NTC) measured by RT-qPCR (n=4, normalized to Hsp90ab1 and NTC control 

[ΔΔCT]). Error bars represent the SEM. Black bars indicate rejected targets, while green and red bars indicate inhibited or activated 

potential Zfp28 or Leo1 target genes, respectively. The fraction of deregulated genes in rejected (black) and potential target group (red 

and green) are given above the respective bars. Significance was assessed by a Mann-Whitney U-test; *, P < 0.05. 

 

 

promoter could not be regulated by Usf2 alone, and additional regulators needed to be 

considered (see Fig. S4b and Table S6 in the supplemental material). In principle, the 

remaining 22 genes are potentially regulated by Usf2 only. These 22 genes are mainly 

distributed among the genes that peak late during the day-night cycle.  

With regard to the transcriptional regulators Zfp28 and Leo1, which we have 

characterized in more detail, we do not possess information about putative binding 

sites. Therefore, we chose the 49 genes identified by all four methods as potential 

target genes of Leo1 or Zfp28 and tested which of these could possibly be explained by 

one of these factors alone. In the case of Zfp28, almost all putative targets (42 out of 

49) could not be explained by Zfp28 alone, and additional regulators needed to be 

taken into account (Fig. 4h; see also Table S6 in the supplemental material). For Leo1, 

this number was only slightly higher; 10 out of the 49 putative targets can be explained 

by regulation of Leo1 alone (Fig. 4h; see also Table S6). Many potential Zfp28 or Leo1 

putative targets showed binding of at least one core clock factors to their promoter, 

meaning that in principle they could also be directly regulated by the core clock 

network. However, in knockdown experiments of Zfp28 or Leo1, we found that indeed 

many predicted targets were deregulated (Fig. 4i; see also Fig. S4c in the supplemental 

material). Moreover, in the predicted target group, we found more deregulated genes 

than in the group of rejected genes, indicating the predictive power of our modeling 

approach.  
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DISCUSSION 

Establishment of circadian rhythm in cells is to a large extent dependent on 

transcriptional regulation. We therefore characterized circadian expression of coding 

and noncoding genes in NIH 3T3 fibroblast cells by time-resolved genome-wide RNA 

sequencing. Cyclically expressed genes were identified by four different computational 

approaches (three published and one new). Each method identified a different set of 

genes, which partly overlapped with each other. This was in agreement with earlier 

reports indicating that the detected cyclical genes in a data set depend partly on the 

applied approach [9, 35].  

We found that cyclically expressed genes are involved in various biological processes, 

including circadian rhythm, stress response, and cell cycle regulation. Some groups of 

genes with a common functional annotation tend to peak in the same phase of the 

cycle. For example, cell cycle genes were preferentially enriched for the middle to late 

phases during the time course, consistent with the finding of enriched cell cycle 

regulator motifs in the promoters of these genes, e.g., E2F1, c-MYC, HIF-1a, and MITF 

[62-66]. The middle and late categories were also enriched for stress response genes, 

which is consistent with the motif enrichments of factors involved in stress responses, 

such as E2F7, HIF-1a, and SP1 [67-70]. Furthermore, gene promoters of each category 

were enriched for motifs related to circadian rhythm. NF1, detected in the early class, 

has been shown to play a role in circadian rhythm regulation in Drosophila [71]. 

Previous findings show that NRF1, enriched in the middle class, regulate numerous 

circadian regulatory genes in NIH 3T3 cells [72]. The transcription factor NF-Y, enriched 

in the late class, has been found to regulate the transcription of the core clock gene 

Bmal1 [73]. Overall, GO terms and motifs assigned to each group of genes (early, 

middle, and late) are consistent with respect to their assigned function. Furthermore, 

the detected motifs are in agreement with identified motifs enriched in promoters of 

clock-controlled genes in other cell and tissue types [56, 74]. 

Among the cyclic genes, we found many potential transcription factors and epigenetic 

regulators. This emphasizes that transcriptional control is an important mechanism to 

regulate circadian rhythm. Two factors that were previously not implicated in circadian 

rhythmicity were characterized further: Leo1, a component of the PAF complex, displays 

cyclical expression in phase with Bmal1 in many tissues. Based on a RORA motif in its 
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promoter, derepression of Leo1 in liver of Rev-ErbA-/- mice [39], and published 

cryptochrome ChIP data [9], Leo1 could potentially be regulated by ROR, by Rev-Erb, 

and/or by cryptochrome factors. By the evaluation of potential one-to-one regulatory 

models, Leo1 can only be regulated by Rev-ErbA (Nr1d1) if additional factors are 

considered. However, a simple model exhibiting regulation of Leo1 by Cry1 alone could 

not be rejected by our analysis. The cyclical expression of Leo1 in many tissues implies 

a potential important role of Leo1 for the circadian phenotype. However, it is most 

likely not involved in the core clock network, as its knockdown did not affect cyclical 

expression of Bmal1. We also found that Bmal1 knockdown did not affect Leo1 

expression. Leo1 has been shown to be important for the recruitment of the Paf1 

complex to nucleosomes as well as for the quantity of the active histone mark 

H3K4me3 in yeast [75, 76], suggesting that Leo1 plays an essential role in 

transcriptional regulation. Its coordinated expression with Bmal1 further indicates that 

Leo1 might enhance transcriptional activation of clock-controlled genes by Clock and 

Bmal1. 

The zinc finger protein Zfp28 has so far not been studied extensively. In humans, it 

shows strong expression in various adult tissues, but expression in embryonic tissue is 

development specific [77]. Apart from being cyclically expressed in NIH 3T3 cells, the 

cyclical behavior is also present in various tissues among different lineages. However, 

its amplitude is very low, which could explain why it is rarely detected as being cyclically 

expressed by computational approaches. Zfp28 cycles in phase with the classical 

downstream targets of Clock and Bmal1, such as Period and cryptochrome genes. As 

mentioned before, there is indication that in liver Zfp28 is bound at the promoter by 

Clock or Bmal1 [37, 38]. By model evaluation as well as experimentally, we showed that 

indeed Zfp28 is regulated by Bmal1. Knockdown of Zfp28 shortened the period of 

Bmal1 oscillations by around 1 h, indicating a potential role of this factor in the core 

clock regulatory network. To elucidate the mechanisms behind this, it would be 

interesting to investigate the genomic occupancy of Zfp28 by ChIP analysis and Zfp28 

interaction partners by mass spectrometry. 

We further identified cyclically expressed lincRNAs in our time course data. lincRNAs 

constitute a different layer of transcriptional regulation, but their specific role in 

circadian rhythm  remains  to be elucidated.  For example,  it seems that lincRNAs often 

http://www.ncbi.nlm.nih.gov/pubmed/24385426
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accomplish their gene regulatory function in trans at distal binding sites [20]. Therefore, 

it would be interesting to further investigate the binding sites of the cyclically 

expressed lincRNAs and their interaction partners, as well as their impact on the 

transcription of coding genes.  

Mathematical models have been widely used in the field of circadian rhythms and are 

indeed very useful to our understanding of the core clock network and its impact on 

core clock genes. Several of these studies formulate mechanistic models of (parts of) 

the core clock and conceptually analyzed how different transcriptional regulatory 

modes among core clock TFs affect the dynamic behavior of clock-controlled genes 

[58, 59, 78, 79]. Others created a network description of the core clock genes based on 

large-scale promoter analyses [56] or based on a careful analysis of different TF 

knockout or mutant strain data sets as well as binding site predictions [57, 80]. Hence, 

most of these studies draw from prior information provided in the literature, are limited 

to a conceptual level, or are restricted to only a small number of clock genes. In the 

mathematical modeling approach developed in this study, however, we attempted to 

infer novel regulatory relationships among any of the cyclically expressed genes. 

By formulating models of potential interactions, we were able to investigate regulator-

effector relationships among circadian genes. This analysis revealed that in most cases, 

even though a gene contains a specific motif, such as Bmal1, Nr1d1, or Usf2, most likely 

more than one factor is involved in establishing the transcriptional output, as a large 

number of tested interactions had to be rejected. In addition, we have identified cyclical 

genes which are potentially regulated by Bmal1, Nr1d1, Usf2, Leo1, or Zfp28 alone. We 

evaluated this in silico approach by performing knockdown experiments and found 

that, on average, more potential targets were deregulated compared to targets which 

needed to be rejected by our computational analysis. 

These interactions are modeled with mRNA expression as input and consider only 

constitutive translation and protein decay; however, circadian regulation has also been 

described to occur on the posttranscriptional and posttranslational level [25, 81-93]. 

Therefore, further studies should aim to quantify degradation and production rates of 

mRNA and/or protein or assess protein levels in circadian rhythm, as done in several 

studies [90, 92, 93], and consequently expand and improve the modeling approach [94-

96].  
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Overall, we demonstrated that with this data set we could identify transcriptional and 

epigenetic regulators of circadian rhythm with potential general roles during circadian 

rhythm across lineages. Further, we proposed a modeling approach to identify 

potential regulatory pairs of circadian genes, which we validated experimentally.   
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MATERIALS AND METHODS 

Cell Culture, synchronization, small interfering RNA (siRNA) knockdown, and 

luminescence measurement 

NIH 3T3 Per2:luc cells (kindly provided by Hiroki R. Ueda [29]) were cultured at 37°C, 5 

or 7% CO2, and in high humidity. Culture medium was Dulbecco’s modified Eagle’s 

medium (DMEM; catalog number 21969035; Life Technologies) supplemented with 10% 

fetal bovine serum (catalog number 10270106; Life Technologies), 2 mM L-glutamine 

(catalog number 25030024; Life Technologies), and 1x nonessential amino acids 

(catalog number 11140-035; Life Technologies). Two days after seeding the cells at a 

density of 3,000 cells/cm2, the culture medium was removed and changed to medium 

containing 100 nM dexamethasone (catalog number D4902; Sigma-Aldrich) and, 2 h 

later, medium was changed back to normal medium (time point 0 h) [27, 88, 97-103].  

For luminescence measurements, NIH 3T3 Bmal1:luc cells were generated by 

transfecting NIH 3T3 cells (CRL-1658; ATCC) with a plasmid expressing Bmal1:luc 

(Bmal1:luc-pT2A) and a Tol2 transposase-expressing plasmid (pCAGGS-TP) (plasmids 

were kindly provided by K. Yagita [104]) followed by selection with 250 µg/ml 

hygromycine. Two days before the start of the measurement, cells were seeded at a 

density of 3,000 cells/cm2 and at the same time transfected with 30 pmol ON-

TARGETplus SMARTpool siRNA (i.e., a mixture of four siRNAs targeting the same gene) 

against the gene of interest or nontargeting control (NTC; Dharmacon) per 3.5-cm plate 

by using Lipofectamine RNAiMAX (catalog number 13778150; Invitrogen). After 2 days, 

cells were synchronized with dexamethasone as described above, and after 2 h medium 

was changed to DMEM without phenol red (catalog number 31053-028; Life 

Technologies) containing 10% fetal bovine serum, 2 mM L-glutamine, 1x nonessential 

amino acids, 1x sodium pyruvate (catalog number 11360-039; Life Technologies),        

25 mM HEPES (catalog number H0887; Sigma), and 500 µM beetle luciferin (catalog 

number E1601; Promega), and cells were transfected again with siRNA. Luminescence 

measurements were performed with a LumiCycle 32 (ActiMetrics) and analyzed with the 

LumiCycle analysis program, version 2.3. A running average of 24 h was used for the 

baseline fit, and the period length was calculated by fitting a damped sine wave to the 

data.   
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For the mathematical model evaluation, cells were seeded at a density of 3,000 

cells/cm2 and at the same time transfected with 30 pmol ON-TARGETplus SMARTpool 

siRNA (i.e., a mixture of four siRNA targeting the same gene) (Dharmacon) per well of a 

6-well plate by using Lipofectamine RNAiMAX (catalog number 13778150; Invitrogen). 

After 3 days, cells were harvested for further analysis. 

The statistical significance of deregulation observed in the experiments was tested 

using a Mann–Whitney U test (with significance set at a P value of <0.05). 

Quantitative reverse transcription-PCR  

Total RNA was prepared using TRIzol (catalog number 15596; Invitrogen) or a Purelink 

RNA Mini Kit (catalog number 12183025; Life Technologies) and reverse transcribed 

with a First-Strand cDNA synthesis kit (catalog number K1612; Fermentas). Transcripts 

were quantified by PCR using SYBR green PCR master mix (catalog number 4334973; 

Life Technologies) on a ViiA7 PCR machine (Life Technologies). 

RNA-seq data analysis 

RNA-seq data for multiple time points of the circadian cycle were generated in 

biological duplicates by using Illumina sequencing [50-bp reads; poly(A) RNA 

sequencing, nonstrand specific; Illumina HiSeq 2000]. Reads were aligned to the mouse 

genome (mm9) by using TopHat (version 2.0.9) with default options (for the total and 

aligned number of reads, see Table S1 in the supplemental material) [105]. Normalized 

read counts for each samples were calculated using the DESeq package after applying 

library size normalization [106]. Library size-normalized .wig files were created for all 

the samples by using the QuasR package [107]. The RNA-seq data were deposited with 

NCBI’s Gene Expression Omnibus database [108]. Only genes with a normalized read 

count above 64 at any of the time points were considered for further analyses. The 

lincRNA annotations were collected from NonCode [109], ENSEMBL [110], UCSC [111] 

and other published resources [112]. Normalized read counts for each sample were 

generated using the DESeq package after applying library size normalization [106]. Only 

lincRNAs expressed above 32 normalized read count at any of the time points and 

which were found to be cyclically expressed by three out of four methods were 

considered for further analysis. This list of lincRNAs as well as a list of cyclically 
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expressed lincRNAs with an expression value above 10 at any of the time points are 

provided in Table S5 in the supplemental material.   

Identification of cyclically expressed genes in synchronized NIH 3T3 cells 

We identified cyclically expressed genes by using four different methods: JTK_CYCLE 

[32], RAIN [33], Arser [34], and also a novel method based on nonlinear optimization 

(CBNLR). The published methods were applied as described in the respective manuals. 

For all four methods, genes with a period between 20 h and 28 h were selected to be 

cyclical. Additional criteria for selection were a false-discovery rate below 0.05 for 

JTK_CYCLE, RAIN, and Arser.  

In the CBNLR approach (classification by nonlinear regression analysis), a sine function 

dependent on three parameters (amplitude, period length, and phase shift) is fitted to 

the detrended time course data of each gene by using multistart local optimization by 

Levenberg-Marquardt (5 different initial conditions). From this analysis, we selected 

only genes with an estimated period length between 20 h and 28 h. As nonlinear 

optimization alone did not yield any information on significance levels, we classified 

genes based on the robustness of the estimated period length (T). Based on the 

variability between measurements, we created 1,000 nonparametric bootstrap samples 

for each gene with a period length between 20 h and 28 h. Bootstraps were generated 

by resampling each data point based on a normal distribution with a standard 

deviation corresponding to the experimental error, and models were again fitted to 

each bootstrapped data set. The result is a distribution of parameters over the 

bootstrap samples. For the classification of cyclical genes, we only selected genes with 

a mean period (T) between 20 h and 28 h and a small relative error. A thorough 

comparison of the CBNLR method and two other methods for classification of cyclical 

genes using benchmark data can be found in Text S1 in the supplemental material. 

GO term analysis 

Functional annotation tables were generated using the Gene Ontology (GO) browser 

supplied by the Mouse Genome Database (MGD; Mouse Genome Informatics, The 

Jackson Laboratory, Bar Harbor, ME) [113]. GO terms included were 

GO:0007623~circadian rhythm, “GO:0006950~response to stress, GO:0007049~cell 
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cycle, GO:0003677~DNA binding, and GO:000635~regulation of transcription, DNA-

templated, all with corresponding child terms. 

GO term analysis for all cyclical genes and subgroups were performed using the DAVID 

functional annotation tool [45, 46].  

Gene set enrichment analysis (GSEA) was performed by sorting the cyclical genes 

according to their phase, which was determined with JTK_CYCLE [43, 44] 

(http://www.broadinstitute.org/gsea/index.jsp). 

Motif analysis 

Motif analysis was carried out using the HOMER software 

(http://homer.salk.edu/homer/motif/) [47]. A promoter region was defined as bp -1000 

to +1000 around the transcription start site. The cutoff values for the different 

promoters were set to the default values given by the HOMER program. 

Tissue data and CircaDB 

Tissue data were obtained from reference [7]. Cyclical genes of these and other 

published tissue data sets, as well as cell line data sets, were obtained from CircaDB 

database (http://bioinf.itmat.upenn.edu/circa/) [36].  

Analysis of ChIP-seq data 

ChIP-seq data were downloaded from the Gene Expression Omnibus (GEO) database 

(NCBI). Fastq files were processed using Bowtie (version 0.12.7) with default parameters 

for alignment to mouse genome mm9 (available from UCSC) [114]. Positions of 

promoters (-800 to +200 with respect to the transcription start site [TSS]) were 

determined using the GenomicFeatures R bioconductor package. Promoter 

enrichments over inputs were determined by using the same method as described by 

Schick et al. [115]. Only peaks showing an enrichment 1.5-fold above input were 

considered for further analysis. 

The data sets used were the following: for Bmal1 ZT08, Clock ZT08, and Cry1 ZT20 in 

liver, GSE53828 (corresponding inputs at ZT08 and ZT20 were kindly obtained from the 

authors for that GEO entry); for the Bmal1 time course from ZT02 to ZT22 in liver and 

associated input, GSE26602; for Bmal1 ZT08, Clock ZT08 and input in liver, GSE36916; 

for Rora in liver at ZT22, GSE59486 (associated input at ZT22, GSE26345); for Rev-ErbB 



2.2 Identifying Novel Circadian Expressed Transcriptional Regulators 

141 

 

in liver at ZT10 and ZT22, GSE36375 (associated inputs at ZT10 and ZT22, GSE26345); 

for Rev-ErbA in liver, Rev-ErbB in liver, and associated input, GSE34020; for Rev-

ErbA_macrophage, Rev-ErbB_macrophage, and associated input, GSE45914. 

Model evaluation 

We used differential equations to model pairwise regulation of one target gene by a 

single input gene (u). The model equations included factors for protein synthesis of the 

input gene (yprot) as well as for transcription of the target gene (ymRNA): 
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The concentration u(t) of the input gene between measurements is given by the linear 

interpolation between data points. RTL and RTC denote the translation rate of the input 

protein and transcription rate of the target mRNA, respectively. λ denotes decay rates 

of either target mRNA or input protein. K is the input protein concentration at which 

the target gene promoter is half-saturated. h denotes the Hill coefficient. Ranges 

considered are summarized in Table 1. Note that a repressive interaction can be 

modeled by a negative Hill coefficient. 

Assuming steady state at t=0, RTC can be expressed as a function of the other 

parameters. Models were fit to the data by minimizing the Χ2-value, defined as follows: 
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(            )
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where σ corresponds to the error in measurement. As an optimization algorithm, we 

used the multistart Levenberg-Marquardt method from 100 initial conditions sampled 

via Latin hypercube sampling.  

In order to evaluate models, the empirical distribution of the Χ2 values needs to be 

calculated. Therefore, bootstrap samples for each target gene’s expression were 

generated from a linear error model, where we adopted linear regression to find the 

best fit between expression values and corresponding standard deviations. Each data 

point was resampled by assuming independent and normally distributed noise with 
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mean zero and variance σ2. A total of 1000 bootstrap samples were generated in this 

manner and refitted to obtain the distribution of Χ2 values. By calculating the empirical 

cumulative density function, we were able to extract a P value of the initial fit (original 

Χ2 value). A right-sided test with a cutoff P value of <0.05 served as rejection criteria for 

the proposed models [116]. 

 

Table 1. Parameters used for model evaluation 

Parameter Lower limit Higher limit 

K 1.00E-03 1.00E+06 

h -5 5 

λprot  (h) 0.15 48.0 

λmRNA  (h) 0.15 48.0 

RTL 1.00E-03 1.00E+06 

 

Nucleotide sequence accession number 

The RNA-seq data have been deposited in NCBI’s GEO database [108] and are 

accessible through series accession number GSE66243. 
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SUPPLEMENTARY FIGURES 

 

Supplementary Figure 1: Identification of circadianly expressed genes in NIH3T3 cells. 

a) Background-subtracted luminescence signal of dexamethasone synchronized NIH3T3 Per2:luc cells. b) UCSC genome browser view of 

one replicate of the RNAseq data at the Per2 locus. c) Heat map of cyclically expressed genes after minimum-maximum normalization 

(blue – lowest expression, red – highest expression) detected by either JTK_CYCLE, RAIN, Arser or the CBNLR approach. Genes are sorted 

according to the phase given by the corresponding method. d) Venn diagram of cyclically expressed genes detected by JTK-Cycle, RAIN, 

Arser and the CBNLR approach. e) Heat map of cyclically expressed genes detected with all four methods after minimum-maximum 

normalization (blue – lowest expression, red – highest expression). Genes are sorted by phase given by JTK_CYCLE. f)  Venn diagrams 

comparing cyclically expressed genes found in NIH3T3 cells in Menger et al. 2007, Hughes et al. 2009 and this study (left: genes detected 

by three out of four applied methods, right: transcription factors and epigenetic regulators (TF and EpiR)). g) Bar plot showing the number 

of genes identified by three out of four methods found to be cyclically expressed in different cell or tissue types. Black bars indicate genes 

cyclically expressed in at least one cell or tissue type. h) Heat map of cyclically expressed genes detected by three out of four methods 

after minimum-maximum normalization. Columns on the right indicate binding of a core clock factor in the promoter (-800, +200 around 

TSS) of the respective gene. i) Bar plot showing the number of genes identified by three out of four methods found to be bound by at 

least one core clock factor (black) compared to genes not bound (grey). j) Examples of Gene Set Enrichment Analysis results. Genes are 

sorted by the phase determined by JTK_CYCLE, with highest phase value on the left. 
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Supplementary Figure 2: Many transcriptional regulators are also identified as cyclically expressed 
in other tissue and cell types. 

a) Heat map of cyclically expressed transcription factors, epigenetic regulators and other DNA-binding genes in NIH3T3 cells (minimum-

maximum normalized, blue – lowest expression, red – highest expression). Genes are sorted by the estimated phase given by JTK_CYCLE. 

On the right, occurrence of this gene to be cyclically expressed in 29 published time course data (black- detected as cycling in this data 

set). Tissue and cell line data was collected from CircaDB. b) Expression of Leo1 (top) and Zfp28 (bottom) determined by RNA-seq (n=2, 

normalized read counts normalized to average expression, error bars represent s.e.m.) and RT-qPCR (n=4, relative expression normalized 

to Hsp90ab1 and to the average expression: ΔΔCT, error bars represent s.e.m.). c) Luminescence measurement of NIH3T3 Bmal1:luc cells 

with knock-down of Clock (siClock), Bmal1 (siBmal1), or Clock + Bmal1 (siClock + siBmal1), respectively. Data is background subtracted. d) 

Luminescence measurement of NIH3T3 Bmal1:luc cells with knock-down of Leo1 or Zfp28 of three replicates (R1-R3), respectively. Data is 

background subtracted. 
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Supplementary Figure 3: Identification of circadianly expressed lincRNAs in NIH3T3 cells. 

a) Venn diagram showing cyclically expressed long intergenic non-coding RNAs (lincRNAs) detected by JTK_CYCLE, RAIN, Arser, and the 

CBNLR approach. b) Heat map of cyclically expressed lincRNAs detected by all four methods (minimum-maximum normalization, blue – 

lowest expression, red – highest expression). 
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Supplementary Figure 4: Model evaluation of potential Nr1d1 or Usf2 targets. 

a) Heat map of potential Nr1d1 (Rev-ErbA) targets (genes identified by three out of four methods as cyclical and containing a Rev-ErbA 

motif in their promoter, minimum-maximum normalized, sorted by estimated phase given by JTK_CYCLE). The middle panel indicates 

whether the regulation of this gene by Nr1d1 alone was rejected (black) or not (red/green). Red represents inhibition of the target gene 

by Nr1d1, whereas green indicates activation. Columns on the right show binding of core clock factors to target genes (black) in at least 

one of the analyzed ChIP-seq data sets of the respective factor. b) Heat map of potential Usf2 targets (genes identified by three out of 

four methods as cyclical and containing an Usf2 motif in their promoter, minimum-maximum normalized, sorted by estimated phase 

given by JTK_CYCLE). The middle panel indicates whether the regulation of this gene by Usf2 alone was rejected (black) or not 

(red/green). Red represents inhibition of the target gene by Usf2, whereas green indicates activation. Columns on the right show binding 

of core clock factors to target genes (black) in at least one of the analyzed ChIP-seq data sets of the respective factor. c) Bar graphs 

showing the expression of the respective target gene after knock-down with siRNA in NIH3T3 Per2:luc cells measured by RT-qPCR. The 

expression is normalized to Hsp90ab1 as well as to the expression in the control cells (NTC) (ΔΔCT, n=4, error bars represent s.e.m.). 

Significance was assessed by a Mann-Whitney U-test (*: p<0.05). 
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S1 Text Evaluation of methods for classification of cyclical genes 

In order to evaluate CLNBR, the proposed method of classifying circadian genes, and 

compare it to the existing ones used in this paper we have constructed a benchmark 

dataset according to Yang & Su 2011: 5000 time-courses for both stationary signals 

(non-decaying) and non-stationary signals (decaying in signal amplitude and signal 

strength) were constructed with a signal-to noise ratio ranging from 1 to 5. The 

parameters chosen for data generation were taken as in Yang & Su 2011. Test datasets 

A and B were constructed by combining stationary or non-stationary periodic signals 

with a white-noise background (non-periodic signals) respectively. In test datasets C 

and D the respective periodic signals were combined with a background composed of 

autoregressive processes of order AR(1). In the AR(1)-background model the expression 

value at a certain time is linearly dependent on previous expression values. It is 

assumed that this more realistically captures the autocorrelation properties of time-

course expression data. Timing and amount of measurements were simulated 

according to the time points of the RNAseq experiment presented in this study. Two 

realizations of the noise were generated and the mean and standard deviation 

calculated in order to simulate experimental duplicates. 

The Matthews correlation coefficient (MCC), a measure of the performance of binary 

classifications, was calculated for each dataset and all three methods evaluated (Fig 

ST1). Although CBNLR performs less well compared to the other two methods on 

datasets with a white-noise background (Fig ST2 and ST3), it shows better performance 

than Arser on datasets C and D, which are the respective datasets with an AR(1)-

background (Fig ST4 and ST5). JTK shows lower MCC values in datasets B and D as 

compared to the MCC value of JTK for datasets A and C, indicating possible problems 

with non-stationary signals. Although CBNLR cannot meet the performance of JTK, the 

method shows a relatively high performance even in the context of a low signal-to-

noise ratio. MCC values resolved for each dataset and signal-to-noise ratio are given in 

figures ST2-5. 

If we combine signals identified as cyclical by all three methods (intersection of the 

three sets) the precision value is > 99% for all four datasets with a recall of 80-90%. 

Choosing signals identified by at least two out of three methods yields a good 

compromise between precision (94-97%) and recall (95-99%). 



2.2 Identifying Novel Circadian Expressed Transcriptional Regulators 

153 

 

 
Figure ST 1: Overview of performance on all dataset 

 

 

Figure ST 2: Dataset A: stationary signal - white noise background 
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Figure ST 3: Dataset B: non-stationary signal - white noise background 

 

 

Figure ST 4: Dataset C: stationary signal - AR(1)-background 

 

  

Figure ST 5: Dataset D: non-stationary signal -AR(1)-background 
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SUPPLEMENTARY TABLES 

For supplemental tables please refer to the Excel-files published together with this 

manuscript. 

S1 Table.  Read Statistics of RNA sequencing 

This table contains the numbers of total reads, aligned reads as well as the percentage 

of aligned reads of the RNA sequencing samples. 

S2 Table.  Circadian Expressed Genes in NIH3T3. 

The table contains normalized read counts and fold change of the genes detected to 

be cyclically expressed in NIH3T3 by at least three of four methods (JTK_CYCLE, RAIN, 

Arser, CBNLR). Particular parameters of each method, GO terms (see Fig. 1b) and 

cyclical expression in other published circadian time course data (obtained from 

CircaDB) are indicated for each gene. 

S3 Table.  GO Term Results for Cyclically Expressed Genes in NIH3T3. 

GO term results obtained in this study using DAVID functional annotation tool as well 

as output from GSEA analysis. 

S4 Table.  Motif Analysis Results 

The table shows the results of the motif analysis using HOMER software for early, mid, 

and late peaking genes. 

S5 Table.  Circadian Expressed lincRNAs in NIH3T3 

The table contains normalized read counts and fold change of lincRNAs detected to be 

cyclically expressed in NIH3T3 by at least three of four methods (JTK_CYCLE, RAIN, 

Arser, CBNLR) for two different expression cutoffs (at any time point expressed above 

32 or 10 normalized read counts). Particular parameters of each method as well as their 

genomic location are indicated for each lincRNA.  

S6 Table.  Results of the Tested one-to-one Regulatory Models. 

Results of the model evaluation where it was tested if a particular input gene alone can 

in principle explain the expression of a potential target gene (one-to-one interaction). 

The following cases were evaluated: Bmal1, Nr1d1 and Usf2 regulating circadianly 
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expressed genes harboring the respective motif in their promoter (+/- 1 kb), Leo1 or 

Zfp28 regulating genes detected to be cyclical by JTK_CYCLE, RAIN, Arser, and CBNLR, 

as well as regulation of Leo1 or Zfp28 by specific core clock components. Included in 

the tables are Χ2-values of the original fit (chisqr), p-values and estimated Hill 

coefficients (h). 
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ABSTRACT  

Pax6 is a highly conserved transcription factor among vertebrates and is important in 

various aspects of the central nervous system development. However, the gene 

regulatory circuitry of Pax6 underlying these functions remains elusive. We find that 

Pax6 targets a large number of promoters in neural progenitor cells. Intriguingly, many 

of these sites are also bound by another progenitor factor, Sox2, which cooperates with 

Pax6 in gene regulation. A combinatorial analysis of Pax6-binding data set with 

transcriptome changes in Pax6-deficient neural progenitors reveals a dual role for Pax6, 

in which it activates the neuronal (ectodermal) genes while concurrently represses the 

mesodermal and endodermal genes, thereby ensuring the unidirectionality of lineage 

commitment towards neuronal differentiation. Furthermore, Pax6 is critical for inducing 

activity of transcription factors that elicit neurogenesis and repress others that promote 

non-neuronal lineages. In addition to many established downstream effectors, Pax6 

directly binds and activates a number of genes that are specifically expressed in neural 

progenitors but have not been previously implicated in neurogenesis. The in utero 

knockdown of one such gene, Ift74, during brain development impairs polarity and 

migration of newborn neurons. These findings demonstrate new aspects of the gene 

regulatory circuitry of Pax6, revealing how it functions to control neuronal development 

at multiple levels to ensure unidirectionality and proper execution of the neurogenic 

program. 
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INTRODUCTION 

The paired box protein, Pax6, is a highly conserved transcription factor of 422 amino 

acids comprising two DNA-binding domains, an amino-terminal paired domain and a 

homeodomain along with a carboxy-terminal Proline/Serine/Threonine-rich 

transactivation domain [1, 2]. Pax6 was first discovered to be required for proper 

segmentation in Drosophila [3, 4] and later shown to be essential for eye development 

in Drosophila [5], a role that was further found to be conserved in human and mouse 

eye development [6, 7]. During mammalian brain development, Pax6 is expressed in a 

specific spatiotemporal manner and is restricted to mainly neuronal tissues [2, 8]. Pax6 

is now established to be essential for maintaining the pool of neural stem cells (NSCs) 

and thereby regulating embryonic as well as adult neurogenesis, as shown by its 

expression in neuroepithelial and radial glial cells, which can divide symmetrically to 

produce NSCs or asymmetrically to become a NSC and a neuron [9, 10].  

The discovery of a plethora of known Pax6 functions has been facilitated by various 

Pax6 mutants. One such very useful mutant, the small eye (Sey) mouse mutant, contains 

a single-base substitution [11], resulting in the production of a functionally inactive and 

truncated Pax6 lacking the DNA-binding homeodomain and the C-terminal activation 

domain. Importantly, the Sey mutant mouse phenotype is similar to that of an 

artificially targeted Pax6-deficient mouse (Pax6−ax), showing small eyes and numerous 

neural defects, including reduced neurons in the cerebral cortex [11-13]. These 

phenotypic similarities in the Sey mutant and Pax6−ax substantiate the use of Sey 

homozygous mutant mice as Pax6-null mutants. It was further shown that Sey mutant 

embryonic stem (ES) cells generate misspecified neurons that undergo death because 

of high expression of the neurotrophin receptor p75NTR [14]. 

It is well established that Pax6 is crucial for the development of the central nervous 

system, eyes, nose, pancreas and pituitary gland [13, 15, 16]. Recent studies have shown 

that Pax6 functions upstream of gene networks involved in brain patterning, neuronal 

migration and neural circuit formation [17]. Despite the established role of Pax6 in 

neurogenesis, its genomic targets, their chromatin status and its cooperativity with 

other transcription factors during neurogenesis remain unclear. Furthermore, while a 

number of players functioning downstream of Pax6 have been identified, these are not 

enough to explain the plethora of functions Pax6 is known for. Here we reveal that in 
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neural progenitors, Pax6 binds a large number of gene promoters that exhibit 

epigenetic state that is hallmark of open chromatin. Many Pax6-bound promoters are 

also targeted by Sox2 and functionally cooperate in gene regulation underlying 

neuronal specification. Pax6 directly binds and silences genes important for mesoderm 

and endoderm development as they get de-repressed in progenitors lacking Pax6. In 

addition, Pax6 targets that are downregulated in mutant progenitors are known to be 

critically involved in neuronal development. Pax6-driven gene-expression program 

further induces activity of neurogenic transcription factors and repress others that 

promote non-neuronal lineages. Importantly, our analysis also revealed a number of 

Pax6-induced genes that are highly expressed during brain development but their 

function has not yet been explored during neurogenesis. Here we show that one such 

gene, Ift74, which is directly bound and activated by Pax6 in NP cells, is required for the 

proper migration of newborn neurons. Furthermore, our analysis revealed that Pax6 

directly targets the promoter of Notch signaling components and induces their 

expression, which then further contribute to Ift74 expression. These observations reveal 

the manner by which Pax6 controls multiple components of the network underlying 

neuronal development and uncovers Ift74 as a novel regulator of neurogenesis.  
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RESULTS 

Pax6 binds to a number of gene promoters in neural progenitor cells 

We first determined the expression patterns of Pax6 in various embryonic tissues and 

cortical layers. As shown previously, Pax6 is specifically highly expressed in ventricular 

zone (VZ) and is gradually lost as cells progress through the subventricular zone (SVZ) 

to the cortical plate (CP; Supplementary Figure S1A). An analysis of other ectoderm 

(epidermis), mesoderm (heart and mouse embryonic fibroblasts) and endoderm tissues 

(lung and pancreas) showed relative absence of Pax6 expression, with the exception of 

the pancreas that exhibited low levels of Pax6, confirming previous reports [18] 

(Supplementary Figure S1A). We next use a highly refined and established 

differentiation model of neurogenesis, in which mouse ES cells first differentiate into 

Pax6-positive NP (radial glial-like) cells (also referred as cellular aggregates, in short 

CA_D8) and subsequently into terminally differentiated glutamatergic pyramidal 

neurons (TN) with high purity (>95%) and synchrony and is known to closely 

recapitulate the stages of embryonic neurogenesis [19-21]. The expression analysis of 

Pax6 in this system revealed its highest expression in cellular aggregate cells, thereby 

presenting a system for investigating Pax6 function in vitro (Supplementary Figure S1B). 

To shed light on Pax6 function, we performed Pax6 chromatin immunoprecipitation 

(ChIP) in NPs and investigated its genome-wide binding pattern using a previously 

described ChIP-chip platform in biological replicates [22]. These arrays cover 10% of the 

mouse genome, including all well-annotated promoters, several large multigene loci 

and the complete chromosome 19 [23]. The visual inspection of the genomic regions 

suggested that Pax6 is targeted to distinct genomic sites and also occupies a number 

of promoters (n=5086, promoter enrichment >0.25; Figure 1a and b, Supplementary 

Figure S1C and D, Supplementary Table S1). A comprehensive and unbiased analysis of 

Pax6 binding along the fully tiled chromosome 19 revealed its relatively high 

enrichment at promoters (Figure 1c). These observations were validated at selected 

gene promoters in independent ChIP assays (Figure 1d). Such targeting of Pax6 to gene 

promoters prompted us to investigate its relationship with the chromatin state of target 

sites and the transcriptional states of associated genes at the progenitor stage. We 

analyzed the ChIP-seq datasets for RNA Pol II, H3K4me2, which is an established active 

histone modification,  and the Polycomb group repressive mark,  H3K27me3,  at the NP 
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Figure 1: Pax6 targets many gene promoters that largely exhibit an active chromatin state. 

(a, b) Representative examples of genome bowser tracks showing specific occupancies of Pax6 at promoter and its relative de-enrichment 

at other regions of a selected gene (Itprip-A, Incenp-B). UCSC browser tracks from ChIP-seq datasets for H3K4me2, H3K27me3 and RNA 

Pol II as well as RNA-seq from neural progenitor cells are shown. (c) Density plot showing genome-wide enrichment of Pax6 at promoters 

compared with other genomic regions on chromosome 19. To calculate the relative enrichment for each region, Pax6 enrichment was 

normalized with respect to the total size of that region. (d) ChIP-quantitative PCR validations of selected target genes showing the 

enrichment of Pax6 at their promoters. Pax6 and Nes are used as a positive control while intergenic region is a non-target (negative) 

control. Error bars reflect s.d. Statistical significance were calculated with an unpaired t-test (*P<0.05; **P<0.01; ***P<0.001; ****P<0.0001)    

(e) Bar plot showing Pearson correlation coefficients between Pax6 occupancy and H3K4me2, H3K27me3, and RNA Poll II RNA levels. (f) 

Heat map showing a comparison of Pax6 occupancy with H3K4me2, H3K27me3 and RNA Poll II RNA levels. Red indicates high values and 

blue low values. (g) Scatter plot comparing enrichment of Pax6 occupancy at promoters with enrichments of RNA Pol II, H3K4me2 and 

H3K27me3 in the same in vitro differentiation system. Each dot represents a promoter and x axis shows the enrichment of Pax6, while y 

axis represents enrichment of RNA Pol II, H3K4me2 or H3K27me3. Higher density of data points is represented as dark blue, while 

relatively less density is shown as light green. 

 

stage in the same differentiation system, and correlated these data with Pax6 

occupancy at the target gene promoters (Figure 1e and f). Further analysis showed that 

Pax6 occupancy was most strongly correlated with the active mark H3K4me2 (R²= 0.64; 

Figure 1e). In addition, a large number of Pax6-bound promoters were RNA Pol II 

bound (R²= 0.44) and actively transcribed (R²= 0.57; Figure 1e). Furthermore, Pax6 
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target promoters were mostly devoid of the repressive mark H3K27me3 (R²= 0.13; 

Figure 1e). Heat map visualization at promoters supported these observations, 

revealing that the majority of Pax6-bound genes displayed the H3K4me2 mark, a 

significant fraction of which were Pol II bound and actively transcribed (Figure 1f). 

Furthermore, comparison of Pax6 occupancy at promoters with enrichment of RNA Pol 

II, H3K4me2 and H3K27me3 in the same differentiation system showed similar patterns 

(Figure 1g). A comparison with promoter targets of Pax6 recently identified by ChIP-seq 

assay in E12.5 forebrain tissue [24] showed that out of 240 promoter targets discovered 

in this study, 141 promoters were also detected as Pax6 targets in our study (data not 

shown), supporting the comprehensiveness of our data.  

Pax6 targets are misregulated in Pax6 mutant NPs 

To further investigate the genes under the direct transcriptional control of Pax6, we 

differentiated Pax6 mutant ES cells (isolated from the blastocysts of homozygote Sey 

mutants, referred to thereafter as ‘mutant cells’) [14] into NPs and performed genome-

wide transcriptome profiling. Sey mutant ES cells generate misspecified neurons that 

undergo death owing to high expression of the neurotrophin receptor p75NTR [14]. 

Comparing the transcriptome of Sey mutant cells with that of wild-type (WT) NP cells 

revealed 675 differentially downregulated and 623 differentially upregulated genes 

exhibiting enrichment for the nervous system development and metabolism related 

Gene Ontology (GO), respectively (Figure 2a, Supplementary Figure S2A and B and 

Supplementary Table S2). Promoters of most of the genes downregulated in mutant 

progenitors were bound by Pax6 and very highly expressed in the WT progenitors, 

suggesting their robust transcription in the presence of Pax6 (Figure 2b and c). By 

directly comparing Pax6 binding at promoters to the transcriptional changes in mutant 

progenitors, we found that nearly all differentially expressed gene promoters (90%) 

were Pax6 bound (promoter enrichment >0) in the WT cells (Figure 2d, left bar plots; 

Supplementary Figure S2C) (Hypergeometric P-value, upregulated genes: 1.71e-265; 

downregulated genes: 0). To retain only those target promoters that were highly bound 

by Pax6, we increased the cut-off to a higher level (promoter enrichment >0.25) for 

Pax6 enrichment, which revealed 406 downregulated and 249 upregulated genes 

(Figure 2d and e; hypergeometric P-value, upregulated genes: 1.70e-22; downregulated 

genes: 1.05e-99). The observation that a large fraction of genes downregulated in the 
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mutant progenitors were highly enriched for Pax6 in the WT cells (n=406) is consistent 

with our previous observation that the majority of Pax6 targets were highly expressed 

in the WT NPs (Figure 2b and c). Interestingly, during the differentiation of ES cells into 

neurons, a large number of Pax6-bound/mutant-downregulated and Pax6-

bound/mutant-upregulated genes were either majorly expressed and repressed in the 

NPs or an early neurogenesis stage, respectively (Figure 2f and g). In summary, Pax6 

directly binds at the regulatory elements of many genes to govern their proper 

transcriptional dynamics during neuronal development. 

 

 

Figure 2: Pax6 targets are misregulated in the absence of Pax6. 

(a) Volcano plot showing changes in expression of genes in WT and Pax6 mutant (mutant). x axis represents fold change in log2 

scale between WT and mutant, and the y axis shows level of significance as in -log10 of adjusted P-value. Vertical dotted red 

lines reflect a two-fold cutoff for expression while horizontal dotted red lines represent a P-value cutoff of 0.005. (b) Scatter plot 

showing log2 of expression levels in WT (x axis) and Pax6 enrichment on y axis. Upregulated (green) and downregulated (purple) 

genes in Pax6 mutant are highlighted as dots. (c) Density plot to show the WT expression of upregulated and downregulated 

genes shown in b. y axis represents the density while x axis represents the expression levels. (d) Stacked bar plots showing that 

the substantial subset of differentially regulated genes in Pax6 mutants are Pax6 targets (two different Pax6 promoter 

enrichment cutoff: >0 (low stringency, left panel), >0.25 (high stringency, right panel). (e) Volcano plot as described in a but 

highlighting only upregulated (red dots) and downregulated (green dots) genes that are Pax6 targets in WT cells. (f, g) Heat 

maps showing the expression in ES, CA, N_12h (neurons at 12 hours), N_D1 (day 1 neurons) and N_D10 (neurons at day 10) of 

Pax6-bound genes that are significantly downregulated (f) and upregulated (g) in Pax6 mutant progenitors. Line plots above the 

heat maps show expression of Pax6 in the same stages. 
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Pax6 activates neuronal development genes and represses genes from other 

lineages 

We next performed a GO enrichment analysis for genes that are Pax6-bound (promoter 

enrichment >0.25) and differentially expressed between the WT and mutant NPs. Genes 

bound by Pax6 and downregulated in mutant cells were exclusively enriched for 

neuronal development (Figure 3a). Interestingly, genes bound by Pax6 and upregulated 

in mutant progenitors showed enrichment for terms related to mesoderm 

(cardiovascular system development) and endoderm (for example, respiratory system 

development) development (Figure 3b). Considering these GO term enrichments, we 

further analyzed expression of these Pax6-bound differentially expressed genes in 

representative embryonic tissues from the three lineages. A majority of downregulated 

genes were expressed in the three layers of the embryonic cortex (VZ, SVZ and CP) [25], 

while upregulated genes were much higher expressed in tissues from mesoderm (heart 

and mouse embryonic fibroblast) [26, 27] and endoderm (lung and pancreas) lineages 

[28, 29] (Figure 3c and d). Furthermore, Pax6-bound upregulated and downregulated 

transcription factor genes also showed similar patterns in different lineages, as well as 

during in vitro neurogenesis where downregulated factors are mainly expressed in NPs 

or an early neurogenesis stage while upregulated factors show high expression in other 

lineages and ES cells (Figure 3e and f and Supplementary Figure S3A). To further 

substantiate these observations, we performed enrichment analysis on bound and 

differentially expressed genes based on known phenotypes associated with these 

genes. The downregulated genes were significantly associated with phenotypes related 

to brain development (Figure 3g), while upregulated genes were linked to phenotypes 

related to abnormal development of various mesodermal or endodermal tissues (Figure 

3h). This further substantiates our previous observations and also provides additional 

insights into how Pax6 contributes to the gene expression program underlying 

neurogenesis. 

To further uncover other aspects of the Pax6-dependent regulatory network, we 

performed a signaling pathway enrichment analysis. Genes regulated by Notch 

signaling, a pathway that is established to be critical for self-renewal of NSCs, were 

most highly enriched among the Pax6-target mutant-downregulated genes [30-32] 

(Figure 3i  and  j).  This was followed by the Hedgehog signaling pathway,  which is also 
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Figure 3: Pax6 activates neuronal genes while repressing mesodermal and endodermal genes. 

(a, b) Bar and line plots showing GO term enrichment analysis of Pax6-bound genes that were downregulated (a) or upregulated (b) in 

Pax6 mutant progenitors. Bar plots show number of genes for each enriched GO term (main x axis), and lines represent P-values for 

corresponding GO terms (alternate x axis). (c, d) Expression of upregulated (c) and downregulated (d) genes in tissues from different germ 

layers. (e, f) Same as in c and d but only for differentially expressed transcription factors. (g, h) Same as in a and b but an enrichment 

analysis was performed for mouse phenotypes enriched in Pax6-bound downregulated (g) and upregulated (h) genes. (i) Similar bar plot 

as in a, but the enrichment analysis was performed for signaling pathways using Genomatix. (j) Scatter plot showing changes in 

expression of core Notch signaling pathway components in WT and Pax6 mutant cells and their enrichments for Pax6. The x axis 

represents the fold change (log2) between WT and Pax6 mutant cells, and the y axis shows Pax6 enrichment. 
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shown to be important for specification of NPs [33] (Figure 3i and Supplementary 

Figure S3B). By contrast, Pax6-target mutant-upregulated genes showed enrichment for 

FGF signaling, that has been shown to be involved in mesodermal and endodermal 

specification [34-36] (Supplementary Figure S3C and D). Although previously Pax6 has 

been indirectly implicated in the control of Notch pathway [10], our analysis revealed 

that Pax6 directly binds at the promoters of a large number of genes associated with 

Notch signaling. Furthermore, these genes were downregulated in mutant NPs, 

indicating that Pax6 has a direct role in the activation of Notch signaling in NP cells 

(Figure 3j). This targeting by Pax6 at Notch signaling components provides potential 

mechanism regarding how this master transcription factor acts at multiple levels to 

define progenitor identity and differentiation towards neurons. Overall, these analyses 

identify a dual role for Pax6, in which it mediates the activation of neuronal 

(ectodermal) genes while concurrently represses the mesodermal and endodermal 

genes. 

Pax6 influences transcription factor network to confer unidirectionality towards 

neuronal differentiation 

On the basis of our observations that Pax6 mutant cells showed upregulation of non-

neuronal and downregulation of neuronal genes, we next probed whether activities of 

any particular transcriptional factors are altered in the absence of Pax6 that in turns 

could explain part of gene-expression program alterations. Towards this we applied 

integrated system for motif activity response analysis (ISMARA), which predicts the 

transcription factors that can potentially regulate the differentially expressed genes on 

the basis of binding motifs at the promoters of these genes [37, 38]. ISMARA analysis 

predicted a number of transcription factors whose activity significantly changed in Pax6 

mutant NPs. This included Pax6 and Sox2 that showed downregulation in their activity 

(Figure 4a-f). In line with these findings, ISMARA predicted targets of Pax6 and Sox2 

were also found to be significantly downregulated in Sey cells (Figure 4b and e). 

Furthermore, ISMARA also predicted interaction networks of Pax6 and Sox2 with other 

transcription factors many of which are known to be important for neurogenesis (Figure 

4c and f). Two transcription factors, TFAP2B and TCF4, were commonly identified in 

both Pax6 and Sox2 interaction networks (Figure 4c, f and g). Surprisingly, predicted 

targets of TFAP2B or TCF4 were highly enriched for genes related to neurogenesis 
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(Supplementary Table S3). The role of TFAP2B in neuronal development as well as its 

interaction with Pax6 and Sox2 is unknown, however, our prediction provides potential 

insights of how cooperativity between different transcription factors contributes to 

neurogenesis. Targets of TFAP2B were also very significantly downregulated in Sey cells 

(Figure 4h) and network analysis further predicted its interaction with Pax6 as well as 

Sox2 in addition to many other interesting factors known to be required for 

neurogenesis (for example, Zeb1; Figure 4i). Overall, these observations suggest a 

cooperative function of transcription factors Pax6, Sox2 and TFAP2B in WT progenitors 

in gene activation as their activity and consequently their targets are downregulated in 

mutant cells. 

Furthermore, ISMARA analysis also revealed upregulation in the activity of a number of 

transcription factors that are known to be important for non-neuronal lineages such as 

T (brachyury), Hnf1a and members of the Myf family (Figure 4j-r). Brachyury is an 

established mesoderm transcription factor [37, 38], while Hnf1a is critical for liver 

differentiation [39] and Myf family of transcription factors are known to be crucial for 

heart development [37]. Target genes of these three transcription factors were 

significantly upregulated in mutant cells (Figure 4k, n and q). GO enrichment analysis 

showed that these target genes are involved in the development and function of non-

neuronal tissues (Supplementary Table S3). Furthermore, the network for each of these 

factors mostly consisted of a non-overlapping set of transcription factors (Figure 4l, o 

and r). Overall, these findings show that Pax6-dependent gene regulatory circuitry 

induces activity of transcription factors that induce neurogenesis and repress others 

that promote non-neuronal lineage. 
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Figure 4: Pax6 is critical for inducing activity of transcription factors that elicit neurogenesis and 

repress others that promote non-neuronal lineages. 

(a) Pax6 motif identified by ISMARA. (b) Box plot showing expression in WT and mutant of Pax6 targets predicted by ISMARA. (c) First-

level interaction network of Pax6 and its potential targets as predicted by ISMARA. (d) Sox2 motif identified by ISMARA. (e) Box plot 

showing expression in WT and mutant of Sox2 targets predicted by ISMARA. (f) First-level interaction network of Sox2 and its potential 

targets as predicted by ISMARA. (g) Tfap2b motif identified by ISMARA. (h) Box plot showing expression in WT and mutant of Tfap2b 

targets predicted by ISMARA. (i) First-level interaction network of Tfap2B and its potential targets as predicted by ISMARA. (j) Brachyury 

(T) motif identified by ISMARA. (k) Box plot showing expression in WT and mutant of Brachyury (T) targets predicted by ISMARA. (l) First-

level interaction network of Brachyury (T) and its potential targets as predicted by ISMARA. (m) Myf family motif identified by ISMARA. (n) 

Box plot showing expression in WT and mutant of Myf family targets predicted by ISMARA. (o) First-level interaction network of Myf 

family and its potential targets as predicted by ISMARA. (p) Hnf1a motif identified by ISMARA. (q) Box plot showing expression in WT and 

mutant of Hnf1a targets predicted by ISMARA. (r) First-level interaction network of Hnf1a and its potential targets as predicted by 

ISMARA. All P-values are calculated using Wilcoxon test. 
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Sox2 targets a large number of Pax6-bound gene promoters 

We were intrigued by our observations that Sox2 activity is significantly reduced in Pax6 

mutant NP cells. Both Sox2 and Pax6 are known to be important for the maintenance of 

the proliferative and developmental potential of NSCs [40]. Although it is known that 

Pax6 and Sox2 form a complex [41, 42], it remains to be investigated whether they 

function together in gene regulation at the same targets sites in the genome. We, 

therefore, compared our list of Pax6 target promoters with that of Sox2-bound 

promoters in NP cells derived from mouse ES cells in a previous study [43]. This analysis 

revealed that both Pax6 and Sox2 co-occupy a noticeable set of gene promoters, 

suggesting a potential cooperativity between these two transcription factors in gene 

regulation (Figure 5a and Supplementary Figure S4A; hypergeometric P-value: 1.28e-

65). We next classified the genes encoding transcription factors, which were either 

expressed or repressed in the NPs in vivo (based on the transcriptome analysis of the 

E14.5 VZ cells) [25] and analyzed their promoter occupancies by Pax6 and Sox2. Pax6 

and Sox2 were bound at the promoters of ~40% of the transcription factors expressed 

in the VZ (Figure 5b; hypergeometric P-value: 1.04e-22, Pax6 and 6.92e-27, Sox2). To 

our surprise, of the transcription factors that were not transcribed in the VZ, Pax6 

occupied nearly 3.5-fold more targets compared with Sox2 (~37%, Hypergeometric P-

value: 1.02e-20 Pax6, versus ~10%, Hypergeometric P-value: 1 Sox2; Figure 5c). In line 

with our previous observations, these results also suggest that Pax6-Sox2 complex 

preferentially bind to expressed transcription factors while without Sox2, Pax6 acts as a 

repressor. We were next curious to investigate whether the expression of Pax6 only 

bound target genes differs with respect to those bound by both Pax6 and Sox2 in WT 

and Pax6 mutant progenitors. Interestingly, genes bound by both Pax6 and Sox2 were 

significantly higher expressed in WT as compared with Pax6 alone or a random set of 

genes (Figure 5d). In line with these observations, these Pax6 and Sox2 common target 

promoters show higher accessibility as compared with Pax6 only and random 

promoters (Supplementary Figure S4B). Further supporting these findings, genes bound 

by both were more severely downregulated in mutant relative to Pax6 alone bound 

genes (Figure 5e). Together with previous observations, these results argue for an 

active cooperativity between Pax6 and Sox2 in regulating transcription of distinct set of 

genes in NP cells. 
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Figure 5: Pax6 and Sox2 act cooperatively to drive neurogenesis. 

(a) Stacked bar plot showing percentage of overlapping Pax6 and Sox2 targets. y axis represent percentage of Pax6 and Sox2 targets. (b) 

Bar plot showing expressed transcription factors in VZ as well as the ones targeted by either Pax6 or Sox2. (c) Same as in b but for not-

expressed transcription factors. (d, e) Box plot showing expression and changes in expression of Pax6 and Sox2 targets, Pax6 only targets 

and random genes in WT (d) and mutant progenitors (e). y axis in d represents expression in WT cells while y axis in e shows fold change 

of expression between WT and mutant cells. P-value is calculated using Wilcoxon test. (f-h) Expression of Pax6 only (f), Sox2 only (g) and 

Pax6 and Sox2 targets (h) during several stages of neurogenesis. aRG, apical radial glial; bRG, basal radial glial; IPC, intermediate 

progenitors. (i) Stacked bar plot showing the overlap of Ascl1 targets with Pax6 and Sox2. y axis represent percentage of Ascl1 targets. (j) 

Venn diagram showing the number of overlapping targets of Pax6, Sox2 or Ascl1. (k-m) Heat maps showing expression of Pax6 and Ascl1 

common targets (k), Sox2 and Ascl1 common targets (l) and Pax6, Sox2 and Ascl1 common targets during different steps of in vitro 

neurogenesis. Line plots above heat maps show expression of Pax6, Sox2 and Ascl1 in the same stages. Fold change is with respect to CA 

day 8 (CA_D8). (n) Comparative GO enrichment analysis of different set of genes represented as a network. Each square represent a GO 

term associated with a particular list, while edges provide information about the list to which the particular GO term is associated. If a GO 

term was found to be present in all three lists, it got connected with all three list nodes by edges. Pax6 and Sox2 target genes functions 

were further divided into sub-clusters based on similar GO terms. 
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To further delineate and substantiate the expression dynamics of Pax6 and Sox2 

targets, we explored recently published transcriptome datasets for distinct progenitor 

subpopulations (aRG, apical radial glial; bRG, basal radial glial; IPC, intermediate 

progenitors) as well as neurons from developing mouse neocortex [44]. Comparison of 

NP markers in our in vitro neuronal differentiation system and the above datasets 

showed that our ES-derived progenitors are apical in nature (Supplemental Figure S4C 

and D). Further comparison revealed an interesting pattern of expression for Pax6 only 

and Sox2 only bound genes compared with Pax6 and Sox2 co-occupied genes during 

neurogenesis (Figure 5f and h). The set of genes bound by either Pax6 or Sox2 and 

expressed in aRG were repressed in the immediate next stage (bRG) and remained 

repressed throughout neurogenesis (cluster A in Figure 5f and g). However, the genes 

bound by either Pax6 or Sox2 and repressed in aRG showed transcriptional activation in 

a stage-specific manner during neurogenesis (cluster B, C and D; Figure 5f and g). In 

contrast, genes co-occupied by both transcription factors and expressed (Cluster A) or 

repressed (Cluster B) in aRG were immediately repressed or activated in bRG, 

respectively, and maintained this state throughout neurogenesis (Figure 5h). Overall, 

these observations suggest that the gene regulatory function of Pax6 at its target sites 

may be influenced by co-factors such as Sox2. 

We next wondered whether other transcription factors expressed later during 

neurogenesis could function at Pax6 and Sox2 target sites when Pax6 and Sox2 are no 

longer available. To test this hypothesis we chose Ascl1, which is shown to be essential 

for the transition from neuronal progenitors to a neuronal state [45, 46] and 

neurogenesis is severely impaired in the absence of Ascl1 [47-49]. During neuronal 

differentiation from ES cells, Pax6 and Sox2 are simultaneously highly expressed in NP 

cells and following onset of neurogenesis, their levels decrease while Ascl1 levels are 

further increased (Supplemental Figure S4E). Using a recently published genome-wide 

binding dataset for Ascl1 during neurogenesis [50], we found that Ascl1 shared 44% of 

Pax6 (hypergeometric P-value, 1.55e-22) and 25% (hypergeometric P-value, 3.24e-13) 

of Sox2 targets (Figure 5i and j). Interestingly, the targets common between Pax6, Sox2 

and Ascl1 (n=75) included classical Notch pathway (Id1, Id2, Hey1, Hes6 and Dll1) and 

neuronal (Tubb2b, Robo1, Mapt and Pcdh10) genes. We next explored how Pax6 and 

Sox2 targets that are also bound by Ascl1 are expressed during in vitro neurogenesis. 

Heat map visualization of these sets showed that such genes that are bound by Pax6 
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and/or Sox2 and also by Ascl1 mostly maintain their transcription state as cells exit NP 

state (higher Pax6/Sox2 and lower Ascl1 levels) towards initiating neurogenesis (lower 

Pax6/Sox2 and higher Ascl1 levels; Figure 5k and m). Furthermore, most of these genes 

acquire an opposite expression state in terminally differentiated neurons (no Pax6, Sox2 

or Ascl1 expression). This suggests that distinct sets of Pax6/Sox2 target genes might 

be targeted by other transcription factors in subsequent stages of neurogenesis to 

facilitate maintenance of their transcription state despite the later absence of 

Pax6/Sox2 itself. 

To further explore the functional differences between the genes occupied by Ascl1 

uniquely or Ascl1 along with Pax6 and/or Sox2, we performed a comparative GO term 

analysis to reveal their possible involvement in any specific biological processes (Figure 

5n). The set of genes that were targeted by Pax6 and Sox2 only (blue squares) were 

enriched for a broad range of functions related to neural precursor or neural tube 

formation, cell cycle, transcription regulation, protein localization, metabolic processes 

and chromatin organization (Figure 5n). These genes were also enriched for functions 

related to neuronal differentiation and maturation (yellow squares). Interestingly, Ascl1 

unique target genes were also enriched for these functions (yellow squares) indicating 

towards a functional takeover of neuronal development by Ascl1 (Figure 5n). The set of 

genes that were bound by Pax6/Sox2 complex and also by Ascl1 were exclusively 

enriched for Notch signaling and neuronal differentiation (Figure 5n, red squares). We 

also observed that the functional class ‘neuronal projection’ was uniquely attributed to 

targets that were also targeted by Ascl1 only (green squares; Figure 5n), supporting its 

known role in early neuronal development. Overall these data indicate that a subset of 

neurogenesis-related genes that are acted upon by Pax6 and/or Sox2 in NPs may also 

be targeted by other transcription factors such as Ascl1 for gene regulation during 

neuronal development. 

Pax6 directly induces expression of many known and novel NP-specific 

transcription factors 

We next attempted to further investigate the role of Pax6 in regulating the expression 

of NP-specific genes by performing a series of stepwise analyses. First, we selected the 

Pax6-bound mutant-downregulated genes that were significantly higher expressed in 

E14.5 cortical layers compared with other tissues (heart, embryonic fibroblasts, lung and 
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pancreas). Then, we selected those factors that were at least two-fold upregulated in 

the VZ compared with the CP (Figure 6a). Interestingly, this final list of 46 genes 

primarily consisted of transcription factors, including established Pax6 targets and 

known regulators of NP identity (for example, Nestin, Neurog1/2, Neurod1/4 and 

Notch pathway components, such as Dll1 and Hes6; Figure 6b and Supplementary 

Figure S5A). Pax6 was also bound to its own locus likely for autoregulation as shown 

previously [12]. Of these 46 Pax6-target gene promoters, 17 were also co-occupied by 

Sox2 (data not shown). This analysis also identified many novel factors that have not 

been previously shown to function in regulating progenitor identity (Supplemental 

Figure S5B). The expression pattern of many of these genes was further validated by 

their in situ hybridization analysis in the embryonic cortex (Figure 6c) [51]. This analysis 

revealed how Pax6 functions as an upstream regulator of many known critical 

neurogenesis-related transcription factors, at the same time identified many previously 

unknown Pax6 targets that are specifically expressed in the cortex and warrant further 

investigation.  

 

 

Figure 6: Pax6 directly induces expression of a large number of known and novel neural progenitor-

specific transcription factors 

(a) Flow chart showing the identification of genes that are specifically upregulated in neural progenitors in vivo and are regulated by Pax6. 

(b) Heat map showing the expression patterns of 46 genes identified in a. Red means high expression while blue means lower expression. 

(MEF, mouse embryonic fibroblast). (c) In situ hybridization images for known and novel Pax6 targets as derived from the Allen Brain Atlas 

(http://developingmouse.brain-map.org/).  
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Ift74 is a novel Pax6 target that contributes to neuronal migration  

We were next interested to deeply explore the function of novel genes that were 

directly bound and activated by Pax6 and whose expression was restricted to NPs. We 

focused on Ift74 (Intraflagellar transport (IFT) 74 homolog), which is a component of 

the IFT complex but remains a rather uncharacterized protein in the context of 

mammalian biology. Ift74 forms a tubulin-binding module together with IFT81 that 

specifically mediates transport of tubulin within the cilium required for ciliogenesis [52]. 

To precisely map the kinetics of its expression with respect to Pax6, we analyzed their 

expression at various time points during the differentiation of ES cells into neurons via 

a NP state. As expected, this fine time course analysis during neuronal differentiation 

revealed that Pax6 was most highly induced upon commitment to NPs and 

downregulated as soon as neurogenesis progressed (Figure 7a). Interestingly, analysis 

of Ift74 at same time points showed that it reached its maximum expression levels few 

hours after highest Pax6 expression, a stage that marks the transition of NP cells to 

neurons, and subsequently its expression was reduced upon neuronal maturation 

(Figure 7a). 

To further substantiate our observations of Ift74 induction in the context of Pax6 

expression in vivo, we next analyzed transcriptome data derived from the three layers 

of the E14.5 cortex (VZ, SVZ and CP) that showed the prominent expression of Ift74 in 

the VZ of the developing mouse brain [25], which is where Pax6 is also most highly 

expressed (Figure 7b and Supplementary Figure S1A). In order to confirm the direct 

binding of Pax6 at the promoter of Ift74, we performed ChIP assay in NP cells using 

Pax6-specific antibody. Real-time PCR analysis confirmed a high enrichment of Pax6 at 

a region upstream of the transcription start site of Ift74 gene (Figure 7c). Given that 

Notch signaling is known to be essential for the self-renewal and identity of NP cells 

[30-32] and Notch effector transcription factor RBPJ showed occupancy at Ift74 

promoter in NSCs (D. Castro. Personal communication), we studied the effects of 

blocking Notch signaling on Ift74 levels. To test whether Ift74 expression is regulated 

by Notch pathway, we inhibited Notch signaling using two independent inhibitors (LY-

411575 and (N-[N-(3,5-Difluorophenacetyl)-L-alanyl]-S-phenylglycine t-butyl ester 

(DAPT)) and analyzed the expression of Ift74. These analyses showed that under both 

inhibitor treatments, Ift74 was significantly downregulated (Figure 7d). In addition, such  
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Figure 7: Ift74 contributes to neuronal migration. 

(a) Expression of Pax6 and Ift74 during neuronal differentiation of ES cells derived by real time quantitative PCR (RT-qPCR). Expression is 

shown for various stages of neuronal differentiation (ES cells, CA at day 4 before adding RA (CA d4), CA at day 8 (CA d8)) and various time 

points during neurogenesis (TN at 12h and day 1, 2, 3, 5, 7 and 10). mRNA expression is normalized to the housekeeping gene Rpl19 

(n=3, error bars show s.e.m.). (b) Expression of Ift74 (in RPKM) in VZ, SVZ, and CP dissected from mouse embryos at E14.5 derived by 

RNA-sequencing (GSE30765). (c) Pax6 ChIP-qPCRs to validate Pax6 binding at the promoter (-200±0 bp region) of Ift74 at CA day 8 

(CA_d8) (n=3, error bars shown as s.e.m.). Average enrichments are plotted normalized to input and further to an intergenic control 

region (control). (d) Fold change in mRNA levels in CA_d8 cells treated with γ-secretase inhibitor as compared with non-treated cells. ES 

cells were induced to undergo neuronal differentiation and treated every other day with 5 µM N-[N-(3,5-Difluorophenacetyl)-L-alanyl]-S-

phenylglycine t-butyl ester (DAPT) (n=5), 3 nM LY-411575 (n=3) or dimethylsulfoxide as control from CA_d4 stage onwards. Expression of 

the shown genes were normalized to Rpl19 levels (ΔCT) and fold change with respect to the control is plotted (error bars show s.e.m.). 

Statistical significance were calculated with an unpaired t-test (*P<0.05; **P<0.01; ***P<0.001; ****P<0.0001). (e) Left panel: representative 

immunofluorescence images from coronal brain sections at E16.5 stained for DNA using Hoechst (blue). Green fluorescent protein (GFP; 

green) marks shIft74 or non-targeting control electroporated cells; brains were electroporated at E12.5 and analyzed after 4 days. Scale 

bar: 100µm. Right panel: quantifications of fluorescence signal in the GFP channel using ImageJ in the lower Hoechst dense region 

(VZ/SVZ), the intermediate less DNA dense region (IZ) and the upper Hoechst dense region (CP). Error bars reflect s.e.m. of three 

representative regions from two independently electroporated brains. (f) Representative immunofluorescence images of cortical brain 

slices electroporated at E12.5 with non-targeting control or shIft74 and analyzed at E16.5. GFP (green) and PAX6 (red) stain is represented 

and the scale bar: 100 µm. All GFP-positive cells have been counted and the percentage of cells that also displayed PAX6 signal is plotted 

on the y axis (n=2, error bars show s.e.m.). (g) Same as in f but co-stained with TBR2 (red) and accordingly quantified as above for TBR2-

positive electroporated cells. (h) Representative immunofluorescence images of cortical brain slices electroporated at E12.5 with shIft74 

and analyzed at E16.5. GFP (green), TUJ1 (red) and DNA (blue) stain is represented and the scale bar: 100 µm. (i-k) GFP images to analyze 

cell shape and polarity for non-targeting control and shIft74 electroporated brains in VZ/SVZ (i), IZ (j) and CP (k) region. White 

arrowheads point to multipolar roundish cells in the IZ and bipolar cells in VZ, SVZ and CP of non-targeting control and shIft74 

electroporated brains. Scale bar: 50 µm. On the right side of each image representative thresholded cells of the particular layer are 

represented. 
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blockage of Notch pathway also led to expected changes in the expression of Notch 

signaling components (Figure 7d) and is in agreement to previous studies [53]. 

Importantly, further in line with a critical role of Notch signaling in regulating NSC self-

renewal and identity, we also found that the loss of Notch signaling also led to 

significant reduction in the expression of NP markers (Pax6 and Sox2; Figure 7d). Given 

these observations, an alternative explanation for the downregulation of Ift74 by Notch 

inhibitors is that the NPs differentiate into more mature cell types that do not express 

Ift74. Since our earlier observations showed a direct induction of Notch signaling 

components by Pax6, the decrease in Ift74 expression upon Notch inhibition also 

suggests a potential functional cooperativity between Pax6 and Notch signaling in 

regulating the downstream gene-expression program. 

Given the known function of Ift74 in the transport of tubulin within the cilium that is 

required for ciliogenesis [52], we were tempted to investigate whether its induction by 

Pax6 serves to promote neuronal migration during later stages of neurogenesis. 

Towards this, we performed in utero electroporation using a plasmid encoding a tested 

shRNA against Ift74 (Supplementary Figure S6A) at embryonic stage E12.5 and 

sacrificed the embryos for characterization at E16.5. Depletion of Ift74 via this shRNA in 

vitro does not result in cell death or impaired the cell-cycle progression (Supplementary 

Figure S6B and C). In the control shRNA electroporated brains, the majority of 

electroporated cells were detected in the cortical plate and very few such cells were 

retained in the ventricular zone, reflecting proper cortical migration of newborn 

neurons (Figure 7e). Ift74 shRNA electroporated brains, in contrast, showed a distinct 

phenotype where the majority of Ift74-depleted cells failed to migrate to the cortical 

plate (Figure 7e). Having observed such mislocalization of Ift74-depleted cells we were 

interested to uncover at which stage of neurogenesis these cells are perturbed. A 

staining of electroporated brain sections with Pax6 (Figure 7f) and Tbr2 (Figure 7g) 

showed no defect in the early neuronal maturation processes since the percentage of 

shIft74 and non-targeting control electroporated cells showing similar Pax6 and Tbr2 

expression. We next assessed whether Ift74-depleted cells migrating above the Tbr2 

layer, express neuronal markers. A co-staining with Tuj1 revealed a clear overlap with 

shIft74 electroporated cells (Figure 7h) indicating that these cells achieve neuronal 

identity but fail to fully migrate towards upper cortical layers. Although having a closer 

look into these images, many cells appeared to have multiple small processes and 
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suggested that in the absence of Ift74, cells accumulate in the multipolar phase in 

SVZ/intermediate zone (IZ) region instead of migrating to CP.  

For a detailed look into this phenomenon we took images at higher magnification of 

non-targeting control and shIft74 electroporated cells from different cortical layers and 

further investigated the morphological appearance of such cells (Figure 7i-k). We 

observed that, in the ventricular/subventricular zone, control as well as Ift74-deficient 

cells displayed a comparable elongated polar appearance (Figure 7i). In the IZ, cells 

electroporated with either non-targeting control or shIft74 again looked very similar 

and displayed a more roundish multipolar morphology (Figure 7j). However, while 

control cells subsequently transform back into a bipolar shape while migrating towards 

cortical plate, Ift74-depleted cells failed to do so and reside as multipolar cells in the IZ 

(Figure 7k). These observations suggest that cells deficient for Ift74 are able to normally 

differentiate until the stage of immature projection neurons that enter the IZ and 

become multipolar but are not able to reorient into elongated, bipolar shape essential 

for proper migration to the cortical layer. Since neuronal migration is driven via 

epithelial to mesenchymal transition (EMT)-like mechanisms [54], we analyzed the role 

of Ift74 in cellular migration using mammary epithelial cells as an established cellular 

model of EMT [54-56]. We induced EMT and at the same time transfected shRNA 

against Ift74 in the epithelial cells and then measured cellular migration four days later. 

We find that shRNA-mediated depletion of Ift74 led to a significant reduction in the 

migration capacity of these cells (Supplementary Figure S6D and E). Taken together, 

these observations suggest that Pax6 and Notch signaling may cooperate in regulating 

gene expression (for example, of Ift74) as well as identify Ift74 as a new Pax6 target that 

potentially has a role during neurogenesis likely via contributing to the migration of 

newborn neurons. 
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DISCUSSION 

Pax6 is a known master regulator of NP identity [8, 9, 15, 16, 57-63]. In this study, we 

attempted to uncover genes under the transcriptional control of Pax6 in NPs and 

identified downstream transcription factors that contribute to neurogenesis. We found 

that in NPs, Pax6 is targeted to many promoters that showed a distinct epigenetic state 

of open chromatin. Interestingly, many Pax6 sites are also occupied by Sox2, 

suggesting that they function together in gene regulation. Pax6 deficiency causes 

defects in the expression of its target genes, linking its binding to a function in 

transcriptional regulation. Strikingly, our analysis also revealed a dual role for Pax6, in 

which it activates the neuronal (ectodermal) genes while concurrently represses the 

mesodermal and endodermal genes. Importantly, Pax6 also directly induces the 

expression of a number of known as well as novel genes including transcription factors 

that are specifically expressed in NPs. We further show that one of the novel Pax6 

target gene, Ift74, may have an important role during neurogenesis, likely via regulating 

migration of newborn neurons. Furthermore, our results also provide indication that 

Notch signaling contributes to the transcriptional induction of Ift74 in NPs. 

Interestingly, Pax6 also directly binds at the promoters of many Notch signaling 

components and functions in their activation, suggesting the functional cooperativity 

between Pax6 and Notch signaling in regulating downstream gene-expression 

program. Overall, our findings reveal how Pax6 regulates the gene-expression program 

at multiple levels to ensure proper execution of the neurogenic program, and at the 

same time ensures the unidirectionality of neuronal differentiation (Figure 8). 

The complexity of Pax6 function has been suggested to arise from its interaction with 

various transcription factors to synergistically regulate target gene expression. In lens 

development, the transcriptional regulation of several crystallin genes by Pax6 is 

achieved in coordination with other transcription factors, such as Sox2 and Maf [64, 65]. 

Pax6 has been shown to form a complex with Sox2 to transcriptionally activate the δ-

crystallin gene [41]. Sox2 is of further relevance because it is expressed in the 

developing mouse central nervous system from an early stage [66] and regulates the 

expression of fibroblast growth factor 4 (Fgf4) and Nestin, which are important in 

maintaining NSCs [67]. Our ISMARA analysis showed that the activity of Sox2 was 

significantly reduced in Pax6 mutant NP cells. Moreover, Sox2 co-occurred with Pax6 at 
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many promoters in NP cells. Furthermore, these data also reveal that critical NP genes, 

such as Nestin, are co-regulated by Pax6 and Sox2. We also observed that the target 

genes co-occupied by Pax6 and Sox2 are expressed at higher levels, including those 

encoding important transcription factors, as compared with Pax6 only targets. These 

findings highlight the importance of the interplay between Pax6 and Sox2 in 

cooperative transcriptional regulation during neurogenesis, and at the same time also 

imply that critical neurogenesis genes may require co-activation by more than one 

stage-specific transcription factor. Furthermore, these observations also indicate that 

the gene regulatory potential of Pax6 may be determined by its partners and in this 

specific case, Sox2 occupancy drives it more towards a transcription activating role. 

 

Figure 8: Pax6 regulates the gene-expression program at multiple levels to promote neuronal 

differentiation. 

Pax6 mediates the activation of neuronal (ectodermal) genes while concurrently represses the mesodermal and endodermal genes,  

thereby ensuring the unidirectionality of lineage commitment towards neuronal differentiation. Pax6 directly binds and activates 

expression of critical transcription factors and components of signaling pathways, all of which then function in concert to orchestrate 

downstream gene-expression program that drives neurogenesis. 

 

We also observed distinct expression dynamics of Pax6 and Sox2 unique target genes 

compared with those co-occupied by both factors during subsequent stages of 

neurogenesis. The genes bound by either Pax6 or Sox2 and expressed in aRG showed 

transcriptional activation in a stage-specific manner during neurogenesis where 

different gene-sets were found to be expressed in bRG, IPC and neurons. It may reflect 

availability of distinct factors or signaling pathways that become active at each of these 

stages to induce a set of genes critical for that particular stage of neuronal 

differentiation. On the other hand, all genes co-occupied by both Pax6 and Sox2 
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acquired changes in their expression state immediately after transition from aRG to 

bRG and this transcription state was maintained during later stages. This may also imply 

that genes that are required to be immediately switched on or off during differentiation 

of NPs may in some way benefit from being targeted by both Pax6 and Sox2.  

Pax6 is believed to exert its effects by regulating critical downstream effectors during 

neurogenesis. A number of such examples have already been described, such as Fabp7, 

Neurog2, p27kip1, cell adhesion molecules (for example, L1 optimedin A, R-cadherin, δ-

catenin and tenascin C), patterning molecules (for example, secreted frizzled-related 

protein 2 (sFRP2) and T-cell factor 4 (Tcf4)), Nkx2.2, Hoxd4, as well as other 

transcription factors, including Nfia, AP-2γ, NeuroD6, Neurog2, Tbr2, and Bhlhb5 [9, 15, 

16, 57-63, 68, 69]. Our study is in line with the previous reports of a direct regulation of 

neurogenic transcription factors by Pax6 [17]. Importantly, our data also identified 

several additional genes including transcription factors that are directly induced by 

Pax6 in NP cells but have not been studied in the context of neuronal development (for 

example, Bazb2, Hmgn3, Peli2, Vit). Furthermore, although the role of Pax6 and Notch 

signaling in neuronal development is known for long, our data provide the first 

evidence that Pax6 also promotes Notch signaling by directly inducing the expression 

of critical components of this pathway (Figure 8).  

Our data suggest that although Pax6 activates genes related to neuronal development, 

it represses the transcription of mesodermal and endodermal genes. Furthermore, 

ISMARA analysis also showed that Pax6 is required for the induction of transcription 

factors and their targets that elicit neurogenesis (for example, Sox2 and Tfap2b) and 

repress others that promote non-neuronal lineages (for example, Brachyury, Hnf1a and 

Myf family of transcription factors). These observations strongly imply that Pax6-driven 

gene regulatory program functions to ensure the unidirectionality towards neuronal 

differentiation.  

During neurogenesis, NP cells undergo massive morphological and spatial changes that 

are tightly linked to cytoskeleton changes. For example, neocortical neurons arise by 

asymmetric division of radial glia progenitors (RG) in the VZ with a bipolar morphology 

and gradually become multipolar as they reach SVZ/IZ zone and move erratically. 

Subsequently, these cells undergo a multipolar to bipolar transition and move rapidly 

along RGs to the top of CP [70]. Defective ciliogenesis has been shown to accompany 
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defects in neuronal migration in human ciliopathy phenotypes such as Meckel–Gruber 

syndrome [71]. We find that one of the Pax6-induced genes, Ift74, is highly expressed 

in NP cells as compared with other cell types. It has been shown in human cells that 

Ift74 and Ift81 build a tubulin-binding module whose binding to tubulin is important 

for ciliogenesis [52]. Depletion of Ift74 by in utero electroporation during cortical 

development led to a retention of migrating cells in the lower layer of the cortex. 

Furthermore, some cells showed multiple small processes, indicating that the 

knockdown cells are in the multipolar phase in SVZ/IZ region and fail to migrate to the 

CP. These observations collectively suggest that the regulation of ciliogenesis and/or 

axonogenesis via Ift74 might be essential for cortical development. Moreover, Ift74-

depleted cells showed significantly reduced migration capacity during EMT in vitro. 

Importantly, as Notch signaling is known to be essential for proper radial migration of 

cortical neurons [72] and since we also found that Notch signaling is required for 

proper transcriptional induction of Ift74, it is likely that the previously observed defects 

in neuronal migration in the absence of Notch signaling are, at least in part, 

contributed by a loss of Ift74 expression. 

Taken together our findings provide novel insights into genomic localization and gene 

regulatory function of Pax6 during cortical development. Here we show that Pax6 

targets a distinct class of epigenetically marked gene promoters, a number of which are 

co-occupied by other critical transcription factors such as Sox2. Our results suggest a 

model for a dual function of Pax6 upon neuronal commitment where it mediates the 

activation of neuronal (ectodermal) genes while concurrently represses the mesodermal 

and endodermal genes to ensure the unidirectionality towards neuronal differentiation. 

In addition, Pax6 also induces critical signaling pathways that further work together 

with Pax6 in guiding critical neurogenic events. Our findings highlight how the gene 

regulatory circuitry organized by a single factor is able to contribute to neuronal 

development at multiple levels. In addition to many established downstream effectors, 

this study has identified many novel targets that are bound and activated by Pax6 and 

warrant further investigation in cortical development. The in utero knockdown of one 

such gene, Ift74, during brain development resulted in impaired neuronal polarity and 

migration of newborn neurons. Overall, these findings reveal how Pax6 functions in the 

control of neuronal development at multiple levels to ensure unidirectionality and 

proper execution of the neurogenic program.  
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MATERIALS AND METHODS 

Cell culture 

WT and Sey ES cells derived from blastocysts (3.5 PC) of mixed 129-C57Bl/6 

background (called 159.2) were cultured and differentiated as previously described [19].  

Quantitative RT-PCR  

Total RNA isolation, cDNA synthesis and quantitative RT-PCR were performed 

according to the manufacturer’s (Qiagen, Hilden, Germany) guidelines. Primer 

sequences will be provided upon request. 

ChIP assay 

ChIP experiments were performed as previously described [73]. In brief, crosslinked 

chromatin was sonicated to achieve an average fragment size of 200 bp. Starting with 

70 μg of chromatin and 5 μg of antibodies, 1 μl of ChIP material and 1 μl of input 

material were used for quantitative real-time PCR using specific primers. Primers 

covering an intergenic region were used as the control. The efficiencies of the PCR 

amplifications were normalized to those of the PCR products of the intergenic regions. 

The following antibodies were used: anti-Pax6 (Covance, Munich, Germany), anti-RNA 

Pol II: N-20 (Santa Crutz, Heidelberg, Germany), anti-H3K4me2: 07-030 (Millipore, 

Darmstadt, Germany), and anti-H3K27me3. Primer sequences will be available upon 

request. The ChIP material for Pax6 was used for ChIP-chip and for H3K4me2 and 

H3K27me3 was used for ChIP-Seq as described later. 

In utero electroporation and imaging 

The plasmids containing control shRNA (5’-CAACAAGATGAAGAGCACCAA-3’) or shIft74 

shRNA (5’-CGAGATCAAATGATTGCAGAA-3’) were injected into the lateral ventricle of 

E12.5 mouse brains, which were given an electrical stimulation (34V with 950mA). Four 

days later, mice were killed and embryonic brains were fixed in 4% paraformaldehyde, 

dehydrated in 30% sucrose and embedded in O.C.T. (Tissue-Tek, Staufen, Germany) on 

dry ice. The brains were frozen-sectioned into 12 μm slices with Leica CS3050S. After 

DNA staining using Hoechst and marker proteins (TBR2-ab23345 from abcam 

(Cambridge, UK), PAX6-PRB-278P-100, and TUJ1-D13AF00117 from Covance) confocal 
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images were achieved through Leica TCS SP5 confocal microscope (Biberach, Germany) 

and analyzed using ImageJ (NIH, Bethesda, MD, USA). 

Cell viability analysis 

NMuMG cells were transfected with shIft74 green fluorescent protein using 

lipofectamine according to manufacturer’s instructions and trypsinized after 48h. After 

washing the cells two times with cold PBS, 1.5 million cells were resuspended in 100µl 

Annexin binding buffer (0.1M hydroxyethyl-piperazineethane-sulfonic acid buffer 

(HEPES; pH 7.4), 1.4M NaCl and 25 mM CaCl2) supplemented with 5 µl Annexin V 

antibody labeled with APC (BD Pharmingen, Heidelberg, Germany) and incubated 5 min 

at room temperature in dark. Then cells were washed twice with 1 ml Annexin binding 

buffer, taken up in 400 µl Annexin binding buffer supplemented with PI and 

subsequently measured using the BD LSRFortessa Cell Analyzer with BD FACSDiva 

software (Heidelberg, Germany). 

Migration assay 

NMuMG cells were transfected using Lipofectamine 2000 following manufacturer’s 

protocol with shControl or shIft74 constructs during TGFβ-induced EMT. Cells were 

again transfected on the second day and fresh TGFβ was added to the culture. On the 

third day, wound was created using a 200 µl pipette tip. Light microscope images were 

taken at time 0 and 23 h and the derived data was further analyzed using ImageJ 

software to quantify closed area after 23 h compared with 0 h. 

Microarray expression data 

The data from the Affymetrix GeneChip Mouse Gene 1.0 ST Arrays were imported into 

R (ver. 2.11.1), normalized with RMA [74] and annotated with annotation packages from 

the Bioconductor repository version 2.6 [75]. A modified version of the t-test [76] was 

used to identify the differentially expressed genes. The obtained P-values were 

corrected for by multiple testing using the Benjamini and Hochberg method. The data 

is deposited in GEO database with accession number GSE75256. 

ChIP-chip data analysis 

The Nimblegen array intensity files from the GEO data set GSE30204 were imported 

into R (ver. 2.11.1), and the log2 enrichments (log2 bound/input ratios) for each 
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individual probe were calculated using the package Ringo [77]. The Arrays were loess-

normalized using the normalizeWithinArrays function of the Limma package. For each 

promoter, we calculated the average log2 enrichment values using data obtained from 

the overlapping probes. Promoters were defined as 900-bp windows (-700, +200) 

around the transcription start sites for genes defined in the Ensembl database (version 

58_37k, http://www.ensembl.org) and the Refseq db (downloaded on 2010-05-28 from 

http://genome.ucsc.edu). The data is deposited in GEO database with accession number 

GSE75256. 

Selection of differentially expressed Pax6 targets 

To derive a list of bona fide Pax6 targets, we compared the changes in expression of all 

Pax6 targets in the Pax6 mutant compared with those of the WT. We considered only 

those Pax6 targets that were at least two-fold differentially expressed with an FDR 

cutoff of 0.005, which provided a list of genes that were targeted by Pax6 and 

differentially expressed in the absence of Pax6.  

RNA-seq analysis 

Tissue-specific data sets were obtained from the Gene Expression Omnibus with the 

following GEO accession numbers: GSE43194 (Heart E11.5), GSM723775 (mouse 

embryonic fibroblast E13.5), GSE49581 (Lung E14.5), GSM1150322 (Pancreas E15.5) and 

GSE30765 (VZ, SVZ and CP; E14.5). The reads were aligned to the mouse genome 

(mm9) using TopHat [78] with default parameters. The aligned reads were then 

provided as an input for the HTSeq_count utility from the HTSeq package. The raw read 

count files obtained from HTSeq-count were then processed for differential expression 

using the DESeq package [79]. The absolute quantification of the transcripts was 

performed using Cufflinks with default options. The expression data for apical, radial 

and intermediate progenitors and neurons were taken from Florio et. al. [44].  

The data sets of VZ, SVZ and CP were obtained from described reference [25] in which 

authors have used laser microdissection (LSD) technique to separate out the three main 

layer of cortex from E14.5 embryos. In brief, dorsolateral and medial pallium areas were 

dissected to obtained progenitor cells residing in VZ layer. This layer mainly contains 

apical progenitor cells. Basal and intermediate progenitors reside in the SVZ-IZ regions 

and laser cuts were consistently performed at the border line of VZ and CP, which 



2.3 Mapping gene regulatory circuitry of Pax6 during neurogenesis 

 

186 

 

resulted in exclusion of subplate neurons. The CP layer neurons comprise of all 

differentiated neuronal subtypes present in adjacent layers, for example, Cajal-Retzius 

layer, VIb layer neurons.  

The RNA-seq data for in vivo cortical neurogenesis contained well-defined populations 

of apical, basal and intermediate progenitors [44]. Authors in this study used 

fluorescence-activated cell sorting to isolate different cell populations from mouse 

neocortex. Apical radial glial were isolated based on cells that were positive for Dil, 

Prom1 and negative for Tubb3 while basal radial glial were Dil+, Prom- and Tubb3-. 

Intermediate progenitors (bIPs) were required to be negative for all three markers and 

neurons were isolated from Dil+, Tubb3+ but Prom- populations. These pure 

populations of progenitors and neurons were important for our analysis to analyze 

expression dynamics of Pax6/Sox2 target genes in NSCs in later stages of neurogenesis.  

ChIP-Seq analysis 

The ChIP-Seq data sets for Sox2 were downloaded from GEO (GSE33059). In this study 

Sox2 ChIP-seq was performed on NPs derived from mouse ES cells. The reads were 

mapped to the mouse genome (build mm9) using Bowtie (version 0.12.9) [80] with 

default parameters. The mapped files were processed using MACS (version 

2.0.10.2013071) [81] for peak identification using default parameters. Peaks falling at 

promoters were used to define Sox2 target promoters. H3K4me2 and H3K27me3 ChIP-

Seq data was taken from GSE25533. The genes bound by Ascl1 in the differentiating 

NPs were obtained from Raposo et al. [50]. Briefly, in this study authors performed 

ChIP-Seq for Ascl1 after 18 h of ectopic expression of Ascl1 in NSCs. Pax6 ChIP-Seq 

peaks were obtained from a recent study [24]. We assigned each peak to the nearest 

gene and then shortlisted only those peaks that were found to be within ±1 kb around 

the transcription start site. These genes were then compared with our Pax6 targets. 

Enrichment analysis 

GO cluster and phenotype enrichment analysis was performed using the ToppGene 

package [82, 83]. Only the top 20 enriched terms from the GO analysis were plotted. 

Pathway enrichment was performed using Genomatix. 
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SUPPLEMENTARY FIGURES 

 

Supplementary Figure 1. Pax6 is expressed in neuronal progenitors in vivo and in vitro.  

A. Bar plot showing normalized RPKM values of Pax6 in several cell types (VZ; Ventricular Zone, SVZ; Sub-Ventricular Zone, CP; Cortical 

Plate, MEF: mouse embryonic fibroblasts). B. qRT-PCRs showing that Pax6 is specifically upregulated in neuronal progenitors during in-

vitro differentiation of ES cells into neurons (ES; Embryonic Stem Cells, CA D8; Cluster aggregates or Neuronal Progenitors (NP), TN; 

Terminal Neurons). Error bars represent SEM. C-D. Browser plots showing Pax6, H3K4me2, H3K27me3, Poll II and RNA levels at Suvar20h1 

(C) and Dusp5 (D) promoters. 

 

 

 

Supplementary Figure 2.  

A-B. Bar and line plots showing GO term enrichment analysis of all downregulated (A) and upregulated (B) genes in Pax6 mutant 

progenitors. Bar plots show numbers of genes for each enriched GO term (main x-axis), and the line represents the P-value for 

corresponding GO term (alternate x-axis). C. Scatter plot showing expression changes in Pax6 mutant in comparison with Pax6 enrichment 

with 0 as the cut-off (red horizontal line). The x-axis represents log2-fold change between WT and Pax6 mutant cells, and the y-axis 

represents Pax6 enrichment. Red vertical lines represent 2-fold change in expression.   
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Supplementary Figure 3.  

A. Heat maps showing expression of transcription factors that were found misregulated (down or up regulated) in Pax6 mutant cells 

during in vitro neurogenesis stages of wild-type ES cells. B. Network of Hedgehog pathway components among Pax6 target genes that 

are downregulated in Pax6 mutant progenitors derived using Genomatix. C. Bar and line plots showing signaling pathway enrichment 

analysis of upregulated genes in Pax6 mutant progenitors. Bar plots show number of genes for each enriched GO term (main x-axis), and 

the line represents the p-value for corresponding GO term (alternate x-axis). D. Network of FGF pathway components among Pax6 target 

genes that are upregulated in Pax6 mutant progenitors derived from Genomatix. 
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Supplementary Figure 4.  

A. ChIP-qPCR validations of common Pax6 and Sox2 target genes showing the Pax6 and Sox2 enrichment at their promoters. B. Box plot 

showing accessibility (FAIRE enrichment) of Pax6/Sox2 common, Pax6 only and random target promoters. C-D. Expression of selected 

progenitor genes during in vitro (C) and in vivo neurogenesis (D). E. Line plot showing the normalized RPKM values for Pax6, Sox2 and 

Ascl1 during in vitro neurogenesis. The data is plotted as fold change in relation to CA_D8 stage. 
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Supplementary Figure 5.  

A-B. List of Pax6 target genes whose function in neuronal progenitors are known (A) or unknown (B). These data were derived using the 

list from Fig. 4B, followed by a literature survey.  

 

 

Supplementary Figure 6.  

A. shRNA against Ift74 significantly depletes its level in NMuMG cells. Knockdown efficiency of the shRNA against Ift74 was tested using 

RT-qPCRs. An shRNA against luciferase was used as control. B. NMuMG cells were transfected with shIft74-GFP and sorted for GFP after 

48h. For GFP positive (shIft74 transfected) and negative (non-transfected) populations Annexin V/PI FACS was performed and percentage 

of early apoptotic (Annexin V positive), late apoptotic (Annexin V and PI positive), dead (only PI positive) and alive cells (double negative) 

was plotted. Error bars reflect S.E.M. of biological replicates. C. NMuMG cells were transfected 48h with NTC or shIft74 and cell cycle was 

monitored by measuring BrdU incorporation (1 h pulse treatment with BrdU after 47 h of transfection) and total DNA content determined 

by Hoechst. Percentage of cells in S-phase, G2/M-phase and G0/G1-phase was accessed by FACS and is plotted on the y-axis. Error bars 

reflect S.E.M. of two biological replicates. D. qPCR is performed to analyze the expression of Ift74 after transient transfection of shControl 

and shIft74 constructs in NMuMG cells upon TGFb-induce EMT. E. Wound healing assay to assess the migration capacity of Ift74 depleted 

NMuMG cells upon TGFb-induced EMT. 
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SUPPLEMENTARY TABLES 

For supplemental tables please refer to the Excel-files published together with this 

manuscript. 

Supplementary Table 1.  

All Pax6 target promoters above enrichment 0. 

Supplementary Table 2.  

All differentially expressed genes. 

Supplementary Table 3.  

GO enrichment analysis for Tfap2b, Tcf4, T, Myf Family and Hnf1a target genes. 
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3 Discussion and Future Perspectives 

Cell identity is largely defined by its gene expression patterns that enable all 

housekeeping functions and, at the same time, ensure the specialized functions of a 

cell. Tight regulation of gene expression is therefore essential for the development and 

the maintenance of cell identity. However, gene expression patterns allow certain 

flexibility to respond to external cues. Often a cell encounters various stimuli and needs 

to coordinate all possible responses in the most optimal way in order to maintain its 

function and integrity. To this end, cells have evolved mechanisms to ensure the best 

adaptation to environmental changes and control the gene expression at multiple 

layers and by various mechanisms during each step of the involved processes. For 

instance, a cell specifies which genes are transcribed and at what levels at a given time 

and also regulates the transcript stability, the translation rate as well as the protein 

degradation.  

Modulation on chromatin level provides an ideal regulatory tool to fine-tune all DNA-

templated processes such as transcription. Chromatin is a highly complex structure and 

its functional properties are determined by its global and local structural organization 

as well as its composition. It offers immense options for alterations and many 

mechanisms to establish or erase such modulations have evolved. They include, for 

example, chromatin remodeling, nucleosome composition variation or histone and 

DNA modifications. The interplay of these epigenetic mechanisms with other regulators 

of gene expression, such as transcription factors, results in the final gene expression 

programs. Therefore, it is important to understand the mechanisms of each of these 

processes, how they influence each other and how they are coordinated together in 

order to allow a cell to differentiate, to maintain its attributes or to respond to stimuli.  

This thesis provides insights into how gene regulation programs are modulated in 

response to environmental stimuli that challenge the genome integrity (chapter 1), how 

they allow adaptation to rhythmic environmental changes (chapter 2) as well as how 

they enable regulation of cell fate changes during cellular differentiation (chapter 3). 

The last section of this thesis aims to comprehensively discuss and connect the findings 
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from these studies and to put them into perspective of the current state of science as 

well as to highlight the most exciting next directions to follow up on these findings.   

3.1 Chromatin response to UV irradiation 

The genome is continuously confronted by endogenous by-products of chemical 

reactions inside the cell or by environmental factors, which influence the intactness of 

the DNA. For instance, skin cells are exposed to UV radiation from the sun that can 

induce molecular lesions in the DNA. These do not only affect DNA transcription and 

replication, but can also lead to mutagenesis with consequences such as skin cancer. 

Cells consequently have evolved a DNA damage response system, which not only 

ensures DNA repair, but also controls other cellular processes such as transcription, cell 

proliferation or even cell survival. There is evidence that chromatin modulations, such 

as chromatin remodeling or posttranslational modifications of histones, also play 

important roles in this DNA damage response process [1-7]. However, the global 

changes in chromatin accessibility and epigenetic state in response to UV irradiation 

have so far not been explored on a genome-wide level and furthermore correlated to 

the gene expression changes.  

The study described in chapter 1 demonstrates that chromatin is an important player in 

the UV-induced DNA damage response and undergoes genome-wide modulations 6 h 

after the UV exposure. Previous studies have shown that chromatin is transiently 

relaxed around the damaged DNA and then restored or even further compacted [2, 5, 

8]. A recent study showed that chromatin compaction might be an integral part of the 

DNA damage response (DDR) by stimulating damage-independent upstream DDR 

signaling; however, its persistence may inhibit the repair and recovery from the DNA 

damage [8]. Our analysis revealed that in fibroblast cells, the accessible genome is 

reduced globally by around one third 6 h after UV-C irradiation of a defined dose. This 

could be a consequence of local compactions of the many damaged sites. However, 

also regions that did not change their accessibility state in response to UV irradiation 

exhibited a gain in the DNA damage mark γ-H2A.X. On the other hand, it may reflect a 

protection mechanism to inhibit DNA-templated processes globally and to avoid 

further damage. An argument for this is that the accessibility changes were widely 

reproducible, while the UV-induced DNA damage is assumed to be random or in part 
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with sequence dependency [9]. Our study, in accordance with others, indicates that UV-

induced DNA damage occurs both in accessible and non-accessible chromatin and 

therefore a compaction would not protect the DNA from further damage [10, 11]. 

Nevertheless, a global compaction may reflect a general response to DNA damage, as 

other types of damages are preferentially induced in open chromatin [12-14]. 

Moreover, many genes whose promoter or distal regulatory regions lost accessibility 

also reduced their expression, while a few genes important for the DNA damage 

response showed an opposite pattern. These observations suggest a controlled 

selection of the sites changing in response to UV irradiation. 

It would further be interesting to investigate, if the observed chromatin compaction is 

achieved by active chromatin remodeling or by incorporation of new nucleosomes, for 

example, by exploring the impact of chromatin remodeling factors on the chromatin 

compaction or by measuring newly incorporated histones with CATCH-IT [15, 16]. As 

chromatin changes may not only occur locally, examination of the three-dimensional 

chromatin organization by methods such as high-resolution microscopy and Hi-C 

before and after UV treatment might add valuable information to the understanding of 

UV-induced chromatin alterations. Recently, for example, chromatin compaction 

induced by oxygen and nutrient deprivation in a cardiac muscle cell line has been 

visualized using high-resolution microscopy [17]. It would be interesting to investigate, 

if different kinds of stress stimuli lead to similar chromatin reorganizations.  

The global chromatin compaction may also be partly responsible for the strong 

genome-wide reorganization of the histone modification H3K27ac, which marks active 

promoter and enhancer regions. Our comprehensive analyses disclosed the importance 

of distal regulatory regions, namely enhancers as well as super-enhancers, in the DNA 

damage response. These regions were preferentially remodeled in their chromatin 

features after UV exposure and were to some extent accompanied by expression 

changes of the neighboring genes. Enhancers and super-enhancers are well known for 

their function in the spatiotemporal control of gene expression patterns during 

development and for the regulation of cell identity genes [18-22]. However, their 

functional spectrum seems to be broader. Recently, NFκB-mediated occurrence and 

activity regulation of super-enhancers in response to inflammatory stimuli has been 

reported to drive transcription changes during inflammation [23-25]. Super-enhancers 
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are also established in cancer cells at genes that promote tumorigenesis and that are 

sensitive to oncogenic signaling pathways [19]. The study presented in chapter 1 

further shows that following UV irradiation super-enhancers are gained next to stress 

response genes and genes involved in different signaling pathways such as TP53 and 

MAPK signaling pathways. Latter are well established to be activated in response to UV 

irradiation [26, 27]. Super-enhancers therefore seem to be responsive to diverse stimuli 

and to be connected to the signaling pathways. 

Our analyses further suggest the involvement of certain DNA-binding factors in the 

regulation of the observed chromatin changes. For example, CTCF, a multifunctional 

factor involved in the three-dimensional organization of the genome, was enriched 

near genomic regions that kept their active chromatin features following UV irradiation. 

CTCF has previously also been described to act down-stream of the NFκB pathway in 

response to UV light to protect cells from apoptosis [28]. These results may hint that 

CTCF plays an important role in the DNA damage response and may guard certain 

regions, which are possibly important for the three-dimensional organization of the 

chromatin, from UV-induced chromatin changes and thereby prevent apoptosis.  

In contrast to CTCF, the Cellular tumor antigen p53 (TP53) might be involved in the 

activation of certain enhancers in response to radiation of the cells. TP53 is a factor, 

whose function in the DNA damage response is very well established [27]. However, its 

predominant occurrence at and regulation of enhancers in response to DNA damage 

was only recently reported [29]. The function of TP53 at these enhancers seems not to 

be regulated by the recruitment of TP53 to these sites in response to DNA damage, 

since the previous study and ours revealed that TP53 is already bound to these 

locations in non-stimulated cells [29]. TP53 binds to these regions under standard 

condition in its inactive form and becomes activated by phosphorylation in response to 

DNA damage, which might then allow immediate modulation of the chromatin states at 

these loci [29]. TP53 might mediate the UV-induced chromatin relaxation at these sites 

via the recruitment of histone acetyltransferases such as EP300 [30]. This elucidates the 

interplay of several gene regulatory mechanisms in order to coordinate the gene 

expression changes in response to DNA damage: UV light induces signaling cascades, 

which activate transcription factors that consequently may contribute to chromatin 

modulations  in order to adjust the gene expression patterns to the requirements of the  
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DNA damage response. However, the crosstalk between signaling pathways, 

transcription factors and epigenetic changes needs further experimental validations. 

Moreover, functional characterizations are required to elucidate the role of the distal 

regulatory regions in the DNA damage response. For instance, the analysis of their 

long-range interactions and selected depletion of enhancer regions may provide 

deeper insights into their functions.  

Not only chromatin changes, but also the chromatin status prior to UV exposure seems 

to impact on the fate of the loci during the DNA damage response. For example, the 

chromatin state might have influenced whether the loci underwent chromatin 

accessibility changes following UV exposure. In addition, expressed genes with active 

promoter features were mainly the genes undergoing expression changes in response 

to UV irradiation. While these protein-coding genes were mainly down-regulated, 

several lincRNAs were induced upon UV irradiation. This implies, in line with previous 

studies, that non-coding RNAs are important regulators of the DNA damage response 

[31-33]. Their function during the DDR should be further comprehensively investigated, 

especially since some were located in proximity to stress response genes and were 

already primed in their chromatin features for immediate up-regulation.  

Gene-specific measurements at different time points after UV exposure showed that 

changes in chromatin accessibility or in H3K27ac levels either occurred simultaneously 

or preceded the expression changes. This indicates that chromatin alterations regulate 

the transcriptional changes. In addition, it revealed that chromatin and expression 

changes of some crucial genes were already established within minutes after the 

exposure to the DNA damaging agent. These findings should be further followed up on 

a global level and in high-resolution time courses to better understand the cause-and-

consequence relations of the induced alterations. These investigations will offer insights 

into the dynamics of the DNA damage response, which genes are important at what 

time and how they are regulated. Ultimately, this will provide information, which could 

be useful for therapeutic treatment of patients with defects in their DNA damage 

response [34]. 

Overall, there is a need for more in-depth studies encompassing different tissues and 

with modulation of various experimental parameters in order to reveal whether our 

observations are general features of the DNA damage response or if the observed 
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changes are, for example, dependent on the UV dose, the DNA damage inducer or the 

cell type. Moreover, with the improvement of single cell studies, one could investigate 

the degree of variability of the locations at which DNA damage is induced by UV light 

or any other DNA damaging agent. In case of reproducible patterns, it would be useful 

to integrate the chromatin and transcriptome data with genome-wide determined DNA 

damage sites, as this would allow distinguishing between chromatin and expression 

changes induced by the DNA damage or by the DNA damage response.  

3.2 Cellular adaptation to circadian rhythm 

Skin cells encounter varying solar UV light exposure during the day-night cycle. Many 

organisms have evolved a molecular system, called circadian rhythm, to adapt to these 

daily oscillating environmental conditions. This led to the development of several 

behaviors and physiological processes occurring with a periodicity of 24 h. These 

adaptations allow cells to only spend energy when it is required and to anticipate 

environmental variations in order to maintain cell homeostasis [35]. In terms of DNA 

damage, for example, various studies have provided evidence that the cellular 

sensitivity to DNA damage and the DNA damage response, including DNA repair, is 

controlled in a circadian manner [36-59]. For instance, a recent study showed that UV-

induced DNA damage and nucleotide excision repair efficiency in human fibroblast 

cells depend on the phase of the circadian rhythm at the time of the UV exposure as a 

consequence of circadianly occurring chromatin condensations [59]. However, other 

experiments indicated that the functionality of circadian rhythm may not be essential 

for the DNA damage response and rather a complex interconnection may exist [60-62]. 

Our studies revealed that several stress response genes showed a cyclical expression 

pattern in NIH3T3 fibroblast cells synchronized for circadian rhythm. On the other hand, 

cyclically expressed genes (including Bmal1) were found to be deregulated after UV 

exposure. This indicates a connection between the circadian rhythm and the DNA 

damage response.  

Besides evidence for circadianly controlled chromatin remodeling and chromatin 

organization, many histone-modifying enzymes, including Clock itself, which possesses 

acetyltransferase activity, have been described to play a role in the circadian gene 

regulation [63-74]. Further reports disclosed genome-wide promoter occupancy 
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oscillations of the core clock factors, certain histone modifications, such as H3K4me3, 

H3K9ac and H3K27ac, and RNA polymerase II in accordance with the circadian rhythm 

[73, 75, 76]. These findings suggest that transcription exhibits temporally separated 

active and inactive phases within a day.  

In the study presented in chapter 2, we identified circadianly expressed genes in 

NIH3T3 fibroblast cells and then focused on the transcriptional regulators among them 

as they probably contribute to the diurnal transcription cycles and to the circadian 

phenotype of a cell. The identification of cyclically expressed genes within a time course 

experiment is still a challenging task. Our extensive analyses of different data sets have 

pointed out that standards and optimization for synchronization protocols as well as 

for the methods to identify cyclically expressed genes are needed to increase the 

comparability between data sets and to obtain the most realistic outcome of the 

experiments. For instance, the revealed cyclically expressed genes showed strong 

dependencies on the experimental sampling rate and on the applied computational 

identification method. Therefore, we aimed to be rather stringent and considered only 

genes detected to be cyclically expressed with three out of four applied computational 

methods.  

We could identify 70 potential transcriptional regulators, including transcription factors 

and epigenetic regulators, which exhibited a cyclical expression pattern in NIH3T3 cells. 

Most of them have also been found to be expressed in a circadian fashion in at least 

one other cell or tissue type. Considering the difficulties in the detection of cyclically 

expressed genes and that the overlap of circadianly expressed genes between different 

cell and tissue types is described to be low, the results suggest that some may have an 

important function in the circadian gene expression regulation [77-81].  

One of the detected factors was the zinc finger protein Zfp28. It showed a cyclical 

expression pattern in NIH3T3 cells as well as in different mouse tissues. However, likely 

due to its low amplitude, it was not always detected by computational approaches to 

be circadianly expressed. Our analyses suggest that its transcription is under the control 

of the core clock factor Bmal1. Zfp28 itself also influenced the core clock network, as its 

knockdown resulted in deregulation of some core clock factors and in a shortening of 

the circadian period length by one hour. However, further molecular analyses, including 

the identification of its genomic target sites by ChIP-seq and its interaction partners by  
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mass spectrometry, are required to elucidate its function in circadian rhythm.  

Leo1 is a component of the PAF complex that associates with the RNA polymerase II 

and with a H3K4 methyltransferase complex [82]. It cycled in phase with Bmal1 in 

NIH3T3 cells and in diverse mouse tissues. Leo1 is likely under the transcriptional 

control of classical core clock targets of CLOCK and BMAL1. The knockdown of Leo1 

did not influence the circadian rhythmicity of NIH3T3 cells, but led to an expression 

deregulation of some core clock target genes of CLOCK and BMAL1. These results hint 

that Leo1 might act together with Bmal1 to promote the transcription of the Bmal1 

targets maybe by mediating H3K4 methylation. To investigate that hypothesis, it would 

be required to investigate if Leo1 and Bmal1 interact and are co-occupied at certain 

target regions. Also the effects of absent Leo1 at these regions on H3K4me3 levels and 

on the transcription of the Bmal1 target genes would provide useful information to 

assess the hypothesis.  

Not only the core clock factors are responsible for the pool of cyclically expressed 

genes, but also their downstream targets can contribute to such expression patterns 

[83]. Therefore, it would be interesting to also study the function of the other identified 

factors in regard to circadian rhythm and to expand the circadian gene regulatory 

network. Mathematical modeling has proven to be helpful in the investigation of 

circadian gene regulatory networks [84-90]. The proposed mathematical modeling 

approach of our study can be applied to investigate if a cyclically expressed gene might 

regulate the circadian expression of another gene. It has been experimentally 

confirmed that these modelling analyses provide hints for a potential regulatory 

connection between two genes. By utilizing further data sets, for example 

experimentally determined RNA and protein stability information of the tested genes, 

one could more precisely define their potential relationship. These additional input data 

would also decrease the variables in the model and allow extending it, for example to 

test the regulation of a gene by multiple factors.  

Circadian gene expression is regulated on transcriptional, post-transcriptional and 

post-translational level [91-105]. Future studies should aim to gain further insights into 

the interplay of these diverse regulatory mechanisms and into their individual impact 

on the circadian phenotype of the cell.  

Non-coding   RNAs  often   fulfill   transcriptional   and   post-transcriptional  regulatory  
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functions. In other studies and in our analyses, lncRNAs with circadian expression have 

been identified [81, 106, 107]. However, the function of these lncRNAs during circadian 

rhythm needs to be explored in more detail. Some lncRNAs could be part of the core 

clock network or mediate the expression pattern of other genes. The importance of 

ncRNAs in circadian rhythm is illustrated by their deregulation in diseases. For instance, 

a spliced lncRNA regulates the diurnal energy expenditure of the brain and its loss 

causes the Prader-Willi syndrome (PWS) [108]. The lncRNA highly upregulated in liver 

cancer (HULC) promotes hepatocarcinogenesis by perturbing the circadian rhythm in 

hepatoma cells [109].  

As circadian rhythm is involved in the regulation of many physiological processes and is 

deregulated in many diseases, the decipherment of the involved gene regulatory 

networks and the underlying mechanisms will provide useful hints for therapeutic 

approaches in disease prevention, detection and treatment. This would especially be 

helpful for shift workers, who are challenging their internal circadian clocks frequently 

[110]. 

3.3 Regulation of cell fate change during neurogenesis 

Similarly, as shown in this thesis for fibroblast cells, researchers have performed in vitro 

luminescence measurements of circadian rhythm in mouse embryonic stem cells. While 

they were not able to detect any rhythmicity in these cells, they observed an 

establishment of stable circadian oscillations during neurogenesis starting from the 

neuronal precursor state and these oscillations were lost again upon reprogramming 

[111, 112]. Furthermore, circadian rhythm and some of its components have been 

implicated to be critical regulators of adult neurogenesis and cell fate determination 

[113-117]. During embryonic development, the expression of some core clock factors in 

whole mice embryos have been shown to progressively increase during the time 

embryonic neurogenesis takes place [118]. However, a role of these factors and the 

occurrence of oscillations during embryonic neurogenesis need further investigations 

[83, 118]. 

A well-established factor important for embryonic as well as adult neurogenesis is the 

homeodomain transcription factor PAX6 [119-122]. This “master regulator of cortical 

development” is known to regulate the cell fate of neural progenitor cells to proliferate 
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or to differentiate into glutamatergic excitatory neurons [122]. Our analyses presented 

in chapter 3 have provided new insights how PAX6 stimulates neuronal differentiation 

of the progenitor cells. PAX6 activated genes important for neurogenesis either directly 

through targeting these genes itself or indirectly by activating other transcription 

factors and maybe also via the induction of components of the Notch signaling 

pathway. Furthermore, PAX6 seems to act as a gatekeeper by driving the unidirectional 

differentiation into the ectodermal linage not only by activating genes important for 

this process, but also by repressing genes necessary for the generation of cells from 

other linages. In addition, PAX6 has been shown to inhibit the transcription of Olig2, a 

transcription factor required for gliogenesis, and thereby promoting a neuronal fate of 

the progenitors [123]. Nevertheless, PAX6 also contributes to the spatiotemporal 

control of gliogenesis, which follows after the completion of neurogenesis during the 

embryonic development [124-129].  

A factor that combines two opposite functions, scilicet an activating as well as 

repressing role, implies that its function likely depends on the timely and spatially 

controlled function of additional factors. SOX2, a factor that has previously been 

described to co-occur at specific genes with PAX6 during lens development and whose 

function also depends on its co-factors, constitutes a potential candidate [130-133]. 

Additionally, published work indicates in line with our data that PAX6 enhances the 

expression of Sox2 itself [134]. Our genome-wide analyses revealed many targets, 

which are occupied by PAX6 and SOX2. These common targets were mainly the active 

genes, while genes that are either not or lowly expressed are only bound by PAX6. 

Further studies should be designed to investigate the interplay between these factors 

and to elucidate the functional contributions of each factor. Since many interaction 

partners are known for PAX6, including chromatin remodelers, histone modifiers and 

other transcription factors, one should consider to identify all co-factors of PAX6 and 

investigate their spatially and temporally combinatorial occurrence and function in 

order to enlarge the knowledge about the gene regulatory network of PAX6 in neural 

progenitor cells [122, 135].  

Our study revealed an interplay of the transcription factor PAX6 with Notch signaling, 

two components well known for their importance in neuronal development [122, 136-

139].  On the one hand, PAX6  was observed  to promote  Notch signaling by the direct 
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induction of Notch signaling components. On the other hand, the expression level of 

Pax6 and of some PAX6 targets were reduced in Notch-inhibited neural progenitor 

cells. Future experiments should be applied to elucidate if this is a result of a feed-

forward regulation or if this observation is rather an indirect effect due to a more 

differentiated state of the Notch-inhibited progenitor cells. These analyses will provide 

deeper insights into the potential cooperativity of PAX6 and Notch signaling in the 

regulation of important neurogenesis genes and will contribute to a better 

understanding of their regulatory relationship.  

One of the PAX6 target genes that might also be regulated by the Notch signaling is 

the Intraflagellar transport protein 74 (Ift74). This gene encodes a component of the Ift 

complex that mediates the transport of tubulin within the cilium during ciliogenesis 

[140]. The performed experiments show that IFT74 is also required for neurogenesis 

and for the migration of cells. Our results indicate that IFT74 is probably important for 

the transition of the neurons from the multipolar to bipolar state and the following 

migration of neurons to the cortical plate. These processes also rely on microtubule 

dynamics [141, 142]. 

The ability of PAX6 to induce transcription factors required for neurogenesis while at 

the same time inhibiting the expression of genes relevant for other linages 

(“gatekeeper” properties) may qualify PAX6 as a potential transdifferentiation factor. 

Indeed, PAX6 not only induces proliferation and neurogenesis in neural progenitor 

cells, but can also direct neurogenesis in astrocytes [143, 144]. Also mesodermal cells 

have been reprogrammed into neural-precursor-like cells by applying PAX6 in 

combination with other factors under special culture conditions [145, 146]. An 

important proneural factor in progenitor cells of inhibitory interneurons is the Achaete-

scute homolog 1 (Ascl1, Ash1, Mash1), which has also been used successfully in 

combination with the POU domain, class 3, transcription factor 2 (Pou3f2, Brn2) and the 

Myelin transcription factor 1-like protein (Myt1l) to reprogram fibroblasts into neurons 

[147]. For therapeutic purposes of neurodegenerative diseases, it would be beneficial if 

one could enrich different neural precursor cells with different combinations of factors, 

including PAX6 and ASCL1, which will then give rise to specific types of neurons. For 

this, an extended understanding of the gene regulatory networks underlying the 

different neural precursor cells is essential and should therefore be further explored.  
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Neurodegeneration has been shown to arise, for example, due to defects in DNA repair 

[148, 149]. Xeroderma pigmentosum (XP) patients with deficiencies specifically in the 

transcription-coupled nucleotide excision repair (TC-NER) develop neurological defects 

such as neuron degeneration, mental retardation or microcephaly; this indicates that 

post-mitotic cells of the nervous system may especially be susceptible to defects in TC-

NER and that the utilization of repair mechanisms between dividing and non-dividing 

cells differs [148, 150-152]. The longevity of neurons entail the requirement for efficient 

DNA repair programs in neurons and further, mouse models with deletions for different 

DNA repair factors demonstrate the importance of DNA repair also for the formation of 

neurons during development [149, 153-155]. As shown here in this thesis for fibroblast 

cells or in other studies for different cell types, genome integrity and DNA damage 

response in the nervous system is also regulated widely by chromatin modulations 

[156-158]. Targeting epigenetic regulators, such as DNA or histone methyltransferases 

and histone deacetylases, have been proven useful for the treatment of hematological 

malignancies and cancer [159-165]. Therefore, studies like the ones shown within this 

thesis and further exploration of the underlying chromatin mechanisms will likely 

provide information about potential drug targets suitable for the treatment of DNA 

damage related, neurodevelopmental or neurological diseases as well as for circadian 

rhythm disorders.  

3.4 Concluding Remarks 

Each biological process is controlled by a highly defined gene expression program. 

Nevertheless, these gene expression programs have to be plastic to enable a cell to 

adapt to environmental changes and to integrate several processes proceeding at the 

same time, while still fulfilling its specialized function. 

In the different chapters of this thesis, specific components of such gene regulatory 

networks were investigated in detail during different biological processes, namely DNA 

damage response, adaptation to diurnal rhythms as well as cell fate specification during 

neuronal differentiation. The studies described in this thesis were mainly performed in 

cell culture systems by applying different stimuli to achieve high synchrony in the 

particular process among the cells. This allowed a detailed as well as genome-wide 

investigation of the processes and has, as shown for some parts by in vivo validations, 
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the potential to reveal fundamental gene regulatory mechanisms and insights into their 

connectivity.  

The observations made in this thesis provide evidence for the tight interplay of 

different gene regulatory mechanisms coordinated by signaling molecules, transcrip-

tion factors and epigenetic mechanisms that modulate chromatin features (Figure 1). 

For example, the occurrence and signaling-dependent activity of specific transcription 

factors as well as the prior chromatin context seem to influence the chromatin 

alterations, which occur in response to UV exposure and which ultimately lead to gene 

expression variations. Most cells further contain a set of circadianly expressed 

transcription factors and epigenetic regulators that are required for the maintenance of 

circadian rhythm in the cells and also for the circadian adaptation of biological 

processes to the time of the day. Finally, it was illustrated that a particular transcription 

factor can imply diverse activities to drive a certain process, such as neurogenesis, and 

that its function can depend on the interaction with specific co-factors.  

 

Figure 1: Different biological processes are regulated and interconnected by diverse gene regulatory 

mechanisms 

Different gene regulatory mechanisms, such as signaling pathways (SIGN), transcription factors (TF) and epigenetic modifications (EPI), act 

cooperatively to coordinate cellular processes and their interplay. 

 

Overall, observations in this thesis have revealed several aspects and new connections 

of the regulatory mechanisms along with the dynamics of the gene regulatory networks 

during different biological processes. The results presented in this thesis enhance our 

knowledge about the processes that specify a cell’s identity and mediate the cellular 

response to external stimuli. Ultimately, these findings might be useful for drug 

development for the diseases where such processes are misregulated.  
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