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Summary 
Cycling of cells requires duplication of the genetic information which is encoded in the DNA. 

During the S-phase of the cell cycle, when DNA replication occurs, cells have to tolerate different 

types of replication stress. Lesions within the DNA template, DNA secondary structures, or the 

transcription machinery - through the formation of R-loops - can constitute obstacles for 

progressing replication forks. Conflicts between transcription-dependent R-loops, which are three-

stranded structures consisting of an RNA-DNA hybrid and a displaced non-template DNA strand, 

and the replication machinery pose a threat to genomic stability. Moreover, R-loops regulate crucial 

cellular processes such as transcription initiation and termination, chromosome segregation, and 

DNA repair. Thus, R-loop levels need to be tightly regulated to maintain the regulatory functions 

as well as genome stability. Loss of R-loop homeostasis due to different cellular perturbations is 

associated with neurological disorders and cancer. The protein networks that regulate R-loops in 

human cells are poorly characterized. To this end, we developed RNA-DNA Proximity Proteomics 

(RDProx) to elucidate the regulatory R-loop proximal proteome in human cells.  

Among different nuclear proteins associated with R-loops, we identified the tumor suppressor 

DEAD-box helicase DDX41. We show that DDX41 can bind and unwind RNA-DNA hybrids in 

vitro. Moreover, DDX41 associates with promoter regions of active genes to maintain R-loop 

homeostasis and to counteract the accumulation of DNA double-strand breaks in vivo. Loss of 

DDX41 results in R-loop-dependent DNA double-strand breaks, replication stress, and dependency 

on ATR signaling. R-loop accumulation is accompanied by changes in transcription dynamics and 

upregulation of inflammatory signature genes.  

Germline and somatic mutations in DDX41 predispose patients to myelodysplastic syndromes and 

acute myeloid leukemia. Wild type DDX41 opposes DNA damage in CD34+ hematopoietic stem 

and progenitor cells, while expression of pathogenic variants leads to genomic instability. We 

propose that loss of promoter-proximal R-loop homeostasis, accumulation of DNA double-strand 

breaks, and inflammatory signaling contribute to the development of acute myeloid leukemia in 

individuals with pathogenic DDX41 variants. 

  



 
 

Zusammenfassung 
Beim Durchlaufen des Zellzyklus muss die genetische Information, die in DNS verschlüsselt ist, 

verdoppelt werden. Während der DNA Replikation sind Zellen verschiedenen Arten von 

Replikationsstress ausgesetzt. Neben Schädigungen der DNS-Vorlage und der Bildung von DNS 

Sekundärstrukturen kann Transkription durch die Formation von R-Loops ein Hindernis für 

fortschreitende Replikationsgabeln darstellen. Konflikte zwischen transkriptions-abhängigen R-

Loops - die aus einem RNS-DNS Hybrid und einem dislozierten DNS Strangs bestehen - und der 

Replikationsmaschinerie, können zur Instabilität des Genoms führen. Darüber hinaus regulieren R-

Loops verschiedene zelluläre Prozesse, wie zum Beispiel Transkription, Chromosomensegregation 

und DNS-Reparatur. Daher müssen R-Loops streng reguliert werden, um die regulatorischen 

Funktionen und die Stabilität des Genoms aufrechtzuerhalten. Der Verlust der Homöostase von R-

Loops durch verschiedene zelluläre Störungen ist mit neurologischen Störungen und Krebs 

assoziiert. Proteinnetzwerke, die R-Loops in humanen Zellen regulieren sind unzureichend 

charakterisiert. Zu diesem Zweck haben wir RNS-DNS Proximal Proteomik (RDPRox) entwickelt, 

um das regulatorische, proximale Proteom von R-Loops in Humanzellen zu untersuchen.  

Unter verschiedenen nuklearen Proteinen, die mit R-Loops assoziiert sind, haben wir die 

Tumorsuppressor DEAD-box Helikase DDX41 identifiziert, die RNS-DNS Hybride in vitro 

binden und sie entwinden kann. Darüber hinaus assoziiert DDX41 mit hoch transkribierten 

Promotorenregionen um die Homöostase von R-Loops aufrechtzuerhalten und der Akkumulation 

von DNS Doppelstrangbrüchen entgegenzuwirken. Der Verlust von DDX41 führt zu einer 

umfassenden R-Loop-abhängigen Schädigung der DNS, zu Replikationsstress und einer 

Abhängigkeit von ATR Signalübermittlung. Eine Akkumulation von R-Loops geht mit 

Änderungen der Transkriptionsdynamik und Hochregulierung von inflammatorischer 

Signalübermittlung einher.  

Durch Keimbahn- und somatische Mutationen in DDX41 sind Patienten zu myelodysplastischen 

Syndromen und akuter myeloischer Leukämie prädisponiert. Wildtyp DDX41 wirkt DNS-

Schädigungen in CD34+ hämatopoetischen Stamm- und Vorläuferzellen entgegen, während die 

Expression pathogener genomische Instabilität induziert. Wir schlagen vor, dass der Verlust der 

Promoter-proximalen R-Loops Homöostase, die Akkumulation von DNS-Doppelstrangbrüchen 

und die kausale inflammatorische Signalübermittlung zur Entstehung von akuter myeloischer 

Leukämie in Individuen mit pathogenen DDX41 Mutationen beiträgt. 
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1 Introduction 
 

1.1 Cycling cells have to endure various sources of replication stress 
DNA replication is a highly regulated process during the S-phase of the cell cycle. Duplication of 

the genome of eukaryotic somatic cells requires approximately 8-10 hours1. This high speed is 

achieved by facilitating bidirectional replication forks that are initiated from thousands of origins2. 

Replication origins are recognized and marked by the human origin recognition complex (ORC)3–

5. Coordinated licensing of replication origins is ensured by the minichromosome maintenance 

(MCM) complex, which is loaded onto the ORC in early G1 to assemble the pre-replicative 

complex6,7. DNA unwinding by the replicative helicase is initiated during the early S-phase through 

the association of Cdc45 and GINS8. Not all licensed origins are fired but kept as dormant backup 

in case normal replisome progression is impaired9. Two bidirectional replication forks converge 

from each fired origin through the robust activity of the Cdc45-MCM-GINS complex. The Pol a-

primase complex initiates DNA synthesis after local unwinding of the helicase complex10,11. 

Subsequently, the leading strand is extended by Pol e, while the lagging strand is synthesized by 

Pol d12–16. DNA strand extension is further supported by factors such as the proliferating cell 

nuclear antigen (PCNA) and the replication factor C (RFC)17–19.  

DNA replication during the S-phase of the cell cycle poses a threat to genomic stability since it 

requires local unfolding of the protective chromatin environment. Moreover, loading of the 

replication machinery leads to increased occupancy of the DNA template. Due to the complexity 

of DNA replication, cells need to endure several sources of replication stress. Major cell-intrinsic 

sources of replication stress are obstacles within the DNA template that are encountered by the 

progressing DNA replication machinery. An aberrant DNA template can be caused by nicks, 

single-stranded DNA (ssDNA) gaps, mis-incorporated ribonucleotides, or damaged bases (Figure 

1). Furthermore, secondary DNA structures such as triplexes caused by trinucleotide repeats or G-

quadruplexes (G4s) can alter replication fork progression (Figure 1). Other sources can be the lack 

of essential replication factors, overexpression of oncogenes, or difficult to replicate regions of the 

genome such as common fragile sites (Figure 1). Recently, R-loops, which are RNA-DNA hybrids 

with a displaced ssDNA stretch, have been described as a novel obstacle for the replication 

machinery. Stabilization of R-loops leads to transcription-replication conflicts (TRCs), which 

inhibit replication fork progression, thus defining an additional source of replication stress.  
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Figure 1: Cycling cells are exposed to various sources of replication stress 

Schematics displaying different sources of endogenous replication stress. The DNA double-strand is depicted in blue, 
nascent DNA as red arrows (the direction of the arrows indicates the direction of DNA synthesis), RNA in black, RNA 
polymerase in grey, and fragile site as a yellow star. Nucleotides are displayed in different colors: uridine = red, 
cytosine = yellow, guanine = grey, adenine = red. 

Replication fork slow-down or stalling often leads to exposure of ssDNA due to continuous 

unwinding of the DNA by the replicative helicase, while the DNA polymerases pause2. Robust 

formation of ssDNA stretches induces the recruitment of replication protein A (RPA) which coats 

and thereby protects exposed ssDNA20,21. RPA loading on DNA triggers the recruitment of 

replication stress response proteins such as the ATR kinase22. Recruitment and activation of ATR 

result in downstream phosphorylation of multiple replication stress response proteins that in return 

stabilize replication intermediates and promote faithful DNA replication23. Prominent substrates of 

ATR in the replication stress response pathway are the histone variant yH2AX, RPA (Ser33), and 

the checkpoint kinase 1 (CHK1) (Ser345)24. Of note, measurable phosphorylation of these ATR 

targets requires global replication stress and will not be apparent by only locally stalled replication 

forks25. Globally, ATR promotes cell cycle arrest and suppresses late origin firing, whereas locally 

ATR stabilizes stalled replication forks to prevent deleterious recombination events2. Once the cell 

manages to remove the replication stress trigger, replication forks can restart and finish DNA 

synthesis26. In case of persistent stalling, cells possess a toolbox to continue replication before 

resolving the replication stress source2. Replication forks can be stabilized by fork reversal27, 

replication can be continued by firing dormant origins28 or by repriming downstream of a lesion29. 

Moreover, DNA lesions can be bypassed by the replisome using translesion synthesis30 or template 
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switching31. Unfaithful stabilization of stalled replication forks results in replication fork collapse, 

caused by dissociation or run-off of the replication machinery. Furthermore, reversed forks can be 

a target of nuclease-dependent degradation32.  

1.2 RNA Transcription is a highly orchestrated process 
In human cells, DNA-dependent RNA transcription is carried out by three distinct RNA 

polymerases33. RNA Pol I is responsible for the transcription of pre-rRNA, whereas RNA pol III 

transcribes transfer-RNAs (tRNAs) and other non-coding RNAs34–36. Pre-mRNA-coding genes are 

transcribed by RNA polymerase II, which consists of 12 subunits37–39. RNA synthesis is initiated 

by the assembly of the pre-initiation complex (PIC) at promoter regions40. The PIC assembles 

through the association of RNA Pol II and various transcription factors such as TFIIB and TFIIH, 

which promote RNA Pol II release from the promoter and motion towards the gene body39,41–44. 

Binding of transcription factors to DNA is often sequence-specific (e.g. TATA box)45–47. Signals 

from DNA-associated transcription factors to the RNA polymerase II are propagated via the 26-

subunit mediator complex44,48. Moreover, the mediator complex contributes to the organization of 

topological DNA structures such as chromatin loops, which are required for enhancer function49,50. 

After transcription initiation, RNA Poll II pauses 30-60 base pairs (bps) downstream of the 

transcription start site (TSS)51–53. RNA Pol II pausing is required to ensure the integrity of the 5´-

cap of the nascent transcript and is crucial to prepare RNA Pol II for faithful transcription 

elongation. Promoter-proximal pausing is mediated by negative elongation factors (NELFs), which 

restrict Pol II to the pause site54,55. Subsequently, CDK9 and positive transcription elongation 

factor-b (pTEFb) induce the release of paused RNA Pol II, thereby promoting transcription 

elongation throughout the gene body56–59. Different phosphorylation states of the C-terminal 

domain (CTD) of RNA Pol II mark the different stages of the transcriptional cycle51. During 

promoter-proximal pausing the CTD is hyper-phosphorylated on serine 5 residue60,61. De-

phosphorylation of Ser5 is accompanied by increased phosphorylation on serine 2, which is the 

dominant phosphorylation state during productive elongation51,62,63. The speed of RNA Pol II 

during transcription elongation can be modified to regulate co-transcriptional processes such as 

splicing54,64–67. Vice-versa, aberrant splicing has been linked to reduced elongation speed and 

stalling of RNA Pol II68,69. Once RNA polymerase elongation is complete, transcription is 

terminated within specific regions. Transcription termination sites are distinct regions behind the 

coding region that serve as boundaries to define genes as modular elements and display an 
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important regulatory step during gene expression. The choice of termination pathway is a key 

determinant for the faith of mature transcripts70. Termination of mRNA transcription usually 

triggers nuclear export and subsequent translation, while termination of non-coding RNAs 

(ncRNAs) often causes nuclear retention or degradation70. Moreover, early termination sites within 

genes result in shorter transcript isoforms with distinct functions from the full-length transcript71. 

Impaired release of the polymerase from the promoter-proximal pause site, stalling during the 

elongation process, or unfaithful transcription termination are associated with the formation of R-

loops and transcription-dependent genomic instability72–74. 

1.3 Discovery of R-loops 
Secondary loop structures within DNA molecules have already been described five decades ago75. 

So-called displacement loops (D-loops) were discovered as intermediates during replication of 

mitochondrial DNA (mtDNA)75,76. Intriguingly, D-loops are not randomly generated but instead 

form at distinct sites of the circular mtDNA. A regulatory function of D-loops during priming of 

mtDNA replication was subsequently identified. In 1976, Thomas et al. observed that a 

complementary RNA molecule can hybridize to a double-stranded DNA (dsDNA) molecule77. 

Negative supercoiling of the DNA allows the RNA to invade the DNA duplex, thereby forming an 

RNA-DNA hybrid and at the same time displacing the non-template DNA strand. Due to their 

similarity to the previously reported D-loops and their RNA moiety, these non-B-DNA structures 

were named R-loops. After studies of RNA-DNA hybrid formation during the lifecycle of 

adenoviral RNA, the first monoclonal antibody for immunodetection of RNA-DNA hybrids was 

characterized78–80. The first proof that R-loops not only form artificially during in vitro reactions 

but also in vivo was provided in 1995. Drolet et al. reported that R-loops form during transcription 

in E. coli and that mutations in the topA gene lead to significant growth defects81. Moreover, 

overexpression of RNase H, which removes RNA-DNA hybrids, partially rescued the phenotype, 

suggesting that the decrease in bacterial fitness was caused by deleterious R-loop formation. 

Providing evidence for R-loops in vivo and discovering the first R-loop regulators in bacteria set 

the foundation for a new research field intending to understand the molecular function of R-loops 

and their regulation.  

1.4 R-loops are defined by specific properties 
R-loops are three-stranded nucleic acid structures consisting of an RNA-DNA hybrid and a 

displaced non-template ssDNA moiety. The RNA-DNA hybrid core is neither forced into the A-
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form of double-stranded RNA (dsRNA) nor the B-form of dsDNA82,83. Instead, RNA-DNA hybrids 

form an intermediate state between the two forms. Once annealed, RNA-DNA hybrids are 

thermodynamically more stable than dsDNA in vitro82,84,85. Different R-loop lengths on chromatin 

have been described based on the method of identification and the location in the genome. Electron 

microscopy (EM) revealed that R-loops span a length between 150-500 bps86. A median R-loop 

length of approximately 300 bps was determined by single-molecule R-loop footprinting87. Longer 

hybrids of a median of 347 bp have been observed in the promoter region and shorter hybrids of a 

median of 329 bp in gene bodies87. In extreme cases, R-loops can span up to 2.7 kb87. The formation 

of R-loops is conserved across various species, ranging from bacteria to yeast and mammals88. R-

loops are quite abundant on human chromatin. Approximately 150 mega bases (Mb) or 5% of the 

human genome are occupied by R-loops89. Certain genomic features have been discovered to 

promote R-loop formation. Sequences with high GC-skew favor R-loop formation by stabilizing 

the displaced ssDNA via G4 folding90. Accordingly, treatment with G4 stabilizing ligands leads to 

R-loop accumulation and consequent DNA damage90,91. Other genomic features that impact R-loop 

formation are the transcriptional status of a gene and repetitive sequences, such as centromeres, 

telomeres, and enhancers73,92–95. Additionally, high occupancy of R-loops at promoters and 

termination sites has been revealed by genome-wide sequencing approaches89,96. DNA lesions also 

promote R-loop formation. Single strand breaks in the DNA can serve as R-loop initiation zones, 

independently of the G-richness of the sequence97. Recently, various studies suggested that RNA-

DNA hybrids form in the vicinity of double-strand breaks (DSBs)98–101.  
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Figure 2: R-loops form at distinct loci within the genome and are stabilized by different mechanisms 

Schematics displaying features that promote R-loop stabilization (indicated in the center) and genomic regions that are 
prone to R-loop formation (depicted in turquoise circles). DNA is displayed in blue, telomeres and centromeres as red 
dots, RNA polymerase in grey, RNA in black, transcription start site (TSS) as grey arrow, transcription termination 
site (TTS) as red box, and cytosines in yellow boxes. 

1.5 The formation of R-loops is highly associated with transcriptional activity 
Different mechanisms describing how R-loops form have been proposed. Most R-loops in vivo 

form co-transcriptionally73,102,103. Negative supercoiling of the DNA is generated behind RNA Pol 

II during transcription, allowing the newly synthesized transcript to invade the DNA double-strand. 

Hybridization of the RNA to the DNA displaces the non-template DNA strand and leaves it behind 

as a single strand. Not only transcription by RNA Pol II can result in R-loop formation. Activity of 

RNA Pol I at highly-transcribed ribosomal DNA (rDNA) loci results in the formation of R-loops104. 
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Accordingly, loss of yeast Top1 results in transcription-blockage due to the accumulation of 

inherent R-loops formed by ribosomal RNA (rRNA) during pre-rRNA synthesis104. Transcriptional 

activity of RNA Pol III is also associated with R-loop formation. During transcription of tRNA in 

yeast, RNA Pol III-dependent R-loops are stabilized in the absence of the major R-loop regulators 

rnh1, rnh201 and sen1-1105. Furthermore, sen1 is crucial for transcription termination of RNA Pol 

III, suggesting regulatory R-loop formation during tRNA synthesis106. Transcription-dependent R-

loops are thought to form stochastically in cis. However, also mechanisms that actively promote 

R-loop formation in trans have been proposed107. R-loop formation in trans occurs during bacterial 

adaptive immunity and genome-editing activity of clustered, regularly interspaced, short 

palindromic repeats (CRISPR)–associated protein Cas9. A guide RNA (gRNA) within the 

CRISPR-CAS9 complex initiates a short homology search that, if successful, drives local 

unwinding of the target DNA double strand within the Cas9 protein108,109. Subsequent strand 

invasion of the gRNA into the dsDNA causes formation of an in trans-derived R-loop within the 

ribonucleoprotein (RNP) complex. The displaced ssDNA moiety is thereby positioned close to the 

RuvC domain. These events in return cause NHN nuclease domain to locate to the DNA strand 

cleavage site, which is the crucial conformation for faithful DNA cutting108. This suggests that in 

trans-generated R-loops depend on an active homology search and strand invasion mechanism 

facilitated by dedicated protein machinery. A class of proteins that can overcome these mechanistic 

challenges is the homologous recombination (HR) machinery. In budding yeast, mutants that are 

defective for transcription repression and RNA degradation, Rad51p and Rad52p are crucial for 

the formation of RNA-DNA hybrids110. Furthermore, Rad51p mediates R-loop formation of RNA 

species distal from their locus of synthesis, indicating transcription-independent hybridization in 

trans. Importantly, the deleterious R-loop formation is suppressed by the Rad51p antagonist 

Srs2p110. Similarly, a potential gene regulatory mechanism for long non-coding RNAs (lncRNAs) 

based on R-loops formed in trans has been described111. The formation of Gal lncRNA-DNA 

hybrids was linked to environmental adaptation and transcriptional regulation. The RNA helicase 

Dbp2 promotes the transcription-independent formation of lncRNA-DNA hybrids across the Gal 

gene cluster, providing evidence for an additional class of R-loops formed in trans111. The quick 

adaptation through Gal lncRNA transcriptional regulation is suggested to provide a competitive 

fitness advantage over carbon source shift111. In addition to the clear mechanistic separation 

between in cis and in trans-induced R-loops, a cis/trans model has been proposed107. As part of 

this mixed model, a co-transcriptional R-loop formed in cis causes displacement of the non-
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template ssDNA, which in return could be used by a complementary RNA for in trans 

hybridization107. This mechanism would simply require a protein with strand-annealing ability, 

such as Rad52 since strand invasion becomes unnecessary due to the exposure of the ssDNA 

moiety. 

1.6 Regulatory roles of R-loops 

1.6.1 R-loops promote faithful chromosome segregation during mitosis 

Repetitive sequences within the genome are prone to R-loop formation. Centromeric repeats are 

repetitive elements within the human genome that are highly occupied by R-loops95,112. A 

conserved feature of centromeres from yeast to humans is the cell cycle-dependent transcription of 

non-coding RNAs that enable R-loop formation73,95,113. During mitosis, the ssDNA patch of 

centromeric R-loops is covered with the ssDNA binding protein RPA95. CENP-F recruits ATR to 

centromeric R-loops in an Aurora kinase A (AURKA)-dependent manner95. RPA bound to the 

displaced ssDNA moiety stimulates the activity of recruited ATR, which subsequently activates 

Aurora kinase B (AURKB) via the CHEK1 kinase95. This R-loop-driven function of ATR at 

centromeres promotes faithful chromosome segregation independently of its role in opposing 

replication stress and DNA damage95. Furthermore, the mitotic R-loop landscape differs 

significantly from the interphase landscape. R-loops dynamically accumulate on chromosome arms 

during prophase and are quickly resolved in an AURKB-dependent manner before centromeric R-

loops form during a mitotic stall112. The RNA-binding protein RBMX subsequently localizes 

AURKB to the centromeres, thereby promoting the recruitment of the chromosome passenger 

complex (CPC) to the inner centromere. Proper localization of the CPC is promoted by RBMX in 

an R-loop-dependent manner and ensures faithful mitosis. These findings highlight the importance 

of centromeric R-loop formation during mitosis and emphasize the importance of R-loop 

promoting repetitive elements for maintaining proliferation. 

1.6.2 Class-switch recombination is dependent on R-loop formation 

Class-switch recombination (CSR) is a site-directed gene rearrangement mechanism that is crucial 

for proper immune function in vertebrates114,115. Recognition of an antigen activates CSR in B cells 

to produce different species of antibodies as part of the immune response. Hotspots for B cells with 

active CSR are the lymph nodes and the gut-associated lymphoid system114. During CSR, the 

isotype of immunoglobulin can be switched from the initial µ exon to various other exons such as 

α, y, or ε, leading to an exchange of the heavy chain constant region, thereby influencing the 
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functional properties of the mature antibodies116. Due to the flexible switching mechanism, IgH, 

IgA, or IgG can be produced, while keeping the antigen specificity constant. Therefore, CSR 

provides an efficient tool to react to certain antigens with differentiated antibody responses. 

Immunoglobulin switch regions are highly transcribed right before the recombination sites117. In 

vitro transcription of a plasmid containing the murine IgA switch locus leads to the loss of super 

helical turns of the DNA and results in excessive formation of RNA-DNA hybrids through nascent 

RNA transcripts118. These findings suggest a regulatory role of R-loops during CSR. Further 

investigations confirmed that R-loop formation in highly repetitive immunoglobulin switch regions 

is a major driver for the recombination events that are required to initiate the switch of the 

immunoglobulin isotypes in vivo 114,119. Stimulated B cells express long R-loops with a displaced 

Guanine-rich ssDNA strand in actively transcribed switch regions114. R-loop formation is promoted 

by the repetitive sequence in addition to the high GC-skew within the 1-12 kilo base (kb) switch 

regions120. One of the crucial enzymes during CSR is the activation‑induced cytidine deaminase 

(AID)121. Overexpression of AID in B lymphoma cells leads to initiation of CSR and spontaneous 

switching from IgM to IgA without cytokine induction122. Additionally, patients with AID 

mutations suffer from the autosomal recessive form of hyper IgM syndrome, caused by alterations 

during class switching to other heavy chain isotypes123. Moreover, AID is recruited to CSR loci by 

G4-forming ncRNA species that act as guides after lariat formation124. The DEAD-box helicase 

DDX1 is essential for RNA-mediated AID recruitment in B cells. DDX1 resolves the G4 structure 

within the AID-bound ncRNAs and thereby promotes R-loop formation in trans at CSR loci and 

contributes to recruiting AID119. After recruitment to DNA, AID acts on the ssDNA patch of class 

switch region R-loops and converts dC to dU125. As a consequence, a DSB is generated and repaired 

by non-homologous end joining (NHEJ), thereby completing CSR121. To this end, it is not entirely 

understood how the DSB is induced. Santos-Peirrera and colleagues proposed a mechanism during 

which the deamination of dC to dU by AID attracts the base excision repair or the mismatch repair 

machinery, which processes these sites into nicks, which ultimately are converted to DSBs121. R-

loop formation in CSR regions constitutes a prominent example of regulatory functions of R-loops 

within genomic repetitive elements. 

1.6.3 Telomere maintenance is promoted by R-loop formation 

Another class of repetitive elements in the genome that promotes R-loop formation are telomeres, 

which are located at the end of linear chromosomes92,126. Telomeric TTAGGG repeats are crucial 
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to maintaining genome stability by protecting chromosome ends from being recognized by the 

DNA repair machinery through the recruitment of protective proteins such as the shelterin 

complex127. If not properly protected, telomeres can be recognized as DSBs and subsequently be 

recombined with other accessible chromosome ends. Subsequent fusion of chromosome ends is a 

major driver of genomic instability in cells with insufficient telomere protection128,129. In 

proliferating cells, telomeres shorten over time due to the end replication problem130. Once they 

reach a critically short state, healthy somatic cells will induce senescence to prevent tumorigenic 

recombination events131,132. In contrast to somatic cells, germ cells need to be preserved, and 

senescence needs to be prevented. Thus, germ cells elongate their telomeres to circumvent the end 

replication problem, thereby escaping senescence. Elongation of telomeres is ensured by an RNP 

named telomerase133–135. Due to their high replication rates, cancer cells run more quickly into the 

end replication problem. They hijack the function of telomerase to prevent the onset of senescence, 

thereby gaining immortality136,137. Roughly 10%-15% of cancer cells lack functional telomerase, 

while still being able to elongate their telomeres138. This sub-class of cancers immortalizes through 

a mechanism called alternative lengthening of telomeres (ALT)139. Not only cancer cells maintain 

telomere length by facilitating ALT. In budding yeast, ALT has been reported in the absence of a 

functional telomerase140. If telomeres get critically short, a subset of cells overcomes senescence 

by performing ALT. This mechanism is R-loop-dependent since overexpression of RNase H leads 

to a quicker onset of senescence73,94. Telomeric R-loops are formed by the telomere repeat-

containing RNA (TERRA)141. The G-rich sequence of TERRA is most likely the driver of R-loop 

formation due to stabilization by G4 formation on the displaced ssDNA strand140. TERRA R-loops 

have been proposed to be transiently formed and display cell cycle-dependent characteristics. 

Hybrids formed by TERRA are dynamically regulated during S-phase, while being removed by 

RNase H during late S-phase when telomeres need to be replicated92,141. When telomeres get 

critically short over time, TERRA R-loops are stabilized. These less transient R-loops trigger 

recombination of a short telomere with a longer telomere, thereby preventing chromosome end 

fusions and premature onset of senescence73. Fine-tuning of R-loop levels in ALT-positive cancer 

cells is crucial for their survival. The major R-loop regulator RNaseH1 controls telomeric hybrid 

levels in a moderate fashion in order to maintain constitutive telomeric replication stress. 

Downstream loading of the ssDNA-binding protein RPA triggers telomeric HR with longer 

telomeres142. Loss of RNaseH1 leads to elevated R-loop levels at telomeres, which cause excessive 

telomeric replication stress and RPA loading. Deleterious levels of telomeric replication stress in 
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the absence of RNaseH1 ultimately lead to telomere loss142. When RNaseH1 is overexpressed, 

telomeric R-loop formation is prevented and telomeres get critically short over time in telomerase-

negative cancer cells142. Additionally, the ATPase/translocase FANCM has been shown to balance 

telomeric replication stress in ALT cells143. Loss of FANCM results in dysfunctional telomeres and 

consequent cell death. These findings highlight the importance of R-loops and their strict regulation 

in the maintenance of telomeres in telomerase-negative cancer cells. 

1.6.4 R-loops contribute to transcription termination 

An important step during the transcriptional cycle of RNA polymerases is the termination of 

transcription. During termination, the newly synthesized RNA transcript is uncoupled from the 

RNA polymerase, which itself is released from the DNA template144. Successful transcription 

termination is crucial for faithful post-transcriptional pre-mRNA processing and gene 

expression145. Aberrant termination leads to read-through transcription and the occurrence of 

“downstream of genes” (DOGs) transcripts. Since DOGs can extend until reaching neighboring 

genes, they are thought to be deleterious through interference effects146. In order to terminate 

transcription successfully, the transcription machinery relies on a poly(A) signal and a downstream 

terminator sequence144,145,147,148. Two major classes of terminator sequences exist in human cells. 

One class relies on XRN2 activity to cleave the RNA transcript co-transcriptionally to release it148. 

The second class of termination elements requires a G-rich sequence, which establishes a pause 

site for the RNA polymerase downstream of the poly(A) signal that is crucial for the efficient 

release of the transcript and the polymerase149. Genome-wide GC-skew analysis of the human 

genome revealed that the termination sites downstream of the 3´-end of roughly 2000 genes 

contained GC-rich sequences150. Genes with high GC-skew termination sites are enriched in areas 

of the genome with high gene density, in which faithful transcription termination is crucial to 

prevent interference of read-through transcription with neighboring genes. Sequences containing 

high GC-skew are prone to R-loop formation, suggesting a potential role of R-loops at G-rich 

transcription termination sites. Indeed, genome-wide R-loop sequencing approaches revealed 

enrichment of R-loops at transcription termination sites87,151. R-loops within termination sequences 

are more than co-transcriptional byproducts, but fulfill regulatory roles during transcription 

termination. The formation of R-loops downstream of the poly(A) signal promotes stalling of RNA 

Pol II, thereby establishing a pause site within the terminator region73,152. Pausing of RNA Pol II is 

crucial to efficiently terminate transcription at G-rich sequences downstream of the poly(A) signal. 
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R-loop-dependent tethering of RNA Pol II to chromatin allows the 5´-3´exoribonuclease XRN2 to 

cleave the nascent transcript to release it from the polymerase121,153. A second termination factor is 

the RNA/DNA helicase senataxin (SETX) which modulates R-loop levels within the transcription 

termination region144. Excessive R-loop stabilization downstream of the poly(A) signal in the 

absence of SETX leads to a significant amount of read-through transcription144. As a consequence, 

gene expression is highly altered due to interference with the transcription of neighboring genes. 

Fine balancing of R-loops within terminator regions is crucial to ensure faithful transcription 

termination and release of the nascent transcript. Low levels of R-loops fail to efficiently pause the 

RNA polymerase, whereas excessive R-loop formation results in sustained tethering of RNA 

polymerases to chromatin. Similar to SETX, the DEAH-box helicase DHX9 has been reported to 

suppress R-loop accumulation in transcription termination regions, thereby protecting the genome 

against read-through transcription of RNA Pol II152. The mechanism of how R-loops cause RNA 

Pol II to pause downstream of the 3´-end of genes is poorly understood. One hypothesis is that an 

overextended RNA-DNA hybrid downstream of the poly(A) sequence leads to the de-stabilization 

of the RNA Pol II elongating complex, thereby terminating transcription due to conformational 

changes of the DNA template73,154. An alternative hypothesis is based on alternating RNA Pol II 

between the elongating and the backtracking state. The formation of RNA-DNA hybrids at G-rich 

termination sites constitutes an obstacle for backtracked RNA Pol II and thus prevents switching 

back to the elongating state, thereby pausing the polymerase73. In addition, another model suggests 

that RNA Pol II pausing in GC-rich termination regions is caused by changes in the chromatin 

architecture155. R-loop formation downstream of the poly(A) signal triggers antisense-transcription 

over the pause elements. Newly synthesized antisense transcripts form double-stranded RNAs 

(dsRNAs), which in return recruit RNA processing factors such as DICER and AGO1/2, in addition 

to the G9a histone lysine methyl transferase. G9a establishes a repressive H3K9me2 mark, thereby 

attracting hetero-chromatin protein 1y (HP1y), which induces heterochromatin formation and 

consequent RNA Pol II pausing155. 

Diverse mechanisms of how R-loop formation promotes transcription termination of RNA Pol II 

have been described. Until today, it is not entirely clear how R-loops establish a pause site at GC-

rich termination sequences. However, it can be stated that R-loop levels downstream of the poly(A) 

signal need to be tightly regulated since loss of R-loops and excessive formation lead to read-

through transcription and subsequent interference with neighboring genes.  
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1.6.5 R-loops promote transcription initiation 

R-loops do not only form downstream of the 3´-end of human genes but also proximal to the 5´-

end. Genome-wide R-loop mapping revealed that R-loops form excessively around the 

transcription start site (TSS) and the promoter region87,96,156. Especially CpG island promoters 

(CGIs) are prone to R-loop formation due to their high positive GC-skew on the non-template 

strand157. As in other parts of the genome, R-loops do not only form around the TSS as 

transcriptional by-products but carry out specific regulatory functions to modulate transcriptional 

activity. DNA cytosine methylation within CGIs is a well-established mechanism of cells to silence 

specific genes to establish certain gene expression patterns158,159. Repressive methylation marks are 

used to achieve tissue-specific expression and allow the inheritance of gene expression regulation. 

Genome-wide analysis revealed that 80-90% of CGI promoters are un-methylated in healthy tissue 

and dysregulation of methylation is implicated in cancer development160. Suppression of 

transcription by hyper-methylation of CGIs of classical tumor suppressor genes such as BRCA1 

contributes to the development of HR-deficient triple-negative breast cancers161. Similarly, altered 

MLH1 expression by increased methylation of its gene promoter has been proposed as a driver of 

colorectal carcinoma162. These examples highlight the importance of proper maintenance of the 

CGI methylation status to maintain genome integrity. R-loop formation plays an important role in 

preventing methylation of CGIs157. The RNA-DNA hybrid moiety within R-loops reduces the 

binding affinity of DNA methyltransferases (DNTMs) to nucleic acids in vitro157. Accordingly, 

CGIs that are occupied by R-loops repel DNTMs and thus prevent de-novo methylation and gene 

silencing157. Cells recovered from amyotrophic lateral sclerosis 4 (ALS4) patients carrying a 

somatic L389S mutation within SETX display globally reduced R-loop levels163. As a consequence 

of decreased R-loop formation, over 1200 genes show increased promoter methylation in cells 

expressing the pathogenic L389S SETX variant. The hyper-methylation is a result of increased 

DNMT1 recruitment to gene promoters when R-loops are absent since DNMT1 possesses a higher 

binding affinity towards dsDNA than RNA-DNA hybrids163. In addition to reducing the association 

of DNTMs to CGIs, R-loops actively promote DNA de-methylation by recruiting the responsible 

machinery. Antisense R-loop formation by the lncRNA TARID at the TCF21 promoter attracts the 

growth arrest and DNA damage protein 45A (GADD45A), which subsequently promotes DNA de-

methylation by recruiting the TET1 enzyme164. The binding of GADD45A to the antisense R-loop 

causes loss of CGI methylation and thereby induces sense TCF21 transcription. Genome-wide 

profiling in embryonic stem cells further revealed thousands of R-loop-dependent TET1 binding 
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sites within CGIs, suggesting a role of R-loops in epigenetic regulation by promoting active DNA 

de-methylation in a GADD45A-dependent manner164. Activation of transcription by antisense 

ncRNAs has also been described for the VIM gene in colon tumors165. Expression levels of an 

antisense transcript are positively correlated with a head-to-head sense transcript165. Hyper-

methylation of the VIM promoter is dependent on antisense R-loop formation and results in higher 

transcription rates of the sense transcript. Repression of R-loop formation by antisense knockdown 

or R-loop destabilization by RNaseH1 overexpression leads to chromatin compaction and reduced 

binding of the transcriptional activators of the NF-kB pathway165. These findings underline the role 

of R-loop formation in regulating the transcriptional activity through modification of the 

methylation status of gene promoters, either by blocking de-novo methylation or by actively 

promoting promoter de-methylation. 

1.6.6 Double-strand break-associated R-loops promote DNA repair 

R-loops have been observed in the vicinity of DSBs within actively transcribed regions of the 

genome99,100,166,167. However, it is not entirely understood whether R-loop formation at DSBs is 

actively promoted by cells, or if they form as a consequence of transcriptional stalling at DNA 

lesions168. Recruitment of catalytically-dead RNaseH1 to micro-laser irradiation tracts provides 

further evidence for R-loop formation at DSBs168,169. Moreover, DSB-associated R-loops are also 

induced by other sources than irradiation. Cells treated with the DSB-inducing drug zeocin display 

elevated R-loop formation around the break site170. Furthermore, reactive oxygen species (ROS) 

cause the formation of RNA-DNA hybrids in actively transcribed regions of the genome, triggering 

a CSB-dependent homologous recombination pathway that is distinct from the canonical 

BRCA1/2-dependent HR pathway171. These findings suggest that R-loops form at DSBs 

independent of the source of damage. However, the reasons why R-loops form at DSBs remain 

elusive. A potential explanation for R-loop occurrence proximal to DSBs is the pausing of RNA 

Pol II caused by transcription pausing at lesions within the DNA template73,101,168,172. In line, 

reduced phosphorylation of RNA Pol II CTD-Ser2 around nuclease-induced DSBs is evident, 

which indicates reduced transcriptional elongation173. Decreased phosphorylation of CTD-Ser2 is 

accompanied by increased phosphorylation of CTD-Tyr1, which has been reported to drive 

transcription termination168,174–176. These changes in the CTD phosphorylation pattern indicate 

reduced transcriptional activity in the vicinity of DSBs in RNA Pol II-transcribed genomic regions. 

In addition, the negative elongation factor NELF is recruited to DSBs, thereby contributing to 
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increased RNA Pol II pausing177. Moreover, a repressive chromatin state is established around 

DSBs, thus promoting transcriptional shutdown178–180. Taken together, these findings suggest that 

DSBs within actively RNA Pol II-transcribed regions lead to stalling of elongating RNA Pol II. 

Reduced elongation and consequent R-loop formation constitute a potential mechanism for the 

stabilization of DSB-proximal RNA-DNA hybrids. In contrast, multiple studies propose active 

recruitment of the transcription machinery to generate RNA-DNA hybrids at DSBs as part of the 

DNA damage response100,166,168,170. One possible model of damage-induced RNA-DNA hybrids is 

the formation in cis during which DSB ends serve as non-canonical promoters166. In 

Schizosaccharomyces pombe, RNA Pol II and RNA-DNA hybrids accumulate around a site-

specifically-induced DSB166. After end resection by the MRN complex, RNA Pol II utilizes the 

3´overhang of the DNA template to initiate transcription, thereby inducing the formation of RNA-

DNA hybrids around the break site. On the one hand, active transcription and hybrid formation are 

crucial to prevent excessive resection and loss of genetic information in the vicinity of the DSB, 

on the other hand, the RNA moiety needs to be efficiently removed to allow RPA loading and 

subsequent DSB repair. Thus, tight regulation of DSB-induced RNA-DNA hybrid levels at break 

sites is crucial for cells166. In human U2OS and Hela cells, induction of a nuclease-induced DSB 

causes recruitment of a complete RNA Pol II initiation complex, including CDK7 and CDK9167. 

The resection-dependent DNA 3´-overhang at DSBs establishes a functional sequence-independent 

promoter that triggers transcription of damage-induced long non-coding RNAs (dilncRNAs)167. 

DNA repair foci formation is dependent on dilncRNAs since loss of the pre-initiation complex and 

subsequent loss of dilncRNAs disrupts 53BP1 and pATM foci in response to DNA damage167. The 

authors propose that DSB-induced transcriptional promoters and actively-transcribed dilncRNAs 

serve as a seed to mediate phase separation of DNA damage repair factors into foci167. The 

hypothesis that RNA Pol II is actively recruited to DSBs is further supported by the finding that 

the MRN complex and RNA Pol II are sufficient to initiate the synthesis of non-coding RNA 

species in an in vitro reconstituted system181. Loading of RNA Pol II and transcription at the DNA 

end is dependent on the DNA melting activity of the MRN complex and is further promoted when 

RPA is added to the reaction181. Stabilization of the ssDNA by RPA after successful end resection 

by MRN allows RNA Pol II to associate more efficiently. Damage-induced RNA-DNA hybrids 

formed by dilncRNAs have also been reported to contribute to the HR pathway during the S/G2 

phase of the cell cycle182. After end resection of the DSB dilncRNAs associate with the DNA 3´-

overhang and participate in attracting BRCA1 to the break site. Subsequently, other HR factors 
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such as BRCA2 and RAD51, are recruited. The residual RNA-DNA hybrid is later removed by 

RNaseH2 in a BRCA2-dependent manner. Moreover, SETX and DDX5 helicases are recruited to 

DSBs to remove RNA-DNA hybrids to allow faithful DNA repair101,183. Taken together, these 

reports indicate that resected DSBs can serve as sequence-independent promoters that lead to the 

transcription of dilncRNAs which form RNA-DNA hybrids in cis. Recruitment of CDK7 and 

CDK9 suggests that damage-induced transcription follows the canonical mode168. Damage-

induced RNA-DNA hybrids in the vicinity of DSBs participate in various repair mechanisms and 

need to be removed to allow faithful DSB repair. 

1.6.7 R-loops regulate DNA replication initiation 

R-loops have been described to initiate replication in various contexts. The first evidence that 

RNA-DNA hybrids promote the onset of replication was provided in the 1980s. Daspugta and 

colleagues reported that an RNA, transcribed from the E. coli plasmid ColE1, invades the DNA 

template within the origin element to form an R-loop184. Subsequently, RNase H cleaves the RNA 

moiety which is then used as a primer by DNA polymerase I185. In the absence of RNase H, the 

displaced non-transcribed ssDNA strand serves as a template for lagging-strand synthesis184,186. 

Moreover, the displaced ssDNA moiety allows a mobile primase/helicase to promote replication 

fork progression by providing primers for Okazaki fragment synthesis186. Importantly, DNA 

synthesis fails to start in the absence of RNA hybridization to the DNA template. These findings 

suggest that R-loop formation is crucial for the initiation of DNA replication. A similar mechanism 

for R-loop-dependent start of DNA replication has been found during early bacteriophage T4 

infection for the ori(uvsY) and the ori(34) origins, during which two genomic elements participate 

in replication initiation187. First, a T4 middle-mode promoter triggers transcription of an RNA that 

afterward forms an R-loop in a downstream DNA unwinding element187. Stable R-loop formation 

in return promotes replication initiation by providing a primer for leading-strand synthesis in a 

similar fashion as in E. coli187,188. Activation of mitochondrial DNA replication is also based on 

the formation of an R-loop and is conserved from Saccharomyces cerevisiae to humans188. 

Mitochondrial DNA contains two distinct origins of replication. One for heavy strand synthesis, 

which is first initiated, and the other for light strand synthesis189. Two distinct features are required 

for the efficient start of mitochondrial DNA replication. One is the major promoter for 

mitochondrial RNA transcription, which is situated directly upstream of the site of replication 

initiation, the second is a GC-rich element downstream of the promoter. Transcription from this 
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promoter leads to the formation of an mtRNA polymerase-dependent R-loop within the GC-rich 

cluster190. In vitro transcription experiments revealed that this short RNA-DNA hybrid is a 

sufficient cis-element to initiate mitochondrial replication188,190. 

Not only prokaryotic and mitochondrial DNA replication can be initiated in an R-loop-dependent-

manner. An up to 85 % overlap between DNA replication initiation sites and transcriptional units 

has been observed in mammalian cells188,191. Genome-wide sequencing approaches revealed that 

highly efficient and conserved replication origins in mouse and human cells overlap with CGIs, 

which are prone to R-loop formation188,191. This raises the possibility of an R-loop-driven 

mechanism for the initiation of DNA replication in mammalian cells. Intriguingly, the human ORC 

complex has been shown to preferentially bind G4-forming RNA and ssDNA structures over 

dsDNA in vitro192,193. NMR-based approaches have revealed that the human ORC1 binds to the 

external G-tetrad planes of the G4 structures193. Since almost 60% of metazoan replication origins 

contain G4 signatures, R-loop-stabilized G4s could attract the ORC complex to replication 

initiation sites to assemble the pre-replication complex194,195. In Drosophila, in which most CGIs 

are un-methylated, replication origins are also highly associated with CGIs, indicating that DNA 

replication initiation at CGIs is independent of their methylation status194. Recently, additional 

evidence for origin G-rich repeated elements (OGRE) being crucial for the initiation of DNA 

replication has been provided. Alterations of G4 signatures lead to the loss of origin activity at a 

particular locus, whereas insertion of an OGRE leads to the generation of a novel replication 

origin196,197. In conclusion, these findings suggest that replication origins can be activated by G4-

forming sequence signatures within CGIs in metazoan systems. Further studies are required to 

decipher whether the G4s are dependent on R-loop formation at CGIs. 

1.7 R-loop-dependent genomic instability 
R-loops do not only contribute to cell survival as regulatory elements but can also pose a threat to 

genomic stability. The most prominent events that lead to R-loop-dependent DNA damage are 

conflicts between the replication and the transcription machinery. Since DNA synthesis and RNA 

transcription take place on the same template, transcription-dependent R-loop stabilization can 

constitute an obstacle for the DNA replication machinery. Consequent transcription-replication 

conflicts (TRCs) can induce replication fork stalling. If conflicts are not faithfully resolved and 

replication forks are not properly stabilized, as is the case in BRCA1/2-deficient cells, persistent 

stalling can lead to dissociation of the replication fork198. The collapse of replication forks results 
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in unfinished intermediates that frequently result in DSB formation, the most severe form of DNA 

damage. Unprotected, persistently stalled replication forks are also prone to digestion through 

nucleases such as MRE1132,199,200. Moreover, MUS81 and RECQ5 process damaged replication 

forks, leading to endogenous DNA damage200.  

Accordingly, global accumulation of R-loops leads to the activation of the main DDR kinases ATM 

and ATR and activation of the cell cycle checkpoint172,201. Recently, it has been shown that the 

directionality of the TRCs plays an important role in the severity of the conflict and the consequent 

genomic instability. TRCs can occur in two different orientations. The transcription bubble and the 

replication fork travel either co-directionally (CD) or encounter each other in a head-on conflict 

(HO)172. In bacteria, HO conflicts are more deleterious than CD conflicts by impeding replication 

fork progression, leading to genomic deletions and recombination events172,202–204. To prevent HO 

conflicts within the circular genomes, replication and transcription are organized co-directionally 

under basal conditions205. Strikingly in human cells, R-loops but not unperturbed transcription 

complexes lead to orientation-specific DSB formation and consequent DNA damage response172. 

Replication forks that encounter R-loops in a HO conflict lead to R-loop stabilization, whereas CO 

conflicts result in reduced R-loop levels (Figure 3). During HO conflicts, the resulting replication 

stress is further potentiated by de-regulated origin firing and consequent increase in HO conflicts 

and increased DSB formation172.  

In addition to TRCs, R-loops can alter genomic integrity due to exposure of the displaced ssDNA 

moiety, which is more susceptible to mutagenic recombination events compared to dsDNA206. The 

displaced ssDNA within the R-loop provides an excellent substrate for the actions of DNA 

modifying enzymes such as the activation-induced cytidine deaminase (AID)122. Once ssDNA 

stretches are exposed through R-loop formation, AID can associate with the target ssDNA and 

trigger the deamination of cytosines to uracils (Figure 3)122,123. The dC to dU conversion is highly 

mutagenic since during the subsequent S-phase the resulting U:G mismatch can lead to a C-to-T 

transition mutation in one of the daughter strands88. Once the U:G mismatch is recognized before 

or during the following round of DNA replication, the base-excision repair (BER) machinery will 

be recruited. BER components like the abasic endonuclease (APE) can process the mis-

incorporated uracil, leading to a nick or an abasic site88. DNA nicks are prone to be converted to 

DSBs and ultimately trigger genomic instability. The abasic site is mutagenic since replication over 

the lacking nucleotide will lead to the incorporation of a random nucleotide during the following 
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replication cycle88. Therefore, the ssDNA stretch within R-loops is prone to DNA damage through 

DNA modifying enzymes such as AID. However, AID is only highly expressed in activated B 

cells, therefore this mode of R-loop-dependent genomic instability is suggested to be rare in other 

tissue. In cancer cells, gene expression changes might lead to upregulation of AID and therefore 

open the possibility of R-loop-dependent DNA damage through AID activity.  

Furthermore, deleterious processing of R-loops by DNA repair proteins can result in genomic 

instability. Persistent R-loops that are stabilized in the absence of RNA processing factors or after 

inhibition of TOP1 are processed by the transcription-coupled nucleotide excision repair (TC-

NER) machinery, thereby promoting R-loop-dependent genomic instability207. Tethering of RNA 

Pol II to chromatin after stable R-loop formation triggers CSB-dependent recruitment of the TC-

NER factors XPG and XPF. These endonucleases recognize the R-loop and introduce a single-

strand break, which can subsequently be transformed into a DSB. Alternatively, two incisions on 

opposing strands of the R-loop are generated, leading to direct DSB formation207. Intriguingly, 

CSB but not XPC is required for R-loop processing, suggesting that TC-NER but not global NER 

promotes R-loop-dependent DSB formation. A similar mode for TRC-independent induction of 

DNA damage has been described in non-replicating cells. Transcription blockage by topoisomerase 

I cleavage complexes (TOP1ccs) in quiescent human cells has been shown to recruit the 

endonucleases XPF and XPG or FEN1208. Dual incision in opposing strands of the R-loop results 

in DSB formation independent of the replisome or actions of DNA editing enzymes (Figure 3)208. 

 

Figure 3: Excessive R-loop formation induces genomic instability through distinct mechanisms 

Schematics displaying three potential mechanisms for R-loop-dependent genomic instability. DNA is depicted in blue, 
RNA in black, the replisome in purple, RNA polymerase in grey, activation-induced cytidine deaminase (AID) in 
yellow, XPG/XPF/ FEN1 nucleases in light grey. Stars indicate a transcription-replication conflict. 
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1.8 R-loop homeostasis is maintained by a dedicated protein machinery  

1.8.1 Deleterious RNA processing results in R-loop stabilization 
Most RNA processing in human cells is initiated co-transcriptionally, while the transcript is still 

conjugated to the RNA polymerase. Therefore, alterations during nascent RNA processing have 

been linked to excessive R-loop formation by tethering the transcription complex to the DNA209. 

A major component of eukaryotic RNA maturation is splicing, during which intronic sequences 

within the newly synthesized transcript are coordinately excised, resulting in an exon-dominated 

RNA. Loss of function mutations in splicing factors and causal splicing alterations lead to increased 

RNA polymerase pausing209,210. Due to reduced elongation, the transcription complex can be 

tethered to chromatin by R-loop stabilization. Splicing factor mutations are frequently identified in 

patients suffering from myelodysplastic syndromes (MDS)211–213. Intriguingly, RNA-sequencing 

analysis revealed that barely any commonly altered splicing events are identified between 

mutations of different splicing factors while resulting in the same pathogenesis210. These findings 

suggest an alternative unifying mechanism, independent of individual splicing events. Recently, it 

has been proposed that expression of MDS splicing factor variants of SRSF2 and U2AF1 results 

in augmented R-loop formation due to increased RNA Pol II pausing210. As a result, replication-

dependent DNA damage triggers checkpoint activation, which leads to reduced proliferation of 

hematopoietic progenitors210. How splicing impairments mechanistically result in R-loop 

formation remains elusive. However, a recent study suggests that the RNA helicase DHX9 

promotes R-loop formation in the absence of core splicing factors209. DHX9 associates with RNA 

Pol II and co-transcriptionally unwinds secondary structures within the nascent transcript. Loss of 

SFPQ or SF3B3 results in R-loop-dependent tethering of RNA Pol II to chromatin, which is 

dependent on the presence of DHX9. Impaired removal of secondary structures within the nascent 

transcript in the absence of DHX9 repels the spliceosome and thereby prevents splicing initiation. 

In contrast, inhibition of the SF3B splicing complex by Pladienolide B (PladB) and consequent 

intron retention has been reported to result in a genome-wide loss of R-loop formation through a 

global reduction in nascent transcription69. Only a subset of genes displayed R-loop gains due to 

loss of transcriptional termination and read-through transcription. These findings highlight that the 

simple hypothesis according to which splicing alterations result in R-loop stabilization is not valid. 

Even though transcription dynamics, splicing, and R-loop formation correlate, further studies are 

required to elucidate the co-dependencies of the different processes. 
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1.8.2 The role of DEAD/H-box helicases in R-loop regulation 
Various studies implicate DEAD/H-box helicases as R-loop resolvases in human cells. However, 

the links between depletion of a DEAD/H-box helicase and changes in R-loop levels remain 

mechanistically poorly characterized. One of the DEAD-box helicases is DDX18, which has been 

shown to associate with RNA-DNA hybrids in vitro214. Incubation with nuclear lysates led to 

significantly higher binding of DDX18 to RNA-DNA hybrid oligonucleotides compared to a 

dsDNA substrate. The in vitro binding affinity was validated by biolayer interferometry using 

dsDNA and RNA-DNA substrates together with purified DDX18 protein214. Co-localization of 

DDX18 with nucleolin and the S9.6 antibody served as in vivo proof that DDX18 acts as an R-loop 

regulator. Another helicase that has been shown to regulate R-loop levels is DDX21 whose helicase 

activity towards RNA-DNA hybrids is dependent on its acetylation status215. De-acetylation of 

DDX21 by SIRT7 significantly promotes the in vitro unwinding activity and loss of either DDX21 

or SIRT7 results in a global R-loop upregulation in MCF7 cells. Post-translational modification 

(PTM)-dependent regulation has also been observed for the DDX5 helicase. PRTM5 methylates 

DDX5 at its RGG/RG motif and thereby allows the association of XRN2 to DDX5216. Together, 

XRN2 and DDX5 control R-loop homeostasis at transcription termination sites downstream of the 

poly(A) signal, thereby promoting faithful release of RNA Pol II. Moreover, the nucleopore-

associated helicase DDX19 has been reported to resolve R-loops in response to replication stress 

and DNA damage. DDX19 re-localizes from the nuclear periphery to the nucleus after various 

types of DNA damage (UV, APH, CPT) in an ATR-CHK1-dependent manner217. In the absence 

of DDX19, replication-transcription conflicts are not resolved and cells suffer from R-loop-

dependent DNA damage. The K-homology domain-containing helicase DDX43 has been reported 

to unwind RNA-DNA hybrids in vitro218. However, also dsRNA was unwound by purified DDX43, 

suggesting unspecific unwinding activity. Furthermore, no data regarding in vivo R-loop regulation 

of DDX43 has been published so far. Recently, a role as an R-loop resolvase for the 

UAP56/DDX39B helicase has been reported. DDX39B associates with actively transcribed genes 

and globally opposes deleterious R-loop accumulation across the genome219. The role of the DHX9 

helicase in R-loop regulation is still quite controversial. DHX9 has been reported to regulate R-

loop levels at transcription termination sites to support the XRN2-dependent release of RNA Pol 

II152. In addition, DHX9 has also been implicated in regulating R-loops in the promoter region in 

a TDRD3/TOP3B-dependent manner220. Intriguingly, S9.6 dot blot analysis within the same 

publication revealed that global R-loop levels are reduced after knockdown of DHX9, suggesting 
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that DHX9 does not oppose R-loop formation. This observation is in line with Chakraborty´s report 

that suggests an R-loop promoting function of DHX9 rather than a preventing function209. 

Furthermore, DHX9 is linked to a role in DNA repair by promoting RNA-dependent BRCA1 

recruitment to DSBs during HR221. The association in DSB repair makes the interpretation of R-

loop level changes in the absence of DHX9 even more complex, since DSBs also promote R-loop 

formation168. 

1.8.3 Ribonucleases H1 and H2 – efficient regulators of R-loops 
Two main players in removing RNA-DNA hybrids from chromatin are the ribonucleases RNaseH1 

and H2222,223. RNase H enzymes were firstly identified in 1969224. RNaseH1, which consists of 

three distinct domains, is a highly structured endonuclease that can specifically hydrolyze RNA 

within RNA-DNA hybrids225,226. A mitochondrial localization signal (1-26) precedes the hybrid 

binding domain (HBD) (27-76) within the N-terminus. The catalytic domain at the C-terminus is 

conjugated to the HBD via a linker domain. RNaseH1 possesses a strong affinity towards RNA-

DNA hybrids via its HBD, which highly discriminates between hybrids and other nucleic acid 

substrates226. Overall, RNaseH1 is positively charged, except for the substrate interaction surface 

which is neutral to acidic, thereby contributing to substrate specificity225. The HBD within human 

RnaseH1 possesses a DNA binding channel formed by a basic protrusion alongside a phosphate-

binding pocket225. RNA specificity is provided by four adjunct 2´-OH groups, thus preventing 

catalytic activity towards substrates smaller than 4 ribonucleotides223. Cleavage of the RNA moiety 

from the RNA-DNA hybrid is dependent on two divalent metal ions, such as Mg2+ 225. Despite the 

protein structure, very little is known about the regulation of RNaseH1 activity and substrate 

specificity in human cells. Association of RPA with the ssDNA moiety within R-loops and 

interaction with RNaseH1 have been shown to enhance the catalytic activity of RNaseH1 in 

vitro227. RPA binding-defective mutants abrogate the R-loop suppressing function of RNaseH1 in 

vivo227. Various roles of RNaseH1 in eukaryotic R-loop regulation have been described. RnaseH1 

null mice embryos arrest during development at E8.5228. The growth defect is caused by a lack of 

mitochondrial RNaseH1, which is required for mtDNA replication by removing RNA primers. The 

subsequent loss of mitochondria in RnaseH1 null mice embryos results in embryonic lethality228. 

Similar to loss of function of RnaseH1, increased activity of RNaseH1 also leads to aberrant 

mitochondria. Expression of a pathological variant that is linked to mitochondrial disease leads to 

increased R-loop removal in mitochondria and subsequently to mtDNA aggregation since RNA-

DNA hybrids promote physical segregation of compact mtDNA229. In addition to its mitochondrial 
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function, RnaseH1 is also required to maintain genomic stability in the nucleus. Human RNaseH1 

ensures faithful DNA replication fork progression by degrading excessive R-loops, thereby 

preventing collisions with stalled transcription machinery230,231. Moreover, the removal of RNA-

DNA hybrids at DSBs is crucial for faithful DNA repair168. However, the R-loop regulatory 

function of RNaseH1 is dispensable for efficient DSB repair, indicating that it does not play a role 

in removing DSB-associated RNA-DNA hybrids231.  

Other than RnaseH1, RNaseH2 has evolved quite rapidly from a monomeric enzyme in prokaryotes 

to a heterotrimeric complex in eukaryotes223. The human RnaseH2 active complex consists of three 

subunits RNaseH2A, B and C. Pathogenic germline mutations in either of the three subunits is 

predispose patients to Aicardi-Goutières syndrome (AGS), an inflammatory-dependent 

neurodevelopmental disorder232. In contrast to RnaseH1, which can only act on substrates above 

three ribonucleotides, the H2 complex can bind and cleave a single ribonucleotide within a DNA 

duplex233. Thus, RNaseH2 participates in the removal of mis-incorporated ribonucleotides by DNA 

polymerase during DNA replication234,235. Interaction of PCNA with RnaseH2B subunit via its PIP 

domain enables RNaseH2 to associate with replication forks, at which RNaseH2 removes Okazaki 

fragments during lagging strand synthesis223. Removal of ribonucleotides by RnaseH2 generates 

DNA containing 3′-hydroxyl and 5′-phospho-ribonucleotide ends, which constitutes an optimal 

target for the Okazaki fragment maturation machinery16,223,234–236. Very little is known about the 

regulation of the RnaseH2 complex in human cells. In yeast, RnaseH2 activity is restricted to 

certain cell cycle phases in contrast to RnaseH1, which acts independently of the cell cycle stage237. 

However, further studies are required to elucidate if similar cell cycle-dependent regulation is 

evident in human cells. 

1.8.4 m6A-modified RNA within R-loops influences their stability 
Little is known about specific DNA or RNA modifications within R-loops. In eukaryotes, one of 

the most frequent modifications within RNA is N6-methyladenosine (m6A), which affects various 

steps of post-transcriptional RNA metabolism238. Recently, a subset of R-loops containing m6A-

modified RNA has been identified, which suggests that some R-loops are specifically m6A-

modified while others are not239. Furthermore, m6A deposition within R-loops is cell cycle-

dependent. The highest levels of m6A positive R-loops appear during the G2/M phase, while m6A 

containing R-loops are lost during G0/G1
240. Currently, there is a strong discrepancy in the field of 

how m6A-modified RNA impacts R-loop stability. On the one hand, loss of the main m6A writer, 
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METTL3, has been described to lead to reduced R-loop levels at the transcription termination site, 

suggesting that m6A modification promotes R-loop formation239. On the other hand, m6A 

deposition within R-loops has been reported to lead to degradation of the structure240. R-loop 

destabilization is dependent on the m6A reader protein YTHDF2, which associates with R-loop-

rich regions within the genome. Loss of YTHDF2 leads to R-loop accumulation and spontaneous 

DNA damage, suggesting a role for m6A in safeguarding the genome against R-loop-dependent 

genomic instability. In line with the idea that m6A modifications serve as R-loop resolution signals, 

the tonicity-responsive enhancer binding protein (TonEBP) promotes m6A-dependent R-loop 

destabilization241. TonEBP recognizes UV and CPT-induced R-loops and preferentially binds them 

in vitro compared to DNA. In vivo, TonEBP binds METTL3 and promotes m6A deposition at R-

loops and subsequent recruitment of RNaseH1. Together, the two studies suggest that m6A serves 

as a signal to trigger downstream R-loop resolution pathways. 

1.9 Proteomic studies to identify R-loop interacting proteins 
As of now, two approaches have been published that map R-loop-associated proteins. Wang and 

colleagues used in vitro RNA-DNA hybrid oligonucleotides to identify R-loop binding proteins 

from human nuclear extracts214. Roughly 800 proteins were associated with RNA-DNA hybrids of 

which 300 proteins displayed a stronger affinity towards hybrids compared to a dsDNA control. 

Gene set enrichment analysis revealed that proteins involved in RNA binding, mRNA splicing, and 

ATP-dependent helicase activity associate with RNA-DNA hybrids. Alpha-beta plait, P-loop 

triphosphate hydrolase, DEAD/H-box, nucleic acid-binding, OB-fold, and K-homology are 

domains that are significantly enriched among RNA-DNA hybrid binding proteins. Furthermore, 

the affinity of DDX18 to RNA-DNA hybrids was validated in vitro. 

The second proteomic screen facilitated the S9.6 antibody to co-immunoprecipitate RNA-DNA 

hybrids and associated proteins from nuclear extracts after chromatin extraction and 

fragmentation152. RNA binding proteins, DNA binding proteins, mRNA processing factors, and 

histones were among the proteins interacting with affinity-purified R-loops. Of note, the 

identifications were not sensitive to RnaseH1 treatment. However, enrichment of in vivo nuclear 

R-loops and re-probing with nuclear extracts led to similar identifications as the initial Co-IP. In 

particular, the DEAH-box helicase DHX9 was identified as a strong R-loop interactor and its role 

in R-loop-dependent transcriptional termination was functionally characterized.  
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1.10 Genome-wide R-loop mapping approaches 
The classical approach to map R-loops genome-wide is called DNA-RNA hybrid 

immunoprecipitation (DRIP). It is based on affinity purification of RNA-DNA hybrids using the 

S9.6 antibody. After cell lysis and purification of nucleic acids, a cocktail of restriction enzymes is 

used to digest the DNA into smaller fragments to allow successful enrichment. Half of the input is 

usually digested with RNAseH1 in vitro to validate the specificity of the S9.6 antibody towards 

RNA-DNA hybrids. Affinity purified nucleic acids are subsequently analyzed by Next-generations 

sequencing (NGS) or quantitative polymerase chain reaction (qPCR). Recently, small changes in 

the workflow have been introduced to allow strand-specific R-loop mapping151. The strand-specific 

protocol termed DRIP-c is similar to classic DRIP using roughly 5 times the input material. After 

S9.6-based affinity purification, DNA is depleted using a DNAse. The remaining RNA is reverse-

transcribed to cDNA and subsequently analyzed by NGS. Since only the RNA moiety within the 

hybrid and not the DNA component are sequenced, the signal coming from DNA surrounding the 

hybrid is omitted. Thereby, strand-specificity is gained and a higher resolution in respect of the 

position of the hybrid is achieved.  

Since the S9.6 antibody not only binds to RNA-DNA hybrids - but to a smaller extent - also to 

RNA species, alternative antibody-independent approaches have been developed. R-ChIP was the 

first workflow that allowed RNA-DNA hybrid affinity purification and subsequent sequencing 

without the S9.6 antibody96. Catalytically dead RNaseH1 (D210N) carrying a V5 tag is 

exogenously expressed in cells. D210N-RNaseH1 retains the ability to bind RNA-DNA hybrids 

while losing its catalytic activity and thus getting trapped on the substrate. Affinity purification 

with a V5 antibody after crosslinking D210N-RNaseH1 to chromatin allows enrichment of R-loop 

forming regions and subsequent NGS analysis. The advantage of R-ChIP is the independency of 

the S9.6 antibody. Limitations are the restriction to the identification of R-loops that are bound by 

RNaseH1 and the lack of RnaseH1 digestion control. In addition, cells need to be genetically 

modified to express the bait which prevents R-loop mapping in primary material. 

Another S9.6-independent approach is called MapR. The core of the CUT&RUN-based workflow 

is a purified catalytically-dead RNase H, which is conjugated to an MNase156,242. Under native 

conditions, the nuclease is targeted to R-loops via the catalytically-dead RNase H. Activation of 

the MNase allows local fragmentation of chromatin occupied by R-loops. Subsequently released 

fragments are purified and analyzed by NGS. The advantages are a high signal-to-noise ratio, 
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identification of R-loop containing regions under native conditions, and very low input. The 

limitation is, as for R-ChIP, that MapR can only identify R-loops that are bound by RNase H.  

1.11 R-loop dysregulation contributes to neurological disorders and cancer 
Dysregulation of R-loops is a driver of genomic instability, one of the hallmarks of cancer243. 

Mutations in R-loop-regulating genes are highly associated with the development of different 

cancers. Germline and somatic BRCA1 mutations are frequently identified in breast and ovarian 

cancers244–246. Besides its prominent role in HR and replication fork protection, BRCA1 has 

recently been described as an R-loop regulator at RNA Pol II transcription termination sites and 

telomeres126,247. BRCA1 suppresses deleterious R-loop formation and thereby prevents 

spontaneous DNA damage. Sequencing of 21 breast cancers revealed that patients with somatic 

BRCA1 mutations carried more insertion/deletions in the proximity of R-loop positive terminator 

regions than patients with BRCA2 mutations or without BRCA1/2 mutations247,248. These 

correlations suggest that R-loop dysregulation in the presence of pathogenic BRCA1 mutations 

contributes to cancer development.  

The SETX gene encodes the senataxin RNA/DNA helicase, which is a major R-loop regulator in 

human cells101,207. Germline mutations in SETX predispose patients to neurological disorders such 

as ataxia with oculomotor apraxia type 2 (AOA2) and juvenile amyotrophic lateral sclerosis 

(ALS4)249,250. R-loop homeostasis is disturbed in cells of patients with pathogenic SETX germline 

mutations. Since SETX acts as an R-loop resolvase, it has been hypothesized that R-loops would 

be more stable in ALS4 patients. However, R-loops are globally downregulated in cells from 

patients with pathogenic SETX mutations163. Reduced R-loop occupancy of the BAMBI promoter 

leads to increased binding of DNMT1, which subsequently methylates the BAMBI promoter. 

Silencing of BAMBI leads to activation of the TGF-ß pathway, which alters neuronal 

differentiation in an ID1/2-dependent manner. Genome-wide analysis revealed methylation 

alterations of 1,200 gene promoters in ALS4 cells with pathogenic SETX mutations. These findings 

suggest a contribution of R-loop dysregulation to ALS4 development. 

Somatic mutations in splicing factors such as SF3B1, U2AF1, and SRSF2 are frequently identified 

in patients with myelodysplastic syndromes (MDSs)212. In addition to alterations during 

hematopoiesis and dysplastic differentiation of hematopoietic stem and progenitor cells (HSPCs), 

MDS patients possess a strong predisposition to acute myeloid leukemia (AML)251. The high 
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frequency of splicing factor mutations in MDS patients suggests that a commonly altered splicing 

event drives the disease210,252,253. However, next-generation sequencing of MDS patients revealed 

unique splicing alteration patterns for each mutation. Since a common feature of MDS and AML 

is increased genomic instability254, Chen et al. investigated the cause of DNA damage in cellular 

models210. Expression of SRSF2 and U2AF1 MDS mutants leads to elevated R-loop levels due to 

impaired pause release of RNA Pol II210. Moreover, R-loop accumulation resulted in replication 

stress and activation of the ATR-CHK1 pathway. Rescue of the reduced proliferation of bone-

marrow-derived blood progenitors by overexpression of RNaseH1 further demonstrated that 

augmented R-loops contribute to the MDS phenotype.  

1.12 R-loops can be distinguished into two distinct classes 
There are two main groups of genome-wide R-loop sequencing approaches. One group facilitates 

the RNA-DNA hybrid S9.6 antibody, while the other group uses catalytically-dead RnaseH1 as a 

probe. RnaseH1-based methods, such as R-ChIP map approximately 60% of R-loops to promoter-

proximal regions, 17% to gene bodies, and 6% to transcription termination regions255. In contrast, 

S9.6-based approaches such as DRIP map 13% to promoter-proximal regions, roughly 50% to gene 

bodies, and 19% to transcription termination sites89. Of note, the R-ChIP signal declines abruptly 

behind the transcription start site (TSS), while R-loops identified by DRIP reach up to 1.5 kb behind 

the TSS72. Moreover, RNaseH1-based sequencings revealed R-loop formation in intragenic 

enhancer regions and tRNA genes255, whereas very little signal from these genomic loci is obtained 

by DRIP72. These findings suggest that the two groups of R-loop mapping approaches identify 

alternative classes of R-loops. However, in vivo R-loop mapping using the S9.6 antibody led to 

similar results as previous RnaseH1-based mappings256. Ex vivo R-loop mappings using RnaseH1-

based methods identify similar R-loop landscapes as previous S9.6-based approaches256. In 

accordance, not the probe for detection but rather the experimental setup defines the class of R-

loops that is identified. Recently, a first attempt to distinguish the two R-loop classes based on their 

properties has been made. Promoter-proximal R-loops, which are detected by in vivo mapping 

strategies are termed Class I R-loops, whereas gene body R-loops, which are detected ex vivo are 

defined as Class II R-loops72. Class I R-loops are short (up to 60 bp), while Class II R-loops are 

long (median length of 1500 bp)72. Interestingly, Class II R-loops consist of individual R-loops 

with a median length of 300 bp, which cluster together within R-loop hotspots and appear as one 

peak during ex vivo mappings257. The high correlation between RNA pol II ChIP-sequencing, 

nascent RNA sequencing, and Class I R-loops suggests that R-loops belonging to this class are 
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strongly associated with paused RNA Pol II258,259. Mechanistically, both R-loop classes might 

contribute to slowing or pausing of RNA Pol II: (1) Class I R-loops contribute to promoter-

proximal pausing; (2) Class II R-loops support intragenic slowdown or pausing at the transcription 

termination site72.  

1.13 The tumor suppressor DEAD-box helicase 41 
DEAD-box helicase 41 (DDX41) is a member of the DEAD/H family and is essential in human 

cells. DDX41 is a tumor suppressor that is conserved in D.melanogaster, C.elegans, D.rerio, and 

plants260–263. Somatic and germline mutations in DDX41 are drivers for adult myelodysplastic 

syndrome (MDS)/acute myeloid leukemia (AML). Pathogenic variants of DDX41 are frequently 

evident in 0.5% to 4% of MDS/AML patients264. Germline DDX41 mutations mostly lead to 

frameshifts that result in the expression of a truncated protein265. However, somatic mutations 

predominantly occur within the DEAD-box or helicase domain, suggesting to cause altered 

helicase activity265. Taken together, disease development through pathogenic DDX41 mutations 

most likely results from loss of function or reduced function of DDX41. Structural analysis of 

DDX41 revealed that its structure can be divided into four elements (Figure 4)266. The N-terminus 

is unstructured and harbors a putative nuclear localization signal. ATP binding and nucleic acid 

binding are facilitated by the conserved DEAD-box domain, which consists of seven motifs (Q, I, 

IA, IB, IC, II (DEAD), and III). Adjunct to the DEAD-box is the RecA-like helicase domain, 

consisting of four motifs (IV, IVA, V, and VI), which is followed by a Zinc finger in the C-terminal 

domain266–268. Deletion of DDX41 leads to mRNA splicing defects and compromised RNA 

processing269,270. Moreover, DDX41 interacts with components of the spliceosome, thus a role for 

DDX41 in mRNA splicing has been proposed270. As applies to the human DDX41, the C.elegans 

orthologue SACY-1 also interacts with proteins involved in RNA splicing262. Loss of SACY-1 

leads to RNA processing defects through splicing-dependent and splicing-independent 

mechanisms. The zebrafish variant Ddx41 has recently been proposed to suppress excessive R-

loop formation, thereby preventing cGAS-STING-dependent inflammatory response. Activation 

of the inflammatory pathway in the presence of Ddx41 mutants results in the expansion of HSPCs, 

providing a link to the development of MDS/AML in patients with pathogenic DDX41 variants. 

Despite first evidence that loss of DDX41 leads to splicing alterations and transcriptome changes, 

the molecular functions of DDX41 which contribute to the development of MDS/AML remain 

poorly understood.  
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Figure 4: Schematic representation of human DDX41 

Schematics displaying DDX41 domain organization. Amino acid positions are indicated by the numbers. N-terminus 
is shown on the left and C-terminus on the right. The blue box depicts the DEAD-box domain, grey the helicase 
domain, and green the zinc finger (ZnF) domain. 

1.14 Excessive R-loop formation triggers DNA damage response signaling  
One of the main players in the DNA damage response is the ATM kinase, which promotes the 

repair of DSBs271,272. The most prominent target of ATM is the cell cycle checkpoint kinase 

CHK2273,274. R-loop-dependent activation of ATM occurs in response to co-directional TRCs, 

which is apparent by increased phosphorylation of the main downstream targets Chk2, KAP1, and 

pRPA S4/8172. Moreover, R-loop accumulation in the absence of WRN helicase results in XPG-

dependent ATM signaling275. Suppression of R-loop accumulation or depletion of XPG in Werner 

syndrome cells (WSCs) prevents ATM activation. In accordance, chemical inhibition of ATM 

leads to increased R-loop-dependent genomic instability in WSCs275. R-loop-dependent ATM 

activation has also been described in the absence of DNA replication machinery in non-replicating 

cells, suggesting a TRC-independent function of ATM276. Pausing of RNA polymerase II at 

transcription-blocking lesions leads to R-loop stabilization and subsequent activation of ATM that 

in return phosphorylates the core spliceosome to displace it276. Taken together, there is strong 

evidence that ATM is activated in response to excessive R-loop accumulation in replicating and 

non-replicating cells98. The exact molecular mechanism of how ATM is activated remains poorly 

understood. 

ATR is another master kinase in response to DNA damage, in particular in response to replication 

stress277–279. Since R-loops constitute obstacles for the replication machinery and can cause TRCs, 

it has been hypothesized that ATR gets activated upon loss of R-loop homeostasis. In contrast to 

ATM, ATR has been reported to be specifically activated in response to HO TRCs172. During S-

phase, the ATR-Chk1 axis is activated by deleterious R-loop formation and prevents R-loop-

dependent DSB formation201. Activation of ATR in response to excessive R-loop levels requires 

fork reversal and is dependent on the MUS81 nuclease201. Moreover, loss of ATR causes R-loop 

accumulation and reduced replication fork speed, suggesting that ATR is required to maintain R-
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loop homeostasis and ensure replication fork progression280. How ATR opposes R-loop 

accumulation remains unclear. However, first evidence suggests that it might recruit RNA/DNA 

helicases such as DDX19 to oppose excessive R-loop formation217. Further data needs to be 

provided to mechanistically understand the roles of ATM and ATR and if also other kinases are 

involved, in opposing R-loop-dependent DNA damage.  

1.15 DNA damage can activate inflammatory signaling pathways 
The innate immune response is a crucial pathway for cells and organisms to protect themselves 

against the invasion of pathogens and tissue damage. Inflammatory signaling needs to be tightly 

balanced since reduced activity can lead to infections and tumorigenesis, whereas hyperactivity 

and self-directed activity result in allergies and autoimmune diseases281. During infection, 

exogenous components from pathogens are recognized in cytoplasmic or intercellular regions and 

activate a signaling cascade that results in active inflammation282. In addition, the inflammatory 

response can be triggered by endogenous sources such as cytoplasmic nucleic acid species, which 

can arise from replication stress-dependent DNA damage283–287. Accumulation of DNA-damage-

dependent ssDNA or dsDNA in the cytoplasm activates the cyclic GMP-AMP synthase (cGAS)-

stimulator of interferon genes (STING) pathway286,288. cGAS acts as a cytosolic DNA sensor that 

generates cyclic guanosine monophosphate–adenosine monophosphate (cGAMP) upon 

binding289,290. Production of cGAMP leads to the oligomerization of STING, which subsequently 

activates the TBK1 kinase291–293. In return, TBK1 phosphorylates STING, which induces TBK1-

dependent phosphorylation of the transcription factor Interferon Regulatory Factor 3 (IRF3)294–296. 

Phosphorylated IRF3 shuttles to the nucleus to promote the transcription of type I interferons 

(IFNs)294,296–298. Moreover, TBK1 phosphorylates p65, thereby activating the canonical NF-kB 

pathway296,299,300. Taken together, the cGAS-STING pathway triggers an inflammatory response in 

the presence of DNA damage-induced cytosolic nucleic acids. In addition to DNA-damage-

dependent cytosolic DNA, inflammatory signaling can also be triggered by the formation of 

micronuclei, which are generated by aberrant mitosis due to under-replicated DNA upon 

replication stress301. Leakage of nucleic acids into the cytoplasm due to the rupture of the 

micronuclei envelope activates the cGAS-STING pathway as described above302.  

Persistent inflammation can have dramatic consequences for distinct cell types. Especially 

hematopoietic stem cells and their microenvironment are sensitive to chronic inflammation since 

they have to endure various types of DNA damage including reactive oxygen species, telomere 
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shortening, and replication stress303. DNA damage-induced inflammatory signaling and subsequent 

inflammation in the microenvironment can display adverse events in hematopoietic stem cells, 

which can negatively impact their proliferation, self-renewal capacity, mobilization, and 

differentiation304–306. With age, the chance of DNA-damage-dependent release of pro-

inflammatory cytokines into the stem cell microenvironment is significantly higher, thereby 

contributing to the dysfunction of aging tissue303,307–310. Moreover, inflammatory signaling has 

been proposed to induce stem cell expansion and tumor progression310,311. 

1.16 Excessive R-loop formation triggers an inflammatory response 
Global R-loop accumulation leads to replication stress and genomic instability. DNA damage and 

genomic instability have been described as potent activators of inflammatory pathways, especially 

through cGAS-STING312. Since dysregulation of R-loops is a major source of endogenous DNA 

damage, it has been hypothesized that excessive R-loop formation might trigger an inflammatory 

response74. In accordance, DNA damage-induced R-loops in aged pancreata contribute to the 

accumulation of ssDNA in the cytoplasm, thereby inducing a virus-like inflammatory response313. 

Importantly, delivery of RNase H into inflamed pancreatic cells and Ercc1−/− mice, via 

extracellular vesicles, reduces the amount of R-loops, cytoplasmic ssDNA, and chronic 

inflammation313. Moreover, excessive R-loop formation in zebrafish has been shown to lead to a 

cGAS-STING-dependent inflammatory response that alters the numbers of hemogenic 

endothelium and HSPCs260. Maintaining R-loop homeostasis and preventing R-loop-dependent 

inflammatory signaling is crucial to ensure faithful hematopoiesis. Further studies are required to 

elucidate the connection between R-loop dysregulation, genomic instability, cytoplasmic nucleic 

acids, and inflammatory signaling. 

1.17 Proximity labeling-based proteomics 
Classical approaches to studying protein interactions depend on the extraction of proteins from 

their native environment. The two main families of proximity-based labeling strategies are BioID 

and APEX (Figure 5). Both methods and their respective variations allow the identification of 

protein interactions within their native context. This is crucial for mapping protein interactions in 

cellular spaces where intact compartmentalization is of utmost importance, e.g. chromatin 

environment. Cell lysis during conventional Co-IP studies leads to the disruption of chromatin 

context and thereby to the identification of artificial protein interactions which are not formed under 

native conditions. Moreover, proximity labeling approaches allow the identification of transient 
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interactions and high-stringency washes during the purification due to the strong affinity between 

biotin and streptavidin314. BioID-based strategies rely on the activity of a 35 kDa E.coli-derived 

BirA* biotin ligase which catalyzes the reaction of biotin and ATP to biotinoyl-5´-AMP315. The 

reactive biotin derivative subsequently diffuses and quickly reacts with available primary amines 

of lysines within proximal proteins. The introduction of a mutation (R118G) within the catalytic 

region of the BirA* ligase allows sudden release of the biotinoyl-5´-AMP molecule after 

activation315. Several adaptations of the first-generation BirA* enzyme have been developed over 

time. BioID2 is based on a smaller 27 kDa biotin ligase from Aquifex aeolicus with an R40G 

mutation in the catalytic domain316. Although BioID2 is smaller and requires less biotin than the 

first-generation BioID, both enzymes display comparable activity316. Independently, two further 

variations of the E.coli-derived BirA* have been generated based on yeast surface display 

screenings317. TurboID (35 kDa) and miniTurbo (28 kDa) contain 14 and 12 mutations in the 

RBAM domain, respectively, which reduce the labeling time from hours to minutes317. The second 

family of proximity labeling techniques is based on the activity of the ascorbate peroxidase APEX 

which generates a biotin-phenoxyl radical in the presence of biotin-phenol and H2O2
318. 

Subsequently, the activated biotin-phenoxyl radical reacts quickly with neighboring electron-rich 

amino acids such as tyrosine, tryptophan, cysteine, and histidine319. Thus, APEX only requires 

short reaction times (< 2 minutes). APEX has been engineered by introducing three mutations 

(K14D, W41F, E112K) in the soybean-derived ascorbate peroxidase APX, which significantly 

increased its catalytic activity compared to the wild type318. Direct evolution of APEX by a single 

mutation (A134P) led to the discovery of the far more active APEX2 enzyme320. Proximity 

labeling-based proteomics has been broadly applied to identify proximal protein networks in 

plants321, xenograft tumors322, embryonic stem cells323, and compartments within human cells such 

as the mitochondria324,325 and ER membranes326. 
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Figure 5: BioID or APEX-based proximity labeling approaches 

Schematics displaying different proximity labeling approaches. BioID-based on the left and APEX-based on the right. 
Different variations of the used enzymes are color-coded. Mutations from the wild type are indicated. Name and 
molecular weight are stated above, origin below. The two enzymatic reactions are depicted on the bottom. POI = 
protein of interest. 

1.18 Quantitative mass spectrometry (MS)-based proteomics 
1.18.1 Shotgun proteomics 
MS-based “bottom-up” proteomics defines the analysis of proteins after proteolysis into 

peptides327. Inspired by the term for shotgun genomic sequencing, shotgun proteomics refers to the 

“bottom-up” identification of individual proteins from a heterogeneous protein mixture328,329. After 

extraction from their cellular context, proteins are digested into peptides by sequence-specific 

proteases such as trypsin which is commonly used for shotgun proteomics. Trypsin cleaves C-

terminal to arginine and lysine residues, thus generating peptides that contain a positive charge 

which is advantageous for downstream MS analysis330. Depending on the sample complexity and 

peptide length, a combination of selective and unselective proteases can increase the protein and 

PTM coverage331. Fractionation of proteins by SDS-PAGE before proteolytic digestion can further 

increase the coverage by reducing sample complexity and removing interfering chemicals. 

Separation of peptides by reversed-phase high-performance liquid chromatography (RP-HPLC) is 

commonly used to further reduce the complexity of the peptide mixture prior to MS analysis.  
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1.18.2 Peptide sequencing by LC-MS/MS 
Even though current mass spectrometers provide high resolution and speed, complex peptide 

samples need to be fractionated through RP-HPLC to achieve high peptide identification rates. 

Commonly, peptides are separated based on their hydrophobic properties using octadodecyl alkane 

(C18)-packed columns. Different retention times of peptides on the C18 stationary phase of the 

column in a gradient with increasing organic solvent in the mobile phase are exploited to separate 

peptides before MS analysis332. Identification by MS requires ionization of the peptides after 

chromatographic resolution. Therefore, peptide mixtures are commonly subjected to MS analysis 

at low pH conditions. Electrospray ionization (ESI) is usually combined on-line with liquid 

chromatography for peptide MS analysis333,334. During ESI, the sample leaves the RP-HPLC 

through a thin capillary which promotes the formation of droplets containing the peptides335. An 

electric field between the tip of the capillary and a counter electrode causes the positively charged 

droplets to fly towards the MS inlet. While traveling towards the negative electrode, liquid 

evaporates from the positively charged droplets until the Coulomb force outgrows the surface 

tension, resulting in a Coulomb explosion336. Very small droplets are formed that experience 

complete solvent evaporation. As a result, positively charged peptide ions enter the mass 

spectrometer and migrate towards the mass analyzers and the detector337,338. Mass analyzers, such 

as quadrupoles and Orbitraps can determine the mass-to-charge ratio (m/z) of incoming ions. Mass 

spectrometers such as the Q Exactive plus (used in this study) possess a combination of mass 

analyzers for MS/MS analysis. The quadrupole is facilitated as a mass filter that only allows 

passage of a defined m/z ratio, thereby isolating ion precursors. It consists of four parallel rods 

which generate an oscillating electric field by switching from positive to negative charge339. Setting 

a specific voltage allows ions with a defined m/z ratio to pass the quadrupole in trajectories, while 

molecules with a deviant m/z ratio are discharged by colliding onto the rods340. Orbitraps, which 

can be used as mass analyzers and detectors, consist of a center electrode that is enclosed by two 

outer electrodes341. Ions that enter the Orbitrap are trapped and oscillate in the inner space between 

the electrodes.  Mass spectra are detected by Fourier transformation of the ion-induced oscillation 

frequency measured by image current detection on the outer electrodes342. Using a series of mass 

analyzers and a detector allows the analysis of peptides by so-called tandem mass spectrometry 

(MS/MS). Analysis of an ion precursor spectrum (MS1) elucidates the mass of a peptide. Isolation 

of a specific peptide, its fragmentation in a higher-energy C-trap dissociation (HCD) cell, and 

subsequent analysis of the ion fragmentation spectrum (MS2) provide the sequence information of 
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the chosen peptide343. During data-dependent acquisition (DDA) the top N precursor ions from the 

MS1 spectrum are selected, fragmented and the MS2 spectra generated. MS2 spectra are matched 

to the in silico-digested proteome of interest to define which peptides were present in the subjected 

peptide mixture344–346. Moreover, state-of-the-art software can assemble proteins from all identified 

peptides to conclude which proteins were present in the initial sample347.       

1.18.3 Stable isotope labeling with amino acids in cell culture (SILAC) 
MS/MS can not only be used to identify certain peptides from a complex mixture but can also be 

applied quantitatively. Different quantification methods are available, ranging from label-free 

quantification (LFQ)348 over chemical labeling strategies such as tandem mass tags (TMT)349, to 

metabolic labeling approaches such as stable isotope labeling by amino acids in cell culture 

(SILAC)350. LFQ is easily applicable by quantitatively comparing peptide intensities between two 

or more samples in distinct MS runs. While no metabolic or chemical labeling of the peptides is 

required, LFQ suffers from limited reproducibility, since peptides are measured in separate MS 

runs. Quantification based on TMT-labeling is more robust since peptides are measured within the 

same MS analysis. Moreover, up to 16 distinct samples can be multiplexed351. However, TMT 

labeling is very expensive and suffers from co-isolation interference352. Co-isolation of multiple 

peptides for fragmentation interferes with the reporter quantification, thereby negatively impacting 

quantification accuracy. This study relies on MS/MS quantification based on metabolic labeling of 

proteins in human cells using SILAC. Cells are grown in medium containing isotopically labeled 

(13C or 15N) amino acids (Arg and Lys), which are incorporated into proteins during biosynthesis 

in vivo. SILAC enables robust MS quantification of up to three multiplexed conditions, which can 

be quantitatively compared within the same MS1 spectra. Thus, samples can already be combined 

early on when cells are still intact, which reduces technical variability compared to LFQ or 

chemical labeling-based quantification strategies. However, SILAC is restricted to only three 

samples that can be quantitatively compared since isotopically-labeled Arg and Lys only give rise 

to three distinct SILAC media (“light”, “medium” and “heavy”). Moreover, SILAC results in 

reduced MS sequencing depth due to more complex MS1 spectra. 

1.19 Aim of this study 
R-loops are considered a double-edged sword for cells. On the one hand, they participate in the 

regulation of various cellular pathways such as transcription, chromosome segregation during 

mitosis, and DNA repair. On the other hand, R-loops can cause DNA damage through 



36 
 

transcription-replication conflicts or processing of the nucleotide excision repair machinery. Thus, 

R-loop abundance needs to be tightly balanced to prevent R-loop-dependent genomic instability, 

while maintaining the regulatory functions of R-loops. Cells have developed dedicated protein 

machinery to oppose excessive R-loop formation. Mutations within R-loop regulating genes are 

associated with neurodegenerative diseases and cancer, in particular MDS and AML. Since the 

whole spectrum of R-loop regulators in human cells remains poorly characterized, we aim to 

decipher the R-loop proximal proteome in human cells. To this end, we plan to establish a 

proximity labeling approach, by targeting the ascorbate peroxidase APEX2 to R-loops through 

conjugation to the hybrid binding domain of RNaseH1. We want to dissect the R-loop proximal 

proteome in functional clusters to understand which pathways and groups of proteins associate 

with R-loops on native chromatin. Furthermore, we will functionally characterize a subset of the 

identified R-loop proximal proteins in human cells to understand if and how they contribute to 

maintaining R-loop homeostasis and preventing genomic instability. We want to investigate how 

dysregulation of R-loops in the presence of pathogenic variants of R-loop regulators drives 

genomic instability and contributes to the development of MDS/AML. 

2 Results 
 

2.1 RDProx allows the identification of R-loop proximal proteins  
Scheduled R-loops are beneficial for cells since they contribute to the regulation of crucial 

molecular mechanisms, such as transcription and DNA repair. However, excessive R-loop 

formation can lead to replication stress, DNA damage, and ultimately genomic instability. 

Therefore, cells rely on tight regulation of R-loop abundance on chromatin to prevent R-loop-

dependent genomic instability. Augmented R-loop levels have been linked to neurodevelopmental 

diseases, myelodysplastic syndromes, and cancer. To gain further insight into which protein 

networks ensure R-loop homeostasis in human cells, we established a workflow called RNA-DNA 

proximity proteomics (RDProx) to identify R-loop proximal proteins in human cells under native 

conditions. RDProx relies on the RNA-DNA hybrid binding function of the hybrid binding domain 

(HBD) of RNaseH1. As a negative control, we introduced three point mutations in the HBD (HBD-

WKK), which abrogate the binding affinity towards RNA-DNA hybrids (Figure 6a). Both domains 

were conjugated to the promiscuous soybean ascorbate peroxidase (APEX2)320, which allows 

biotinylation of proximal proteins in the presence of biotin-phenol and H2O2 (Figure 6a). To test 
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the binding affinity of HBD and HBD-WKK to RNA-DNA hybrids in vitro, we purified both 

domains and probed them with five different 6-FAM-conjugated nucleic acid substrates. Electron 

mobility shift assay (EMSA) revealed exclusively strong binding of the HBD to RNA-DNA 

hybrids, while HBD-WKK displayed dramatically decreased affinity (Figure 6b). Accordingly, the 

HBD associated with RNA-DNA hybrids in vitro with a kd = 190 nm +/- 30 nm, whereas the HBD-

WKK bound with a K1/2 = 7.5 µM +/- 1.3 µM (Figure 6c). Moreover, only GFP-tagged HBD and 

not HBD-WKK was retained on chromatin under pre-extraction conditions (Figure 6d). 

 

 

Figure 6: Hybrid binding domain of RNaseH1 possesses a strong binding affinity towards RNA-DNA hybrids 
in vitro 

a: Schematic representation of M27-RNaseH1 domains. The wild-type version of the hybrid binding domain (HBD) 
of RNaseH1 was cloned as well as the mutant with indicated WKK point mutations to abrogate the binding function. 
HBD and HBD-WKK were fused to the ascorbate peroxidase APEX2 on the N-terminus. Numbers indicate amino 
acid positions. b: Electro Mobility Shift Assay (EMSA) using 25 µM purified HBD or HBW-WKK mutant and 
indicated 6-FAM-conjugated oligonucleotides. Protein inputs are shown left. Data derived from n = 1 experiment c: 
Fluorescence polarization (FP) assay of wild-type HBD and HBD-WKK mutant. Titrated domains were incubated 
together with indicated 20 nM 6-FAM-conjugated oligonucleotide substrates. Data of n = 3 independent experiments 
with individually thawed proteins are represented as mean +/- standard deviation. Colored lines represent either a 
Michalis-Menten or a sigmoidal fit. The resulting kd or k1/2 values for the association to the RNA-DNA hybrid substrate 
are displayed. d: Immunofluorescence analysis of the retention of GFP-tagged HBD or HBD-WKK on chromatin after 
pre-extraction with 0.4% NP-40 for 30 min on ice. DNA was counterstained with Hoechst33342 (blue), and GFP signal 
(cyan). Representative images of n = 2 biologically independent experiments.  
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We transiently expressed APEX2-HBD and APEX2-HBD-WKK fusion proteins in U2OS cells to 

test the expression efficiency and activity of the peroxidase. Efficient biotinylation was apparent 

specifically after the addition of biotin-phenol and H2O2, whereas only endogenous biotinylation 

was observed in the absence of H2O2 (Figure 7a). RDProx was combined with quantitative mass 

spectrometry (MS) to map the R-loop proximal proteome in HEK293T cells. Stable isotope 

labeling with amino acids in cell culture (SILAC) enabled quantitative comparisons between 

proteins identified in the APEX2-HBD (heavy) condition and the APEX2-HBD-WKK negative 

control (light) condition (Figure 7b). Proteins which were proximal to the bait proteins were 

biotinylated, enriched using NeutrAvidin beads, and analyzed by liquid chromatography (LC)-

tandem MS/MS (Figure 7b). 612 R-loop proximal proteins were identified by RDProx in three 

biologically independent experiments with high reproducibility (r > 0.85) (Figure 7c, 7d). We 

further categorized the identified proteins into two confidence intervals. The high confidence 

interval Tier1 consists of 312 proteins, which were identified with a log2 fold change (FC) > 2 and 

a false discovery rate (FDR) < 0.01. 300 proteins were mapped within Tier2 with a log2FC > 1 and 

a FDR < 0.01. Among proteins identified in Tier1 were well-characterized R-loop regulators such 

as TOP1, the RNA helicase AQR, components of the exosome complex (EXOSC7, EXOSC10), 

the THO complex (THOC1/2/6, THOC6, ALYREF), and the RNA-DNA helicase DDX39B 

(Figure 7d). Moreover, we identified subunits of the RNA polymerase II (POLR2A), PARP1, and 

transcription termination factor XRN2. RnaseH2A, the single-stranded DNA binding proteins 

RPA1/2, TOP2A/B were identified in Tier2 (Figure 7d).  
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Figure 7: Mapping R-loop-proximal proteome on native chromatin by RDProx 

a: Representative western blot of biotinylated proteins in U2OS whole-cell extracts after HBD-APEX2 or HBD-WKK-
APEX2 proximity labeling from n = 2 biologically individual experiments. b: Schematic representation of the RDProx 
workflow for identification of R-loop-proximal proteins. HBD or HBD-WKK fused N-terminally to APEX2 were 
transiently expressed in light or heavy SILAC-labeled HEK293T cells. Biotinylation was induced upon the addition 
of 500 µM biotin-phenol for 2 h at 37°C and 1 mM H2O2 for 2 min at room temperature. Samples were pooled after 
cell lysis and biotinylated proteins were purified using NeutrAvidin beads. Denatured proteins were separated by SDS-
PAGE and in-gel digested before LC-MS/MS analysis. c: Multi-scatter plots indicating the correlation between the n 
= 3 biologically independent RDProx SILAC experiments in HEK293T cells. Pearson correlation is indicated below 
each plot. Coloring indicates the density of the population (blue=less dense, grey= high density). d: Volcano plot of 
protein groups identified by RDProx in n = 3 biologically independent experiments. Mean log2 ratios of all replicates 
between HBD and HBD-WKK are plotted against the –log10 FDR. The FDR and enrichment were calculated using 
Limma103. Significantly enriched proteins are highlighted in blue (FDR < 0.01). Light blue indicates proteins in Tier2 
(300 proteins) above a 2-fold change of the mean ratio and dark blue indicates proteins in Tier1 (312 proteins) with a 
4-fold change or higher. 

Different protein clusters were evident within the R-loop proximal proteome, indicating functional 

protein interaction networks and suggesting specific molecular pathways to play a role at R-loops. 

Enriched were protein clusters involved in transcriptional regulation, chromatin organization, 

mRNA export, splicing regulation, m6A regulation, cell cycle regulation, DNA replication, and 

repair (Figure 8a). Within these clusters, proteins were enriched with domains required for nucleic 

acid binding and processing such as RRM, DEAD/DEAH, CID domain, RNA polymerase II 

binding domain, SAP domain, MCM OB domain, and K Homology domain (Figure 8b). 
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Figure 8: RDProx identifies specific protein networks in the proximity of R-loops 

a: Functional interaction network of proteins identified by RDProx. Genes were manually annotated based on literature 
and corresponding GO terms (Biological Process and Molecular Function). Clusters were generated based on manual 
annotation. Edges between the nodes indicate interactions based on STRING with a confidence score equal to or above 
0.7. b: PFAM InterPro Domain enrichment analysis using EnrichR. Adjusted p-values were derived using a two-sided 
Fisher´s exact test with Bonferroni correction. 
 
Before this study, two proteomic screens to identify R-loop interacting proteins have been 

published. One screen employed the S9.6 antibody, which possesses a high affinity towards RNA-

DNA hybrids, to co-immunoprecipitate nuclear RNA-DNA hybrids and associated proteins152. The 

other screen probed either RNA-DNA hybrid substrates or dsDNA substrates with nuclear lysates 

to enrich proteins with higher affinity to RNA-DNA hybrids than dsDNA214. For unbiased 

comparison between RDProx and the two screens, we took the significantly enriched proteins from 

each screen (for RDProx this amounted to 311 proteins, for S9.6 IP to 469 proteins, and the in vitro 

pulldown to 364 proteins) and performed gene set enrichment analysis (GSEA) based on GO-terms 

for biological processes (BP). The most significant terms for exclusively identified proteins in the 

S9.6-based screen were “rRNA processing” and “ribosome biogenesis”, while “rRNA metabolic 

process” and “ribosome biogenesis” were the most significantly enriched terms in the in vitro 

RNA-DNA hybrid pulldown screen (Figure 9a, 9b). This was not the case for proteins exclusively 

identified by RDProx, for which the most significantly enriched terms were “mRNA processing” 

and “mRNA splicing” (Figure 9a, 9b).  
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Figure 9: Overlap between RDProx and previous R-loop proteomics screens 

a: GO Biological Process analysis of protein groups identified in S9.6 immunoprecipitation-based mass spectrometry 
screen (Cristini et al., 2018) and RDProx Tier 1152. The 5 GO-BP terms with the lowest adjusted p-value (two-sided 
Fisher´s exact test, Bonferroni correction) are shown. b: GO Biological Process analysis of protein groups identified 
in RNA-DNA hybrid in vitro pulldown mass spectrometry screen (Wang et al., 2018) and RDProx Tier 1214. The 5 
GO-BP terms with the lowest adjusted p-value (two-sided Fisher´s exact test, Bonferroni correction) are shown. 

2.2 DDX41 prevents spontaneous DNA damage and replication stress 
Proteins containing DEAD/DEAH box domains were enriched in the R-loop proximal protein 

network mapped by RDProx. A few DEAD-box helicases such as DDX5 and DDX19 have recently 

been described as R-loop regulators216,217,353. Loss of R-loop homeostasis frequently leads to R-

loop-dependent genomic DNA damage. To assess whether there were also other DEAD/DEAH-

box helicases regulating R-loop levels in human cells, we monitored Ser139 phosphorylation on 

the histone variant H2AX (yH2AX) as a proxy for spontaneous DNA damage upon knockdown of 

DDX27, DDX41, DDX42, DHX37, and DDX39A. Depletion of the known R-loop regulator AQR 

served as a positive control since the loss of AQR has been reported to lead to spontaneous DSB 

formation207. Significant yH2AX formation was only apparent after knockdown of the positive 

control AQR and DDX41 (Figure 10a, 10b). DDX41 is a poorly characterized DEAD-box helicase, 

which is frequently mutated in familial cases of MDS and AML263,270. Since augmented R-loop 

formation has been proposed as a unifying mechanism for MDS and AML development, we further 

characterized a potential role of DDX41 in R-loop regulation and tumor suppression210. In addition 
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to increased yH2AX levels, DDX41 knockdown cells displayed significantly more 53BP1 foci on 

chromatin, which were suppressed by overexpression of nuclear RNaseH1 under the control of a 

doxycycline-inducible promoter (Figure 10c). Moreover, spontaneous yH2AX formation in the 

absence of DDX41 was partially rescued by overexpression of nuclear RNaseH1, pointing towards 

R-loop-dependent genomic instability (Figure 10d). Accordingly, spontaneous DSB formation 

after DDX41 knockdown, measured by neutral comet assay, was rescued by overexpression of 

nuclear RNaseH1 (Figure 10e).  
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Figure 10: DDX41 knockdown cells experience spontaneous R-loop-dependent DNA damage 

a: Immunofluorescence analysis of yH2AX in U2OS cells 48 h after indicated knockdowns. Centerlines of boxplots 
indicate the median, the limits the 25th-75th percentile, whiskers the 10th-90th percentile, dots outliers. Representative 
data of n = 3 biologically independent experiments; p-values (p < 0.0001, p = 0.1788, p < 0.0001, p = 0.8259, p > 
0.9999, p = 0.9569) were derived from >1000 cells using one-way ANOVA with Tukey correction for multiple 
comparisons. Representative images of yH2AX (red) staining and Hoechst33342 (blue). Scale bars - 20 µm. b: (left) 
Quantification of the ratio between γH2AX intensity and ß-actin. Data of n = 3 biologically independent experiments 
are represented as the mean +/- standard deviation. P-values (p = 0.0297, p = 0.2627, p = 0.0177, p = 0.2627, p = 
0.1876, p = 0.8433) derived using Kruskal-Wallis test with Benjamini-Hochberg correction for multiple comparisons. 
(Right) Representative Western blot of yH2AX in U2OS cells after the indicated knockdown. Bar plot shows qPCR 
after DDX39A knockdown. Data are represented as the mean +/- standard deviation of n = 2 biologically independent 
experiments. c: Immunofluorescence analysis of 53BP1 foci 48 h after indicated knockdowns in U2OS cells +/- the 
expression of M27-RNaseH1-GFP. Boxplot limits indicate the 25th to 75th percentile, whiskers the 5th-95th 
percentile, and the center line the median. Dots represent outliers. Three outlier data points above 8 foci/cell are cut 
off. Representative data of n = 2 biologically independent experiments. P-values (p = 0.008, p = 0.0455, p = 0.3005) 
derived from n > 170 cells using one-way-ANOVA with Tukey correction for multiple comparisons. d: 
Immunofluorescence analysis of yH2AX in U2OS cells +/- doxycycline-inducible GFP-tagged M27-RNaseH1. 
Quantification of cells with medium GFP intensity (medium M27-RNaseH1 expression). Representative box plot of n 
= 2 biologically independent experiments. The Center of boxplots indicates the median, limits the 25th-75th percentile, 
whiskers the 10th-90th percentile, dots outliers. P < 0.0001 derived from n > 500 cells using a two-sided Mann-Whitney 
test. e: Single-cell electrophoresis of U2OS cells 48 h after knockdown +/- doxycycline-inducible expression of HA-
tagged M27-RNaseH1. Representative images are displayed (right). Scale bars - 40 µm. Dots depict individual tail 
moments, black lines the median. Representative results from n = 2 biologically independent experiments. P-values (p 
= 0.0001, p = 0.0031) were derived from n > 50 cells using one-way ANOVA with Tukey correction for multiple 
comparisons. 

R-loop-dependent genomic instability frequently arises through transcription-replication conflicts, 

thus leading to S-phase-specific DNA damage. To assess whether DDX41 knockdown induces 

spontaneous DNA damage specifically during S-phase, we measured yH2AX intensity in different 

stages of the cell cycle. We observed significantly higher yH2AX levels during all phases of the 

cell cycle (G1, S, and G2/M) (Figure 11a). However, the strongest yH2AX increase was apparent 

during the S-phase of the cell cycle, suggesting that DDX41 knockdown cells suffer from 

replication stress (Figure 11a). Indeed, Ser33 phosphorylation of RPA, a surrogate marker for 

replication stress, was significantly higher after knockdown of AQR and DDX41, but not DDX27, 

DDX41, DHX37, or DDX39A (Figure 11b). Moreover, replication fork progression was reduced 

in DDX41 knockdown cells to a similar extent as in cells treated with a low dose (100 nM) of the 

DNA polymerase inhibitor aphidicolin (Figure 11c). Phosphorylation of Ser33 on RPA is a proxy 

for the activation of the main replication stress response kinase ATR. Accordingly, treatment of 

DDX41 knockdown cells with the ATR inhibitor VE-821 significantly reduced Ser33 

phosphorylation on RPA, indicating that ATR is activated in the absence of DDX41 (Figure 11d). 

Moreover, either depletion of DDX41 or overexpression of pathogenic AML DDX41 variants 
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(L237F/P238T and R525H) led to sensitization of U2OS and OCI-AML3 cells, respectively 

(Figure 11e). Sensitivity of AML cells expressing pathogenic DDX41 mutants to ATR inhibition 

suggests that these cells also experience replication stress and ATR activity. 
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Figure 11: Loss of DDX41 results in increased replication stress and dependency on ATR 

a: Immunofluorescence analysis of γH2AX after 48 h knockdown with the indicated siRNAs in different cell cycle 
stages: G1 (blue), S (green), G2/M (grey). Center-line of box plots represents the median, whiskers indicate the 10th-
90th percentile, and box limits the 25th-75th percentile. Dots represent outliers. Representative data of n = 2 
biologically independent experiments. P-values (p < 0.0001, p < 0.0001, p < 0.0001) derived by one-way-ANOVA 
with Tukey correction for multiple comparisons. b: Immunofluorescence analysis of pRPA (Ser33) in U2OS 48 h after 
indicated knockdowns. Representative images (right): Hoechst33342 (blue), pRPA (Ser33) (green). The Center of 
boxplots indicates the median, limits the 25th-75th percentile, whiskers the 10th-90th percentile, and dots outliers. 
Representative data of n = 3 biologically independent experiments are displayed. P-values (p < 0.0001, p > 0.9999, p 
< 0.0001, p < 0.0001, p = 0.9384, p < 0.0001) were derived from n > 1000 cells using one-way ANOVA with Tukey 
correction for multiple comparisons. Scale bars - 20 µm. c: DNA fiber spreading assay of U2OS cells after 48 h 
knockdown of DDX41. Controls were either treated with DMSO or 100 nM aphidicolin for 1.5 h. Representative 
images (white line indicates 10 µm scale) and quantifications of fiber tract length. Dots represent individual values and 
the black line the median. At least 260 fibers were quantified across n = 1 experiment. P-values (p < 0.0001, p < 0.0001, 
p < 0.0001, p = 0.5794) were derived using one-way ANOVA with Tukey correction for multiple comparisons. d: 
Immunofluorescence analysis of pRPA (Ser33) in U2OS cells after indicated knockdowns for 48 h and 6 h treatment 
with DMSO or 10 µM VE-821. Boxplot limits indicate the 25th to 75th percentile, whiskers the 5th-95th percentile, 
and the center line the median. Outliers are represented by dots. P-values (p < 0.0001, p < 0.0001) derived by one-
way-ANOVA with Tukey correction for multiple comparisons. N = 2 e: (left) Cell titer blue assay in U2OS cells after 
indicated knockdowns. Data from n = 3 biologically independent experiments is represented as mean +/- standard 
deviation. P-values (p = 0.033, p = 0.0038) derived using two-way ANOVA with Tukey correction for multiple 
comparisons. (Right) Cell titer blue assay in OCI-AML3 cells after expression of DDX41 WT, R525H, or L237FP238T 
mutants. Data from n = 3 biologically independent experiments is represented as mean +/- standard deviation. P-values 
(p = 0.0044, p = 0.0078, p = 0.0374, p = 0.0179, p = 0.338, p = 0.0162) derived using two-way ANOVA with Tukey 
correction for multiple comparisons. 

2.3 DDX41 unwinds RNA-DNA hybrids in vitro and regulates R-loop levels in vivo 
Since DDX41 knockdown cells experienced replication stress and predominantly R-loop-

dependent DNA damage during S-phase, we explored a potential R-loop regulating role of DDX41. 

RDProx MS analysis identified DDX41 to be proximal to R-loops. We confirmed the proximity of 

DDX41 to R-loops by coupling RDProx with Western blot analysis (Figure 12a). Moreover, the 

proximity of DDX41 was R-loop-dependent, since overexpression of nuclear RNaseH1 decreased 

RDProx signal (Figure 12a). Proximity of DDX41 to R-loops was further validated by Proximity 

ligation assay (PLA) of endogenous DDX41 and exogenous GFP-tagged HBD (Figure 12b). The 

Association of DDX41 to GFP-HBD was significantly higher than that of the non-binding GFP-

HBD-WKK mutant, suggesting that the PLA signal specifically resulted from the proximity of 

DDX41 to RNA-DNA hybrids (Figure 12c). To assess whether DDX41 was not only proximal to 

R-loops but also regulates global R-loop levels, we performed dot blot analysis using the S9.6 

antibody. U2OS cells displayed globally increased R-loop levels after knockdown of AQR and 

DDX41 (Figure 12d). R-loop accumulation after loss of DDX41 was suppressed by expression of 

nuclear RNaseH1 (Figure 12d). Importantly, in vitro digestion with bacterial RNase H depleted the 
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S9.6 signal, confirming the specificity of the antibody to RNA-DNA hybrids (Figure 12d). 

Decreasing trust in the S9.6 antibody in the field, due to unspecific RNA binding prompted us to 

use an antibody-independent approach to confirm the dot-blot results150. Retention of GFP-tagged 

HBD - expressed under a doxycycline-inducible promoter - on chromatin under pre-extraction 

conditions served as a proxy for R-loop levels in U2OS cells. Knockdown of DDX41 and the 

positive control AQR led to significantly increased R-loop levels based on GFP-HBD chromatin 

retention (Figure 12e). Transcriptional inhibition using DRB suppressed R-loop accumulation in 

the absence of DDX41, validating the sensitivity of the approach towards R-loops (Figure 12e). 
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Figure 12: DDX41 associates with and regulates R-loops in vivo 

a: RDProx-Western blot analysis AQR and DDX41 in U2OS cells +/- expression of M27-RNaseH1. Data from n = 1 
experiment. b: Proximity ligation assay (PLA) between endogenous DDX41 and GFP-tagged HBD or HBD-WKK. 
Representative images of nuclear PLA spots. c: (left) Representative images of Proximity Ligation assay (PLA) 
between endogenous DDX41 and exogenously expressed HBD-GFP or HBD-WKK-GFP. Data derived from n = 1 
individual experiment. The scale bar represents 15 µm. (right) Quantification of nuclear PLA spots. Dots represent 
results from individual cells, Black line indicates the median. P-value < 0.0001 derived from > 50 cells from n = 1 
experiment using two-sided Student´s t-test. d: S9.6 and double-stranded DNA dot blot analysis of U2OS cells 
expressing GFP-tagged M27-RNaseH1 upon doxycycline (dox) after 48 h of indicated knockdowns. Representative 
images (left). Data are represented as mean +/- standard deviation (right). Black dots represent individual results from 
n = 2 biologically independent experiments. P-values (p = 0.437, p = 0.653, p = 0.338, p = 0.0281) derived using one-
way ANOVA with Tukey correction for multiple comparisons. e: HBD-GFP retention assay after indicated 48 h 
knockdowns in U2OS cells. Control cells were treated with 100 µM DRB for 3 h. The Center of boxplots indicates the 
median of the population, limits the 25th-75th percentile, whiskers the 10th-90th percentile and dots represent outliers. 
Representative data of n = 3 biologically independent experiments are shown. P-values (p < 0.0001, p < 0.0001, p < 
0.0001, p < 0.0001) derived from n > 1000 cells using one-way ANOVA with Tukey correction for multiple 
comparisons. 

The finding that global R-loop levels were increased in DDX41 knockdown cells prompted us to 

investigate whether DDX41 regulates R-loop levels by unwinding RNA-DNA hybrids. To this end, 

we purified full-length DDX41, the pathogenic R525H AML mutant, and a short version of DDX41 

(153-410), which lacks the helicase domain (Figure 13a, 13b). In vitro, recombinant DDX41 

preferentially associated with RNA-DNA hybrids (kD=2.5µM +/- 1.4 µM) compared to four other 

nucleic acid substrates (Figure 13c). Moreover, incubation of DDX41 with an RNA-DNA hybrid 

substrate with an ssDNA overhang led to the hydrolysis of ATP to ADP in a DDX41 concentration-

dependent manner (Figure 13d). To test the potential RNA-DNA hybrid unwinding activity of 

DDX41, we established a FRET-based unwinding assay that is based on the increase of 

fluorescence intensity, when an RNA-DNA hybrid substrate containing a fluorophore-conjugated 

DNA and a quencher-conjugated RNA are displaced. DDX41 not only hydrolyzed ATP but also 

unwound the RNA-DNA hybrid substrate in a concentration-dependent manner (Figure 13e). We 

observed homeostasis between unwinding and re-annealing of the substrate in the presence of 

DDX41, which was shifted towards unwinding (increased fluorescence intensity due to 

displacement of the fluorophore-labeled DNA) upon addition of unlabeled DNA (Figure 13e). 

Importantly, the DDX41 mutant lacking the helicase domain was unable to unwind RNA-DNA 

hybrids (Figure 13f). Furthermore, the DDX41 mutant containing the pathogenic R525H mutation 

within the helicase domain displayed significantly reduced unwinding activity (Figure 13f).  
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Figure 13: DDX41 binds and unwinds RNA-DNA hybrids in vitro 

a: Schematic representation of full-length DDX41 domain organization. Pathogenic AML/MDS variants are indicated. 
Numbers represent corresponding amino acid positions. b: Coomassie-stained gel of 6his-tagged DDX41 full length, 
R525H, and 153-410 mutant after expression and purification from SF9 insect cells. c: Fluorescence polarization (FP) 
assay of full length DDX41 and indicated 6-FAM-conjugated oligonucleotides in n = 2 independent experiments with 
individually thawed protein aliquots. The protein concentration on a log2-scale is plotted against the FP in mP 
(milipolarization unit). Data are represented as mean values +/- standard deviation. Colored lines represent Michaelis-
Menten fits. d: ADP-Glo assay measuring ATP hydrolysis of full-length DDX41 in n = 5 independent experiments 
using individually thawed proteins. Titrated DDX41 was incubated together with 100 nM RNA-DNA hybrid substrate 
with an ssDNA overhang and 5 µM ATP for 60 minutes at 37°C. ATP to ADP conversion was measured by luciferase 
activity. Results are displayed as the percentage of consumed ATP compared to total ATP, based on an interpolation 
against a standard curve. Dots indicate individual measurements. Data are represented as mean +/- standard deviation. 
e: FRET-based RNA-DNA hybrid displacement assay. Titrated full-length (FL) DDX41 is incubated with 100 nM 
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RNA-DNA hybrid substrate and 5 µM ATP. Displacement of the IBFQ-conjugated 38-mer DNA oligo from the 6-
FAM-conjugated 13-mer RNA oligo was measured by the change in fluorescence intensity. Data of n = 3 independent 
experiments with individually thawed proteins are represented as mean values +/- standard deviation (n = 2 for 2.5 
µM, unlabeled DNA). f: Displacement assay from Figure 13e using titrated full length (FL) DDX41, R525H, or 153-
410 mutant. Data are represented as mean +/- standard deviation. Dots indicate results of n = 3 independent experiments 
with individually thawed proteins. P-values (p = 0.005, p = 0.0021, p < 0.0001, p = 0.0329, p < 0.0001) derived by 
two-way ANOVA with Tukey correction for multiple comparisons. 

2.4 DDX41 associates with promoters to maintain R-loop homeostasis 
Taken together, DDX41 directly bound and unwound RNA-DNA hybrids in vitro and prevented 

global R-loop accumulation in vivo, suggesting a potential role as an R-loop resolvase. Unwinding 

of R-loops in vivo would require a direct association with chromatin. To assess whether DDX41 

binds specific genomic regions, we performed greenCUT&RUN in a U2OS cell line that expresses 

GFP-tagged DDX41 under the control of a doxycycline-inducible promoter (Figure 14a). 

Micrococcal nuclease (MNase) was targeted to DDX41-GFP chromatin binding sites by a GFP 

nanobody. We confirmed that GFP-tagged DDX41 mirrored the pan-nuclear localization of 

endogenous DDX41 (Figure 14b). 19,327 greenCUT&RUN peaks were distributed across the 

genome, of which 6,363 were consistently identified in 2 biologically independent experiments. 

Ranking of genes bound by DDX41 based on their expression level derived from RNA-sequencing 

in U2OS cells revealed that DDX41 binding correlated with higher gene expression levels (Figure 

14b). Moreover, DDX41 predominantly associated with promoter regions (+/- 3 kb around the 

TSS), which accounted for 41% of all DDX41 binding sites (Figure 14c, 14d).  



53 
 

 

Figure 14: DDX41 binds to the promoter region 

a: Representative immunofluorescence images from n = 1 experiment of the subcellular localization of doxycycline-
inducible GFP-tagged DDX41 and endogenous (endog.) DDX41. Scale bars represent 15 µm. b: Heat maps of 
greenCUT&RUN signal from -2 kilo bases (kb)/+2kb around the transcription start site (TSS) of expressed genes 
sorted by expression level. c: Metagene profile showing the distribution of the GFP-DDX41 greenCUT&RUN signal 
in U2OS cells along expressed genes. d: Genomic features overlapping GFP-DDX41 greenCUT&RUN peaks in U2OS 
cells. Features are color-coded as indicated in the legend. 

We further investigated if DDX41 chromatin binding sites coincided with regions of R-loop 

stabilization upon loss of DDX41. To this end, we performed MapR in U2OS cells to identify sites 

in the human genome with increased R-loop occupancy in the absence of DDX41. MapR is a 

targeted-nuclease approach that facilitates a catalytically-dead E. coli Ribonuclease H to target an 

MNase to regions on chromatin that are occupied by R-loops under native conditions. R-loop-

containing genomic fragments, which are cleaved upon activation of the MNase, are purified and 

analyzed by next-generation sequencing. MapR analysis revealed a strong correlation between R-

loop abundance and gene expression levels based on RNA-sequencing, indicating that R-loop 

formation was transcription-dependent (Figure 15a). In accordance, inhibition of transcription 
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using ActinomycinD significantly reduced MapR signal (Figure 15a). We observed global R-loop 

accumulation in DDX41 knockdown cells, confirming our prior results obtained by S9.6 dot-blot 

and HBD-GFP retention assay (Figure 15a). Global R-loop accumulation in the absence of DDX41 

was also reflected in the number of detected peaks. 35,627 peaks were evident after DDX41 

knockdown, while control cells displayed 24,492 R-loop-containing regions. As for DDX41 

chromatin binding sites, R-loops in DDX41 knockdown cells were predominantly identified in the 

promoter region (+/- 3 kb around the TSS) (Figure 15b, 15c). Importantly, promoter-associated R-

loops were significantly increased in the absence of DDX41 (Figure 15c, 15d). We quantified 6,810 

regions with R-loop gains (FC > 2), while 505 regions displayed R-loop decrease (FC < -2) (Figure 

15 e). Moreover, 81% of regions with increased R-loops mapped to the promoter region (+/- 3kb 

around the TSS) and 74% overlapped with CpG island promoters (CGIs) (Figure 13f, 13g). Of 

note, none of the regions with R-loop loss overlapped with CGIs, but with intronic and distal 

intergenic regions (Figure 15f). In total, 5,506 promoters displayed increased R-loop occupancy in 

DDX41 knockdown cells. Gene set enrichment analysis for Reactome pathways revealed that upon 

DDX41 depletion R-loops accumulated in genes encoding proteins involved in chromatin 

organization, NOTCH, and TGF-β signaling (Figure 15h).  
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Figure 15: DDX41 opposes excessive R-loop formation in the promoter region of highly transcribed genes 

a: MapR performed in three biological replicates in U2OS cells after 48 h knockdown with control siRNA, DDX41 
siRNA, or treatment with 4 µM ActinomycinD D for 6 hours. Heat maps of normalized read coverage ranging from -
/+2kb around the transcription start site of expressed genes sorted by gene expression based on the RNA-sequencing 
analysis of U2OS cells. b: Bar plot displaying the feature distribution of all peaks called by MACS2 in the MapR 
experiment in n = 3 biologically independent experiments from U2OS cells after 48 h knockdown with control siRNA. 
Consensus peaks were constructed using the intersection of peaks in the replicates per group (control, DDX41 
knockdown) and the union of the resulting peaks was used as a consensus peak set. The proportion of the individual 
feature is represented in the indicated colors. c: MapR in U2OS cells performed in n = 3 biologically independent 
experiments after 48 h knockdown with control siRNA (grey), DDX41 siRNA (blue), or treatment with 4 µM 
actinomycinD D for 6 hours (orange). Metagene profiles of MapR signal ranging from -2kilo bases (kb)/+2kb around 
the transcription start site (TSS) of all expressed genes based on RNA-sequencing analysis of U2OS cells, divided into 
4 quantiles. Shadows indicate the standard error of the median between replicates. d: The log2 fold change (FC) of the 
reads per kilo base per million mapped reads (RPMK) of MapR signal between the ∆catRNaseH-MNase and the 
untargeted pA-MNase obtained +/-1kb around the transcription start site (TSS) of all expressed genes based on RNA-
sequencing. Mean RPMKs between n = 3 biologically independent experiments are shown. Whiskers represent the 
5th-95th percentile, limits the 25th-75th percentile, the center line the median, and individual dots depict outliers. P-
values (p < 0.0001, p < 0.0001) were derived using two-sided paired Welch´s t-test. e: Scatter plot of MapR regions 
in U2OS cells. Consensus regions were constructed using the intersection of peaks for the replicates in each condition 
(siCtrl and siDDX41). The union of these regions was used for further analysis and quantification of the coverage/FC. 
The mean log2 fold change between siCtrl and siDDX41 is plotted against the log2 average counts per million 
representing the coverage. Genomic regions that are differentially regulated (FC>2) are highlighted in red (up) or in 
blue (down). f: Genomic feature distribution of the regulated MapR regions in U2OS cells after DDX41 knockdown. 
Features are color-coded as indicated in the legend. g: The proportion of genomic regions with R-loop gains or losses 
in U2OS cells overlapping CGIs or not-overlapping regions are depicted. h: Reactome pathway over-representation 
analysis for genes with R-loop gains in U2OS cells. The adjusted p-values (Fisher´s exact test with Bonferroni-Holm 
correction) are indicated. 

We overlapped promoters bound by DDX41 with promoters that displayed R-loop gains in DDX41 

knockdown cells. Binding of DDX41 coincided with increased R-loop formation at the exemplary 

USP1 promoter (Figure 16a). Globally, roughly 39% of promoters with R-loop increase were also 

occupied by DDX41 (Figure 16b). This overlap might be an underestimation since DDX41 is 

loosely associated with chromatin, and greenCUT&RUN was performed with GFP-tagged DDX41 

while the endogenous DDX41 was still present. Taken together, our data strongly suggest a 

potential role for DDX41 in maintaining promoter R-loop homeostasis. Promoter R-loops, 

especially within CGIs, have been associated with transcriptional regulation73. We monitored 

global nascent transcriptional activity by measuring 5-Ethynyl Uridine (EU) incorporation. 

Intriguingly, the accumulation of R-loops in the promoter region in DDX41 knockdown cells did 

not cause a global transcription defect (Figure 16c). However, we found a significantly decreased 

serine 5- and significantly increased serine 2-phosphorylation of the RBP1 C-terminal domain 

(CTD), suggesting altered transcriptional dynamics (Figure 16d, 16e), potentially, due to 
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augmented RNA Pol II promoter-proximal pausing due to excessive R-loop formation around the 

transcription start site. 

 

Figure 16: Promoter R-loop gains in DDX41 knockdown cells overlap with DDX41 binding sites 

a: Representative snapshot of a genomic region depicting R-loops and GFP-DDX41 binding profiled by MapR and 
greenCUT&RUN, respectively, in U2OS cells. b: Pie chart shows the proportion of R-loop gains in promoter regions 
that were also found to associate with GFP-DDX41 in CUT&RUN experiments in U2OS cells. c: Confocal microscopy 
analysis of EU intensity in U2OS cells after transfection for 48 h with control or DDX41 siRNA or DRB treatment for 
3 h. Center-line within the box represents the median, whiskers the 5th-95th percentile, limits the 25th-75th percentile 
and dots indicate outliers. At least 200 cells per condition were measured across n = 1 experiment. P-values (p = 0.761, 
p < 0.0001) derived using one-Way-ANOVA with Tukey correction for multiple comparisons. d/e: Confocal 
microscopy analysis of RBP1-CTD pSer2 or pSer5 intensity in U2OS cells after transfection for 48 h with control or 
DDX41 siRNA or DRB treatment for 3 h. The Center line within the box represents the median, whiskers the 5th-95th 
percentile, limits the 25th-75th percentile and dots indicate outliers. At least 200 cells per condition were measured 
across n = 1 experiment. P-values (p = 0.0095, p < 0.0001, p < 0.0001) were calculated using one-way-ANOVA with 
Tukey correction for multiple comparisons. Ser5: p-value < 0.0001 derived using two-sided student´s t-test. 
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2.5 DDX41 opposes promoter DSB hotpots and inflammatory signaling 
Global R-loop accumulation in DDX41 knockdown cells led to R-loop-dependent genomic 

instability. We further investigated whether the genomic instability is a result of DSB formation 

and if DSBs co-localized with R-loop hotspots in the genome. To map DSBs genome-wide after 

DDX41 depletion, we performed Break Labeling In Situ and Sequencing (sBLISS) in HCT116 

cells354,355. As previously described354,356–358, spontaneous DNA fragility hotspots predominantly 

overlapped with promoter regions in unperturbed cells (Figure 17a, 17b, 17c). The tendency 

towards promoter fragility was even more striking in DDX41 knockdown cells, in which 63% of 

hotspots overlapped with promoter regions (Figure 17a, 17b, 17c). In total, we identified 8,381 

DNA fragility hotspots in the absence of DDX41. Of those, 2,423 were also present in unperturbed 

cells, whereas 5,958 were exclusively identified in DDX41 knockdown cells (Figure 17d). To 

assess to which extent R-loop accumulation coincided with DNA fragility hotspots, we performed 

MapR in HCT116 cells. Similar to U2OS cells, R-loop levels were dependent on the transcriptional 

status of a gene, which we determined based on published GRO-sequencing data from HCT116 

cells (Figure 17e)359. Loss of DDX41 in HCT116 resulted in significantly increased R-loops in the 

promoter region of transcribed genes (Figure 17e). Within 3 biologically independent experiments, 

we identified 15,177 R-loop-containing regions in DDX41 knockdown HCT116 cells, of which 

7,275 displayed a gain in R-loops (FC > 1.5) compared to unperturbed control cells (Figure 17f). 

R-loop stabilization and increased DNA fragility coincided at the exemplary NDFIP2 promoter in 

DDX41 knockdown cells (Figure 17g). Across the genome, 1,642 promoter regions displayed 

increased DNA fragility in the absence of DDX41 based on sBLISS. Of those, 53% also showed 

excessive R-loop formation after DDX41 depletion (Figure 17h). 
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Figure 17: DDX41 opposes deleterious R-loop accumulation and associated DNA fragility in the promoter 
regions 

a: Representative snapshot of the NEIL3 genomic region depicting DNA fragility profiled by sBLISS in wild type and 
DDX41 knockdown HCT116 cells. b: Metagene profile showing the double-strand break (DSB) signal distribution 
profiled by sBLISS along genes in wild type and DDX41 knockdown HCT116 cells. c: Genomic feature overlapping 
DNA fragility hotspots mapped by sBLISS in wild type and DDX41 knockdown HCT116 cells. Features are color-
coded as indicated in the legend. d: Venn diagram showing the number of unique and overlapped peaks mapped by 
sBLISS in wild type and DDX41 knockdown HCT116 cells. e: Heat maps showing the distribution of the MapR signal 
of all expressed genes for pA-MNase and ∆catRNaseH-MNase conditions after 48 h control or DDX41 knockdown in 
HCT116 cells. MapR signal was sorted based on gene expression level obtained from the previously published GRO-
sequencing analysis from high to low. The region -2kb/+ 2kb around the TSS is individually displayed for each 
biological replicate. Metagene profiles are outlined above the associated heat maps. f: Scatter plot of MapR regions in 
HCT116 cells. Consensus regions were constructed using the intersection of peaks for the replicates in each condition 
(siCtrl and siDDX41). The union of these regions was used for further analysis and quantification of the coverage/fold 
change (FC). The mean log2 FC between siCtrl and siDDX41 is plotted against the log2 average counts per million 
representing the coverage. Genomic regions that are differentially regulated (FC>2) are highlighted in red (up) or in 
blue (down). g: Representative snapshot of a genomic region showing accumulation of R-loops and DSBs profiled by 
MapR and sBLISS, respectively, in HCT116 cells. h: Pie chart showing the percentage of double-strand breaks (DSB) 
gains (FC >2) mapped to promoters in DDX41 knockdown HCT116 cells that overlap or not with R-loops mapped in 
DDX41 knockdown (KD) HCT116 cells. 

More than half of the increased DNA fragility sites coincided with the increased R-loop formation 

in DDX41 knockdown cells, suggesting that DDX41 is required to prevent R-loop-dependent 

genomic instability in the promoter region. Excessive R-loop formation due to dysregulation and 

subsequent DNA damage have been reported as potent activators of an inflammatory response. 

Strikingly, RNA-sequencing after knockdown of DDX41 in U2OS cells revealed upregulation of 

inflammatory signaling genes, in particular NF-kB signaling (Figure 18a). Accordingly, we 

observed significantly increased nuclear localization of the NF-kB subunit p65 upon loss of 

DDX41, confirming an active inflammatory response (Figure 18b). Of note, NF-kB genes were 

neither occupied by DDX41, nor displayed changes in R-loop levels after DDX41 knockdown. 

Activation of inflammatory signaling was most likely triggered by increased genomic instability 

and not due to changes in transcription via altered R-loop homeostasis in the promoter region of 

inflammatory response genes. 
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Figure 18: R-loop-dependent genomic instability in DDX41 knockdown cells is accompanied by an 
inflammatory response 

a: Network of the Reactome pathway enrichment analysis of up-regulated genes after DDX41 knockdown compared 
to control knockdown based on RNA-seq. All expressed genes were used as background. The size of the dots indicates 
the number of genes contributing to the displayed term. Gradual coloring represents the adjusted p-values based on 
Fisher´s exact test with Bonferroni correction for multiple comparisons. b: (left) Immunofluorescence analysis of p65 
after 48 h of indicated knockdowns in U2OS cells. Dots represent measurements of individual cells, black line indicates 
the median of the population with interquartile range. Representative data of n = 2 biologically independent 
experiments. P-value < 0.0001 derived from n > 100 cells using unpaired, two-sided Student’s t-test. (Right) Confocal 
microscopy of p65 after 48 h control knockdown or DDX41 knockdown in U2OS cells. Representative images of p65 
staining (cyan) and DNA counterstaining with DAPI are displayed on the right. Quantification is shown on the left. 
Data derived from n = 2 biologically independent experiments. Scale bars represent 15 µm. 

2.6 DDX41 opposes spontaneous DSB formation in HSPCs 
Pathogenic germline and somatic mutations of DDX41 have been identified in MDS and AML 

patients264,270,360. To assess the potential role of R-loop-dependent genomic instability in the 

development of MDS and AML, we depleted DDX41 in hematopoietic stem and progenitor cells 
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(HSPCs) and monitored 53BP1 foci as a proxy for spontaneous DSB formation. DDX41 

knockdown HSPCs displayed significantly increased 53BP1 foci, likely due to excessive R-loop 

formation (Figure 19a). The expression of pathogenic DDX41 AML variants (R525H and 

L237F+238T) in HSPCs led to a mild increase in 53BP1 foci formation compared to the expression 

of wild type DDX41. These findings suggest that wild-type DDX41 is required to maintain 

genomic stability and that AML variants of DDX41 act as dominant-negative mutants (Figure 19b). 

 

Figure 19: Loss of DDX41 or expression of pathogenic AML variants induces DSB formation in HSPCs 

a: Immunofluorescence analysis of HSPCs after 24 h of indicated knockdowns. Cells were nucleofected with plasmids 
encoding GFP and respective shRNAs. GFP-positive cells were sorted via FACS and seeded on coverslips. 
Representative images of 53BP1 (red) staining in HSPCs (left). DNA was counterstained with DAPI (blue). 
Quantification of nuclear 53BP1 intensity (right). Each dot represents a single measured value. The black line indicates 
the median. At least 80 cells across n = 2 biologically independent experiments were measured per condition. P-values 
(p < 0.0001, p < 0.0001, p = 0.2227) were calculated by one-way ANOVA with Tukey correction for multiple 
comparisons. Scale bars - 20 µm. b: Immunofluorescence analysis of HSPCs after expression of DDX41 WT, 
L237F+P238T, or R525H mutants tagged with GFP. GFP-positive cells were sorted by FACS and used for the analysis. 
Representative images of 53BP1 (red) staining in HSPCs (left). DNA was counterstained with DAPI (blue). 
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Quantification of nuclear 53BP1 intensity (right). Dots represent results from individual cells. The median is indicated 
by the black line. P-values (p = 0.0237, p = 0.624, p = 6.018) were derived from at least 30 cells across n = 1 experiment 
using one-way ANOVA with Tukey correction for multiple comparisons. Scale bars - 20 µm. 

We propose that wild-type DDX41 associates with promoter regions of highly transcribed genes 

in human cells to maintain promoter-proximal R-loop homeostasis. Unwinding of promoter-

proximal R-loops promotes faithful RNA Pol II transcription elongation. In the absence of 

functional DDX41 or the presence of pathogenic MDS/AML variants, impaired promoter-proximal 

R-loop unwinding leads to R-loop accumulation, replication stress, and promoter-associated DSB 

hotspots. Cells lacking DDX41 experience R-loop-dependent DNA damage and replication stress, 

acquire dependency on ATR signaling, and activate an inflammatory response (Figure 20). 

 

Figure 20: Impaired unwinding of promoter-associated R-loops in the presence of DDX41 AML variants results 
in replication stress, DSB formation, dependency on ATR, and inflammatory signaling 

Wild type DDX41 associates with R-loops in promoters of active genes and balances R-loop levels by unwinding 
RNA-DNA hybrids. Pathogenic DDX41 variants found in acute myeloid leukemia (AML) display impaired RNA-
DNA hybrid unwinding activity, leading to the accumulation of R-loops at promoters. Accumulation of R-loops at 
promoters results in increased replication stress, DSBs, and inflammatory signaling, rendering DDX41 mutated AML 
cells vulnerable to ATR inhibitors. 
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3 Discussion 
 

3.1 Strengths and weaknesses of the RDProx workflow 
R-loops contribute to the regulation of various crucial processes such as transcription, mitosis, and 

DNA repair. Tight control of R-loop abundance is important for cell survival since deleterious R-

loop accumulation is associated with replication stress and genomic instability. Mutations in R-

loop regulating proteins predispose patients to neurological disorders and cancer210,250,361. 

Understanding the contribution of R-loop dysregulation to disease development requires more 

precise characterization of the R-loop regulatory proteome. We established an MS-based workflow 

called RDProx to identify R-loop proximal proteins in human cells. RDProx relies on the hybrid 

binding domain of RNaseH1, which targets the conjugated ascorbate peroxidase APEX2 to RNA-

DNA hybrids on chromatin under native conditions. Specificity towards RNA-DNA hybrids is 

achieved by utilizing a non-binding mutant of the HBD as a control, which contains three point 

mutations (HBD-WKK). We applied RDProx in HEK293T cells in a SILAC-based approach and 

identified 612 R-loop proximal proteins, which we distinguished into two categories depending on 

their enrichment (Tier 1 and Tier 2). Thus, RDProx provides an important resource for further 

functional characterization of R-loop regulating proteins. 

Before this study, two distinct proteomic approaches have been established to identify R-loop 

binding proteins. The first study employed the S9.6 antibody to enrich R-loops and associated 

proteins after cell lysis and chromatin fragmentation, while the second probed biotinylated RNA-

DNA hybrid oligo substrates with nuclear extracts to identify R-loop interacting proteins in 

vitro152,214. RDProx is in many regards advantageous over the previous two approaches: (1) R-loop 

proximal proteins are labeled in vivo under native conditions before cell lysis, while chromatin and 

other cellular compartments are still intact; (2) harsh extraction conditions to solubilize chromatin-

associated proteins, which are detrimental to R-loops and not applicable to Co-IP-based methods, 

can be used after biotinylation; (3) high salt washing conditions are applicable due to the strong 

binding between biotin and NeutrAvidin during the enrichment step, thus depleting unspecific 

secondary interactors during the pulldown; (4) high discrimination between RNA-DNA hybrids 

and RNA species by using an S9.6-independent probe to target APEX2 to R-loops362. Unspecific 

binding of the S9.6 antibody to RNA species, especially rRNA precursors, has recently raised 

doubts in S9.6-based approaches362. Indeed, an unbiased comparison between RDProx and the 
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S9.6-based proteomic study by gene set enrichment analysis revealed “rRNA processing” and 

“ribosome biogenesis” as the most significant terms for proteins, exclusively enriched by S9.6 co-

IP (Figure 8a). Similar terms were significantly enriched for proteins identified by the in vitro 

RNA-DNA hybrid pulldown, which is inherently biased towards highly abundant proteins (Figure 

8b). Terms associated with ribosome biogenesis were not significantly enriched among the proteins 

identified by RDProx since the HBD discriminates better between RNA-DNA hybrids and RNA 

than the S9.6 antibody. Furthermore, since RDProx is based on proximity labeling, it is less biased 

towards highly abundant proteins such as ribosomal proteins compared to in vitro pulldowns. 

However, also RDProx possesses inherent drawbacks. The HBD-APEX2 fusion protein needs to 

be exogenously expressed, which makes RDProx inapplicable for the identification of R-loop 

proximal proteins in primary cells and patient samples. Moreover, RDProx relies on the HBD of 

RNaseH1 and is therefore inherently biased to the subset of R-loops that is bound by RNaseH1. 

Comparison of S9.6 or RNaseH1-based genome-wide R-loop mapping approaches suggests the 

existence of two classes of R-loops72. S9.6-based methods recover mostly long R-loops within the 

gene body and the transcription termination site, while RNaseH1-based workflows mostly identify 

short promoter-proximal R-loops, which frequently form during promoter-proximal pausing of 

RNA Pol II. In contrast, an alternative study suggests that the bias arises due to the distinct 

protocols of ex vivo and in vivo approaches and not due to different binding properties of the 

probes256. Promoter-proximal R-loops were identified under native conditions, while ex vivo 

mappings predominantly led to the recovery of R-loops in the gene body and the transcription 

termination site256. Intriguingly, this was independent of the probe, suggesting that RNaseH1 

binding is not restricted to promoter-proximal R-loops. As of now, it remains unclear whether the 

HBD of RNaseH1 only binds to a specific subset of R-loops in the genome. However, since 

RDProx is performed in vivo under native conditions, we acknowledge that RDProx might recover 

mostly proteins that associate with promoter-proximal R-loops. Accordingly, RDProx identified 

proteins involved in splicing regulation and spliceosome assembly, which could present from 

loading of the spliceosome onto the nascent transcript during promoter-proximal pausing of RNA 

Pol II (Figure 8a). Accordingly, we also found multiple components of the mediator complex and 

transcription factors which are associated with promoter regions (Figure 8a). Moreover, we 

detected a number of proteins involved in DNA replication that might indicate conflicts of the 

transcription and the replication machinery or overlap of transcription initiation sites and 

replication origins at CGIs. 
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3.2 RDProx deciphers the human R-loop proximal protein network 
We successfully mapped the human R-loop proximal proteome by applying our newly established 

RDProx workflow in human cells. The vast majority of R-loops in the human genome form co-

transcriptionally in association with RNA polymerases255,363. Transcription-dependent R-loop 

formation is not exclusive to protein-coding genes transcribed by RNA Pol II but has also been 

observed for nucleolar rRNA loci and tRNA loci, transcribed by RNA Pol I and RNA Pol III, 

respectively93. In accordance, we identified several subunits from the three different RNA 

polymerase complexes such as POLR1A, POLR2A/B, and POLR3A/F, underlining the co-

transcriptional character of the structure. Importantly, RDProx does not appear to be biased to RNA 

Pol II-transcribed protein-coding genes but also maps proximal proteins of RNA Pol I and RNA 

Pol III-associated R-loops. Moreover, we found multiple subunits of the mediator complex (MED1, 

MED12, MED13) and various transcription factors (GTF2E1, GTF2I, GTF3C2, BCLAF1, NFYC), 

which together with the identification of spliceosome assembly proteins suggests that RDProx 

preferentially identifies proteins proximal to promoter-associated R-loops (Figure 8a). 

RNA modifications define an important feature for the regulation of gene expression. One of the 

most frequent covalent RNA modifications is the N6-methyladenosine (m6A)364. Multiple recent 

studies have reported m6A-modified RNA within RNA-DNA hybrids239–241. Our RDProx analysis 

provides first evidence for the association of m6A RNA machinery with R-loops in human cells. 

Alongside m6A writers (m6A-METTL-associated complex: VIRMA, ZC3H13, and RBM15), we 

identified readers (HNRNPA2B1 and HNRNPC) and erasers (ALKBH5 and FTO) near R-loops 

(Figure 8a). These identifications suggest that m6A-modified RNA within R-loops displays an 

additional layer for the regulation of R-loop stability through RNA processing proteins. Indeed, 

m6A deposition on RNA-DNA hybrids has been shown to influence R-loop homeostasis. During 

mitosis, m6A deposition on RNA-DNA hybrids by METTL3 leads to the recruitment of the m6A 

reader YTHDF2, which subsequently promotes R-loop turnover240. While mitotic R-loops seem to 

be destabilized in an m6A-dependent manner, m6A deposition within R-loops at transcription 

termination sites increases R-loop stability239. Loss of m6A within RNA-DNA hybrids and causal 

R-loop destabilization at transcription termination sites causes RNA Pol II read-through 

transcription due to aberrant transcription termination239. Further studies are required to unravel 

the role of dynamic m6A deposition within different classes of R-loops. 
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DNA replication-associated proteins define another large group, which is proximal to R-loops 

based on RDProx. We identified components of the MCM complex, WDHD1, RFC1/2/4, MSH6, 

CHAF1B, RECQL, and the ssDNA-binding proteins RPA1/2. Conflicts between the replication 

machinery and the transcription machinery in the form of R-loops have been shown to negatively 

influence replication fork progression and promote DNA damage. Accordingly, RNase H enzymes 

ensure unperturbed replication fork progression by removing unscheduled R-loops230. Different 

orientations of the replication machinery and transcription machinery during TRCs have been 

shown to influence R-loop formation due to changes in DNA supercoiling. Co-directional conflicts 

lead to a reduction in R-loops, whereas head-on conflicts result in R-loop stabilization172. 

Moreover, the MCM complex itself may act as an R-loop resolvase, since it possesses in vitro 

helicase activity towards RNA-DNA hybrids365. Therefore, the MCM helicase complex could 

potentially remove co-directional R-loops before the replication fork during S-phase to prevent 

TRCs. ATAD5-dependent PCNA unloading behind the replication fork and recruitment of DEAD-

box helicases to replication forks have also been described as two mechanisms to prevent collisions 

between the replisome and the transcription machinery366. Moreover, co-occurrence of replication 

origins and transcription start sites at CGIs requires tight regulation and timely coordination of the 

two processes to prevent TRCs188,367. Since replication and transcription share the same template 

during S-phase, crosstalk between the two dedicated machineries is required to maintain genome 

stability. RDProx provides further evidence of replication-associated proteins in the proximity of 

R-loops, thus establishing the foundation for further studies to investigate which proteins oppose 

TRC-dependent genomic instability in human cells.  

Another set of proteins identified by RDProx are chromatin remodelers such as SMARCA4, 

ARID1A, SMARCC1, and SMARCE1. Their association suggests an R-loop regulatory role for 

SWI/SFN complexes, which are known to associate with the H3K27 acetylation mark at actively 

transcribed sites368,369. In accordance, chromatin remodeling has been proposed as a central 

mechanism for R-loop regulation. Loss of ATPase activity of the SWI/SFN complex results in R-

loop accumulation, higher TRC frequency, and R-loop-dependent genomic instability, indicating 

that the SWI/SFN chromatin remodeling activity is crucial to maintaining R-loop homeostasis370. 

Moreover, ARID1A-containing BAF complexes have been shown to prevent replication stress by 

opposing excessive R-loop accumulation in a TOP2A-dependent manner371. In addition to R-loop 

regulatory functions of chromatin remodelers, R-loop formation can also impact the recruitment of 
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chromatin remodelers. R-loop stabilization at 5´ends of transcribed genes is associated with the 

recruitment of the Tip60-p400 chromatin-activating complex, whereas recruitment of the 

Polycomb repressive complex (PRC2) is inhibited in an R-loop-dependent manner372. The 

identification of components of SWI/SFN complexes by RDProx further implies a potential role 

for chromatin remodelers at R-loops. Moreover, the presence of the BPTF subunit at R-loops 

suggests recruitment of the NURF-1 and NURF-5 ISWI chromatin remodeling complexes to R-

loops373.  

A significantly overrepresented class of proteins identified at R-loops by RDProx are 

DEAD/DEAH-box helicases such as DDX5, DDX17, DDX18, DDX19, DDX21, and DDX39B 

(Figure 8b). One of the most studied R-loop resolvases is the DDX5 helicase183,216,353,374,375. DDX5 

resolves R-loops at transcription termination sites in a PRMT5-dependent manner through 

association with Thrap3 and XRN2216,374. Moreover, DDX5 is recruited to DSBs by BRCA2 to 

remove RNA-DNA hybrids at the break site, thereby allowing resection and DNA repair via the 

HR pathway183,353. In contrast, a recent report suggests that DDX17 promotes the formation of 

RNA-DNA hybrids at DSBs to promote DNA repair, indicating a dynamic role of RNA-DNA 

hybrids during DSB repair376. Very little is known about the role of DDX18 in R-loop regulation. 

Until today, DDX18 has only been shown to bind RNA-DNA hybrids in vitro and to co-localize 

with R-loops in the nucleoli214. Since the co-localization has been identified using the S9.6 

antibody, the co-localization may be an artifact and instead be a co-localization with rRNA 

precursors362. Identification of DDX18 by RDProx displays further evidence of its association with 

R-loops. Another DEAD-box helicase with RNA-DNA hybrid unwinding activity is the DDX21 

helicase. De-acetylation by SIRT7 augments the helicase activity of DDX21 in vivo, thereby 

promoting R-loop unwinding215. Through its RNA-DNA unwinding activity, DDX21 ensures RNA 

polymerase elongation by resolving R-loop-mediated stalling. Loss of DDX21 is associated with 

increased R-loop-dependent genomic instability. However, which genomic regions are regulated 

by DDX21 remains elusive. The nucleopore-associated helicase DDX19 re-localizes to chromatin 

in response to replication stress in an ATR-dependent manner to resolve R-loops at sites of 

TRCs217. Accordingly, DDX19 was not identified by RDProx since it was performed under 

unperturbed conditions. We also identified the DDX39B/UAP56 helicase in the vicinity of R-loops, 

which associates with elongating transcription complexes as far as the transcription termination 

site. Faithful transcription elongation and termination are ensured by R-loop unwinding activity of 
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DDX39B throughout the gene body until the nascent transcript is released219. However, excessive 

R-loop formation in the absence of DDX39B might also result from alterations in nuclear mRNA 

export since DDX39B is part of the TREX complex377,378. Further studies are essential to 

differentiate a potential role as an R-loop resolvase from its role in mRNA export. RDProx further 

supports the idea that DDX39B associates with R-loops in human cells. In addition to previously 

reported R-loop-associated DEAD-box helicases, our study revealed 5 additional DEAD-box 

helicases without a known role in R-loop regulation (DDX27, DHX37, DDX39A, DDX41, and 

DDX42) to be associated with native R-loops. 

3.3 DDX41 prevents spontaneous R-loop-dependent DNA damage 
Enrichment of DEAD/DEAH-box proteins DDX27, DHX37, DDX39A, DDX41, and DDX42 at 

R-loops based on RDProx prompted us to investigate their potential role in R-loop metabolism. 

None of the five helicases has yet been linked to R-loops regulation. Instead, DDX27 has been 

reported to be part of the rRNA processing machinery379, DHX37 to participate in ribosome 

biogenesis380, DDX39A to be involved in nuclear mRNA export381,382, DDX41 to be associated 

with the spliceosome262 and DDX42 to act as an RNA chaperone383. Global R-loop accumulation 

has been frequently shown to result in spontaneous DNA damage, thus we investigated if 

knockdown of any of the five helicases led to increased yH2AX levels. We only observed 

significant yH2AX formation after loss of DDX41, whereas no spontaneous DNA damage was 

evident after knockdown of the other four helicases (Figure 9a, 9b). Although we cannot rule out 

that the four other helicases regulate R-loops locally, our data suggest that exclusively DDX41 

opposes global R-loop accumulation, thereby safeguarding genomic stability. Overlap with a 

genome-wide siRNA screen supports our finding, since out of the five helicases only DDX41 ranks 

in the most significant category for inducing spontaneous yH2AX upon knockdown384. 

Furthermore, DDX41 knockdown led to significantly increased 53BP1 foci under pre-extraction 

conditions, indicating DSB formation (Figure 9c). R-loop-dependent DNA damage has frequently 

been shown to be sensitive to overexpression of nuclear RNaseH1. We, therefore, generated a 

U2OS cell line, which overexpresses the nuclear version of human RNaseH1 (M27-RNaseH1) 

under the control of a doxycycline-inducible promoter. Importantly, overexpression of nuclear 

RNaseH1 resulted in partially but significantly reduced DDX41 knockdown-dependent yH2AX 

and 53BP1 foci (Figure 9c, 9d). Moreover, neutral comet assay revealed that physical DSBs, which 

appear in the absence of DDX41, are suppressed by overexpression of M27-RNaseH1, suggesting 

that DDX41 opposes R-loop-dependent genomic instability (Figure 9e). The partial rescue of 
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spontaneous DNA damage after loss of DDX41 by RNaseH1 overexpression might be indicative 

of additional R-loop-independent DNA damage in DDX41 knockdown cells. However, 

overexpression of RNaseH1 has dramatic effects on cell proliferation, transcription, and DNA 

repair since also regulatory RNA-DNA hybrids are removed385,386. Thus, the partial rescue may 

also result from a dynamic situation, in which overexpressed RNaseH1 hydrolyzes deleterious 

DDX41 knockdown-dependent R-loops, while also removing native R-loops. Overexpression of 

RNaseH1, therefore, suppresses DNA damage at sites caused by depletion of DDX41, while 

potentially generating DNA damage in other regions. Comparable rescue of R-loop-dependent 

DNA damage has been observed in other studies. Expression of pathogenic MDS mutants of 

SF3B1 in K562 cells resulted in R-loop accumulation and spontaneous yH2AX formation, which 

was only partially suppressed by RNaseH1 overexpression387. In addition, increased R-loop-

dependent pATM levels in Werner syndrome cells were only partially rescued by overexpression 

of RNaseH1275. 

We performed sBLISS in DDX41 knockdown cells to map the genome-wide distribution of DSB 

hotspots. As previously reported, promoter regions displayed spontaneous DNA fragility hotspots 

in unperturbed control cells354,355. Elevated accumulation of spontaneous DSBs in the promoter 

region upon depletion of DDX41 points to a function in opposing transcription-dependent genomic 

instability. Especially the promoter region is prone to endogenous DNA fragility through conflicts 

between replication and transcription machineries. To test if DNA damage in DDX41 knockdown 

cells was dependent on replication, we monitored spontaneous yH2AX levels throughout different 

cell cycle stages. Cell cycle-dependent yH2AX analysis in DDX41 knockdown cells revealed that 

spontaneous DNA damage peaked during the S-phase of the cell cycle, suggesting replication-

dependent DNA damage induction (Figure 10a). 

3.4 DDX41 knockdown cells suffer from DNA replication stress 
Although the strongest yH2AX activation was evident during S-phase, we observed significantly 

increased levels throughout the cell cycle. Deleterious R-loops in DDX41 knockdown cells might 

be processed by NER factors, thereby inducing R-loop-dependent DNA damage independent of 

the cell cycle stage207. However, we speculate that DNA damage upon DDX41 depletion arises 

during S-phase through TRCs and is propagated into G2/M and subsequent G1 phase since yH2AX 

levels peaked during S-phase. Accumulation of TRCs during the S-phase caused by excessive R-

loop formation has been reported as a frequent driver of replication stress and spontaneous DNA 
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damage219,366,370,388,389. Accordingly, DDX41 knockdown cells displayed significantly higher levels 

of the ATR-dependent replication stress marker pRPA (Ser33) (Figure 10b). Moreover, 

progression of replication forks was significantly impaired to a similar extent as in cells treated 

with a low dose of the DNA polymerase inhibitor aphidicolin (Figure 10c). We also observed 

significant alterations of Ser2/5 phosphorylation dynamics of the CTD of RNAPII, indicating 

perturbations during transcription initiation and elongation. Taken together, these findings suggest 

increased replication stress due to TRCs and activation of the replication stress response. In line, 

knockdown of DDX41 in U2OS cells or overexpression of pathogenic AML variants in OCI-AML 

3 cells led to ATR inhibitor sensitivity. R-loop-dependent TRCs induce distinct DNA damage 

responses based on the orientation of the conflict172. Co-directional TRCs have been shown to 

induce the ATM-CHK2 axis, whereas HO conflicts result in activation of the ATR-CHK1 

pathway172. Dependency of cells on ATR signaling and phosphorylation of prominent ATR 

substrates in the absence of DDX41 suggest that DDX41 knockdown cells primarily experience 

deleterious HO TRCs. Potential benefits from treatment with ATR inhibitors for MDS/AML 

patients with pathogenic DDX41 mutations should be further explored. 

3.5 DDX41 regulates promoter-associated R-loops 
The presence of DDX41 at R-loops under native conditions and spontaneous R-loop-dependent 

genomic instability in DDX41 knockdown cells prompted us to investigate the potential role of 

DDX41 as an R-loop resolvase. Indeed, S9.6 dot blot analysis revealed a global accumulation of 

R-loops in the absence of DDX41 (Figure 12d). Usage of the S9.6 antibody for R-loop detection is 

under strong debate since it also recognizes ssRNA and dsRNA species362. To rule out artifacts, we 

treated dot blot samples with RNaseIII and RNaseT1 to deplete ssRNA and dsRNA before spotting 

the nucleic acids on the nitrocellulose membrane. Moreover, we included an in vitro RNase H 

digestion control to show S9.6 specificity towards RNA:DNA hybrids. We complemented the dot 

blot analysis with an S9.6-independent HBD-GFP chromatin retention assay, which also revealed 

an accumulation of R-loops after DDX41 depletion (Figure 12e). Importantly, excessive R-loop 

formation was suppressed by overexpression of nuclear RNaseH1 or transcription inhibition using 

DRB. Global R-loop gain in the absence of DDX41 tempted us to hypothesize that DDX41 acts as 

an R-loop resolvase. We purified full-length DDX41 to test its in vitro binding and unwinding 

ability toward RNA-DNA hybrids. Before our study, very little was known about the potential 

substrates of DDX41 and its enzymatic activity. Previous structural analysis revealed a conserved 

binding mode to ATP, similar to the one identified in DDX3, underlining its role as an ATP-
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dependent helicase266. Moreover, modeling of the DDX41 structure together with dsDNA suggests 

that binding to double-stranded nucleic acids is facilitated by the DEAD-domain and that the 

helicase domain is dispensable for binding266. Furthermore, DDX41 hydrolyzes ATP in the 

presence of different dsDNA substrates, indicative of enzymatic activity towards double-stranded 

nucleic acid substrates390. Our study provides the first evidence that purified DDX41 displays 

stronger binding towards RNA-DNA hybrids than dsDNA in vitro (Figure 12c). In accordance, 

DDX41 within nuclear extracts associates stronger with an RNA-DNA hybrid substrate in 

comparison to a dsDNA substrate214. Moreover, we found that DDX41 hydrolyzes ATP in the 

presence of RNA-DNA hybrids and displays unwinding activity towards RNA-DNA hybrid 

substrates (Figure 13d, 13e). Strikingly, a helicase domain-deficient DDX41 mutant failed to 

unwind RNA-DNA hybrids in vitro (Figure 13f). Various helicases with RNA-DNA hybrid 

unwinding activity have been reported, indicating that cells require multiple R-loop resolvases 

which regulate spatial and temporal distinct subsets of R-loops. SETX and DDX5 have been 

reported to unwind damage-induced RNA-DNA hybrids at DSBs101,353. The nucleopore-associated 

DDX19 helicase re-localizes to the nucleus after replication stress in an ATR-dependent manner 

to prevent R-loop-dependent replication fork stalling217. DDX39B/UAP56 ensures transcription 

elongation by unwinding R-loops along the gene body and the transcription termination site219. 

Similarly, DHX9 associates with transcription termination sites to support the release of RNA Pol 

II and faithfully terminate transcription152. In contrast, we demonstrated that DDX41 associates 

with promoter regions of highly transcribed genes in vivo to unwind promoter-proximal R-loops, 

thereby ensuring RNA Pol II elongation initiation. Loss of DDX41 resulted in excessive 

accumulation of promoter-associated R-loops in highly transcribed genes. Importantly, the role of 

DDX41 in maintaining promoter-proximal R-loop homeostasis was evident in U2OS cells and 

HCT116 cells, suggesting that DDX41 is a general promoter-associated R-loop resolvase in human 

cells. Further analysis revealed a striking overlap between promoters that accumulated R-loops and 

DSBs in DDX41 knockdown cells, indicating that DDX41 safeguards promoters against R-loop-

dependent genomic instability. Intriguingly, we observed promoters containing R-loop gains which 

did not experience DNA fragility, suggesting that not all stabilized R-loops in the absence of 

DDX41 are translated into DNA damage. Comparison between genomic regions that are prone to 

DNA fragility after R-loop stabilization and regions that do not accumulate DSBs might reveal 

mechanistically why some R-loops lead to DNA damage while others do not. As previously 

described172, we speculate that the orientation between the replication fork and the R-loop-
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associated transcription machinery might be decisive whether DSBs arise after excessive R-loop 

formation in the promoter region. Moreover, overlap of R-loops and replication origins at CGIs 

might contribute to R-loop-dependent fragility. Future OK-sequencing and ORC1 CUT&RUN-

sequencing analysis after loss of DDX41 are required to map directionality of the replication fork 

and sites of replication origins genome-wide. Correlation between our MapR/sBLISS analysis, 

replication fork directionality and sites of replication origins might elucidate why a specific subset 

of R-loops leads to DNA damage after stabilization. Moreover, we observed DSB hotspots in 

DDX41 knockdown cells, which were independent of R-loop gain. Intriguingly, we identified 

significant changes in the transcriptome of DDX41 knockdown U2OS cells by RNA-sequencing. 

Transcriptomic changes in genes that promote genomic stability after loss of DDX41 might cause 

secondary DSB formation at sites without R-loop gain in addition to primary DSB formation at 

sites with excessive R-loop formation. A more detailed view of individual changes in the 

transcriptome, complemented by proteome analysis of DDX41 knockdown cells is required. 

3.6 Pathogenic DDX41 mutations predispose to familial MDS/AML 
Pathogenic germline and somatic mutations in DDX41 are frequently found in patients with 

MDS/AML269,270,360. Primarily, germline mutations appear as frameshifts, resulting in a premature 

protein265. In addition, mutations in the DEAD and the helicase domains were identified, hinting 

toward loss of function mutations. Mutations in major splicing regulators such as SRSF2, SF3B1, 

U2AF1, and ZRSR2 define a predominant group of mutations associated with MDS/AML210,212. 

Due to the high frequency of splicing factor mutations in MDS/AML patients and the identification 

of pathogenic DDX41 variants, previous studies speculated about a potential role of DDX41 in 

splicing267,269,270. Indeed, acute depletion of the C.elegans orthologue of human DDX41, SACY-1 

results in altered 3´splice site usage and transcriptome changes262. Similarly, loss of human DDX41 

leads to pre-mRNA splicing alterations and differential RNA processing270. Moreover, co-

immunoprecipitation studies of endogenous DDX41 revealed an association with multiple splicing 

complexes such as the A, B, U2, U4/U6, and PRPF19 complex270. Due to the unspecific broad 

interaction with nearly all splicing complexes, we speculate that DDX41 is not an active member 

of the spliceosome, but rather associates through its high occupancy of promoter regions, at which 

the spliceosome is assembled onto the nascent transcript391. However, we hypothesize that splicing 

and transcriptome alterations are a consequence of excessive promoter-proximal R-loop formation 

in the absence of DDX41. Correlation between RNA Pol II transcription speed and co-

transcriptional splicing has been reported66,68,392. Accordingly, we speculate that deficient release 
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of RNA Pol II from promoter-proximal pausing due to aberrant R-loop unwinding in the absence 

of DDX41 leads to splicing alterations and transcriptomic changes. Interestingly, a recent study 

suggests that Ddx41 deficiency in zebrafish causes deleterious R-loop accumulation in HSPCs, 

upregulated inflammatory signaling, and aberrant expansion of HSPCs260. Moreover, augmented 

R-loop formation caused by pathogenic splicing factors mutations has recently been proposed as a 

common driver for MDS/AML, instead of splicing alterations itself210. We demonstrate that 

knockdown of DDX41 leads to promoter-associated R-loop accumulation and to spontaneous DSB 

formation in human HSPCs (Figure 19a). Similarly, even though less striking than the knockdown, 

expression of the AML-associated pathogenic DDX41 R525H mutant in HSPCs caused DSB 

induction, whereas no DSB formation was observed when wild-type DDX41 was expressed 

(Figure 19b). In vitro, we observed a mild but significant reduction in unwinding activity towards 

RNA-DNA hybrids when comparing the R525H variant with wild-type DDX41 (Figure 13f). Since 

we observed elevated DNA damage after exogenous expression of DDX41 R525H in the presence 

of the endogenous wild type, we speculate that the R525H variant acts as a dominant-negative 

mutant, which displaces the wild type from the promoter region, while not being able to faithfully 

unwind promoter-associated R-loops. Thus, the expression of R525H in HSPCs might lead to 

excessive R-loop accumulation and spontaneous R-loop-dependent DSBs, thereby contributing to 

the development of MDS/AML.  

Promoter-associated R-loops have been reported to regulate transcriptional dynamics73. Loss of 

promoter-proximal R-loop homeostasis in the absence of DDX41 potentially results in 

transcriptomic changes. Intriguingly, DDX41 knockdown cells displayed R-loop accumulation 

within the promoter region of genes, which are frequently altered in AML such as chromatin 

organization, RUNX1 interaction as well as NOTCH and TGF-β signaling (Figure 15h). Multiple 

driver mutations in genes coding proteins involved in chromatin organization have been identified 

in AML patients. Prominent mutations are found in TET2 and DNMT3A/B, which regulate DNA 

methylation dynamics, thereby influencing chromatin compaction and transcription393–397. 

Accordingly, targeting DNA methylation is being explored as a promising therapeutic strategy for 

AML patients398. Interestingly, demethylation therapy of AML patients with pathogenic DDX41 

mutations displays an overall high response rate of 69%399. Furthermore, mutations in members of 

the cohesion complex such as STAG2 and mutations in chromatin accessibility factors such as 

HMGN1 are associated with MDS/AML400–402. In addition, genes contributing to chromatin 
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organization, AML driver mutations in the runt-related transcription factor 1 (RUNX1) have been 

identified360,403,404. Moreover, upregulated TGF-β and NOTCH signaling have been linked to the 

progression of AML405–407. Especially deregulated TGF-β signaling in mesenchymal stromal cells 

within the micro-environment of HSPCs has been described as a relevant cause for MDS/AML405. 

Transcriptomic changes in these pathways caused by aberrant promoter-proximal R-loop 

processing in the presence of pathogenic DDX41 mutations may contribute to MDS/AML 

development and progression. 

As mentioned above, Ddx41-deficient zebrafish HSPCs displayed an active inflammatory response 

and altered HSPC expansion260. We demonstrated that loss of DDX41 results in spontaneous DNA 

damage, which is accompanied by upregulation of the inflammatory response and activation of the 

NF-kB pathway. Two distinct mechanisms may induce inflammation triggered by R-loop-

dependent DNA damage in DDX41 knockdown cells: (1) R-loops are identified and excised by the 

nucleotide excision repair proteins XPC/XPG and subsequently exported from the nucleus to the 

cytoplasm; (2) R-loop-dependent TRCs cause DNA damage and replication stress that both induce 

aberrations during mitosis. Chromosome segregation errors result in micronuclei formation in the 

subsequent G1 phase, during which nucleic acids might leak into the cytoplasm due to micronuclei 

rupture. In both scenarios, cytoplasmic nucleic acids would subsequently be detected by cGAS and 

activate the cGAS-STING pathway, which promotes the induction of inflammatory transcription 

factors such as IRF3 and NF-kB. Inflammatory signaling in HSPCs and their surrounding micro-

environment has been reported to influence HSPC activation, expansion, and myeloid 

differentiation304,307,310. Alterations during hematopoiesis including expansion of HSPCs and 

aberrant differentiation define classical features of MDS and AML. In accordance, DDX41 

knockout mouse embryos display dramatic defects in HSPC expansion and HSPC differentiation, 

confirming that DDX41 is a major regulator of hematopoietic development408. We propose that 

pathogenic DDX41 mutants in MDS/AML patients contribute to disease development and 

progression through two distinct mechanisms: (1) malignant HSPC expansion and differentiation 

through excessive R-loop and DSB accumulation in the promoter region as well as DNA-damage-

induced inflammatory signaling; (2) transcriptomic changes in genes involved in chromatin 

organization, RUNX1 regulation as well as NOTCH and TGF-ß signaling, caused by aberrant 

unwinding of promoter-proximal R-loops. Finally, the dependency of DDX41 knockdown cells on 
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ATR signaling suggests exploring ATR inhibition as a therapeutic approach in MDS/AML patients 

with DDX41 mutations.  

3.7 Genuine R-loop formation 
R-loops have been reported to form at distinct genomic loci, such as centromeres95,112, telomeres92, 

transcription start sites156,255, gene bodies151, and transcription termination sites151. Striking 

discrepancies between different R-loop mapping approaches have raised doubts about the 

genuineness of different subsets of R-loops72,409. The initial hypothesis that different classes of R-

loops are identified by RnaseH and S9.6-based approaches has recently been refuted256. Instead, 

short promoter-proximal R-loops (class I) are predominantly identified by native mapping 

strategies, while ex vivo-based approaches mostly recover longer R-loops that form throughout the 

gene body and the TTS (class II)72,256. So far, no convincing argument has been made why the two 

different types of protocols recover distinct R-loop classes. Although both classes could co-exist, 

there is also the possibility that one of the experimental pipelines identifies artefactual R-loops 

while the other identifies genuine R-loops. Strikingly, gene body R-loops which are mostly 

identified by RNA-based sequencing approaches such as DRIPc-seq and RR-ChIP, significantly 

overlap with RNAs derived from repeats such as Alu and LINE elements409. Although these RNA 

species could hypothetically form R-loops in trans410, it is more likely that these are artefactual R-

loops that result from co-purified repeat-containing dsRNA species, since they are not identified 

by DNA-based and native R-loop mapping approaches. Moreover, gene body R-loop signal 

identified by DRIPc-seq in fission yeast is sensitive to RNase III treatment, suggesting to result 

from dsRNA411. Unlike R-loops in gene bodies, TTS-associated R-loops are also recovered by 

DNA-based ex vivo sequencing approaches, suggesting that they are genuine class II R-loops152,389. 

Promoter-proximal class I R-loops are identified by all types of DNA-based R-loop sequencings, 

thus representing the second genuine type of R-loops156,255,389. High GC-skew in promoter regions 

further supports the idea of genuine promoter-proximal R-loops. Stabilization of co-transcriptional 

R-loops would require pausing of RNA Pol II, which is unlikely to happen within gene bodies 

under unperturbed conditions to an extent observed by DRIPc-seq and RR-ChIP. In contrast, 

promoter-proximal pausing of RNA Pol II is a well-established event, supporting the idea of 

promoter-proximal R-loops52. Moreover, RPA binding on both DNA strands and significantly 

reduced TOP1 activity at TSSs suggest that promoter-proximal R-loops constitute the predominant 

class of genuine R-loops409. 
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It remains elusive which subset of R-loops drives genomic instability. Although many studies have 

observed a global increase in R-loops and DNA damage signaling, only a few studies have 

mechanistically investigated which genomic loci are prone to R-loop-dependent DNA damage. 

Endogenous DNA fragility hotspots are mainly mapped to gene promoters which are likely to be 

the predominant site of genuine R-loop formation354,355. Thus, it is tempting to speculate that mostly 

promoter-proximal R-loops contribute to spontaneous DSB formation. In accordance, we found 

significantly increased spontaneous DNA fragility hotspots at gene promoters that experienced 

excessive R-loop accumulation in DDX41 knockdown cells. While endogenous DSBs 

predominantly occur at gene promoters, R-loop-dependent DNA fragility has also been observed 

at TTSs after cellular perturbations. TOP1 knockdown cells display R-loop stabilization, pRPA 

binding, and DSBs at TTSs389, suggesting that in addition to TSS-associated R-loops also 

accumulation of R-loops at TTSs can induce DNA fragility. Not all genomic sites that displayed 

R-loop stabilization upon knockdown of DDX41 or TOP1 also experienced DNA fragility. This 

observation raises the question of which genomic features determine whether R-loops are translated 

into DNA breaks. A key determinant appears to be the directionality of the conflict between the 

progressing replication fork and the R-loop-associated transcription machinery. HO TRCs 

predominantly lead to further R-loop formation, while CD TRCs rather promote R-loop resolution. 

Accordingly, in TOP1 knockdown cells, HO-orientated conflicts result in increased R-loop 

formation at TTSs compared to CD-orientated conflicts389. Thus, replication fork polarity likely 

constitutes a crucial genomic feature that contributes to the decision of whether R-loop formation 

becomes detrimental to genomic integrity. Promoter regions of active genes which are highly 

occupied by RNA Pol II often contain replication origins188,412. Therefore, R-loop accumulation in 

promoters that also serve as replication origins may be more deleterious than in promoters that do 

not contain origins. Moreover, NER structure-specific nucleases XPG and XPF actively process 

R-loops into DSBs207. Genomic properties that promote the recruitment of the NER machinery, 

such as gene transcription rates and chromatin accessibility may display TRC-independent 

determinants of whether R-loops become toxic to the genome413. I speculate that genuine R-loops 

form at TSSs and TTSs and that dysregulation of both types of R-loops can lead to DNA fragility, 

while mainly TSS-associated R-loops contribute to endogenous DNA damage. Moreover, I 

hypothesize that the orientation of the replication fork and the R-loop-associated transcription 

machinery, presence of replication origins within gene promoters, gene transcription rates, and 
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chromatin accessibility constitute the key determinants of whether dysregulated R-loops induce 

genomic instability. 

4 Material and Methods 
4.1 Lists of consumables, equipment, and software 
  
General chemicals and solutions  
Item Supplier/composition 
Acetic acid 

Acetone  

Acetonitrile (ACN)  

ATP 

EDTA 

EGTA 

Ethanol  

Formic acid  

Glycerol 

HEPES 

Methanol  

Manganese chloride (MnCl2) 

Potassium chloride 

Sodium ascorbate 

Sodium azide 

Sodium chloride (NaCl)  

Sodium deoxychylate 

Trifluoroacetic acid (TFA) 

Triton-X-100 

Urea 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich  

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

 

Cell culture  
0.05% Trypsin-EDTA  

Fetal bovine serum (FBS)  

100 U/ml Penicillin/Streptomycin  

L-glutamine 

Alpha MEM Eagle, without L-Glutamine 

Amaxa® Human CD34+ Cell Nucleofector® Kit 

Gibco 

Gibco 

Gibco 

Gibco 

PAN-Biotech 

Lonza 
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ATR inhibitor VE-821 

Biotin-phenol 

Dialyzed FBS (10,000 molecular weight cut-off) 

Dimethyl sulfoxide (DMSO) 

Doxycycline (DOX) 

D-MEM for SILAC without lysine and arginine 

Dulbecco's Modified Eagle Medium (D-MEM)  

Dulbecco's Phosphate-Buffered Saline (D-PBS) 

Fetal bovine serum (FBS) 

G418 

G-CSF 

GM-CSF 

Human bone osteosarcoma epithelial cells (U2OS) 

Human HCT116 

Human CD34+ cells 

Human embryonic kidney cells (HEK293/T) 

Human OCI-AML3 

Hydrogen peroxide 

StemSpan SFEM II 

TPO 

L-arginine (Arg0)  

L-arginine- U-13C6 99% (Arg6)  

L-arginine-U-13C6-15N4 99% (Arg10) 

L-lysine (Lys0) 

L-lysine- U-13C6-15N2 99% (Lys8) 

L-lysine-4,4,5,5,-D4 96–98% (Lys4)  

Linear polyethylenimine transfection (PEI, HCl 

Max, 40000) 

Lipofectamine RNAiMAX 

Puromycin 

Opti-MEM with GlutaMAX 

RLT buffer 

Selleckchem 

Iris Biochem 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Life Technologies 

Gibco 

Gibco 

Gibco 

Invivogen 

StemCell Technologies 

StemCell Technologies 

ATCC 

ATCC 

Lonza 

ATCC 

DSMZ 

Sigma Aldrich 

StemCell Technologies 

StemCell Technologies 

Cambridge Isotope Laboratories  

Cambridge Isotope Laboratories  

Cambridge Isotope Laboratories 

Cambridge Isotope Laboratories 

Cambridge Isotope Laboratories 

Cambridge Isotope Laboratories 

Polysciences, Inc. 

 

Life Technologies 

Invivogen 

Gibco 

Qiagen 

 

Cell lysis  
Complete protease inhibitor cocktail tablets  Roche Diagnostics 
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Dithiothreitol (DTT)  

Modified RIPA buffer  

 

N-ethylmaleimide (NEM)  

NuPAGE LDS Sample Buffer (4×) (LDS SB) 

Phosphatase inhibitors:  

Sodium orthovanadate  

β-glycerophosphate  

Sodium fluoride  

Sodium dodecyl sulfate 

QuickStart Bradford 1x Dye Protein Reagent 

RIPA buffer 

Sigma Aldrich 

50 mM Tris-HCl pH 7.5, 150 mM NaCl, 1 mM 

EDTA, 1% NP-40, 0.1% Sodium-deoxycholate 

Sigma Aldrich 

Thermo Fisher Scientific 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

BioRad 

50 mM Tris-HCl, pH 7.4, 1% Triton X-100, 0.5% 

Sodium-deoxycholate, 0.1% SDS, 150mM NaCl   

SDS-PAGE / Western blotting  
0.45 µm nitrocellulose   

Blocking buffer 

Bovine serum albumin (BSA)  

NuPAGE MOPS SDS running buffer (20X) 

NuPAGE Bis-Tris gels 4-12%   

PBS-T  

Primary antibody solution 

SuperSignal West Pico Chem. Substrate 

 

Transfer buffer 

Sigma Aldrich  

10% skimmed milk solution in PBS-T  

Sigma Aldrich  

Thermo Fisher Scientific  

Thermo Fisher Scientific 

1x PBS, 0.1% Tween-20  

5% BSA in PBS-T, 0.06% sodium azide 

Thermo Fisher Scientific 

25 mM Tris, 192 mM Glycine, 20% (v/v) 

methanol, pH 8.3 

Immunofluorescence microscopy  
4% paraformaldehyde (PFA) in PBS 

Alexa Fluor 647 azide  

Blocking Buffer 

Bovine serum albumin (BSA) 

Hoechst 33342  

Vectorshield 

Affymetrix 

Thermo Fisher Scientific 

3% BSA in PBS-T 

Sigma Aldrich 

Thermo Fisher Scientific 

Vector Laboratories 

 

Cloning  
BL21 DE3 codon+ 

Dh5α 

Dpn1 

Agilent 

Thermo Fisher Scientific 

New England Biolabs 
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Gateway LR Clonase II Enzyme Mix 

High-efficiency DH5α E.coli 

NucleoBond Xtra Midi 

Plasmid Mini Kit 

Q5 MasterMix 

QIAquick PCR & Gel Cleanup Kit 

Invitrogen 

New England Biolabs 

Macherey-Nagel 

Qiagen 

New England Biolabs 

Qiagen 

In-gel digestion  
Buffer B  

Chloroacetamide (CAA)  

Colloidal Blue Staining Kit  

Destaining solution  

Digestion buffer  

Peptide extraction buffer  

Sequencing grade Trypsin (0.5 μg/μl in 50 mM 

acetic acid) 

80% ACN, 0.5% acetic acid  

Sigma Aldrich  

Life Technologies  

50% Ethanol, 50 mM ABC buffer pH 8.0 25 mM 

ABC buffer pH 8.0  

30% ACN, 3% TFA  

Sigma Aldrich 

Stage tipping  
Buffer A  

Buffer A* 

Buffer B  

C18 elution buffer  

C18 Empore 47 mm extraction disks 

0.1% formic acid  

5% ACN, 0.1% TFA 

80% ACN, 0.1% formic acid  

50% ACN, 0.1% formic acid  

CDS Analytical 

Dot blot analysis  
β-mercaptoethanol 

DNeasy mini kit 

Nitrocellulose membrane 

RNaseIII 

RnaseH 

RNase T1 

Sigma Aldrich 

Qiagen 

NeoLab Migge 

Produced in-house by Martin Möckel 

New England Biolabs 

Thermo Fisher Scientific 

RNA sequencing  
DNase 

RNeasy Plus Mini Kit  

RNase-free water 

RNAaseZAP 

TruSeq Stranded mRNA LT Sample Prep Kit 

New England Biolabs 

Qiagen 

Sigma Aldrich 

Sigma Aldrich 

Illumina 
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MapR  
2× Stop Buffer  

 

ActinomycinD 

Binding buffer  

 

Concanavalin A-coated beads 

dsDNA HS Assay Kit  

Digitonin 

Proteinase K  

Spermidine 

Ovation Ultralow System V2 

Wash buffer 

 

68 µl 5M NaCl, 40 µl 0.5 M EDTA, 20 µl 0.2 M 

EGTA, 10 µl 5% digitonin, 5 µl 10mg/ml RNaseA 

Cell Signaling Technology 

20 mM Hepes-KOH pH 7.9, 10 mM KCl, 1mM 

CaCl2, 1 mM MnCl2 

Polysciences Europe  

Qubit 

Millipore 

New England Biolabs 

Sigma Aldrich 

NuGEN 

Hepes-NaOH pH7.5, 150 mM NaCl, 0.5 mM 

Spermidine, 1 mM protease inhibitor  

RDProx  
NeutrAvidin agarose beads Thermo Fisher Scientific 

 

Commercial assays  
Comet assay 

Comet slides 

In Situ PLA 

ADP-Glo assay 

Cell titer blue viability assay 

Trevigen 

Trevigen 

Duolink 

Promega 

Promega 

sBLISS  
Klenow fragment 

NEBNext dA-tailing 

CUTSmart buffer 

New England Biolabs 

New England Biolabs 

New England Biolabs 

greenCUT&RUN  
37% Formaldehyde 

Glycine 

Accel-NGS 1S Plus DNA library kit 

Multiplex oligos, dual indexing 

Zymoclean gel DNA recovery kit 

Covaris 

Sigma Aldrich 

Swift Biosciences 

Illumina 

Zymo 

DNA fiber assay  
5-Chloro-2′-deoxyuridine Sigma Aldrich 
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5-Iodo-2′-deoxyuridine 

Aphidicolin 

HCl 

Prolong gold AntiFade mountant 

SuperFrost+ microscopy slides 

Sigma Aldrich 

Sigma Aldrich 

Sigma Aldrich 

Thermo Scientific Fisher 

Thermo Scientific Fisher 

Protein production  
Amicon spin concentrators 

GSTrap HP 5 ml 

HisTrap FF crude 

HisTrap FF 5ml 

HisTrap Heparin HP 5 ml 

His6-3C protease 

Imidazole 

Polyethylenimine 

SF9000 II media 

Superdex 200 16/60 pg 

Superdex 75 16/60 pg 

Merck Millipore 

Cytiva 

Cytiva 

Cytiva 

Cytiva 

New England Biolabs 

Sigma Aldrich 

Sigma Aldrich 

Thermo Scientific Fisher 

Cytiva 

Cytiva 

Antibodies Product number Origin Dilution (WB/IF) 
γH2AX A300-081A-M Bethyl (1:1000/1:500) 

53BP1 MAB3802 Millipore (-/1:200) 

pRPA (S33) A300-246A-M Bethyl (-/1:200) 

DDX41 15076 Cell Signaling 1:1000 

GFP sc-9996 Santa Cruz 1:1000 

S9.6 ENH001 Kerafast 1:10000 

dsDNA ab27156 Abcam 1:1000 

AQR A302-547A Bethyl 1:2000 

DDX42 SAB1407136 Sigma 1:1000 

DDX39A SAB2700315 Sigma 1:1000 

FLAG M2 F1804 Sigma 1:2000 

Β-Actin A2228 Sigma 1:10000 

DHX37 A300-856A-M Bethyl 1:1000 

BrdU (mouse) 347580 BD Bioscience  1:100 

BrdU(rat) ab6326 Abcam 1:500 

Anti-mouse Cy3.5 Ab6946 Abcam 1:100 

Anti-rat Cy5 Ab6565 Abcam 1:100 
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P65 sc-372 Santa Cruz (-/1:200) 

Phospho-Rpb1-CTD 

(Ser2) 

13499 Cell signaling (-/1:200) 

Phospho-Rpb1-CTD 

(Ser5) 

13523 Cell signaling (-/1:200) 

 

Gene name Sequence 5’-3’ or origin 
AQR CUGAAUAUGGCGGUGUAGU 

DDX41 L-010394-00-0005 – Horizon Discovery 

DDX42 L-012393-01-0005 – Horizon Discovery 

DHX37 L-019073-00-0005– Horizon Discovery 

DDX39A L-004920-01-0005 – Horizon Discovery 

DDX27 L-013635-01-0005 – Horizon Discovery 

Si control pool D-001820-10 – Horizon Discovery 

Plasmid Origin 
pcDNA-DEST53 

plix402 

pDEST53-APEX2-FLAG-HBD 

Life Technologies 

Addgene 

This study 

pDEST53-APEX2-FLAG-HBD-WKK This study 

pDEST53-GFP-HBD This study 

pDEST53-GFP-HBD-WKK This study 

plix402-GFP-DDX41-WT 

plix402-GFP-DDX41-L237FP238T 

plix402-GFP-DDX41-R525H 

His6-GST-3CDDX41-WT 

His6-GST-3C-DDX41-R525H 

His6-GST-3C-HBD-AVI 

His6-GST-3C-HBD-WKK-AVI 

pET21b-GFPnanobody(LaG16)-MNase-His6 

This study 

This study 

This study 

This study 

This study 

This study 

This study 

This study 

 

Oligonucleotide Sequence 5’-3’ 
DDX41-fw-qPCR GTCCGTGAAAGAGCAGATGGAG 

DDX41-rev-qPCR GTAGCGACAGATGTCTAGGCTG 

HBD-backbone-fw cctcctcacggcatagaacatggtggagcctgcttttttgtacaaagttgg 

HBD-backbone-rev cctttgtcaggaaatctgcaagcgacccagctttcttgtacaaagt 
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HBD-insert-fw ccaactttgtacaaaaaagcaggctccaccatgttctatgccgtgaggagg 

HBD-insert rev actttgtacaagaaagctgggtcgcttgcagatttcctgacaaagg 

HBD-W43A-fw ctttctgaccgcgaatgagtgcagagcacaggtggaccg 

HBD-W43A-rev accccggtcttgcggccc 

HBD-K59A-K60A-fw tgccagatttgcggcgtttgccacagaggatgaggc 

HBD-K59A-K60A-rev gcaggaaaccggtccacc 

DDX41-R525H-fw CGCACCGGGCACTCGGGAAAC 

DDX41-R525H_rev GCCAATCCGGTGTACATAGTTCTC 

DDX41-L237F-P238T-fw TGTTCACGTTTACCGTCATCATG 

DDX41-L237FP238T-rev CCAGTGTCTTGCCTGAAC 

DDX41-3C-rev ACCGGGCCCCTGGAACAGAAC 

DDX41-L153-fw TTCTGTTCCAGGGGCCCGGTCTGAGCATGTCTGAAGAGC 

DDX41-Q410-rev gtgctcgagtgcggccgctcactggatgacatccaggctg 

DNA-12mer-fw GACACCTGATTC-6-FAM 

DNA-12mer-rev GAATCAGGTGTC 

RNA-12mer-fw GACACCTGATTC-6-FAM 

RNA-12mer-rev GAATCAGGTGTC 

DNA-38mer-IBFQ TAAAACAAAACAAAACAAAACAAAATCTTTACGGTGCT 

RNA-13mer-6-FAM 6-FAM-AGCACCGUAAAGA 

DNA-38mer TAAAACAAAACAAAACAAAACAAAATCTTTACGGTGCT 

Software Version 
RStudio 1.3.959 

STRING database 11.0b 

Cytoscape 3.2.1 

Reactome V2021 

PANTHER 16.0 

EnrichR Update 2016 

CometScore Tritek 2.0 

Fiji/ImageJ 1.51 

MaxQuant 1.5.2.8 

GraphPad Prism 7.04 

Blc2fastq 2.19 

Bowtie2 2.3.4 

MACS2 2.1.2 

Diffbind 3.0.5 
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ClusterProfiler 3.18 

DeepTools 3.4.1 

CHIPSeeker 1.26 

STAR 2.7 

featureCounts 1.6 

Bioconductor 2.46 

DESeq2 1.26 

Harmony High-Content 

Imaging and analysis 

software (PerkinElmer) 

4.4 

EdgeR 3.32.1 

BWA-MEM 

Bedtools 

Cutadapt 

FastQC 

CHIPpeakanno 

GenomicRanges 

Rtracklayer 

GenomicFeatures 

0.7.15 

2.27.0 

1.18 

0.1.2 

3.28.0 

1.46.9 

1.54 

1.46.1 

 

Machine Company 
3311 Forma Steri-Cult CO2 Incubator  

AF7000  

Eppendorf  

Leica  

BD LSRFortessa SORP  

Biometra TRIO Thermal Cyclers 

Biorupter NGS 

Branson Sonifier 450 

ChemiDoc imaging system 

DMi8 inverted microscope 

Dot blot apparatus 

Easy-LC-1000 

FACSMelody cell sorter 

NanoDrop 2000  

NextSeq500 

BD Biosciences  

Analytikjena  

Diagenode  

Thermo Fisher Scientific 

BioRad 

Leica 

BioRad 

Thermo Fisher Scientific 

BD Biosciences 

Thermo Fisher Scientific  

Illumina 
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NGC Quest Plus FPLC system 

NuPage Novex Gel System 

Opera Phenix High Content Screening System 

Plate reader infinite m200 

Plate reader m20 

Q Exactive Plus 

Qubit 2.0 Fluorometer 

SP5 confocal microscope 

SPE confocal microscope 

Tapestation 2200 

Thermoshaker 

Typhoon FLA 9000 

Vacufuge Plus 

Visiscope 5-elements spinning disc 

 

BioRad 

Thermo Fisher Scientific 

PerkinElmer 

Tecan 

Tecan 

Thermo Fisher Scientific  

Life Technologies 

Leica 

Leica 

Agilent 

Eppendorf 

GE Healthcare 

Eppendorf 

Visitron Systems 

4.2 Methods 
4.2.1 Cell culture 
U2OS, HCT116, and HEK293T cells were obtained from ATCC and cultured in D-MEM medium 

(U2OS and HEK293T) or RPMI 1640 (HCT116) supplemented with 10% fetal bovine serum, L-

glutamine, penicillin, and streptomycin. OCI-AML3 cells were purchased from DSMZ GmbH and 

cultured in D-MEM medium (PAN-Biotech) containing 20% FBS, L-glutamine, penicillin, and 

streptomycin. Cells were routinely tested for mycoplasma infection with a PCR-based method. For 

SILAC labeling, cells were cultured in media containing either L-arginine and L-lysine, L-arginine 

[13C6], and L-lysine [2H4] or L-arginine [13C615N4] and L-lysine [13C6-15N2] (Cambridge 

Isotope Laboratories)414. All cells were cultured at 37°C in a humidified incubator containing 5% 

CO2. 

4.2.2 MS analysis  
Peptide fractions were analyzed on a quadrupole Orbitrap mass spectrometer (Q Exactive or Q 

Exactive Plus, Thermo Scientific) equipped with a UHPLC system (EASY-nLC 1000, Thermo 

Scientific) as described415,416. Peptide samples were loaded onto C18 reversed-phase columns (15 

cm length, 75 µm inner diameter, and 1.9 µm bead size) and eluted with a linear gradient from 8 

to 40% acetonitrile containing 0.1% formic acid in 2 h. The mass spectrometer was operated in 

data-dependent mode, automatically switching between MS and MS2 acquisition. Survey full-scan 
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MS spectra (m/z 300 – 1700) were acquired in the Orbitrap. The 10 most intense ions were 

sequentially isolated and fragmented by higher-energy C-trap dissociation (HCD)417. An ion 

selection threshold of 5,000 was used. Peptides with unassigned charge states, as well as with 

charge states less than +2 were excluded from fragmentation. Fragment spectra were acquired in 

the Orbitrap mass analyzer. 

4.2.3 Peptide identification 
Raw data files were analyzed using MaxQuant (development version 1.5.2.8)347. Parent ion and 

MS2 spectra were searched against a database containing 98,566 human protein sequences 

obtained from the UniProtKB released in 04/2018 using Andromeda search engine418. Spectra were 

searched with a mass tolerance of 6 ppm in MS mode, 20 ppm in HCD MS2 mode, strict trypsin 

specificity, and allowing up to 3 missed cleavages. Cysteine carbamidomethylation was searched 

as a fixed modification, whereas protein N-terminal acetylation and methionine oxidation were 

searched as variable modifications. The dataset was filtered based on posterior error probability 

(PEP) to arrive at a false discovery rate of below 1% estimated using a target-decoy approach419. 

4.2.4 RDProx 
SILAC-labeled cells were transfected with a construct expressing APEX2-tagged HBD or WKK. 

After 48 hours, cells were pre-treated with 500 µM biotin phenol (Iris Biochem) for 2 hours at 

37°C, followed by a 2-minute incubation with 1 mM H2O2 (Sigma-Aldrich) at room temperature. 

Cells were washed twice with quenching solution (10 mM sodium azide, 10 mM sodium ascorbate, 

5 mM Trolox (all from Sigma-Aldrich), and twice with PBS. Cells were lysed on ice using RIPA 

buffer (50 mM Tris, 150 mM NaCl, 0.1% SDS, 0.5% sodium deoxycholate, 1% Triton X-100). To 

release chromatin-bound proteins, cell lysates were sonicated using Biorupter (Diagenode). For 

affinity purification of biotinylated proteins, equal amounts of differentially SILAC-labeled cell 

extracts, originating from either the HBD or the WKK condition, were combined before the pull-

down and incubated with pre-equilibrated NeutrAvidin agarose beads (Thermo Scientific) for 2 

hours at 4°C on a rotation wheel. Beads were washed once with RIPA buffer, thrice with 8 M Urea 

(Sigma) in 1% SDS, and once with 1% SDS in PBS. Bound proteins were eluted in NuPAGE LDS 

Sample Buffer (Life Technologies) supplemented with 1 mM DTT and boiled at 95°C for 15 min. 

The eluates, after cooling down to room temperature, were alkylated by incubating with 5.5 mM 

chloroacetamide for 30 min in the dark and then loaded onto 4-12% gradient SDS-PAGE gels. 

Proteins were stained using the Colloidal Blue Staining Kit (Life Technologies) and digested in-
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gel using trypsin. Peptides were extracted from the gel and desalted on reversed-phase C18 Stage 

Tips. 

4.2.5 RDProx network analysis 
Pearson correlations were calculated using RStudio (version 1.3.959). Functional protein 

interaction network analysis was performed using interaction data from the STRING database420. 

Only interactions with a score > 0.7 are represented in the networks. Cytoscape (version 3.2.1) was 

used for visualization of protein interaction networks421. Genes were manually annotated by 

literature research and clustered based on similarity. PFAM domain enrichment analysis was 

performed using EnrichR422. The respective terms with the lowest FDR based on Fisher’s exact 

test and correction for multiple comparisons are highlighted next to each cluster. 

4.2.6 SDS-PAGE and Western blotting 
Proteins were resolved on 4-12% gradient SDS-PAGE gels (NuPAGE® Bis-Tris Precast Gels, Life 

Technologies) and transferred onto nitrocellulose membranes. Membranes were blocked using 

10% skimmed milk solution in PBS supplemented with 0.1% Tween-20. The list of antibodies used 

in this study and conditions can be found in section 4.1. Secondary antibodies coupled to 

horseradish peroxidase (Jackson ImmunoResearch Laboratories) were used for immunodetection. 

The detection was performed with SuperSignal West Pico Chemiluminescent Substrate (Thermo 

Scientific). 

4.2.7 Neutral comet assay 
Neutral comet assay was performed according to the manufacturer’s protocol (Trevigen). Briefly, 

cells were embedded in low melting agarose at 37°C on Comet Slides (Trevigen). Overnight cell 

lysis at 4°C was followed by equilibration in 1× Neutral Electrophoresis Buffer for 30 min at room 

temperature. Single-cell electrophoresis was performed at 4°C in 1× Neutral Electrophoresis buffer 

for 45 min with constant 21V. After DNA precipitation with 1× DNA Precipitation Buffer, Comet 

Slides were dried with 70% EtOH at room temperature. To completely dry the samples, Comet 

Slides were transferred to 37°C for 15 min. DNA was stained with SYBR Gold solution for 30 min 

at room temperature. Images were taken with a Leica AF7000 microscope using a 20× 0.8NA air 

objective and a filter cube 480/40 nm, 505nm, and 527/30 for excitation, dichroic, and emission 

wavelengths respectively. Tail moments of the comets were quantified using the CometScore 

(TriTek Corp.) software. At least 50 comets were quantified per condition. 
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4.2.8 RNA-DNA hybrid dot blot 
Genomic DNA was extracted using the DNeasy mini kit (Qiagen). The isolated gDNA was treated 

with 1.2 U RNase III (produced in-house) for 2 h at 37°C. After enzyme deactivation at 65°C for 

20 min, samples were split in half to digest control samples with 10 U RNaseH1 (NEB) overnight 

at 37°C. Enzyme deactivation was followed by spotting DNA in a serial dilution on a nitrocellulose 

membrane (NeoLab Migge GmbH) using a dot blot apparatus (BioRad). DNA was cross-linked to 

the membrane by UV light and afterward blocked with 10% skimmed milk solution in PBS 

supplemented with 0.1% Tween-20. The membrane was incubated overnight at 4°C with the S9.6 

antibody (produced in-house). After incubation of secondary antibodies conjugated to horseradish 

peroxidase (Jackson ImmunoResearch Laboratories) signal was detected using SuperSignal West 

Pico Chemiluminescent Substrate (Thermo Scientific). An antibody against dsDNA was probed as 

a loading control after stripping the membrane with β-mercaptoethanol (Sigma) and 0.1% SDS in 

PBS. The detected signal was quantified using Fiji/ImageJ (v1.51) and ratios between the signal 

resulting from S9.6 and dsDNA staining were calculated to quantify global R-loop levels423. 

4.2.9 Proximity ligation assay 
Proximity Ligation Assay was performed according to the manufacturer´s protocol (Duolink®, 

Sigma-Aldrich). Cells were fixed with 4% paraformaldehyde in PBS and permeabilized with 

0.25% Triton X-100. Samples were blocked with Duolink® Blocking Solution for 1 hour at 37°C 

in a humidity chamber. After removal of the blocking solution, primary antibodies diluted in 

Duolink® Antibody Diluent were added to the coverslips for 2 hours at room temperature in a 

humidity chamber. Coverslips were washed 2× with Washing Buffer A. PLA plus and minus 

probes were put on in a 1:5 dilution in Duolink® Antibody Diluent for 1 hour at 37°C in a humidity 

chamber. Two washes with Washing Buffer A were followed by Ligase treatment in 1× Ligation 

Buffer for 30 min at 37°C in a humidity chamber. Ligation buffer was tapped off and coverslips 

were washed twice with Washing Buffer A. Amplification was achieved by adding the Polymerase 

in 1× Amplification buffer for 100 min at 37°C in a humidity chamber. After washing the samples 

2× with 1× Washing Buffer B and 1× with 0.01× Washing Buffer B, coverslips were stained with 

1 µg/ml Hoechst33342 and mounted using Dako mounting medium. Images were taken with a 

Leica SPE microscope using a 63× 1.4NA oil objective. The number of PLA spots per nucleus was 

quantified using Fiji/ImageJ (v1.51)423. 
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4.2.10 ATPase assay 
The ADP-Glo Assay was performed according to the manufacturer´s protocol (Promega). In brief, 

an ATP/ADP standard curve was prepared before each experiment to interpolate the measured 

values. Purified full-length DDX41 was incubated in a serial dilution together with 100 nM of 

RNA-DNA substrate with an ssDNA overhang and 5 µM ATP. After incubating the mix at 37°C 

for 60 min, the reaction was stopped by depleting unconsumed ATP with the ADP-Glo Reagent. 

The Kinase Detection Buffer was added to convert ADP to ATP and to add luciferase and luciferin 

to detect ATP. The resulting luminescence was measured with a Spark M200 (Tecan). The 

measured values were interpolated based on the values obtained by the ATP/ADP standard curve 

using GraphPad PRISM (v7.04, Graphpad Software, Inc.). 

4.2.11 Fluorescence polarization assay 
DsDNA, dsRNA, and RNA-DNA hybrid 12-mer substrates were generated by heating the 

respective 6-FAM-conjugated and unlabeled oligonucleotide pairs to 95°C and gradually cooling 

them down to 4°C. Single-stranded and double-stranded substrates were diluted to a final 

concentration of 20 nM in FP assay buffer (20mM HEPES, pH 7.0, 100mM NaCl, 5% glycerol). 

Purified full-length DDX41 protein, HBD, or HBD-WKK were added to the individual substrates 

in a serial dilution. Fluorescence polarization of the 6-FAM-labelled probes was analyzed on a 

Tecan Spark 20M plate reader at 20°C (excitation wavelength: 495 nm, emission wavelength: 520 

nm, gain: 100, flashes: 15, integration time: 40 µs). Relative fluorescence polarization was 

calculated by subtracting the FP value of the oligo-only conditions. Binding constants (Kd values) 

were determined by fitting a Michaelis-Menten non-linear regression onto the relative FP values 

in GraphPad Prism (v7.04, Graphpad Software, Inc.). 

4.2.12 Electrophoretic mobility shift assay 
20 nM of 6-FAM-conjugated single- and double-stranded oligonucleotides were incubated with 25 

µM of purified HBD or HBD-WKK mutant for 10 minutes at room temperature in interaction 

buffer (20 mM Tris-Cl pH 7.5, 150 mM NaCl, 10% glycerol, 1 mM EDTA, 1 mM DTT). 6× loading 

buffer (60% Glycerol, 20 mM Tris-Cl pH 8.0, 60 mM EDTA) was added to the samples before 

loading them on a 20% Novex TBE gel (Thermo Fisher Scientific). The gel was run for 45 minutes 

at 200 V in TBE buffer and scanned using a Typhoon FLA 9000 @ 473 nm to visualize the 

fluorescence of the 6-FAM-labelled probes. 
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4.2.13 FRET-based unwinding assay 
RNA-DNA hybrid substrates with a single-stranded DNA overhang were generated by mixing an 

IBFQ-conjugated 38-mer DNA oligo (IDT) and a 6-FAM-conjugated 13-mer RNA oligo (IDT) 

and heating them to 95°C and gradually cooling them down to 4°C. Annealed substrates were 

incubated together with 5 µM ATP and either full-length DDX41 or mutant proteins. Increased 

fluorescence intensity upon addition of DDX41 after displacement of the quencher during 

unwinding was measured on a Spark M20 (Tecan) plate reader. 

4.2.14 Cell viability assay 
Cell viability assay was performed using the Cell Titer-Blue Cell Viability Assay (Promega) 

according to the manufacturer’s instructions. 

4.2.15 RNA-sequencing and data analysis 
RNA was extracted using the RNeasy Plus Mini Kit (Qiagen). In brief, cells were lysed and 

genomic DNA was depleted. Samples were treated with DNase to remove residual DNA. After 

purification using spin columns, RNA was eluted in RNase-free water and stored at -80°C until 

library preparation. NGS library prep was performed with Illumina's TruSeq Stranded mRNA LT 

Sample Prep Kit following the TruSeq Stranded mRNA Reference Guide (Oct.2017) (Document 

# 1000000040498v00). Libraries were prepared with a starting amount of 1000 ng and amplified 

in 10 PCR cycles. Libraries were profiled in a High Sensitivity DNA on a 2100 Bioanalyzer 

(Agilent Technologies) and quantified using the Qubit dsDNA HS Assay Kit, in a Qubit 2.0 

Fluorometer (Life Technologies). All 15 samples were pooled in equimolar ratio and sequenced on 

a NextSeq 500 High output FC, SR for 1×84 cycles plus 7 cycles for the index read. All genomic 

libraries were sequenced on an Illumina NextSeq 500 and de-multiplexed using blc2fastq (v2.19). 

RNA-seq samples were sequenced with a read length of 84 bp in single read mode. Samples were 

mapped using STAR (v2.7) against hg38 with the Gencode annotation (v25)424,425. Reads per gene 

were counted using featureCounts (v.1.6)426. The differential expression analysis was performed 

using Bioconductor (v2.46)/DESeq2 (v1.26)427,428. Genes were deemed significantly differentially 

regulated with an FDR below 1%. Coverage tracks were normalized and created using DeepTools 

(v3.4.1)429. Genes were deemed expressed within the analysis if they were tested for differential 

expression in the DESeq2 analysis. We used GSM2296622 to generate a list of expressed genes 

for the HCT116 cell line. The raw data were downloaded from GEO and mapped using STAR 

against hg38 with Gencode annotation. Reads per gene were counted using featureCounts. 
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4.2.16 MapR 
MapR was performed according to the before published protocol with minor modifications156,242. 

Cells were either treated with indicated siRNAs or with 4 µM ActinomycinD D (Cell Signaling 

Technology) for 6 h. Concanavalin A-coated beads (Polysciences Europe GmbH) were activated 

in Binding Buffer (20 mM Hepes-KOH pH 7.9, 10 mM KCl, 1mM CaCl2, 1 mM MnCl2). 5*105 

U2OS cells were washed twice with Wash Buffer (Hepes-NaOH pH7.5, 150 mM NaCl, 0.5 mM 

Spermidine, 1 mM protease inhibitor) at room temperature and afterward immobilized on the 

activated beads in 50 µl Wash Buffer containing 0.05% Digitonin. Either pA-MNase or RHΔ-

MNase was added to the cells overnight at 4°C on a rotating wheel. After three washes with Wash 

Buffer containing 0.05% Digitonin (Millipore), samples resuspended in 100 µl Dig-Wash-Buffer 

were equilibrated on ice. The activity of the MNase was triggered by adding 2mM CaCl2 to the 

samples for 30 minutes. 2× Stop Buffer (68 µl 5M NaCl, 40 µl 0.5 M EDTA, 20 µl 0.2 M EGTA, 

10 µl 5% digitonin, 5 µl 10mg/ml RNaseA) was mixed with the samples to stop the reaction. 

Chromatin fragments were released by incubating the samples for 20 minutes at 37°C and 

centrifugation at 16.000×g for 10 minutes at 4°C. Supernatants were incubated at 70°C in the 

presence of 0.1% SDS and 5 µg proteinase K. Before library preparation, the DNA was recovered 

by phenol-chloroform extraction. NGS library preparation was performed using NuGEN´s Ovation 

Ultralow System V2 (M01379 v5). Libraries were prepared with a starting amount of 1 ng of DNA 

and were amplified in 12 PCR cycles. Libraries were profiled in a High Sensitivity DNA on a 2100 

Bioanalyzer (Agilent Technologies) and quantified using the Qubit dsDNA HS Assay Kit, in a 

Qubit 2.0 Fluorometer (Life technologies). All 18 samples were pooled in equimolar ratio and 

sequenced on one NextSeq 500 High output Flow cell, PE for 2x 42 cycles plus 8 cycles for the 

index read. 

4.2.17 MapR analysis 
U2OS, as well as HCT116 MapR samples, were mapped against h38 using bowtie2 (v2.3.4) the 

result was filtered for uniquely mapping reads430. Peak calling was performed using MACS2 

(v2.1.2)431 with the parameters “--keep-dup auto --broad --broad-cutoff 0.1 --bw 100 --min-length 

100 --format BAMPE --g hs”. The MapR samples were further analyzed using the FC between 

siDDX41 and siCtrl. A set of consensus regions was created using the intersection of peaks called 

per group (either in siDDX41 or siCtrl replicates). Then the union of these two peak sets was used 

to quantify the signal present in the samples. Using R/Bioconductor428 packages the fold change 

for the consensus regions was calculated using the average normalized coverage (RPKM) of the 
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regions. Normalization was based on the total amount of sequenced reads. R-loop gains were 

determined based on the FC>2 in siDDX41 compared to siCtrl U2OS cells and FC>1.5 in siDDX41 

compared to siCtrl HCT116 cells. Sequencing depth normalized coverage tracks for all samples 

and metagene/enrichment around the TSS or from TSS to TES were created using DeepTools 

(v3.4.1)429 and further processed using custom R scripts. 

4.2.18 sBLISS and data analysis 
sBLISS in HCT116 cells was performed as previously described354,355 with the following 

modifications: After blunting of DNA DSB ends in fixed nuclei, samples were 3’ adenylated using 

Klenow Fragment (3'-->5' exo-) (NEB M0212) at a final amount of 60U per reaction in 1x 

NEBNext® dA-Tailing Reaction Buffer (NEB B6059). The A-tailing reaction was incubated at 

37°C for 1 hour in a thermo-shaker at 300 rpm. Fixed nuclei were then washed 2× with CST buffer 

(CutSmart buffer B7204 supplemented with 0.1% Triton) to wash out the Klenow enzyme. DNA 

DSB-end labeling was performed as described355 with the following modification: sBLISS linkers 

containing one thymine overhang at the 3’ end of the reverse oligo were used. Downstream sample 

processing steps were carried out with 150 ng of DNA template input from each sample for in vitro 

transcription reaction. sBLISS data were processed as described previously355 using GRCh38/hg38 

reference genome with BWA-MEM98 (version 0.7.15). We used MACS2431 (version 2.2.6) to call 

peaks from the BED files of UMI-DSB as reported previously354. Peaks identified by MACS2 with 

q-value < 0.01 were annotated using Chipseeker432 (version 1.22.0). Peaks lists from both 

conditions were merged using bedtools433 (version 2.27.0). The count-per-million (CPM) values 

for the merged peaks were calculated and normalized by library size with edgeR434 (version 3.32.1). 

The peaks with gain and loss of breakage were classified based on the fold change greater than 2 

between siCtrl and siDDX41 samples. 

4.2.19 greenCUT&RUN and data analysis 
CUT&RUN was performed in a stable U2OS cell line that expresses N-terminally GFP-tagged 

DDX41 under a doxycycline-inducible promoter. Expression of GFP-DDX41 was induced by 

adding 1 µg/ml doxycycline for 48 h or DMSO for un-induced control cells. Cells were mildly 

cross-linked with 1% formaldehyde for 2 min at room temperature. Quenching of the reaction with 

125 mM glycine was followed by cell detachment using trypsin and two subsequent washes in 

Wash buffer (20 mM HEPES–KOH (pH 7.5), 150 mM NaCl and 0.5 mM spermidine and EDTA-

free complete protease inhibitor). Concanavalin-A beads were activated in binding buffer (20 mM 
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HEPES–KOH (pH 7.9), 10 mM KCl, 1 mM CaCl2, and 1 mM MnCl2) for 5 min at room 

temperature, and afterward, 1*106 cells immobilized on the beads for 10 min at room temperature. 

After cell permeabilization with 0.05% digitonin-Wash buffer, 1 µg of GFP-nanobody-MNase 

(GFP nanobody LaG16 described in435) was added in 100 µl and incubated with the immobilized 

cells at 4°C for 30 min. Unbound MNase was washed out two times with digitonin-Wash buffer 

before transferring samples to an ice bath. The MNase was activated by the addition of 3 mM 

CaCl2 for 30 min and the reaction was subsequently stopped by adding 2× Stop buffer (340 mM 

NaCl, 20 mM EDTA, 10 mM EGTA, 0.05% digitonin, 100 μg/ml of RNase A and 50 mg/ml 

glycogen). DNA fragments were released for 20 min at 37°C before de-crosslinking overnight at 

55°C in the presence of 0.1% SDS and 1.5 µl of 20mg/ml proteinase K. DNA was cleaned up by 

phenol-chloroform extraction before subsequent library preparation using the Accel-NGS 1S Plus 

DNA Library Kit (Swift Bioscience) according to the manufactures’ protocol suggested for the 

retention of small fragments (>40 bp). Libraries were dual indexed and amplified for 14 cycles 

(NEBNext Multiplex Oligos for Illumina, Dual Index Primers Set 1). An equimolar pool of libraries 

was prepared and further purified away from primer and adaptor dimers on a 2% agarose gel using 

the Zymoclean Gel DNA Recovery Kit (Zymo). Final quantification and quality control before 

sequencing was done on an Agilent 2200 Tapestation System. Samples were sequenced in paired 

read mode with 34 bp in read 1 and 49 bp in read 2. The first 15 bases of the second read of the cut 

and run data were removed and the data was adapter trimmed using Cutadapt (v.1.18)436. The data 

was mapped against hg38 using bowtie2 (v.2.3.4)430 and filtered for uniquely mapping reads. Peak 

calling was done using MACS2 (v2.1.2)431 with the following parameters “-g hs --min-length 150 

--format BAMPE --keep-dup auto”. 

4.2.20 DNA fiber spreading 
U2OS cells were labeled with 5-Chloro-2′-deoxyuridine (CldU, 30 µM) for 30 min, washed once 

with warm PBS, then labeled for 30 min with 5-Iodo-2′-deoxyuridine (IdU, 340 µM). Cells were 

either transfected with siDDX41/siCtrl for 24 h or treated with 0.1 µM aphidicolin (APH) for 1.5 

h. After labeling, cells were washed once with warm and 3× with cold PBS, then trypsinized and 

spun down (300×g, 5 min). They were resuspended in cold PBS, counted, and diluted to 5×105/ml. 

Labeled cells were diluted with twice the number of unlabeled cells. 4 μl of the cell suspension 

were mixed with 7.5 μl of the lysis buffer (200mM Tris-HCl pH 7.4, 50 mM EDTA, 0.5% SDS) 

directly on the SuperFrost Plus microscopy slide (Thermo Scientific) and incubated horizontally 

for 9 min. The slides were then tilted at 30°−45°, allowing DNA fibers to spread to the bottom of 



96 
 

the slide. DNA spreads were air-dried and fixed with 3:1 methanol:acetic acid overnight at 4°C. 

The fibers were rehydrated 3×3 min in PBS, dipped once in Milli-Q water and denatured in 2.5 M 

HCl for 1.5 h at RT, then washed 5×3 min in PBS. The slides were blocked for 40 min in the 

blocking solution (2% BSA, 0.1% Tween 20 in PBS) and incubated with primary antibodies 

(mouse anti-BrdU, 1:100, BD Bioscience and rat anti-BrdU, 1:500, Abcam) at RT for 2.5 h. After 

3×5 min washes with PBS-T, the slides were incubated with secondary antibodies (goat anti-mouse 

Cy3.5, Abcam and goat anti-rat Cy5, Abcam) at RT in the dark for 1 h. The spreads were washed 

3×5 min with PBS-T, dipped in Milli-Q water, and air-dried completely in the dark. The slides 

were mounted using Prolong Gold AntiFade mountant (Thermo Scientific), imaged with Visiscope 

5-Elements Spinning Disc Confocal microscope (Visitron Systems, Germany) (magnification: 60× 

Water immersion objective with 2x extra magnification; laser lines and corresponding emission 

filters: 640nm, 692/40 and 561nm 623/32) and quantified using the Fiji/ImageJ software423. 

4.2.21 Immunofluorescence 
Cells were washed 2× with PBS, incubated with 0.4% NP-40 for 20 or 40 min on ice, and washed 

2× with PBS-T (0.1%). Cells were fixed with 4% paraformaldehyde in PBS for 15 min at room 

temperature, washed 2× with PBS-T (0.1%), and permeabilized with Triton-X-100 (0.3%) for 5 

min at room temperature, followed by 2× washes with PBS. Cells were blocked for 1 hour with 

5% fetal bovine serum albumin in PBS-T (0.1%) containing penicillin and streptomycin. 

Incubation with primary antibodies diluted in blocking buffer was performed overnight at 4°C and 

followed by 3× washes with PBS-T and 1-hour incubation with Alexa Fluor-coupled secondary 

antibodies in a dark chamber at room temperature. Nuclei were counterstained with 1µg/ml 

Hoechst33342 in PBS either simultaneously with secondary antibody incubation or for 30 minutes. 

For chromatin retention assay permeabilization, blocking and antibody incubations steps were 

omitted. Cells were washed 2× with PBS-T and kept at 4°C in PBS until imaging. Imaging was 

performed with an Opera Phenix (PerkinElmer) microscope using a 40× 1.1NA water objective. 

Image analysis was performed by using Harmony High-Content Imaging and Analysis Software 

(version 4.4, PerkinElmer). Standard building blocks allowed for nuclei segmentation based on the 

Hoechst signal and cells on the edges of the field were excluded. Mean intensity measurements 

were performed for maximum projections and spot detection was calculated by using algorithm B. 
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4.2.22 Hematopoietic stem and progenitor cell experiments 
For DDX41 knockdown experiments primary human CD34+ cells (from cord blood, purchased 

from Lonza) were transfected with two different shRNA constructs (TL305064C; 

GCTATGCAGACCAAGCAGGTCAGCAACAT; TL305064D; 

GCGTGCGGAAGAAATACCACATCCTGGTG) (Origene) using Amaxa® Human CD34+ Cell 

Nucleofector® Kit according to the manufacturer’s recommendations (Lonza). Similarly, for 

ectopic expression of DDX41 WT, DDX41 L237F P238T, and DDX41 R525H, respectively, 

primary human CD34+ cells (from cord blood, purchased from Lonza) were transfected using 

Amaxa® Human CD34+ Cell Nucleofector® Kit according to the manufacturer’s 

recommendations (Lonza). Cells were cultured in StemSpan SFEM II supplemented with myeloid 

expansion supplement containing SCF, TPO, G-CSF, and GM-CSF (Stemcell Technologies) for 

24 h before isolation of GFP+ cells with a BD FACSMelody cell sorter, using double sorting to 

ensure maximum purity (BD Biosciences). For immunofluorescence experiments, cells were 

seeded onto glass slides, fixed with 4% PFA for 10 min, permeabilized using 0.15% Triton X-100 

for 2 min, and blocked in 1% BSA/PBS. 53BP1 was detected using anti-53BP1 (nb100-904; Novus 

Biologicals) followed by Alexa Fluor® 594-conjugated goat anti-rabbit antibody (Thermo Fisher 

Scientific). Slides were mounted in VectaShield containing 1 µg/ml DAPI (Vector Laboratories). 

Images were acquired on a DMi8 Leica inverted microscope (100x objective) and processed using 

LasX software (Leica). Quantification of mean fluorescence intensity (MFI) was performed using 

the following formula: mean fluorescence of selected cell – (area of selected cell × mean 

fluorescence of background readings). Values are displayed as arbitrary units (A.U.). To assess 

DDX41 knockdown efficiency, about 5000 eGFP+ cells were sorted in RLT buffer (Qiagen) for 

RNA extraction followed by cDNA synthesis. DDX41 expression was quantified using qRT-PCR 

(DDX41-fw-qPCR, DDX41-rev-qPCR). 

4.2.23 Protein production 
His6-3C-DDX41 full-length WT and R525H were expressed in SF9 insect cells using the Bac-to-

Bac system and SF900 III media (Thermo Fisher). His6-DDX41 (153-410), His6-GST-3C-

RNaseH (27-76 = HBD)-AVI-tag WT, W43/K59/K60-A (WKK-A) (all pET28), and pelB-GFP 

nanobody (LaG16)-MNase-His6-HA (pET21b, LaG16 nanobody described in X) were expressed 

in E.coli (BL21 DE3 codon+) using LB media. Cells were lysed in lysis buffer (30 mM Tris-Cl pH 

8.0, 500 mM NaCl, 1 mM MgCl2, 1 mM DTT, 5% glycerol, 100 U/ml benzonase, EDTA-free 

cOmplete protease inhibitor cocktail, 15 mM imidazole except for the HBD constructs, 0.5% Triton 
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X-100 for the DDX41 full-length constructs), using a Branson Sonifier 450 and cleared by 

centrifugation (40000×g, 30 min at 4°C). In the case of the HBD constructs, an additional 500 mM 

NaCl was added to the cleared lysates and PEI-based precipitation of nucleic acids (0.2% w/v 

Polyethylenimine, 40 kDa, pH 7.4) for 5 min at 4°C was performed, followed by a second round 

of centrifugation (4000 x g, 4°C, 15 min). Recombinant proteins were affinity-purified from cleared 

lysates using an NGC Quest Plus FPLC system (BioRad) and Cytiva columns: HisTrap FF crude 

(DDX41 FL variants), HisTrap FF 5 ml (DDX41 (153-410), LaG16-MNase), GSTrap HP 5 ml 

(HBD variants), following the manufacturer's protocols. DDX41(153-410) and LaG16-MNase 

were further subjected to Heparin-based chromatography (HisTrap Heparin HP 5 ml, Cytiva, in 30 

mM Na-Hepes, 25 mM NaCl, 5% glycerol) following the manufacturer's protocol. DDX41 FL 

variants and HBDs were digested with His6-3C protease (1:100 w/w) overnight at 4°C in the 

presence of 1 mM DTT to cleave off the His6- and His6-GST tag, respectively. Digested HBDs 

were run over a HisTrap ff 5 ml column (Cytiva) to absorb out the His6-GST and His6-3C protease. 

All recombinant proteins were concentrated using Amicon spin concentrators (Merck Millipore) 

and subjected to gel filtration (in 30 mM Na-Hepes, 300 mM NaCl, 1 mM DTT, 10% Glycerol, pH 

7.5, additional 1 mM EDTA for HBDs and Lag16-MNase). DDX41 FL variants were run twice on 

a Superdex 200 16/60 pg (Cytiva), and all other proteins were run once on a Superdex 75 16/60 pg 

(Cytiva). Peak fractions containing the recombinant proteins after gel filtration were pooled and 

protein concentration was determined by using absorbance spectroscopy and the respective 

extinction coefficient at 280 nm before aliquots were flash-frozen in liquid nitrogen and stored at 

-80°C. 

4.2.24 Fluorescence-activated cell sorting 
Expression of N-terminally GFP-tagged DDX41 WT, L237F+P238T, or R525H in OCI-AML3 

cells was induced with 3 µg/ml doxycycline (Sigma-Aldrich). 72 h after induction, cells were spun 

down and washed twice with PBS. After re-suspending cells in PBS, they were sorted by FACS 

using a 100 µM nozzle on a BD FACSAria III SORP (Becton Dickinson) in purity precision mode 

with FACSDiva software version 8.0.2. Cells of interest were identified via FSC-A/SSC-A. 

Subsequently, doublets were excluded via FSC-A/FSC-H and dead cells were excluded by DAPI 

staining (0.5 µg/ml final concentration) using a 405 nm laser and 450/50 BP. GFP cutoff was set 

according to non-expressing cells. Sorting based on GFP was achieved using the 488 nm laser and 

530/30 band pass filter. Roughly 500.000 cells were sorted directly into fresh a-MEM containing 

20% FBS and further cultured until subsequent experiments. 
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5 Abbreviations 
 

Abbreviation Full form 
ADP 

ACN 

AID 

ALT 

ALS4 

AML 

AOA2 

APH 

ATP 

AURKA 

AURKB 

BER 

bp 

BP 

BSA 

CD 

CHK1 

cGAS 

CGI  

CPC 

CPT 

CRISPR 

 

CSR 

D-loop 

dilncRNA 

DMSO 

DNMT 

DOX 

DSB 

 

Adenosine diphosphate 

Acetonitrile 

Activation-induced cytidine deaminase 

Alternative lengthening of telomeres  

Amyotrophic lateral sclerosis 4 

Acute myeloid leukemia  

Ataxia with oculomotor apraxia type 2 

Aphidicolin 

Adenosine triphosphate 

Aurora kinase A  

Aurora kinase B  

Base excision repair 

Base pair 

Biological process 

Bovine serum albumin 

Co-directional 

Checkpoint kinase 1 

Cyclic GMP-AMP synthase 

CpG island promoter 

Chromosome passenger complex 

Camptothecin 
Clustered regularly interspaced short palindromic 

repeats 

Class-switch recombination 

Displacement loop 

Damage-induced long-non-coding RNA 

Dimethyl sulfoxide 

DNA methyltransferases 

Doxycycline 

Double strand break 
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dsDNA 

dsRNA 

EDTA 

EMSA 

EU 

FC 

FDR 

FP 

G4 

GADD45A 

gRNA 

HBD 

HO 

HP1y 

HR 

HSPC 

IFN 

IRF3 

kb 

LC 

lncRNA 

m6A 

MCM 

Mb 

MS 

mtDNA 

NELF 

NHEJ 

OGRE 

ORC 

PBS 

PCNA 

PFA 

PIC 

Double-stranded DNA 

Double-stranded RNA 

Ethylenediaminetetraacetic acid 

Electron mobility shift assay 

5-Ethynyl uridine 

Fold change 

False discovery rate 

Fluorescence polarization assay 

G-quadruplex 

Growth arrest and DNA damage protein 45A 

Guide RNA 

Hybrid binding domain 

Head-on 

Hetero-chromatin protein 1y 

Homologous recombination 

Hematopoietic stem and progenitor cell 

Interferon 

Interferon regulatory factor 3 

Kilo base 

Liquid chromatography 

Long non-coding RNA 

N6-methyladenosine 

Minichromosome maintenance complex 

Mega bases 

Mass spectrometry 

Mitochondrial DNA 

Negative elongation factor 

Non-homologous end-joining 

Origin G-rich repeated element 

Origin recognition complex 

Phosphate buffered saline 

Proliferating cell nuclear antigen 

Paraformaldehyde 

Pre-initiation complex 
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PladB 

PRC2 

pTEFb 

rDNA 

RPA 

RFC 

RNA Pol 

RNP 

ROS 

RUNX1 

sBLISS 

SETX 

SILAC 

ssDNA 

STING 

TC-NER 

TFA 

TonEBP 

TRC 

tRNA 

TSS 

TTS 

Pladienolide B 

Polycomb repressive complex 

Positive transcription elongation factor-b 

Ribosomal DNA 

Replication protein A 

Replication factor C 

RNA polymerase 

Ribonucleoprotein 

Reactive oxygen species 

Runt-related transcription 1 

Break Labeling In Situ and Sequencing 

Senataxine 

Stable isotope labeling in cell culture 

Single-stranded DNA 

Stimulator of interferon genes 

Transcription-coupled nucleotide excision repair 

Trifluoroacetic acid 

Tonicity-responsive enhancer binding protein 

Transcription-replication conflict 

Transfer-RNA 

Transcription start site 

Transcription termination site 
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